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ABSTRACT

Humans have always been and continue to be at risk of infection by pathogens that surround
us. However, recent advancements in quantitative nucleic acid technologies have allowed for
more detailed study of these pathogens, how they spread among individuals, and how our
immune systems respond to infection. In this thesis, | describe the design and execution of
the Caltech COVID-19 Study, which used quantitative nucleic acid measurements to
investigate the natural history of SARS-CoV-2 infection and inform strategies for diagnostics
and vaccine development to reduce viral transmission. The Caltech COVID-19 Study
enrolled participants in the Los Angeles area between September 2020 and April 2022 who
were at risk of SARS-CoV-2 infection due to recent exposure to a household contact with
acute infection. Participants collected paired upper respiratory specimens (saliva, nasal
swabs, and throat swabs) daily or twice daily for approximately two weeks. These specimens
underwent SARS-CoV-2 viral load quantification to assess transmission risk and determine
whether to extend or terminate study enrollment. For participants who initially tested
negative for SARS-CoV-2 RNA but later developed sustained infection, we tracked viral
load from the very start of infection. These measurements were then used to evaluate the
performance of various COVID-19 diagnostic tests. Our findings revealed a significant
advantage of high-analytical-sensitivity tests over those with lower sensitivity, as well as the
benefit of testing both the throat and nose rather than just the nose. In addition to viral load
quantification, we sequenced human mRNA from these specimens to assess gene expression.
Analyzing these changes allowed us to study how the mucosal immune system responds to
acute viral infection across multiple anatomical sites over time, providing insights that could
improve mucosal vaccine design. Notably, our data showed that, contrary to current models
of localized paracrine interferon signaling, distinct compartments of the upper respiratory
mucosa exhibited synchronized interferon stimulation during early infection—even in the
absence of detectable local viral replication. Mucosal vaccines capable of triggering this
coordinated interferon response, maintaining CD8+ T memory cells to rapidly execute
effector functions upon viral exposure, may be key to achieving sterilizing immunity.
Findings from quantitative nucleic acid measurements in this thesis inform strategies to more

effectively mitigate viral outbreaks.
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Chapter 1

ADVANCING STRATEGIES TO PREVENT VIRAL TRANSMISSION

Physician-scientist training in a pandemic

In December 2019, the first known cases of pneumonia of unknown origin were reported in Wuhan, China, and
some of those affected would succumb to a fatal pneumonia.l Electron microscopy revealed coronaviral
morphology,? and emerging viral pathogen monitoring groups began sounding the alarm in January 2020.3 As cases
and fatalities appeared and rose in other countries, the World Health Organization (WHO) officially declared the
COVID-19 pandemic on March 11 2020.*

At the time, | had completed two years of medical school and was halfway through my first year as a PhD student
in the Ismagilov Laboratory at Caltech. | had always been passionate, scientifically and morally, to use my time on
this Earth to research infectious diseases and reduce their burden on human health. Since beginning my PhD, | had
been working on developing an assay that could rapidly determine the phenotypic beta-lactam antibiotic
susceptibility of pathogenic Enterobacteriaceae in specimens from individuals with urinary tract infections.® These
susceptibility results could quickly guide directed antibiotic therapy to reduce the emergence of microbes for which
we have no treatments.® Prior to beginning my training as a physician-scientist, 1 had worked in a clinical
Mycobacterium tuberculosis laboratory, evaluated monoclonal antibody therapeutics for Dengue virus, and studied
unknown protein functions associated with the inner membrane complex of Toxoplasma gondii, as well as how
methicillin resistant Staphylococcus aureus uses quorum sensing to regulate virulence inside the phagosomes of
polymorphonuclear neutrophils. In high school | saved up money from work as a cashier at McDonald’s to get
trained, certified, and hired as a lifeguard. During my undergraduate studies, | would transition from late-night shifts
as a server and bartender to work overnight as General Medicine Unit Coordinator at the Massachusetts General

Hospital, and opt-in to serve on the Emergency Department’s Hazardous Materials Response Team.

In early March 2020, as supply chains faltered, grocery stores emptied, states of emergency declared, and
“lockdowns” initiated, | felt compelled to support the response however | could and however necessary. Clinical
mentors connected me to Dr. Matthew Bidwell Goetz and Dr. Steven Simon, the Chief of Infectious Disease and
Chief of Staff respectively, at the Greater Los Angeles Veteran’s Affairs Healthcare System (GLAVAHS). I was
asked to step into a loosely defined, ad hoc role, assisting with the healthcare system’s response to COVID-19. On
March 18, 2020, | attended my first 8 a.m. daily briefing: a small group of leaders from different areas of the hospital
system sat around a table in a carpeted conference room to identify key emerging issues and make challenging
decisions to coordinate swift but effective measures. The weight of the pandemic grew, as did the sentiment of these
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meetings. One of my tasks would include preparation of daily situation-in-numbers updates for this meeting: waking

up before sunrise to prepare an increasingly grim report the number of COVID-19 cases, hospitalizations, and deaths
at the hospital, in Los Angeles, in California, in the USA, and globally. I would highlight where particularly large
or deadly outbreaks were emerging. The likeness of this task to that of plague doctors before me was not lost, and

occasionally, when | found a spare moment, | would quickly re-read pages from The Plague by Albert Camus.

As the pandemic exploded, so too did information about the novel virus. In tandem with my counterpart, Lauren
Jatt (now, Dr. Lauren Jatt), | was to find, compile, and summarize emerging information on COVID-19 to inform
the design of infection control policies that would best protect patients and staff (e.g., use of personal protective
equipment [PPE] in clinical contexts with differential risk, alternate materials for or methods to decontaminate PPE
upon shortages, staffing algorithms, patient placement and diagnostic testing workflows). Upon the release of a
policy, I would circulate among staff—nurses, custodial, physicians, social workers, etc.—to explain the rationale,
answer questions, and collect their reactions and feedback. I’d then bring this feedback to the team and propose
revisions. The questions and reactions raised by staff guided and energized my search for the most up-to-date

information and necessitated my rapid improvement of skills in crisis communication.

Guidance from the WHO, U.S. Centers for Disease Control and Prevention (CDC), California Department of Public
Health, and Los Angeles County Department of Public Health were being updated by the minute. Literature was
emerging in peer-reviewed journals, on pre-print servers, and on social media constantly. Zhou et al. reported that
of 191 patients hospitalized since the start of the outbreak in Wuhan, 62% developed severe or critical disease, and
28% died. Similarly, a report from King County Washington demonstrated that during a nursing home outbreak,
81 of approximately 130 residents became infected, 22 of whom (27%) died.” These high transmission and mortality
rates raised substantial concern for what might happen if an outbreak were to occur among residents of the long-

term care facilities on the GLAVAHS campus.

Diagnostic testing to combat the COVID-19 pandemic

The Chief of Laboratory Medicine and Pathology, Dr. John Vallone, took the lead on getting any available COVID-
19 diagnostic testing up and running at GLAVAHS. Initially, specimens were submitted to an external laboratory
(Quest Diagnostics) for testing. Many institutions were utilizing this external laboratory, and sending more and more
samples for testing, resulting in turnaround times upwards of three days, and as high as 14 days. Heroic effort from
the Department of Laboratory Medicine and Pathology at GLAVAHS and sister VA campuses brought in-house
testing workflows online in rapid time, but both throughputs and reagents were limited. Given these constraints, we

faced difficulty allocating testing resources between staff presenting with symptoms, ambulatory patients arriving



3
to the emergency department, admitted inpatients, individuals scheduled to undergo procedures, and other

populations.®

Then, the moment we had feared arrived. At approximately 4:45 p.m. on March 28, 2020, the phone rang in the
Office of the Chief of Infectious Disease. The Chief of Laboratory Medicine had an urgent result: following our
testing algorithm, a resident (A0.1) of a nursing home ward had become symptomatic, tested negative by a panel of
17 non-SARS-CoV-2 respiratory viruses,® and reflex testing for SARS-CoV-2 had resulted positive. This was the
first case of COVID-19 in the long-term care facility at GLAVAHS. Hospital engineering staff had been working
round-the-clock to convert units of the hospital to COVID-19 acute care areas, with added infection control features
such as antechambers and increased ventilation. Nursing home staff quickly and carefully transported the patient
(A0.1, Figure 1-1) to one of these units, where despite best efforts, they would succumb to the infection. An
additional resident of that nursing home ward had begun to experience COVID-19-like symptoms (A0.2, Figure 1-
1), and subsequently tested positive. We anticipated that there would be more infected nursing home residents, and
that the potential for a devastating outbreak was imminent.

While nursing home staff had implemented enhanced symptom screening of all residents, a recent epidemiological
investigation had just revealed that unlike influenza or SARS-CoV-1, transmission of SARS-CoV-2 often occurs
prior to symptom onset.'° Flagging this evidence, we recognized that symptom screening alone might not prompt
isolation of infected residents early enough to prevent transmission. Asymptomatic screening testing would likely

be necessary to mitigate the outbreak.

Fortunately, that same weekend the Veterans Affairs Long Beach Healthcare System brought online a high-capacity
Roche cobas 6800/8800 instrument to expand testing capacity for regional VA hospitals.® Given this opportunity,
the decision was made to expend testing resources on a universal, serial screening testing approach. In this strategy,
all nursing home residents, regardless of symptoms, would undergo nasopharyngeal swab collection and SARS-
CoV-2 testing with an RT-PCR test. Infected individuals would be transported immediately to the hospital for

isolation. This process would be repeated approximately every week until the outbreak was mitigated.*

Among three nursing home facilities at GLAVAHS, two wards (Wards A and C) experienced outbreaks. After
symptomatic index cases were initially identified in each of these two facilities, Ward A had an additional four
infected residents (Al.1-4), and Ward C had an additional 12 infected residents (C1.1-10, C2.1-2). Of the 16 infected
residents identified by universal, serial screening testing, 13 (81%) were asymptomatic when identified. After the
first two rounds of testing, no additional cases were identified. It appeared that the testing and isolation strategy, in
combination with heightened infection control practices, had successfully mitigated the outbreak.'! Serological
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evaluation of residents two to three months after this outbreak revealed no infected individuals had been missed by

this testing strategy.*2
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Figure 1-1. Timeline of COVID-19 outbreak and universal serial screening testing among VAGLAHS skilled nursing
facility residents in March—April 2020.

The events of this outbreak demonstrated how a successful diagnostic testing strategy can facilitate targeted
infection control interventions and rapid mitigation of an outbreak. However, the use of universal serial screening
testing to guide infection control (as well as treatment initiation) is not limited to COVID-19. For example, the CDC
recommends universal screening testing for Human Immunodeficiency Virus (HIV) infection by venipuncture at
least once a year for individuals with certain risk factors®® and every three months for individuals taking Pre-

Exposure Prophylaxis.**

While universal serial screening testing by weekly RT-PCR on nasopharyngeal swab specimens mitigated this
SARS-CoV-2 outbreak in under three weeks, other testing strategies might have been more effective and/or better
optimize the use of available testing resources. These alternate strategies could employ a different frequency of
testing (e.g., every five days versus every seven days), a different specimen type for testing (e.g., saliva,
oropharyngeal or anterior nares swab instead of nasopharyngeal swab), or a different COVID-19 test type (e.g.,

rapid antigen diagnostic tests [Ag-RDTs] instead of a nucleic acid amplification test).

When infection control policies were generally settled and COVID-19 prevalence declined during the summer of

2020, | transitioned out of my role at GLAVAHS and returned my focus to research and my graduate studies at
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Caltech. I was fortunate that Professor Ismagilov was also compelled to step up in response to the COVID-19

pandemic. As we discussed how to respond, we identified a question that critically needed an answer: how do we
best achieve early detection of SARS-CoV-2 infection to limit transmission and mitigate outbreaks? With a

worthwhile question identified, we set out to define the data needed to answer that question.

The data we need, to inform COVID-19 diagnostic testing strategies

Detection by a diagnostic test is dependent on whether the concentration of target is at or above the concentration
necessary to generate a response by the assay that is discernable from noise. The lowest concentration of a diagnostic
target that will reliably (at least 95% of the time) yield a positive result is known as the limit of detection of the test
(LOD).™ The efficiency of the test chemistry to extract or purify the diagnostic target from the sample and other
engineered properties of the test determine the LOD of the test, though test performance can vary for specimen types
with different physical or chemical characteristics. For example, saliva can be viscous, have a high abundance of
bacteria, and contain food debris that interferes with some test chemistries. COVID-19 molecular diagnostic tests
detect viral RNA, while COVID-19 AgRDTs detect viral surface proteins. COVID-19 tests have been developed to
detect these viral components in a variety of specimen types, though acute infection is typically diagnosed using
upper respiratory specimen types such as nasopharyngeal swabs, anterior nares or midturbinate nasal swabs, saliva,

or oropharyngeal swabs.

The amount of these SARS-CoV-2 targets in specimens is dynamic over time. Starting from undetectable levels,
virus proliferates by several orders of magnitude, and then decreases gradually (if effectively cleared by the immune
system). Without treatment, this rise and fall of SARS-CoV-2 and the associated clinical features is known as the
“natural history of infection.” By measuring quantity of virus throughout the natural history of infection, one can
predict the periods of infection that would prompt a positive result if tested by a diagnostic test with a given LOD.
During the first year of the COVID-19 pandemic, nearly all available data describing the natural history of SARS-
CoV-2 infection began at symptom onset, thus missing the early, presymptomatic period of infection. However,
identification of infected individuals during the early period of SARS-CoV-2 infection is critically important to
reduce transmission and/or maximize the efficacy of antiviral treatment.'® Viral load measurements during the early
period of infection were critically needed. Additionally, evidence was emerging that SARS-CoV-2 could infect
multiple anatomical sites in the upper respiratory tract (such as the nasopharynx, anterior nares, midturbinate meatus,
oropharynx, oral cavity, and salivary glands). It was unknown whether the amount of SARS-CoV-2 in each of these
specimen types followed similar trajectories, such that the choice of specimen type for diagnostic testing had little

impact on sensitivity.
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To best predict what COVID-19 testing strategies would most effectively mitigate outbreaks, we needed quantitative

viral load measurements in the highest priority specimen types (saliva, nasal swabs, and throat swabs) at high
frequency (at least daily) starting from the very beginning and through the natural history of infection. From these
data, we could infer how effectively different diagnostic tests, and population-level diagnostic testing strategies

would prevent or mitigate SARS-CoV-2 outbreaks with similar dynamics of viral proliferation.

The Caltech COVID-19 Study

Obtaining daily, quantitative SARS-CoV-2 viral loads from paired specimen types (saliva, nasal swab, throat swab)
from the very beginning of infection requires a thoughtful and strategic study design. In contrast to many diagnostic
studies that enrolled participants presenting testing sites after symptom onset or upon admission to a hospital,
prospective specimen collection (collection of specimens from individuals with unknown infection status) from
asymptomatic individuals would be necessary to capture viral load dynamics during the very beginning of infection.
We brainstormed potential study design options and sought feedback broadly. We considered a prospective cohort:
1,000 people enrolled at once, and followed for several months. However, collecting specimens every day from
multiple anatomical sampling sites for several days from every participant would yield a very large number of
specimens to log and process, most of which would be from individuals who do not become infected. We decided
this brute force approach was insufficiently targeted. We brainstormed a “trigger” study design, where we would
arrange study logistics with different facilities at heightened risk of outbreaks (e.g., military barracks, fire stations,
residential care facilities, healthcare workers, grocery store workers, etc.), and upon identification of one infected
individual at the facility, we would enroll all residents to collect daily specimens. We considered that during an
outbreak, these facilities may be heavily burdened and that we’d need to pre-arrange with a large number of
facilities, as very few might actually experience an outbreak during the study period. This led us to think about

where more frequent, but smaller “outbreaks” occur.

Evidence from SARS-CoV-21" and other respiratory viruses'® has indicated that the majority of transmissions occur
among household contacts. We realized that if we could identify households where one resident had recently become
infected, we could very quickly enroll household members and screen for infection. With key input and support
from leaders at the Pasadena Public Health Department and others, we decided to execute this design: a case-

ascertained household transmission study.

To connect with households that might experience transmission, we established partnerships with contact tracers at
the Pasadena Public Health Department, various COVID-19 testing companies, and clinics servicing the Los

Angeles area. These partners informed individuals about our study and connected them to a screening questionnaire
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to confirm basic eligibility, to our study coordinators to learn more and enroll. Informed consent was conducted

virtually by study coordinators.

Once enrolled, participants would complete an extensive questionnaire. This questionnaire included demographic
information, medical history including current or prior COVID-19 like symptoms or diagnoses, household physical
environment, household contact patterns, infection control practices, and perceptions about COVID-19 and

infection control.

Participants received specimen collection kits and instructions that had been pre-assembled by members of the study
team, as well as community volunteers. These kits were delivered to participants” homes within hours of enrollment.
Each participant collected a set of specimens immediately upon receipt of collection kits. During Phase | of the
study (September 2020 to March 2021), participants then collected specimens every morning upon waking, and
every evening before preparing for bed. Saliva alone was collected between September 2020 to October 2020, and
nasal swab collection was added thereafter. During Phase Il of the study (November 2021 to April 2022),
participants then collected saliva, nasal swab, and throat swab specimens every morning upon waking. During Phase
Il, participants also performed a commercially available, over-the-counter nasal swab Ag-RDT following
manufacturer instructions, then reported their interpretation of the result and a photo of the test strip. In both Phase
I and Il, participants completed a detailed symptom report, and the results of any external COVID-19 tests at every
specimen collection timepoint; initially, symptom information was manually entered into a database. Except for a
nested study performed during Phase I, which collected live specimens in viral transport media to assess the
dynamics of replication competent virus, all specimens were collected into a nucleic acid preservation buffer which
had been shown to substantially inactivate SARS-CoV-2. Participants packaged their specimen collection tubes into
several layers of containment. Medical couriers retrieved these containers to deliver to the laboratory for logging

and processing.

At the laboratory (Ismagilov Laboratory at Caltech during Phase I, and Pangea Laboratory during Phase II),
specimens would be logged for entry into a biorepository. During Phase I, logged specimens into a custom-built
laboratory information management system, which included detailed information about gross specimen
characteristics. During Phase Il of the study, when testing capacity was greater, all specimens underwent nucleic
acid extraction, followed by RT-qPCR for targets within the SARS-CoV-2 N gene and human RNase P gene. During
Phase I, we followed an algorithm to regularly process a subset of specimens from each participant. For each
participant, we processed the first two saliva specimens collected, the first saliva specimen collected in the morning,
and then another saliva specimen collected every third morning. Specimens would undergo nucleic acid extraction,

then RT-gPCR for targets within the SARS-CoV-2 N gene and human RNase P gene. This specimen processing
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workflow evolved to handle an increasingly high volume of specimens, while maintaining biosafety. Specimens

were stored at 4°C temporarily, and then at -80°C to preserve RNA integrity. Results of screening testing would be
reported by laboratory operators. Participants with positive RT-gPCR results who had not reported a prior positive
test result were sent a kit for confirmatory COVID-19 testing through a CLIA laboratory unaffiliated with the
Caltech COVID-19 Study.

RT-qPCR results from the Caltech COVID-19 study were interpreted in real-time using a pre-defined decision tree
to determine the current risk of observing transmission within the household; participants’ enrollment was
concluded if the risk of observing household transmission was low, and extended if it was high. Participants would
complete their enrollment with a post-enrollment questionnaire, providing updated information on household
infection control practices, external test results, and medical care sought by household members. Participants

received compensation for their time collecting specimens and reporting information to support the study.

Individuals who were negative for SARS-CoV-2 upon enrollment, but later demonstrated consistent positive RT-
gPCR results were defined as having “sustained incident infection.” All specimens from these participants
underwent a re-extraction and RT-gPCR pipeline to quantify viral load, and a subset underwent a RT-ddPCR assay
to confirm viral load quantifications. Specimens from individuals with sustained incident infection that had been
collected in viral transport media were shipped to collaborators to quantify the concentration of replication

competent virus by plaque assay.

Data generated throughout the study was carefully but expeditiously analyzed to glean insights into how COVID-
19 diagnostic tests should be used to achieve early detection that limits transmission and mitigates outbreaks.
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Figure 1-2. Selected specimen and symptom reporting sheets submitted by participants in Phase | of the Caltech COVID-
19 Study.

An overview of how viral load dynamics informed COVID-19 testing strategies

In Chapter 11 to Chapter IX, I describe a series of findings about the dynamics of SARS-CoV-2 proliferation based
on data generated as part of the Caltech COVID-19 Study, and the implications of these findings on diagnostic

testing strategies intended to limit human-to-human transmission.

e Chapter Il dives into the observation that SARS-CoV-2 viral loads are systematically higher in specimens
collected in the morning compared to those collected in the evening, during both the rise and the fall of viral
proliferation. Given this viral load pattern, we predicted that moderate to low analytical sensitivity COVID-

19 tests (such as many AgRDTs) would exhibit higher clinical sensitivity if performed on morning

specimens instead of evening specimens.

e In Chapter Il and Chapter 1V, we analyze quantitative, longitudinal viral load data in paired upper
respiratory specimen types (saliva and nasal swab, or saliva and nasal swab and throat swabs, respectively)

collected specifically by participants who were negative for SARS-CoV-2 RNA upon enrollment in the
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study but later began testing consistently positive by a high-analytical-sensitivity RT-qPCR assay. We define

these participants as individuals with sustained incident infection. Chapter 111 focuses on individuals with
sustained incident infection from Phase | of the Caltech COVID-19 Study, while Chapter IV focuses on
individuals sustained incident infection from Phase 1l of the Caltech COVID-19 Study. Importantly, pre-
Delta variants were circulating during Phase | of the study, while Delta and then predominantly Omicron
variants were circulating during Phase 1. Additionally, COVID-19 vaccines were not available until the end
of Phase | of the study, while many individuals in Phase Il had received at least one COVID-19 vaccine

dose.

It is well established that the presence of viral RNA alone does not always indicate the presence of
replication-competent, or “infectious,” virus in a specimen.'®?° Transmission of SARS-CoV-2 can only
occur in an individual with shedding replication-competent virus, not viral RNA alone.?! Since many
COVID-19 diagnostic tests detect viral RNA, assessment of replication-competent virus is very laborious
and time-consuming; understanding the relationship between concentration of viral RNA and of replication
competent virus (viral titer) is useful to avoid unnecessary isolation of individuals with detectable viral RNA
but who are not “infectious.” Within Phase | of the Caltech COVID-19 study, we nested an assessment of
the relationship between viral RNA and viral titer, and how that relationship changes over time throughout
the natural history of infection. In Chapter V, we analyzed this elusive relationship in one participant in the
Caltech COVID-19 study who began collecting specimens in viral transport media (which maintains SARS-
CoV-2 viability) very early during very early infection.

Within Phase Il of the Caltech COVID-19 Study, we nested a field evaluation of a common at-home Ag-
RDT using nasal swabs, which were an increasingly utilized and government-provided testing modality.
Chapter VI describes the performance of this nasal swab Ag-RDT, particularly during early infection, in

the context of quantitative viral load measurements from nasal swabs, throat swabs, and saliva.

During our field evaluation of the nasal swab Ag-RDT, we noted a sudden increase in the rate of Ag-RDT
positive results from individuals who were negative for SARS-CoV-2 viral RNA by RT-gPCR. Study
coordinators reviewed photos of the Ag-RDT test strips, and confirmed that participants had not misreported
the result, and analysis of survey submission times did not suggest that participants had incorrectly
performed the test. Initially, this finding raised alarm that a novel variant may have emerged with mutations
in the three regions of the SARS-CoV-2 N gene targeted by our RT-qPCR assay—and many other COVID-
19 RT-PCR assays—causing a failure to detect (or false negative results). However, these participants did

not exhibit symptoms consistent with infection, and the specimens were also negative for an additional N
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gene region, as well as the S gene and RdRp gene. These findings suggested that the Ag-RDT more likely

yielded false positive results, than the RT-gPCR assay yielded false negative results. Careful review by study
coordinators revealed a common antigen test strip lot number among these false positive Ag-RDT results.
We sequestered this lot of antigen test strips, and conducted a laboratory evaluation to assess whether this
strip had a significantly higher false positive rate than other test strip lots, as described in Chapter VII. We
alerted the test manufacturer and the FDA after finding that this lot indeed appeared to yield consistently
false positive results.

Our analysis of SARS-CoV-2 viral loads during early infection, and our Ag-RDT field evaluation suggested
that nasal swab at home Ag-RDTs may exhibit very poor clinical sensitivity during early infection. False
negative diagnostic test results would not prompt isolation of infected individuals, who might continue
contact and transmit the infection to other individuals, including household members. In Chapter VIII we
conducted an epidemiological analysis of the impact of test type used for diagnosis of COVID-19 on
transmission to household contacts. Consistent with viral load and Ag-RDT field evaluation data, this
analysis revealed that household index cases (first individual diagnosed with COVID-19 in a household)
who were diagnosed with rapid nasal swab tests had greater transmission to household contacts.

While nasal swab Ag-RDTs exhibited low sensitivity to identify infected or infectious individuals during
early infection, our viral load data suggested that testing both the nose and the throat would improve
performance by approximately 20%. Several large field evaluations comparing the results of a nasal swab
Ag-RDT to the results of nasal and throat swab Ag-RDTs supported our prediction, as did numerous
anecdotes on social media describing off-label use of Ag-RDTs with throat swabs (amplified by the hashtag
#SwabYourThroat). At the time, however, all at home Ag-RDTs authorized for use in the USA were
validated only for nasal swabs. As described in “The data we need, to inform COVID-19 diagnostic testing
strategies,” diagnostic test performance can be impacted by specimen type, and to ensure valid results,
COVID-19 tests needed to be validated for use with throat swabs, in addition to nasal swabs. To encourage
test manufacturers to perform these validations, we summarized the evidence and the importance of this step
in an Invited Commentary in Clinical Infectious Diseases, co-authored with Dr. Timothy Stenzel, MD, PhD,
who served as the Director of the Office of In Vitro Diagnostics for the FDA, which oversaw emergency
use authorizations for COVID-19 diagnostic testing technologies. We emphasize that improving test
performance would better protect the large population of individuals who remained at high risk of severe
disease, including individuals with immunocompromise or advanced age. This commentary is included as
Chapter IX.
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Current limitations of systemic (humoral) vaccines for infection control

In the Spring of 2021, development, authorization, manufacturing, and distribution of systemic COVID-19
vaccines—administered through intramuscular injection—became available in Los Angeles. Eager to see the end
of the COVID-19 pandemic, | spent Mondays through Saturdays advancing work presented in this thesis, and
Sunday volunteering to support operations at vaccine mass distribution sites around Los Angeles (usually, a drive-
through administration site hosted in the parking lot of California State University Northridge). | would walk the
aisles of cars precisely guided by temporary lanes of traffic cones, checking on each vaccine recipient during their
15-30 minute observation period. As they sat waiting, many people would reflect upon what they had experienced
since December 2019 and share these reflections with me. Many shared tearful stories of sickness and loss, or
excitement to finally hold loved ones without the fear of their demise; others expressed a profound gratitude for the
scientific achievements that were limiting the former and enabling the latter. On numerous occasions, the parking
lot would erupt into applause, or sing happy birthday to someone. After so much death, we were all happy to
celebrate life.

The COVID-19 vaccines had high effectiveness for preventing severe and fatal disease?? and good safety profiles,?
but despite our wishes, they exhibited lower effectiveness at preventing breakthrough infections which could be
transmitted to others.?* Antibody titers, the correlate of protection for humoral vaccines, were found to wane

approximately 3—6 months after vaccination, such that we would regain nearly full susceptibility to infection.?®

Since the vaccines enabled social contact but did not prevent infection, opportunities for viral mutation were
abundant. New viral variants emerged, notably the Omicron variant in November 2021. Under the immunological
pressure of these vaccines, emerging viral variants exhibited immune escape such that prior vaccination became less
effective at preventing severe COVID-19.% Vaccines were redesigned, and booster doses were recommended.?’
However, vaccine booster uptake was low,?® partially due to a low but existent risk of adverse events including
cardiomyelitis?® and post-vaccine syndrome.*® SARS-CoV-2 continued to spread, and still more viral variants

emerged.!

Viral transmission, evolution, and reinfection has continued through to the time of writing this thesis. Notably, more
individuals are being diagnosed with “long COVID,” a chronic, pleiotropic, and often debilitating syndrome
following even mild infection,*? and the risk of developing “long COVID” has been shown to increase following

repeated infections.®
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The rapid development and distribution of humoral vaccines for COVID-19 were a pinnacle of modern innovation

and an invaluable tool for pandemic mitigation, but their inability to prevent breakthrough infections left much to
be desired. My experience during the acute phases of the COVID-19 pandemic have generated a strong, visceral
motivation to use science and medicine to prevent or mitigate future infectious outbreaks, epidemics, and

pandemics. This motivation has driven the later portion of work presented in this thesis.

The data we need, for a new generation of vaccines

I envision a future in which next-generation vaccines provide sterilizing immunity, which much more effectively
blocks breakthrough infection and subsequent transmission than current humoral vaccines. It has been previously
proposed that vaccines which elicit immunity at the primary site of infection may be more effective at achieving
this goal.>*% For most pathogens, including SARS-CoV-2, the primary site of infection is a mucosal surface. While
humoral vaccines generate circulating antibodies that only a small fraction of which translocate to the mucosal
surface, 3" mucosal vaccines (or vaccines delivered to and generating immunity at a mucosal surface) could be
designed to train both antibody and/or cell-mediated responses at the mucosal surface to generate sterilizing

immunity.

To guide the development of mucosal vaccines that provide sterilizing immunity, | sought to study the longitudinal
mucosal immune response to SARS-CoV-2 infection, the approach and results of which are presented in Chapter
X of this thesis.

Chapter X first describes the development of methods to overcome technical challenges in human transcriptome
analysis of self-collected upper respiratory clinical specimens, to generate of high-quality, robust quantitative gene
expression data. This chapter then investigates the length-scale of interferon stimulation during the early phase of
acute viral infection in humans—specifically, whether interferon signaling is restricted only to anatomical mucosal
sites of local viral proliferation. These interpretations were made in collaboration with Professor Akiko Iwasaki
and members of her laboratory at Yale University School of Medicine (Alexandra Tabachnikova, Julio Silva, Kerrie
Green, and Dr. Yong Gong). These analyses seek to identify correlates for protection against sustained infection in

the mucosal immune response, which can guide the development of next generation mucosal vaccine candidates.
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Conclusion

Taken together, this thesis presents a body of work reflecting how sensitive, quantitative nucleic acid measurements
were optimized and applied to study SARS-CoV-2 infection. Insights into the natural history of infection were then
used to inform prophylactic and diagnostic strategies that reduce viral transmission and mitigate outbreaks. The
findings herein are focused on SARS-CoV-2 but may be relevant for other respiratory viral pathogens with

pandemic potential, including those that have yet to emerge.
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Chapter 2

MORNING SARS-COV-2 TESTING YIELDS BETTER DETECTION OF INFECTION
DUE TO HIGHER VIRAL LOADS IN SALIVA AND NASAL-SWABS UPON WAKING

This chapter was originally published in “Viloria Winnett A, Porter MK, Romano AE, Savela ES, Akana R,
Shelby TS, Reyes JA, Schlenker NW, Cooper MM, Carter AM, Ji J, Barlow JT, Tognazzini C, Feaster M,
Goh YY, Ismagilov. Morning SARS-CoV-2 testing yields better detection of infection due to higher viral
loads in saliva and nasal-swabs upon waking (March 2022). Microbiology Spectrum.
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Abstract
Optimizing specimen collection methods to achieve the most reliable SARSCoV-2 detection for a given diagnostic
sensitivity would improve testing and minimize COVID-19 outbreaks. From September 2020 to April 2021, we
performed a household-transmission study in which participants self-collected specimens every morning and
evening throughout acute SARS-CoV-2 infection. Seventy mildly symptomatic participants collected saliva, and of
those, 29 also collected nasal swab specimens. Viral load was quantified in 1,194 saliva and 661 nasal swab
specimens using a high-analytical-sensitivity reverse transcription-quantitative PCR (RT-gPCR) assay. Viral loads
in both saliva and nasal swab specimens were significantly higher in morning-collected specimens than in evening-
collected specimens after symptom onset. This aspect of the biology of SARS-CoV-2 infection has implications for
diagnostic testing. We infer that morning collection would have resulted in significantly improved detection and
that this advantage would be most pronounced for tests with low to moderate analytical sensitivity. Collecting
specimens for COVID-19 testing in the morning offers a simple and low-cost improvement to clinical diagnostic

sensitivity of low- to moderate-analytical-sensitivity tests.

Importance

Our findings suggest that collecting saliva and nasal swab specimens in the morning immediately after waking
yields higher SARS-CoV-2 viral loads than collection later in the day. The higher viral loads from morning
specimen collection are predicted to significantly improve detection of SARS-CoV-2 in symptomatic
individuals, particularly when using moderate- to low-analytical-sensitivity COVID-19 diagnostic tests, such

as rapid antigen tests.

Introduction

Although vaccination has substantially reduced hospitalizations and death from COVID-19, limited vaccine
uptake and availability and the potential for breakthrough infections (particularly with novel viral variants)
support the continued necessity for diagnostic testing and subsequent isolation of infected individuals (1, 2).

Optimizing how diagnostics are used can enhance our ability to combat the COVID-19 pandemic.

Nasopharyngeal swab, anterior nares swab, mid-turbinate swab, oropharyngeal swab, buccal swab, gingival
crevicular fluid, sputum, tracheal aspirate, and saliva have all been utilized and compared as diagnostic
specimens for the detection of SARS-CoV-2 infection. Work done by many groups (3-5), including ours (6),

has suggested that SARS-CoV-2 is detectable, albeit at low viral loads, in saliva before anterior nares nasal
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swab specimens. However, conflicting results have been reported in head-to-head comparisons of saliva to

other specimen types in cross-sectional studies.

Lack of clarity on which specimen type is most reliable for SARS-CoV-2 detection is likely due to the dynamic
nature of viral loads in different specimen types through the course of an infection (3, 6-11) and the differences
in analytical sensitivity of diagnostic assays used in the comparisons. Currently available SARS-CoV-2
diagnostics span a wide (six orders of magnitude) range of analytical sensitivities, from the reverse
transcription-PCR (RT-PCR) PerkinElmer new coronavirus nucleic acid detection kit (LOD of 180 nucleic acid
amplification test detectable units [NDU]/mL) (12) to the Coris BioConcept rapid antigen lateral flow assay
COVID-19 Ag Respi-Strip (LOD of ~4 x 107 copies/mL) (13). Tests with relatively moderate analytical
sensitivity (LOD of 10%to 10° copies/mL of specimen) or low analytical sensitivity (LOD of 10°to
108 copies/mL of specimen) are being increasingly used, particularly for at-home and rapid screening testing

and in areas of the world with limited laboratory capacity (14-16).

How specimens are collected can also affect the detectability of SARS-CoV-2 in a specimen. Because SARS-
CoV-2, like other pathogens, may exhibit circadian rhythms to replication kinetics (17, 18), we hypothesized
that collection time may impact SARS-CoV-2 viral load in respiratory specimens and therefore detectability of
infection. Simple, low-cost changes to specimen collection protocols that significantly improve the clinical
sensitivity of COVID-19 diagnostics offer an immediately actionable opportunity to improve existing

diagnostics, which would be particularly valuable in settings that rely on tests with low analytical sensitivity.

We conducted a COVID-19 household transmission study (9, 19) where participants prospectively self-
collected saliva and nasal swab specimens twice per day (in the morning and in the evening). From mildly
symptomatic participants, we compared SARS-CoV-2 viral loads in morning- and evening-collected specimens
to determine if the time of day affected viral load, and if this could be leveraged to improve detection of SARS -
CoV-2 infection.

Results

Timing of morning and evening specimen collection

Viral load was quantified in 1,194 saliva specimens from 70 individuals and 661 nasal swab specimens from
29 individuals (Table 2-1, Figure 2-1). The distribution of collection times was roughly bimodal. Although

each participant’s specimen collection time varied slightly throughout enrollment, nearly all (92%) participants
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had an average morning specimen collection time between 7 a.m. and 10 a.m. Evening collection time was

more variable, but most participants (74%) had an average specimen collection time between 8 p.m. and 11 p.m.
These patterns were used to delineate the morning and evening periods in the study: we defined sampling upon

waking (4 a.m. to 12 p.m.) as morning and sampling before bed (3 p.m. to 3 a.m.) as evening (see Figure 2-S1).

Saliva and nasal swab specimens exhibit higher viral loads in morning than evening collection across the course of

acute, symptomatic illness

Saliva and nasal swab viral load profiles from most individuals (Figure 4-S2 and 4-S3) revealed a pattern of
higher viral loads in specimens collected in the morning than in those collected in the evening. In specimens
from some individuals (e.g., Figure 2-S2A and 2-S3E), fluctuations in both SARS-CoV-2 and human RNase
P markers were observed, whereas in others RNase P remained stable and SARS-CoV-2 viral load appeared to
be independent of the host marker (e.g., Figures 2-4S2AH and 2-S3N).

Although direct comparison between all positive morning or evening specimens demonstrates greater target
abundance for both SARS-CoV-2 N1 (Figure 2-S4A and C) and human RNase P (Figure 2-S4B and D), this
comparison would be skewed by participants who contributed more specimens and biased by sampling at
different stages of the infection. To minimize these potential biases, the time of each specimen collection was
aligned relative to the date of symptom onset for that participant before plotting both individual viral load
datapoints (Figure 2-S2 and 2-S3) and the average of log-transformed viral load values (Figure 2-1A and B)

for all saliva and nasal swab specimens in 12-hour time bins.
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Figure 2-1. Saliva and nasal swab specimens collected in the morning and evening through the course of infection
demonstrate differences in SARS-CoV-2 viral load. Black lines on each plot indicate the average viral load for each daily
morning or evening specimen collection window. (A) Saliva specimen viral load (SARS-CoV-2 N1 copies/milliliter of
saliva) as measured by RT-qPCR is plotted relative to symptom onset for 1,194 specimens. (B) Nasal swab specimen
viral load (N1 copies/milliliter of swab buffer) as measured by RT-qPCR is plotted relative to symptom onset for 661
specimens. Specimens were designated morning (orange) if collected between 4 a.m. and 12 p.m. or evening (purple) if
collected between 3 p.m. and 3 a.m. ND, not detected. Additional specimen details are provided in the supplemental
material.

The averaged salivary viral load during each collection time point visually suggests higher viral loads in
specimens collected in the morning than in the evening during both the presymptomatic and symptomatic
phases of infection. This pattern was less apparent in the averaged nasal swab viral loads but can be seen when
comparing the N1 threshold cycle (Ct) values between successive time points by calculating differences
in Ct (Figure 2-2A and B). Only reverse transcription-quantitative PCR (RT-qPCR) Cr values for pairs of
successively collected morning-to-evening or evening-to-morning specimen were used to calculate
the Cr difference; negative or indeterminate specimens were included only if directly followed by a positive
specimen collected in the presymptomatic phase of infection. A negative difference in Cr values indicates that
viral load was increasing relative to the previous measurement, whereas a positive difference indicates that
viral load was decreasing relative to the previous measurement. Starting from symptom onset (day 0), saliva
specimens collected in the morning typically exhibited a negative difference in Ct values relative to their
preceding evening specimens, whereas evening specimens consistently had a positive difference in Ct values
relative to their preceding morning specimens. This indicates that throughout the course of symptomatic
infection, morning specimens typically result in relatively lower Ct values (higher viral loads) than evening

specimens.
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To further illustrate the pattern observed in viral loads and changes in Ct values, specimens were binned by
infection stage: prior to symptom onset and in four-day intervals relative to symptom onset. The four-day
interval was selected to capture reasonable resolution for infection stage while also providing sufficient
measurements to observe potential differences. Significantly higher morning viral loads were not observed
prior to symptom onset in either specimen type in the limited number of specimens collected during this period.
However, significantly higher viral loads (P < 0.05, Wilcoxon matched-pair signed-rank test) were observed in
saliva specimens collected in the morning for the first 16 days of symptomatic infection (Figure 2-2C).
Differences in Ct values were also significantly lower (P <0.05, Wilcoxon matched-pair signed-rank test) in
morning nasal swab specimens from day 4 to day 16 of symptomatic infection (Figure 2-2D). Of note, nasal
swab viral load appears to increase more quickly to peak than does salivary viral load (Figure 2-1A and B),
and nasal swabs also achieve higher peak viral loads (Figure 2-S4C) than does saliva (Figure 2-S4A); the high
rate of increase in viral load in nasal swabs likely obscures subtle daily fluctuations that are more apparent in
saliva, where viral load rises more gradually (19). Nasal swabs appear to also be subject to more sampling
variability (Figures 2-S3 and 2-S4D) than saliva (Figures 2-S2 and 2-S4B), evidenced by RNase P control

marker Cr values.
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Figure 2-2. Morning viral loads are significantly higher than evening viral loads during most of SARS-CoV-2 infection. (A
and B) The difference in N1 CT values (ACT) in 703 morning-to-evening and evening-to-morning successive saliva
specimen pairs (A) and 365 morning-to-evening and evening-to-morning successive nasal swab specimen pairs (B),
plotted relative to symptom onset. One point in panel A and one point in panel B had ACr values outside the y axis of the
plot; these are represented as black stars at —15. (C and D) The difference in N1 Cr values in 703 morning-to-evening
and evening-to-morning sequential saliva (C) and nasal swab (D) specimen pairs relative to symptom onset. Morning-
to-evening or evening-to-morning ACr values were then binned into presymptomatic or four-day infection stages. The
distributions of morning-to-evening and evening-to-morning ACry values for each infection stage bin were then
statistically compared using the Wilcoxon matched-pair signed-rank test; ns, nonsignificant or insufficient data points to
perform analysis; *, P <0.05; **, P <0.01; **** P <0.001. Black lines indicate average viral load. ND, not detected.
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Saliva and nasal swab viral loads in the range of moderate- and low-sensitivity tests underscore utility of morning

sampling

The observed higher viral loads in specimens collected in the morning upon waking than in those collected later
in the day led us to hypothesize that sampling in the morning could detect significantly more infected
individuals than sampling in the evening. Because viral loads rise and decline throughout the course of the
infection (Figure 2-1), we assessed this hypothesis during discrete four-day time bins following symptom
onset. The presymptomatic period was not assessed, as few specimens from this period were available for
analysis. Additionally, because COVID-19 diagnostics have analytical sensitivities that span several orders of
magnitude, we tested this hypothesis for assays with LODs of 103, 104, 10°, 10°, 107 copies/mL; quantitative
viral loads measured in each specimen were used to predict whether each specimen would reliably yield a
positive result when tested by an assay of each LOD. For each time bin and each LOD, we generated two-by-
two matrices to assess the detectability of morning or evening sampling within pairs of sequentially collected
morning-to-evening (Figure 2-3) specimens. Each time bin and LOD that did not contain at least ten positive

samples from saliva or nasal swab were excluded from this analysis.

For saliva specimens, the advantage of morning sampling was statistically significant in all but two comparisons
(Figure 2-3A); the two comparisons for which a nonsignificant advantage was observed occurred in the first
four days of infection, at the LODs of the lowest- and highest-analytical-sensitivity assays (LODs of 10° and
10° copies/mL, respectively). As LOD increases, fewer pairs are predicted to have detectable virus in either the
morning or evening specimen; for this reason, confidence intervals widen as the LOD increases, which results
in decreased power to detect significant differences in detection by assays with higher LODs. Additionally,
assays with lower LODs are able to reliably detect lower viral concentrations, decreasing the impact of

fluctuations in viral load from morning to evening sampling on detection.

Morning sampling with nasal swab specimens also exhibited an advantage over evening sampling after four
days from symptom onset, for all LODs (Figure 2-3B). In the first four days of infection, a nonsignificant
advantage of evening over morning sampling was observed; in this phase of the infection, viral loads in nasal
swab specimens typically rise rapidly from undetectable to high (Figure 2-1). Therefore, during this rapid rise,
the specimen collected later within a pair of successively collected specimens would improve detection; indeed,
when morning-to-evening pairs were assessed (Figure 2-3), the later (evening) time point had improved
detection but when evening-to-morning pairs were assessed (Figure 2-S5), the later (morning) time point

resulted in improved detection.
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Similarly, when viral loads are declining, one may expect the earlier time point within a pair of successively

collected specimens to exhibit improved detection. We assessed whether this effect was responsible for the
improved performance of morning sampling over evening sampling when pairs of successively collected
morning-to-evening specimens were compared by performing an equivalent analysis of pairs of successively
collected evening-to-morning specimens (Figure 2-S5). Even with evening-to-morning pairing, morning
sampling exhibited an advantage over evening sampling for all comparisons with saliva and nearly all
comparisons with nasal swabs. In the three of 12 comparisons where morning sampling with nasal swabs did
not exhibit an advantage, two comparisons had equivalent detection by morning or evening sampling, and in
the third comparison evening sampling exhibited only a nonsignificant advantage of less than 2% over morning

sampling.

This supports that the advantage of morning sampling over evening sampling for both saliva and nasal swabs
was robust to whether the morning specimen is collected prior to or following the evening specimen. These
results suggest that collecting saliva or nasal swab specimens for SARS-CoV-2 testing in the morning,

immediately after waking, can significantly improve detection of symptomatic, infected individuals.
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Figure 2-3. Morning saliva or nasal swab specimen collection yields improved detection across infection stages and assay
analytical sensitivities. For each four-day time bin relative to symptom onset, pairs of sequentially collected morning-to-
evening specimens were assessed. In each pair, the viral load in each specimen was used to predict a positive or negative
result if tested by an assay with a given limit of detection (LOD) below or above the viral load, respectively. Bar plots
show the fraction of pairs with a positive result in either the morning or evening specimen that would be detectable if the
morning specimen (orange) or evening specimen (purple) were tested at a given LOD. Error bars indicate the 95%
confidence interval. Bars are not shown (X) when fewer than 10 pairs had positive results at the given LOD during the
infection time bin. Among LODs and infection time bins with more than 10 positive pairs, the percents detectable for
morning versus evening specimens were compared by an upper-tailed McNemar exact test, applied to the 2 x 2 table
shown below each comparison. Resulting P values are shown above each comparison. Boldfaced values indicate
significantly higher detection with morning sampling than with evening sampling. Analysis was performed on saliva
specimens (A) and nasal swab specimens (B). Equivalent analysis for evening-to-morning pairs is shown in Figure 2-S5
in the supplemental material. Pos, positive; Neg, negative.
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Discussion

In this study, we quantitatively measured SARS-CoV-2 viral load with high frequency (twice per day)
longitudinally through the course of mild COVID-19 infection in saliva for 70 individuals and in nasal swabs
for 29 individuals. From these measurements, we identified a pattern of higher viral loads in saliva and nasal
swab specimens collected in the morning after waking than in those collected in the evening. Although similar
observations have been reported for nasopharyngeal swabs (20, 21), early morning versus spot oropharyngeal
specimens (22), and early morning saliva versus nasopharyngeal swabs (23) and in wastewater surveillance
(24), our study is unique and clinically relevant for three reasons: (i) we measured viral load in specimen types
relevant to at-home testing using a high-analytical-sensitivity RT-gPCR assay, which enabled us to infer the
performance of diagnostic tests of different analytical sensitivities at each stage of infection; (ii) we collected
specimens at high temporal resolution (morning and evening) longitudinally for 2 weeks, starting from early in
the course of the infection via prospective sampling of high-risk populations; and (iii) our study provides the
largest data set to date that investigates daily patterns in SARS-CoV-2 viral loads, with 1,194 saliva and 661
nasal swab specimens collected longitudinally. From these data, we find compelling evidence that collecting
samples for COVID-19 testing in the morning upon waking can significantly improve detection of infected

individuals.

The biological and physiological reasons for higher SARS-CoV-2 viral loads in the morning remain unknown
but may be due to accumulation of viral material overnight or related to viral replication and immune function.
Similar to the improved performance of at-home pregnancy tests with morning urine due to accumulation of
human chorionic gonadotropin (25), improved detection of SARS-CoV-2 may be the result of physical
accumulation of material (e.g., cells, virions, and nucleic acids) in the upper respiratory tract due to supine
positioning (aiding mucociliary clearance) and/or the decreased rate of swallowing at night (26). Higher
morning viral loads being due to physical accumulation of nucleic acids is supported by an increased abundance
of the constitutive human RNase P target in saliva and nasal swab specimens collected in the morning (see
Figures 2-S2A and 2-S3A). Human salivary production decreases overnight (27), suggesting that higher
morning viral loads could be due to a concentration of virus when saliva volume is lower. Given that some
individuals exhibit this phenomenon independently of human RNase P target abundance (Figures 2-S2B and
2-S3B), a circadian rhythm in viral replication may also contribute. Regulation and responsiveness of the
immune system have been linked to circadian rhythms (28, 29), shown to affect SARS-CoV-2 infection of
monocytes in cell culture (30) and proposed as a modulating factor for COVID-19 severity and management
(31). Others have proposed cellular interactions between viral proteins and circadian rhythm-dependent host
signals (32) and demonstrated circadian rhythm-dependent entry and proliferation of SARS-CoV-2 in lung
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epithelial cell types in culture (33). Regardless of mechanism, because higher viral loads are associated with

replication-competent culturable virus (34, 35), these findings may also suggest a higher risk of transmission

in the morning.

As many individuals remain unvaccinated and new variants emerge, it remains critical to identify infections,
promptly isolate infected persons, trace and quarantine contacts, and initiate early treatment to improve
efficacy. Much of the world lacks access to tests with high analytical sensitivity (36—38). Our findings suggest
that strategically collecting specimens in the morning immediately after waking up may improve the
performance of available low- to moderate-analytical-sensitivity tests. Morning sampling will not raise the
performance of tests with low analytical sensitivity to the levels of those with higher analytical sensitivity;
however, even marginal improvements in detection have been shown to reduce deaths from COVID-19 (39).

This study is subject to five main limitations. First, we had a limited number of specimens collected prior to
the onset of symptoms, limiting our ability to discern a difference in detectability with morning or evening
specimens during the presymptomatic phase of infection. Second, this study was performed prior to the
dominance of the Delta and Omicron variants of SARS-CoV-2, which may exhibit different viral load kinetics.
Host factors, including vaccination status, may also influence viral load kinetics; nearly all individuals in this
cohort were unvaccinated. Third, specimens were self-collected without supervision and thus may have had a
different quality from those collected by a health care professional. However, many COVID-19 diagnostics in
use utilize self-collected specimens, and measurements of the human RNase P gene suggest consistent sampling
without failure to collect sufficient material. Fourth, we quantified viral load using RT-gPCR with SARS-CoV-
2 N gene target. Many COVID-19 diagnostics utilize N gene targets, and N gene viral loads have been shown
to track with other gene targets, suggesting that N gene quantification to viral load conversion would be
representative to demonstrate a general phenomenon relevant for diagnostics detecting other viral targets. Fifth,
this analysis involves inferring positivity by assays with various analytical sensitivities (LODs), based on the
quantitatively measured viral loads. A direct comparison with a specific test is needed to test real-world
efficacy.
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Materials and Methods

Study design

Participants were recruited for participation in a COVID-19 household transmission study as previously
described (9, 19). Briefly, if at least one member of a household with two or more persons had a positive
COVID-19 test result within seven days or was suspected to be positive, all household members aged SiX years
and older were eligible to participate. Participants began collecting saliva or saliva and nasal swab specimens
on the evening of enrollment and each subsequent morning and evening (as described below). COVID-19-like

symptoms were reported via questionnaire with each specimen collection time point.

For participants who were SARS-CoV-2 positive when initially enrolled in the study, symptom onset was
defined as the date of first symptoms reported in an enrollment questionnaire. For participants who entered the
study SARS-CoV-2 negative but had unrelated symptoms, symptom onset was the first instance of a new
COVID-19-like symptom or an increase in symptom severity following their first SARS-CoV-2-positive

specimen.

Specimen collection

Participants self-collected anterior nares nasal swab and saliva specimens in the Spectrum SDNA-1000 Saliva
Collection Kit (Spectrum Solutions LLC, Draper, UT), at home twice per day (after waking up and before going
to bed), per manufacturer’s guidelines (although Spectrum devices are not currently authorized for the
collection of nasal swab specimens). One participant self-collected both anterior nares nasal swab and saliva
specimen in Nest viral transport medium (VTM) (catalog no. NST-NST-202117; Stellar Scientific, Baltimore,
MD), and three individuals collected their nasal swab specimens in VTM and their saliva specimens in the
Spectrum SDNA-1000 Saliva Collection Kit. Participants were instructed not to ingest anything, smoke, or
brush their teeth for at least 30 min prior to collection. For nasal swab collection, participants were asked to
gently blow their noses before swabbing (four complete rotations with gentle pressure in each nostril) with
sterile flocked swabs. A parent/guardian assisted minors with collection. At collection, participants recorded
the date and time and any symptoms experienced in the previous 12 h. Specimens collected between 4 a.m. and
12 p.m. were defined as morning; specimens collected between 3 p.m. and 3 a.m. were defined as evening (see

Figure 2-S1 in the supplemental material).
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Cohort of individuals with SARS-CoV-2 infection

Between September 2020 and April 2021, 72 participants from 39 households in southern California had acute
SARS-CoV-2 infection. Of these, two never reported experiencing symptoms and were not included in
subsequent analyses where viral loads are aligned with date of symptom onset. Of the 70 symptomatic
individuals from 37 households included in the analyses (Table 2-1), all 70 collected saliva specimens while a
subset of 29 individuals collected both saliva and nasal swab specimens every morning and every evening while

enrolled, from which we quantified viral loads.

Individuals were enrolled at various stages of infection. Of the 70 infected, symptomatic individuals, 58 were
positive for SARS-CoV-2 in the first saliva or saliva and nasal swab specimen collected upon enrollment while
twelve were initially negative but became positive while enrolled in the study; of these twelve individuals,
seven were collecting both saliva and nasal swabs, and the viral loads and symptoms of these individuals have
been previously reported (6). Of the 58 cases positive on enrollment, 50 (86.2%) were already experiencing
mild COVID-19-like symptoms and 8 (13.8%) were presymptomatic. Of the 20 individuals who were either
presymptomatic (8) or negative for SARS-CoV-2 (12) on enrollment, COVID-19 symptom onset occurred an
average of 1.2 days after the first SARS-CoV-2-positive saliva specimen.

The mean age of the saliva cohort was 32.8 years (standard deviation [SD], £16.0 years), and the mean age was
33.9years (SD, +£15.2 years) among those collecting both saliva and nasal swabs. Health conditions and
medications that may have impacted viral load kinetics are provided for individual participants in the
supplemental material. No participants required hospitalization. At the time of these participants’ enrollment
in the study (September 2020 to April 2021), vaccines were either unavailable or limited to priority groups.
Only one individual (Figures 2-S2H and 2-S3H) reported receiving a COVID-19 vaccine (first dose of Pfizer-
BioNTech COVID-19, ~3 weeks before enrollment).

Extraction and guantification of viral load by RT-gPCR

Specimen processing was performed as previously described (9). Briefly, 400 or 200 pL of fluid from each saliva
or nasal swab specimen, respectively, was extracted using the MagMAX Viral/Pathogen nucleic acid isolation kit
(ThermoFisher Scientific; catalog no. A42352), followed by the CDC 2019-novel coronavirus (2019-nCoV) real-
time RT-PCR diagnostic panel, which targets the SARS-CoV-2 N1 and N2 genes, as well as a human RNase

P control. N1 gene Cr values were converted to viral load using an equation derived from a standard curve of heat-
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inactivated SARS-CoV-2 particles spiked into human specimen matrix validated previously by independent RT-

double differential PCR (ddPCR) measurement (6).

Table 2-1. Participant Demographics. Demographic and medical information was collected via online questionnaire
upon study enrollment. All participants (No.=70) collected saliva; of these 70, 29 additionally collected nasal

swabs.
Participants Contributing Each Sample Type
Saliva Saliva and Nasal Swabs
70 29
Sex*
Male 25 35.7% 9 31.0%
Female 45 64.3% 20 69.0%
Age
6-11 6 8.6% 1 3.4%
12-17 9 12.9% 4 13.8%
18-24 9 12.9% 3 10.3%
25-35 17 24.3% 10 34.5%
3645 12 17.1% 3 10.3%
46-55 11 15.7% 6 20.7%
56-65 5 7.1% 2 6.9%
65+ 1 1.4% 0 0.0%
Race
Asian/Pacific Islander 6 8.6% 2 6.9%
Black/African American 2 2.9% 2 6.9%
Native American 0 0.0% 0 0.0%
White 33 47.1% 15 51.7%
Multiple Races 4 5.7% 3 10.3%
Other/Unknown' 25 35.7% 7 24.1%
Ethnicity
Hispanic 52 74.3% 21 72.4%
Non-Hispanic 17 24.3% 8 27.6%
Unknown 1 1.4% 0 0.0%
Tobacco Smoker or Vape User History
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Current S) 7.1% 3 10.3%
Former 15 21.4% 9 31.0%
Never 43 61.4% 16 55.2%
Unknown 7 10.0% 1 3.4%
Active Medications and Supplements
Vitamins/Supplements 47 67.1% 21 72.4%
Acetaminophen/NSAIDs* 33 47.1% 13 44.8%
Allergy medications/Antihistamines 11 15.7% 3 10.3%
Antibiotics/Antivirals 3 4.3% 0 0.0%
Steroid drug 3 4.3% 1 3.4%
Medical Comorbidities
Asthma 6 8.6% 1 3.4%
Anxiety or Depression 4 5.7% 2 6.9%
Diabetes 4 5.7% 3 10.3%
Obesity 4 5.7% 2 6.9%
Hypertension 3 4.3% 1 3.4%
Immunocompromise 0 0.0% 0 0.0%
SARS-CoV-2 Vaccination Status®
Partially vaccinated 1 1.4% 1 3.4%
Completed vaccination 0 0.0% 0 0.0%
No vaccines reported 69 98.6% 28 96.6%

Statistical analyses

Initial processing was performed in Python v3.8.2, with calculation of log-transformed averages (Figure 2-1). Data

were exported, and differences in Ct from sequential specimens were calculated in Microsoft Excel (Figure 2-

2A to D). Plots were prepared in GraphPad Prism 9.2.0, including calculation of medians (Figure 2-2). For

comparison of the differences between morning and evening viral loads and differences in Cr values, the Wilcoxon

matched-pair signed-rank test was performed using GraphPad (Figure 2-2). An upper-tailed McNemar test to

compare inferred percentages of infections detectable by assays with various LODs for specimens collected in the

morning or evening (Figure 2-3 and Figure 2-S5) was performed in Python v3.8.2 using the scipy.stats package

(40).
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Data availability

The data underlying the results presented in the study are available at CaltechDATA at:
https://data.caltech.edu/records/20049.
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Supplemental Information

Additional participant and specimen details from Figure 2-1

Viral load was quantified from an average of 32 saliva specimens (SD +6 specimens) each from the 12
participants in the negative-on-enrollment cohort, while on average 13 saliva specimens (SD +10 specimens)
each were processed from 58 participants positive-on-enrollment (Figure 2-S2). For nasal swabs, an average
of 35 specimens (SD +7 specimens) were quantified from seven participants in the negative-on-enrollment
cohort, while viral load was quantified in an average of 17 nasal-swab specimens (SD +9 specimens) from 22

participants who were positive on-enrollment (Figure 2-S3).
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Supplemental Figure 2-1. Frequency of Saliva and Nasal-Swab Specimen Collection Times. Study participants either
collected saliva only, or saliva then anterior nasal swab at the same time point, and were instructed to collect specimens
immediately after waking up and immediately before bed (see Methods for detailed instructions). The frequency of
specimens collected by each hour of the day is plotted for 1,194 saliva specimens (A) and 661 nasal-swab specimens (B).
Dashed vertical line indicates cutoff for morning (3 a.m. to 12 p.m.) and evening (3 p.m. to 3 a.m.) collected specimens
used in this study.

[Figure On Next Page] Supplemental Figure 2-2. Individual salivary RT-PCR Ct measurements, for SARS-CoV-2 N1
gene target (red) and human RNase P control gene target (black), relative to symptom onset. Matching panel labels
correspond to the same participant shown in Figure S3. Underlined panel labels indicate that the participant converted
from SARS-CoV-2- negative to -positive while enrolled in the study. Gray dashed line indicates Ct threshold for
positivity. ND indicates not detected.
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Supplemental Figure 2-3. Individual nasal-swab RT-PCR Ct measurements, for SARS-CoV-2 N1 gene target and human
RNase P control gene target. Each panel shows the measured SARS-CoV-2 N1 Ct values (red), and human RNase P Ct
values (black) for an individual participant, relative to symptom onset. Matching panel labels correspond to the same
participant shown in Figure S2. Underlined panel labels indicate that the participant converted from SARS-CoV-2-
negative to -positive while enrolled in the study. Gray dashed line indicates Ct threshold for positivity. ND indicates not
detected.
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Supplemental Figure 2-4. Aggregated SARS-CoV-2 N1 and human RNase P Ct values grouped by specimens collected in
the morning and evening. (A) Direct comparison of aggregated Ct values for SARS-CoV-2 N1 gene target, measured
from all SARS-CoV-2 positive saliva specimens from all participants, by either morning or evening collection time. (B)
Direct comparison of aggregated Ct values for human RNase P target from all SARS-CoV-2 positive saliva specimens
from all participants, by either morning or evening collection time. (C) Direct comparison of aggregated Ct values for
SARS-CoV-2 N1 gene, measured from all SARS-CoV-2 positive nasal-swab specimens from all participants, by either
morning or evening collection time. (D) Direct comparison of aggregated Ct values for human RNase P target from all
SARS-CoV-2 positive nasal-swab specimens from all participants, by either morning or evening collection time.
Specimens with morning collection times are shown as orange points, while evening are shown as purple points. Black
lines indicate mean Ct value, with error bars representing standard deviation. Statistical comparison of Ct values for
groups performed by unpaired t-test without correction: ns indicates nonsignificant difference, * indicates P <0.001.
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Supplemental Figure 2-5. Morning saliva or nasal-swab specimen collection yields improved detection across infection
stages and assay analytical sensitivities. For each four-day time bin relative to symptom onset, pairs of sequentially
collected evening-to-morning specimens were assessed. In each pair, the viral load in each specimen was used to predict
positivity if tested by an assay with a given LOD. Bar plots show the fraction of pairs with a positive result in either the
morning or evening specimen that would be detectable if the morning specimen (orange) or evening specimen (purple)
were tested at a given LOD. Error bars indicate the 95% confidence interval. Bars are not shown (X) when fewer than 10
pairs had positive results at the given LOD during the infection time bin. Among LODs and infection time bins with more
than 10 positive pairs, the percent detectable for morning versus evening specimens were compared by upper-tailed
McNemar Exact Test, applied to the 2 x 2 table shown below each comparison. Resulting P-values are shown above each
comparison. Bolded values indicate significantly higher detection with morning sampling over evening sampling.
Analysis was performed on (A) saliva specimens and (B) nasal swab specimens. Equivalent analysis for morning-to-
evening pairs is shown in Figure 3.
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Chapter 3

QUANTITATIVE SARS-COV-2 VIRAL-LOAD CURVES IN PAIRED SALIVA SAMPLES
AND NASAL SWABS INFORM APPROPRIATE RESPIRATORY SAMPLING SITE AND
ANALYTICAL TEST SENSITIVITY REQUIRED FOR EARLIEST VIRAL DETECTION

This chapter was originally published in Savela ES*, Viloria Winnett A*, Romano AE*, Porter MK, Shelby T,
Akana R, Ji Jenny, Cooper MM, Schlenker NW, Reyes JA, Carter AM, Barlow JT, Tognazzini C, Feaster M, Goh
YY, Ismagilov RF. Quantitative SARS-CoV-2 Viral-Load Curves in Paired Saliva Samples and Nasal Swabs
Inform Appropriate Respiratory Sampling Site and Analytical Test Sensitivity Required for Earliest Viral
Detection (Feb 2022). Journal of Clinical Microbiology. https://doi.org/10.1128/jcm.01785-21.
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Abstract

Early detection of SARS-CoV-2 infection is critical to reduce asymptomatic and presymptomatic transmission, curb
the spread of variants, and maximize treatment efficacy. Low-analytical-sensitivity nasal-swab testing is commonly
used for surveillance and symptomatic testing, but the ability of these tests to detect the earliest stages of infection
has not been established. In this study, conducted between September 2020 and June 2021 in the greater Los Angeles
County, California, area, initially SARS-CoV-2 negative household contacts of individuals diagnosed with COVID-
19 prospectively self-collected paired anterior-nares nasal-swab and saliva samples twice daily for viral-load
quantification by high-sensitivity reverse-transcription quantitative PCR (RT-gPCR) and digital-RT-PCR assays.
We captured viral-load profiles from the incidence of infection for seven individuals and compared diagnostic
sensitivities between respiratory sites. Among unvaccinated persons, testing saliva with a high-analytical-sensitivity
assay detected infection up to 4.5 days before viral loads in nasal swabs reached concentrations detectable by low-
analytical-sensitivity nasal-swab tests. For most participants, nasal swabs reached higher peak viral loads than saliva
but were undetectable or at lower loads during the first few days of infection. High-analytical-sensitivity saliva
testing was most reliable for earliest detection. Our study illustrates the value of acquiring early (within hours after
a negative high-sensitivity test) viral-load profiles to guide the appropriate analytical sensitivity and respiratory site
for detecting earliest infections. Such data are challenging to acquire but critical to designing optimal testing

strategies with emerging variants in the current pandemic and to respond to future viral pandemics.

Introduction

Early detection of SARS-CoV-2 infection is needed to reduce asymptomatic and presymptomatic transmission,
including the introduction and spread of new viral variants. More than half of transmission events occur from
presymptomatic or asymptomatic persons (1). Early detection enables individuals to isolate sooner, reducing
transmission within households and local communities and to vulnerable populations. Rapid antigen or molecular
tests performed on nasal swabs are common for both SARS-CoV-2 screening and symptomatic testing (2) but can
have low analytical sensitivity compared with lab-based molecular tests. As new variants of concern emerge with
increased transmissibility (3-5), high viral loads (4, 6), and breakthrough infections (7), these testing strategies
(analytical sensitivity and sample type) need to be assessed and adjusted to ensure detection of early infection. It is
still unclear which testing strategy can detect SARS-CoV-2 infection at the earliest stages. Does one need a high-
sensitivity test, or would a test with low analytical sensitivity suffice? Which sample site contains detectable virus

first?



49
Tests with high analytical sensitivity can detect low levels of molecular components of the virus (e.g., RNA or

proteins) in a sample. Analytical sensitivity is described by the limit of detection (LOD) of a test (defined as the
lowest concentration of the viral molecules that produces 95% or better probability of detection). LOD of SARS-
CoV-2 diagnostic tests is described in various units, of which the most directly comparable among tests are those
that report the number of viruses (viral particles) or viral RNA copies per milliliter of sample. Viral RNA copies/mL
are roughly equivalent to genome copy equivalents/mL (GCE/mL) or nucleic-acid detectable units/mL (NDU/mL).
These LOD values are tabulated by the FDA and vary by >5 orders of magnitude between tests (8). Tests with high
analytical sensitivity have LOD values equivalent to ~10? to 10 copies/mL of sample, whereas tests with low
analytical sensitivity have LOD values equivalent to ~10° to 107 copies/mL (9—12). Importantly, test types (e.g.,
reverse transcription-quantitative PCR [RT-gPCRY], antigen) are often incorrectly equated with a certain analytical
sensitivity, despite an FDA analysis (8) demonstrating that the sensitivity of different RT-qPCR tests ranges from
highly sensitive (e.g., LOD of 180 NDU/mL for PerkinElmer and 450 NDU/mL for Zymo Research) to substantially
less sensitive (e.g., LOD of 180,000 NDU/mL for TagPath COVID-19 combo kit and 540,000 NDU/mL for Lyra
Direct SARS-CoV-2 assay). The low end of this range (corresponding to the higher LOD values) overlaps with the
range of low-analytical-sensitivity rapid isothermal nucleic acid tests (e.g., LOD of 180,000 NDU/mL for Atila
BioSystems and 300,000 NDU/mL for Abbott ID NOW tests) and approaches the analytical sensitivity range of
antigen tests (9, 10). To choose the appropriate test for reliable early detection, one needs to measure viral loads
present in samples collected early in the course of infection (13) and then choose a test with an LOD below that
viral load. Initial data by us (14) and others (15, 16) show that, at least in some humans, SARS-CoV-2 viral load
can be low (in the range of 10° to 10° copies per mL of saliva sample) early in infection; therefore, only tests with

high analytical sensitivity would reliably detect virus in saliva.

Sampling site or specimen type may also be critical to early detection. Other respiratory viruses have been shown
to have detection rates that vary by sampling site (17), which have occasionally been linked to viral tropism. For
example, the cellular receptor for entry of Middle East respiratory syndrome coronavirus (MERS-CoV) is expressed
nearly exclusively in the lower respiratory tract, prompting recommendations for diagnostic testing of specific
sample types (bronchoalveolar lavage fluid, sputum, and tracheal aspirates) (18). A previous study on SARS-CoV
found high levels of viral RNA in saliva and throat-wash early in the infection course (before the development of
lung lesions), suggesting saliva as a promising sample type for early detection (19). Although nasopharyngeal (NP)
swab is often considered the gold standard for SARS-CoV-2 detection, it requires collection by a healthcare worker
and is not well tolerated. Furthermore, the performance of NP swabs for early detection of current SARS-CoV-2
variants is unknown. Sample types such as anterior-nares or mid-turbinate nasal swabs (20-23) and saliva (24-27)

are more practical, especially for repeated sampling in screening.



50

To understand the required test sensitivity and the optimal sample type for earliest SARS-CoV-2 detection, we
designed a case-ascertained study of household transmission with high-frequency sampling of both saliva and
anterior-nares nasal swabs. Building on our earlier work (14), we enrolled individuals ages six years and older who
had recently tested positive (household index case) and their exposed household contacts at risk of infection.
Negative samples preceding the first positive result are needed to confirm that a participant is within the first days
of detectable SARS-CoV-2 RNA. All participants self-collected saliva and anterior-nares nasal swabs twice daily,
in the morning upon waking and before bed. Importantly, all samples were immediately placed in a guanidinium-
based inactivating and RNA-stabilizing solution (see Materials and Methods). Samples were screened for SARS-
CoV-2 N1 and N2 gene positivity using a high-sensitivity assay. When a transmission event was observed (a
previously SARS-CoV-2-negative participant tested positive in at least one sample type), we quantified viral loads
in all samples prospectively collected from that participant for at least two weeks from their first positive result.
Quantification was performed via quantitative reverse-transcription PCR (RT-gPCR), with a subset of
measurements validated by reverse-transcription droplet digital PCR (RT-ddPCR), capturing the early and full
course of acute SARS-CoV-2 infection with high sensitivity.

Materials and Methods

Refer to the supplemental material for detailed methods.

Questionnaires and sample collection
Acquisition of participant data was performed as described previously (14). Symptoms (including those listed by
the Centers for Disease Control and Prevention [CDC]) were reported by participants twice daily at the time of

sample collection (28).

Participants self-collected nasal-swab and saliva samples in the Spectrum SDNA-1000 Saliva Collection Kit
(Spectrum Solutions LLC, Draper, UT, USA), which contains 1.5 mL of liquid buffer, at home twice per day (after
waking up and before going to bed), per the manufacturer’s guidelines. A parent or legal guardian assisted all minors

with collection and was instructed to wear a face covering during supervision.

Samples were stored at 4°C and equilibrated to room temperature before being processed with extraction protocols.

RNA extraction and nucleic acid quantification

Participant saliva and anterior-nares swab samples were extracted using the KingFisher Flex 96 instrument (Thermo
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Fisher Scientific) with the MagMax Viral Pathogen | Nucleic Acid Isolation Kit (catalog [cat.] no. A42352; Applied

Biosystems, Waltham, MA, USA) guided by Thermo Fisher technical notes for SARS-CoV-2 modification and

saliva.

RT-qPCR was performed as previously described (14) using the CDC 2019-novel coronavirus (2019-nCoV) real-
time RT-PCR diagnostic panel (29), with duplicate reactions. See the supplemental material methods for
establishing the extraction to RT-gPCR assay workflow LOD of 1,000 copies/mL (Figures 3.S1A and B in the

supplemental material).

For samples defined as positive by assay guidelines from the CDC (29), viral load was quantified by conversion of
the mean quantification cycle (Cq) of duplicate RT-gPCRs using the equations obtained from calibration curves of
contrived samples—healthy human saliva or nasal fluid spiked with heat-inactivated SARS-CoV-2 particles. See

the supplemental material methods for additional details.

Quantification was also performed by reverse-transcription droplet digital PCR (RT-ddPCR) on both the calibration
curve samples (Figure 3-1, Figure 3-S2) and participant samples (Figure 3-1) using the Bio-Rad SARS-CoV-2
droplet digital PCR kit (cat. no. 12013743; Bio-Rad). Droplets were created using the QX200 Droplet Generator
(cat. no. 1864002; Bio-Rad); thermocycling was performed on a Bio-Rad C1000 and detected using the QX200
droplet digital PCR system (cat. no. 1864001; Bio-Rad). Samples were analyzed with QuantaSoft analysis Pro
1.0.595 software following Bio-Rad’s research-use only (RUO) SARS-CoV-2 guidelines (30).

Viral sequencing
Saliva and nasal-swab samples with an N1 gene Cq of below 26 were sent to Chan Zuckerberg Biohub for SARS-
CoV-2 viral genome sequencing, a modification of Deng et al. (31) as described in Gorzynski et al. (32). Sequences

were assigned pangolin lineages described by Rambaut et al. (33) using Phylogenetic Assignment of Named Global

outbreak LINeages software 2.3.2 (github.com/cov-lineages/pangolin). Chan Zuckerberg Biohub submitted the
resulting genomes to GISAID.

Data availability
Data are available on CaltechDATA at https://data.caltech.edu/records/1942.
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Results

We first established and validated two independent quantitative assays to measure SARS-CoV-2 viral load, an RT-
gPCR based on the assay put forth by the CDC (29) and an RT-ddPCR assay developed by Bio-Rad (30). Both of
these assays received an emergency use authorization (EUA) for qualitative, but not quantitative, detection of
SARS-CoV-2. We optimized the extraction and each quantitative assay protocol (see supplemental material
methods) to obtain more reliable quantification of SARS-CoV-2 viral load. The LOD of the modified assay was
determined to be 1,000 copies/mL or better by following FDA guidelines (see Materials and Methods; Figure 3-
S1). Commercial, heat-inactivated SARS-CoV-2 virus was used to establish calibration curves to convert RT-gPCR
quantification cycle values (Cq) to viral load (Figure 3-1A,; full details in Figure 3-S2 and supplemental material
methods). The linearity of these calibration curves was assessed with 43 participant nasal-swab (Figure 3-1B) and

63 participant saliva samples (Figure 3-1C) across a wide dynamic range of viral loads.
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Figure 3-1. SARS-CoV-2 viral-load quantification measured with RT-ddPCR and RT-gPCR. (A) Calibration curves were
prepared with contrived saliva and nasal-swab samples. The theoretical SARS-CoV-2 concentration was calculated from a
dilution series of contrived samples that were prepared using commercial, inactivated SARS-CoV-2 and commercially
available SARS-CoV-2-negative saliva (black circles) or nasal fluid (green triangles) and run with the CDC SARS-CoV-2
RT-gPCR assay. Detailed calibration curves are shown in Figure 3-S2. (B) Participant nasal-swab or (C) saliva samples
positive for SARS-CoV-2 RNA at a range of viral loads were selected. SARS-CoV-2 N1 concentrations (copies/mL) by
detection method of RT-ddPCR (gold triangles in panel B, gold circles in panel C) and RT-gPCR (green triangles in panel
B, black circles in panel C) are plotted against the geometric mean of RT-gPCR and RT-ddPCR viral-load concentrations
(the square root of the product of the two viral-load measurements). A total of 42 nasal-swab and 63 saliva samples from
study participants were quantified with both methods. The gray line represents x =y. See the supplemental material methods
for details of contrived samples, calibration curves, and calculations.
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Figure 3-2. Symptoms and SARS-CoV-2 viral loads in paired saliva and nasal-swab samples of seven participants who
became SARS-CoV-2 positive during study participation. (A to G) Self-reported twice-daily symptom data over the course
of enrollment are shown as the top panel for each of the participants (see color-coded legend for symptom categories).
Details of symptoms are included in the raw data files. Demographic data including any reported medical conditions are
included in Table S1. Viral loads are reported for the N1 and N2 genes of SARS-CoV-2 for both saliva (black and gray
circles) and nasal-swab samples (dark-green and light-green triangles); ND, not detected for Cys of >40. Samples with an
indeterminate result by the CDC RT-gPCR assay are shown along the horizontal black dashed line (see Materials and
Methods for details). The limit of detection (LOD) of the assay used for high-analytical-sensitivity measurements is shown
with a horizontal gray dashed line. The inferred low-analytical-sensitivity threshold (1.0 x 10° copies/mL) is indicated by
the horizontal green dashed line; the low-analytical-sensitivity range (horizontal green bar) is shown. A diagnostic test does
not provide reliable detection for samples with viral loads below its LOD. For each participant, the first detected saliva point
is emphasized with a pink circle (high analytical sensitivity), and the first nasal-swab point with a viral-load concentration
at or above 1.0 x 10° copies/mL (low-analytical-sensitivity threshold) is emphasized with a pink triangle. Vertical shading
in gray indicates nighttime (8 p.m. to 8 a.m.). Internal controls of RNase P gene Cys from the CDC primer set are provided
for each sample to compare self-sampling consistency and sample integrity (failed samples, where RNase P Cq is >40, are
not plotted). Participant sex, age range, and SARS-CoV-2 variant are given in each panel’s title. Two regions of interest
(ROI) are indicated by purple-shaded rectangles and discussed in the main text.
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Next, to quantify the viral load at the earliest stage of infection, we analyzed the viral loads in the saliva and nasal

swabs of participants who were negative in both sample types upon enrollment and became positive during their
participation in the study (Figure 3-2). We extended each participant’s enrollment in our study to acquire 14 days
of paired saliva and nasal-swab samples starting from the first positive sample. The data in Figure 3-2 report the
viral-load concentrations as measured on the day of extraction. All samples were stored at 4°C before extraction;
time of storage varied between 0 and 27 days. The stability of SARS-CoV-2 RNA and impact on our conclusions is
discussed in the supplemental material methods, Figure 3-S3, and Figure 3-54.

Here, we report complete viral-load curves in saliva and anterior-nares nasal swabs from seven individuals (Figure
3-2). Each participant tested negative (ND, not detected; Figure 3-2) in both saliva and nasal swabs upon study
enrollment, demonstrating that we captured the earliest days of infection. RNase P C4 values remained consistent
throughout the collection period for saliva and swabs for most participants (Figure 3-2A, B, D, F, and G), indicating
that observed changes in viral loads were likely not a sampling artifact but reflected the underlying biology of the
infection. Because nasal swabs are commonly used with tests of low analytical sensitivity, and because such tests
are proposed to be utilized for SARS-CoV-2 serial screening testing (34, 35), we wanted to compare whether low-
analytical-sensitivity testing with nasal swabs could provide equivalent performance to high-analytical-sensitivity
testing with saliva (26, 36, 37). We did not run any tests with low analytical sensitivity; our quantitative viral load
measurements were used to infer the performance of a test with an LOD representing low analytical sensitivity.
When viral loads in nasal swabs crossed a threshold of 1.0 x 10° copies/mL, entering the low-analytical-sensitivity
range, shown as the inferred low-analytical-sensitivity threshold (Figure 3-2), we marked the sample with a pink

triangle.

In six out of seven participants, high-analytical-sensitivity saliva testing would have been superior for early detection
of SARS-CoV-2 infection compared with the predicted performance of nasal-swab tests with low analytical
sensitivity. This prediction was made by evaluating when nasal-swab viral loads entered the LOD range of nasal-
swab tests with low analytical sensitivity. In the seventh participant, the first positive high-analytical-sensitivity
saliva test was detected at the same time point that the first nasal-swab test reached a viral load likely to be detected
by a low-analytical-sensitivity nasal-swab test (Figure 3-2D). In the first participant (Figure 3-2A), detection
occurred first in saliva at low viral load (1.3 x 10° copies/mL N1 gene, pink circle), while the nasal swab remained
negative, and days before the participant reported any symptoms. As measured, viral load in nasal-swab samples
reached the level of LOD of low-analytical-sensitivity tests 1.0 days after the first saliva positive samples (pink
triangle). This same pattern of earlier detection in high-sensitivity saliva was observed in five of the other six

participants; high-sensitivity saliva was 2.5 days earlier (Figure 3-2B), 3.0 days earlier (Figure 3-2C), 6.0 days



55
earlier (Figure 3-2E), 4.5 days earlier (Figure 3-2F), and 2.5 days earlier (Figure 3-2G). The maximum delay in

detection between saliva and nasal swab in an unvaccinated person was observed in the youngest participant in our
study (see region of interest [ROI] no. 1 of Figure 3-2F). This participant had detectable but low viral load (10° to
10%) in saliva for four days, while nasal swabs remained negative by high-sensitivity measurements. Nasal viral

loads spiked above 10'° copies/mL while the participant’s only symptoms were mild congestion/runny nose.

Even with high-analytical-sensitivity nasal-swab testing, only one participant tested positive in nasal swab before
saliva (Figure 3-2D). In this participant, SARS-CoV-2 RNA was detectable with a high-analytical-sensitivity nasal
swab one day before it was detectable in a high-analytical-sensitivity saliva test. Nasal swabs reached the detection
range of low-analytical-sensitivity tests (pink triangle) on the same day as the first saliva sample was detected by
high-analytical sensitivity testing (pink circle). For all seven participants, high-analytical-sensitivity saliva testing
would have detected SARS-CoV-2 RNA either the same day or up to six days before viral loads in nasal swab

reached the detection limits of low-sensitivity nasal-swab tests.

Two participants (Figure 3-2C and E) had low viral load in both saliva and nasal swabs. Their viral-load
measurements were near the LOD of our assay, and therefore, as expected, many samples from these participants
had indeterminate results. One participant (Figure 3-2E) had received one dose of the Pfizer-BioNTech COVID-
19 vaccine (38) 13 days prior to her first sample, though observations here are not powered to make conclusions

about viral load due to vaccination.

Remarkably (see ROI no. 2 in Figure 3-2G), in one participant, saliva viral load spiked to 3.7 x 108 viral copies/mL
(N1 gene target) while SARS-CoV-2 RNA remained undetectable in nasal swab, even by the high-analytical-
sensitivity assay used here.

Compiled data from all seven participants highlight the importance of the interplay among anatomical sampling site,
infection stage, and diagnostic test sensitivity (Figure 3-3). Participant results were aligned to the first positive result
from either sample type (day 0). If a saliva or nasal-swab sample had a SARS-CoV-2 viral load above
1.0 x 10° copies/mL, entering the low-analytical-sensitivity range (39), we inferred that a low-analytical-sensitivity
test would have correctly determined that sample to be positive. The percentage of participants with either observed
or inferred positive results at each time point (0.5-day intervals) from the first positive sample revealed that high-
analytical-sensitivity saliva testing outperformed low-analytical-sensitivity nasal-swab testing for the first 5.5 days
of detectable infection (Figure 3-3A) and high-analytical-sensitivity nasal-swab testing during the first four days

(Figure 3-3A). Analytical sensitivity affects the overall test performance in each sample type. Based on early viral
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loads in saliva, we inferred that low-sensitivity saliva testing was outperformed by high-sensitivity saliva and both

high- and low-sensitivity nasal-swab testing (Figure 3-3A).

Next, we plotted paired viral loads in each respiratory site starting from the first positive test (Figure 3-3B). From
day 0 to day 6, using high-sensitivity testing for both sample types, saliva was more frequently positive than nasal
swabs (Figure 3-3B). Comparison of paired samples between day 6 and day 12 for both sample types showed highly
concordant detection. In a later time interval, between days 12 and 16, nasal swabs were more frequently positive
than saliva (Figure 3-3B). The median of peak viral loads was higher in nasal swabs than saliva (Figure 3-3C),
consistent with the literature (21, 23, 40).

Many testing strategies and decisions are based on the presence or absence of symptoms (2, 41). We considered the
positivity rate of high- or low-analytical-sensitivity testing methods with each sample type during the first ten days
of test-positive infection (to capture the presymptomatic and symptomatic phases of infection for this cohort, not
the postsymptomatic phase), separating them into categories of no symptoms or symptomatic if the participant
reported at least one COVID-19-like symptom (Figure 3-3D). For samples collected while participants were
asymptomatic, high-sensitivity saliva testing was more effective (74% positivity) than high- (52%) or low-
sensitivity (39%) nasal-swab testing and low-sensitivity saliva testing (20%). In contrast, during symptomatic
phases, which are often concurrent with peak nasal viral loads (Figure 3-2), high-sensitivity saliva (88%) and high-
sensitivity nasal-swab testing (89%) have similar positivity rates (Figure 3-3D). Additionally, based on our
measured viral loads, low-sensitivity nasal-swab testing is predicted to perform better in symptomatic cohorts (81%)

than in asymptomatic persons (39%), consistent with how these tests were originally authorized.

These data reveal a more nuanced view than “saliva is better than swab.” Using tests with high analytical sensitivity,
SARS-CoV-2 RNA is more detectable in saliva than nasal swab during the early phase of the infection (Figure 3-
3B). However, because viral loads in saliva generally remained lower than those in nasal swabs (Figure 3-3C), we
infer that positivity by a low-analytical-sensitivity saliva test would be outperformed by both high- and low-
analytical-sensitivity nasal-swab testing (Figure 3-3A), independent of symptom status (Figure 3-3D). It was the

combination of test analytical sensitivity along with sample type that determined the overall test performance.
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[Figure on previous page] Figure 3-3. Summary of diagnostic insights from study participants who became infected with
SARS-CoV-2 while enrolled in the study. (A) Participant infection time courses were aligned to the first high-sensitivity (LOD
of <1 x 10® copies/mL) positive result from either saliva or nasal-swab sample type (day 0), and the percentage of positive tests
was calculated for each time point (0.5-day intervals) from the first positive sample. The predicted performance of nasal swabs
or saliva with low analytical sensitivity was determined using the SARS-CoV-2 N1 viral-load values for each participant
shown in Figure 3-2, above a viral-load threshold of 1.0 x 10° copies/mL, entering the low-analytical-sensitivity range. We
show the percentage of participants who were detected by our high-analytical-sensitivity saliva test (pink circle), high-
analytical-sensitivity nasal-swab test (black triangle), or that could be inferred to be detectable by a low-analytical-sensitivity
test nasal-swab (pink triangle) or saliva test (black circle) at a given time point. (B) Quantitative SARS-CoV-2 N1 viral loads
of paired samples collected during time windows of the infection (aligned to first positive result by high-sensitivity testing of
either sample type) are shown for saliva (gray circles) and nasal swabs (green triangles). Paired samples for a given time point
are connected with gray lines, with emphasis on paired samples where only saliva (black connecting line) or nasal swab (green
connecting line) was positive. ND, not detected; Ind, indeterminate result. (C) Peak SARS-CoV-2 N1 viral loads measured in
saliva (gray circles) and nasal swab (green triangles) for each of the seven participants are shown. Horizontal black line
indicates the median. (D) Percentage of positive samples (out of all samples of that type and symptom status) are shown for
the first ten days of detectable infection for each participant. Saliva (gray bars with circles) and nasal swab (green bars with
triangles) are shown. Positivity by a high-analytical-sensitivity test was observed by our assay, while positivity by a low-
analytical-sensitivity test was inferred if the sample had a viral load above 1.0 x 10° copies/mL. The symptom status was
classified as symptomatic if the participant reported one or more COVID-19-like symptoms at the time of sample collection.
Details of the data analysis are included in the supplemental material methods.

Discussion

Limitations

Our study needs to be interpreted in the context of its limitations. First, our results capture viral-load dynamics from
a limited number of individuals from one region of one country with limited SARS-CoV-2 diversity. Follow-up
studies with a larger sample size, including individuals of diverse ages, genetic backgrounds, medical conditions,
COVID-19 severity, and SARS-CoV-2 lineages would be ideal to provide a more nuanced and representative
understanding of viral dynamics in saliva and nasal-swab samples. Second, the commercial inactivating buffer used
here (Spectrum SDNA-1000) is not authorized (at the time of this writing) for the sample collection of nasal swabs.
The solution in the Spectrum SDNA-1000 kits is a guanidinium-based inactivating and stabilizing buffer that
preserves viral RNA but eliminated the opportunity to also perform viral culture. Third, we have paired data for
saliva and anterior-nares nasal swabs but do not compare nasopharyngeal (NP) swabs, sputum, or other lower-
respiratory specimens. We do not know whether other sampling sites, such as NP swabs or oropharyngeal swabs,
would have provided earlier or later detection than saliva. Fourth, we are inferring the ability of tests with low
analytical sensitivity to detect infections based on the quantified viral load in the participant samples and the LODs
reported by the FDA for the diagnostic platforms. Fifth, some degradation may have occurred in some samples (see
supplemental material for a complete analysis of RNA stability). Sixth, all samples were self-collected, which may

result in lower-quality specimens.
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Conclusions

By rapidly enrolling household members at high risk for contracting COVID-19 and having them self-sample twice
daily in paired respiratory sites, we observed patterns in SARS-CoV-2 viral load in the earliest days of infection.
All seven participants tested negative in saliva and nasal swabs upon enrollment, demonstrating that we captured
the earliest detectable SARS-CoV-2 viral load (within 12 h) in both sample types. Our data set helps inform
diagnostic testing strategies by showing differences in viral loads in paired nasal swabs and saliva samples at high
temporal resolution during the early days and presymptomatic phases of infection.

We made five conclusions from our study.

First, choosing the correct respiratory sampling site is critical for earliest detection of SARS-CoV-2 infection. In
our study, alignment of longitudinal data to the first day of positivity clearly shows the superiority of high-sensitivity
saliva testing for detection in the first 5.5 days of infection (Figure 3-3A). Given our data, early infection viral-load
dynamics in multiple sampling sites should be investigated and compared with saliva as new SARS-CoV-2 variants

emerge.

Second, our data explain the conflicting results in the literature comparing test performance in paired respiratory
sites, with some studies showing that nasal swabs outperform saliva (21, 23, 40) and others showing that saliva (or
oral fluid) has detection equivalent to or better than that of nasal swabs (16, 25, 42-50). Through longitudinal rather
than cross-sectional sampling, we show that the relative viral loads in each respiratory site are a factor of infection
stage (shown in time intervals in Figure 3-3B), and the kinetics of viral load may be quite distinct in each sample
type for an individual (Figure 3-2). Most studies examining paired sample types enrolled participants after a positive
test or symptom onset; as our data show, detectable viral loads precede symptoms, in most cases (five of seven

participants) by several days (Figure 3-2).

Third, peak viral load measured in nasal swabs (Figure 3-3C) is not representative of detectable viral load in the
earliest days of infection (Figure 3-3A) or during the presymptomatic phase (Figure 3-3D). Early in an infection,
it is inappropriate to assume that a person is “not infectious” or “has low viral load” based on a measurement from
a single sample type, such as a nasal swab, given that saliva is known to carry infectious virus (51). In our study,
we observed a participant with very high (>107 to 102 copies/mL) viral load in saliva samples while the paired nasal
swab was either negative (Figure 3-2G, ROI no. 2) or had low (~103 copies/mL) viral load (Figure 3-2G, day after
ROI no. 2). Quantitative SARS-CoV-2 culture from paired saliva and swab samples is still needed to understand

infectiousness during the early stages of SARS-CoV-2 infection.
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Fourth, using a diagnostic test with high analytical sensitivity (Figure 3-3D), rather than a test of a particular
detection method (RT-qPCR, antigen, next-generation sequencing, etc.), is essential to early detection. With many
strategies for asymptomatic screening/surveillance testing in use, it is critically important to consider whether the

LODs of the tests would be able to detect early infection and to prompt actions that minimize transmission.

Fifth, our data show the utility of combining knowledge of the appropriate respiratory site and the appropriate test
of analytical sensitivity for achieving earliest detection. Among our unvaccinated participants, when a high-
sensitivity test was combined with saliva as a sample type, SARS-CoV-2 infection was detected up to 4.5 days
before viral loads in nasal swabs reached the LODs of low-analytical-sensitivity tests (Figure 3-2F). Although high-
sensitivity saliva testing was usually able to detect virus earlier than nasal swabs (Figure 3-3A), during the peak of
the infection viral loads in nasal swabs were usually higher than in saliva (Figure 3-3C). Furthermore, SARS-CoV-
2 was detected in saliva with high-sensitivity methods, and the viral loads were low (Figure 3-2, 3-3A and 3-3D);
low-sensitivity saliva tests would likely not have been able to detect these infections early. These observations
support the preferred use of nasal swabs in environments where only low-sensitivity testing is available, although
the performance of such testing for early detection is poor (Figure 3-3D). These observations also show that the
optimal respiratory sampling site is nuanced and depends on the phase of the infection being detected (early versus

peak) and on the analytical sensitivity of the test being used with each sample type.

Our work suggests four steps to improve the effectiveness of diagnostic tests in early detection and preventing
transmission of SARS-CoV-2 as new variants emerge and as infections spread to additional segments of the global
population: (i) Additional longitudinal studies are needed that include high-frequency collection from multiple
respiratory sites using quantitative assays with high analytical sensitivity; (ii) Policy makers need to use such
quantitative data to revise and optimize screening and testing guidelines to ensure early detection of SARS-CoV-2
infections and reduction of transmission; (iii) Innovation is needed to produce rapid point-of-care tests with high
analytical sensitivity for a range of sample types (including saliva) at a price point to enable global distribution; (iv)
Quantitative studies of the kinetics of early stage viral loads in each respiratory site (collected in parallel with viral

culture data) must be updated with the emergence of new SARS-CoV-2 variants.

We hope our data, important work by others in this area (15, 16, 51, 52), and future quantitative studies of early
viral-load kinetics will lead to improved testing strategies to combat the current COVID-19 pandemic. The
methodology for performing such studies efficiently and quickly will likely be extendable to defining strategies for

early detection of causative pathogens in subsequent pandemics.
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Supplemental Figure 3-1. Limit of detection of saliva and nasal-swab RT-gPCR assays used in this study. RT-qPCR
quantification cycle (Cq) for SARS-CoV-2 N1 gene (blue circle), N2 gene (purple circle), and human RNase P gene (orange
circle) in 20 replicates of pooled matrix spiked with 1,000 copies/mL (cp/mL) heat-inactivated SARS-CoV-2 RNA and
three replicates of pooled matrix spiked with a buffer blank for saliva (A) and nasal-swab (B) samples. Duplicate RT-gPCR
reactions were performed for each extraction replicate and the averages are shown, with the following three exceptions:
replicate 9 (saliva), in which the N1 gene only amplified in one of the duplicate runs (N2 in this run was positive, so per
CDC EUA guidelinesl this run was interpreted as inconclusive), replicate 10 (nasal swab) in which the N2 gene only
amplified in one of the duplicate runs (N1 in this run was positive, so this run was interpreted as inconclusive), and replicate
18 (nasal swab) in which the N1 gene only amplified in one of the duplicate runs (N2 in this run was positive, so this run
was also interpreted as inconclusive). None of the samples spiked at 1,000 copies/mL gave a negative detection result.



69

Nasal Swab Calibration Curve
A Saliva Calibration Curve
40 o N B. .
e N2 40 N1
38 | : : e N2
o N1 Linear Regression
o ‘\\: ~o : . o 38 “:;«-\_“‘ N1 Linear Regression
o 26 ° \§<~ b N2 Linear Regression 3 2| \:\‘ N2 Linear Regression
fa N, 5 1 Y
g L 5 N
) R - TRy
iy X o 32 N
S 3 N 2 30 N
by \\:5 3 Q AN
x 28 . 2 2 AN
< ~3 < BN
26 €D 26 \._‘\'\:_‘,w
~$
24 24
25 30 35 40 45 50 55 6.0 25 30 35 40 45 50 55 60
Theoretical Input Concentration Theoretical Input Concentration
of SARS-CoV-2 Particles (Log10 copies/mL) of SARS-CoV-2 Particles (Log10 Copies/mL)

Supplemental Figure 3-2. Calibration curve of SARS-CoV-2 inactivated particles to establish viral-load conversion
equations. Linear regression of RT-qPCR quantification cycle (Cq) for N1 (red circle) and N2 (blue circles) genes at known
concentrations of inactivated SARS-CoV-2 particles for saliva (A) or nasal swab (B) using this study’s collection and
laboratory workflows. Triplicate replicates per concentration were performed. Linear regression for N1 represented by red
line and N2 represented by blue line. Linear regression R? values are 0.986 for N1 in nasal swabs, 0.994 for N2 in nasal
swabs, 0.989 for N1 in saliva, and 0.979 for N2 in saliva.
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Supplemental Figure 3-3. SARS-CoV-2 RNA stability over time in Spectrum SDNA-1000 buffer at 4 °C. (A) Positive
extraction control samples from 71 saliva extraction runs and 27 nasal-swab extraction runs are included to show the
measurement noise in the quantification workflow. The standard deviation for the positive control measurements was 0.74
Cq for saliva and 0.49 for nasal swab. (B) The observed half-life (days) of participant saliva (blue circles) and nasal-swab
(orange circles) samples in Spectrum SDNA-1000 buffer stored at 4 °C. Individual samples were extracted at multiple time
points. Half-life in this context refers to the time required to observe a 1 Cq increase (representing a two-fold decrease) in
RNA detected by RT-qgPCR. The median point is identified for each sample type (black bars), at 15.0 days for nasal swabs
(red circle) and 51.0 days for saliva (green circle). Of the 110 total participant saliva samples plotted in panel B, 36 samples
had no evidence of degradation (DNO) under the time frame measured. Only three of the 36 total participant nasal-swab
samples plotted in panel B had no evidence of degradation under the timeframe measured. DNO = degradation not observed,
meaning that the difference in extraction Cq values of the same sample at multiple time points was within 1 standard
deviation observed in replicate extraction positive controls for the respective sample type, as shown in panel A.
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Supplemental Figure 3-4. Predicted impact of SARS-CoV-2 RNA stability on quantitative viral loads shown in Figure 3-
2. (A—G) The time [days] of sample storage at 4 °C between sample collection and RNA extraction is shown in the topmost
panels. Open circles represent saliva samples and yellow triangles represent the nasal swabs. Viral-load calculations are
corrected for the median half-life (1 Cq decrease in RNA detected by RT-qPCR) of each sample type and the duration of
storage at 4 °C before quantification (15 days for two-fold decrease in detected RNA in nasal swabs and 51 days for two-
fold decreased in detected RNA in saliva). The degradation ranges, represented by a shaded yellow (nasal swab) or pink
(saliva) region to represent how a measured value of 1,000 copies/mL may have degraded from concentrations in this range.
As in Figure 3-2, ND = not detected for Cgs >40 (see Methods for details). The LOD of the saliva and nasal-swab assays
used here (1,000 cp/mL) is indicated with the purple dashed line; low-analytical-sensitivity threshold Supplemental
Information page 6 is indicated by the horizontal green dashed line; the low-analytical-sensitivity range (horizontal blue
bar) is shown for reference. A diagnostic test does not provide reliable detection for samples with viral loads below its LOD.
For each participant, the first detected saliva point is emphasized with a pink circle and their first nasal-swab point above
the LOD of the ID NOW is emphasized with a pink triangle. Vertical shading in gray indicates nighttime (8 p.m.—8 a.m.).
Internal control of RNase P gene Cqgs from the CDC primer set are provided for each sample to compare self-sampling
consistency and sample integrity (failed samples, where RNase P Cq >40, are not plotted). Samples with an indeterminate
result by the CDC RT-gPCR assay are shown along the horizontal black dashed line. Participant gender, age range, and
SARS-CoV-2 variant is given in each panel’s title. Two regions of interest (ROI) are indicated by purple-shaded rectangles
and discussed in the main text. For the two points that change interpretation with the viral-load adjustment, orange triangles
show which new data points become the first nasal-swab point in range of low-analytical-sensitivity tests.
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Supplemental Table 3-1. Study participant demographic data. Figure 3-2 shows viral loads and symptoms data for the
seven participants for whom we observed transmission during their enrollment in the study.

Age Range Race: Reported Medical Conditions Associated
(gYears)g Sex Ethnici’t with Increased Risk of Severe
Y COVID-19%
Other;
Figure. 2A, Figure. Mexican/Mexican- .
S4A A=Y ELS American/Chicano Diabetes
(Salvadoran)
. . Do not wish to respond,;
Flbire, 218, Filire, 50-59 Male Mexican/Mexican- None
S4B ; )
American/Chicano
White;
Figure. 2C. Figure Mexican/Mexican-
gure. <L, Figure. 50-59 Female American/Chicano None
S4C . .
(Spanish-American from
Spain)
. . White;
Figure. 2D, Figure. 12-17 Female Mexican/Mexican- None
S4D . .
American/Chicano
. . White;
Figure. 2E, Figure. 30-39 Female Mexican/Mexican- None
S4E ; )
American/Chicano
Figure. 2F, Figure. White;
= 6-11 Female Non-Hispanic None
American Indian or Alaskan
Figure. 2G, Figure. Native, White; Obesity
S4G 0=t e Other Hispanic, Latinx or
Spanish origin
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Supplementary Methods

Participant population

This study is an extension of our previous study examining viral load in saliva (3). Both studies were reviewed and
approved by the Institutional Review Board of the California Institute of Technology, protocol #20-1026. All
participants provided either written informed consent (or for minors ages 6-17, assent accompanied by parental
permission), prior to enrollment. Household index cases were eligible for participation if they had recently (within
seven days) been diagnosed with COVID-19 by a CLIA laboratory test. Individuals were ineligible if they were
hospitalized or if they were not fluent in either Spanish or English. All participant data were collected and managed
using REDCap (Research Electronic Data Capture) on a server hosted at the California Institute of Technology.

Demographic and health information for the seven participants can be found in Table 3.S1.

Questionnaires and symptom monitoring

Acquisition of participant data was performed as described previously (3). Briefly, upon enrollment each participant
completed an online questionnaire regarding demographics, health factors, prior COVID-19 tests, COVID-19-like
symptoms since February 2020, household infection-control practices, and perceptions of COVID-19 risk.
Participants also filled out a post-study questionnaire in which they documented medications taken and their

interactions with each household member during their enrollment.

Information on symptoms was collected twice daily in parallel with sample collection. Participants recorded any
COVID-19-like symptoms (as defined by the CDC) they were experiencing at the time of sample donation on a
symptom-tracking card or on a custom app run on REDCap (4). Whenever possible, participants indicated the self-
reported severity of each symptom. Participants were also given the opportunity to write-in additional symptoms or

symptom details not otherwise listed.

Collection of respiratory specimens

Participants self-collected both their nasal-swab and saliva samples using the Spectrum SDNA-1000 Saliva
Collection Kit (Spectrum Solutions LLC, Draper, UT, USA), which contains 1.5 mL of liquid buffer, at home twice
per day (after waking up and before going to bed), per manufacturer guidelines. Of note, at the time of this writing,
Spectrum devices are not approved for the collection of nasal-swab samples. Participants self-collected nasal-swab
(1 swab) and saliva (~1.5 mL) samples in the Spectrum SDNA-1000 Saliva Collection Kit (Spectrum Solutions
LLC, Draper, UT, USA), which contains 1.5 mL of liquid buffer, at home twice per day (after waking up and before
going to bed), per manufacturer’s guidelines. Of note, at the time of this writing, Spectrum devices are not approved

for the collection of nasal-swab samples.
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Participants were instructed not to eat, drink, smoke, brush their teeth, use mouthwash, or chew gum for at least 30
min prior to donating. Prior to nasal-swab donation, participants were asked to gently blow their noses to remove
debris. Participants were provided with one of the following types of sterile flocked swabs: Nest Oropharyngeal
Specimen Collection Swabs (Cat. NST-202003, Stellar Scientific, Baltimore, MD, USA) Puritan HydraFlock Swab
(Cat. 25-3000-H E30, Puritan, Guilford, ME, USA), or Copan USA FLOQSwab (Cat. 520CS01, VWR
International, Radnor, PA, USA). Participants were instructed to swab each nostril for four complete rotations using
the same swab while applying gentle pressure, then to break the tip of the swab into the Spectrum tube and securely
screw on the cap. A parent or legal guardian assisted all minors with swab collection, and they were instructed to
wear a face covering during supervision. Tubes were labeled and packaged by the participants and transported at
room temperature by a touch-free medical courier to the California Institute of Technology daily for analysis.

Upon receipt of the samples in the California Institute of Technology laboratory, each sample was inspected for
quality. A sample failed quality control if the preservation buffer was not released from the Spectrum SDNA1000
cap, or if sample tubes were leaking or otherwise unsafe to handle. Samples that failed quality control were not
processed. Inactivated samples were stored at 4 °C and were equilibrated to room temperature before being

processed with extraction protocols.

RNA extraction protocols

In initial testing, when combined with standard KingFisher MagMax sample-preparation protocols, these assays
performed well to quantify heat-inactivated SARS-CoV-2 viral particles spiked into commercially available SARS-
CoV-2 negative saliva and nasal fluid from pooled donors. However, the assay did not provide reliable quantification
from freshly collected individual saliva samples with varying viscosity from positive participants in this study.
Carryover of materials from some of the mucus-rich samples was inhibitory, as determined by RTddPCR analysis
of dilutions of eluted RNA (data not shown). Following recommendations from ThermoFisher, the protocol was
adjusted and described below. Briefly, we added a centrifugation step after proteinase K treatment to pellet the
mucus-rich cell debris. We also include a third wash to improve RNA quality for viral genome sequencing. These

steps reduced bead carryover into the eluate, as well as ddPCR inhibition.

Participant saliva and anterior-nares swab samples were extracted using the KingFisher Flex 96 instrument
(ThermoFisher Scientific) with the MagMax Viral Pathogen | Nucleic Acid Isolation kit (Cat. A42352, Applied
Biosystems, Waltham, MA, USA) guided by ThermoFisher technical notes for SARS-CoV-2 modification and

saliva. Each extraction batch, depending on the sample type being extracted, contained a contrived SARS-CoV-2
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negative control sample containing either 225 pL of Spectrum buffer mixed with 225 puL of commercial pooled

human saliva (Lee Bio 991-05-P-PreC) or 240 pL of Spectrum buffer with 10 puL of pooled commercial nasal fluid
(Lee Bio 991-13-P-PreC); a contrived SARS-CoV-2 positive control sample was also included in each extraction
batch, with the formulations above, but with the Spectrum buffer spiked with 7,500 genomic copy equivalents/mL
of heat-inactivated SARS-CoV-2 particles (BEI NR-52286).

Saliva and anterior-nares swab samples were prepared for purification by transferring 550 pl (for saliva) or 250 pl
(for nasal swab) of each sample from its corresponding Spectrum buffer tube into a 1.5 mL lo-bind Eppendorf tube
containing 10 ul (for saliva) or 5 pl (for nasal swab) of proteinase K. To maximize recovery of RNA off swabs,
prior to transfer, pipet mixing was performed 5-7 times near the swab in the Spectrum tube before aliquoting into
an Eppendorf tube. Saliva samples were vortexed for 30 sec in the Eppendorf tube. Samples were incubated at 65
°C for 10 min, then centrifuged at 13,000 x g for 1 min. Aliquots of 400 ul (for saliva) or 200 pl (for nasal swab)
were transferred into a KingFisher 96 deep well plate (Cat. 95040450, ThermoFisher Scientific) and processed
following KingFisher protocols MVP_400ul_3washes.bdz (for saliva) or MVP_200ul_2washes.bdz (for nasal
swab). Ethanol washes were performed with 80% ethanol. Both sample types were eluted into 100 pl of MagMax

viral pathogen elution buffer.

RT-gPCR

Quantification of SARS-CoV-2 was performed as previously described.(3) Briefly, the CDC5 SARS-CoV-2 N1 and
N2 gene primers and probes with an internal control targeting RNase P gene primer and probe were run in a
multiplex RT-gPCR reaction using TagqPath 1-Step Rt-gPCR Mastermix (Cat. A15299, ThermoFisher Scientific).
Reactions were run in duplicate on a CFX96 Real-Time Instrument (Bio-Rad Laboratories, Hercules, CA, USA).

RT-ddPCR

Reverse-transcription droplet digital PCR (RT-ddPCR) was performed using the Bio-Rad SARS-CoV-2 Droplet
Digital PCR kit (Cat. 12013743, Bio-Rad). Swab samples were processed following the manufacturer’s RUO
protocol with 5.5 pl template per 22 ul reaction. A total of 42 participant nasal-swab samples were characterized by
RT-ddPCR. Modifications were made for saliva samples by reducing the template addition to 2.75 pul per 22 ul
reaction. A total of 63 participant saliva samples were characterized by RT-ddPCR. Prior to adding template,
samples were diluted into digital range using nuclease-free water. Droplets were created using the QX200 Droplet
Generator (Cat #1864002, Bio-Rad), thermocycling performed on Bio-Rad C1000 and detected using the QX200
Droplet Digital PCR system (Cat. 1864001, Bio-Rad). Samples were analyzed with QuantaSoft analysis Pro 1.0.595
software following Bio-Rad's RUO SARS-CoV-2 guidelines (6).
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Viral-load calibration curves

A calibration curve was prepared for both the saliva and nasal-swab protocols. Contrived samples were prepared
with known concentrations (based on the certificate of analysis, COA) of heat-inactivated SARS-CoV-2 virus
(3.75x108 GE/mL, Batch 70034991, Cat. NR-52286, BEI Resources, Manassas, VA, USA\) in the inactivating buffer
from the Spectrum SDNA-1000 Saliva Collection Kit (Spectrum Solutions LLC, Draper, UT, USA) and
commercial, healthy human fluids were used as healthy human samples. Commercial pooled human saliva collected
prior to November 2019 (Cat, 991-05-P, Lee Biosolutions, Maryland Heights, MO, USA) for the contrived saliva
samples or commercial human nasal fluid collected prior to November 2019 (Cat No 991-13-PPreC, Lee
Biosolutions) for the contrived nasal-swab samples. Details of reagent volumes are described in the following two
paragraphs for how the samples were prepared for both nasal swab and saliva calibration curves.

To establish the nasal-swab calibration curve (Figure 3-S2A), contrived samples were prepared by creating a
dilution series of commercial heat-inactivated SARS-CoV-2 virus from BEI (3.75x10® GE/mL) in a 10-fold dilution
series from 1x10° to 1x10* copies/mL with finer resolution down to our LOD at 1x10° copies/mL. Dilutions were
prepared in Spectrum device inactivation buffer, to a volume of 768 L, at concentrations of O copies/mL, 1,000
copies/mL, 2,500 copies/mL, 5,000 copies/mL, 7,500 copies/mL, 10,000 copies/mL, 100,000 copies/mL, and
1,000,000 copies/mL. To bring the volume to 800 pL total, 32 pL of healthy human nasal fluid collected prior to
November 2019 (Cat No 991-13-P-PreC, Lee Biosolutions) was added. Triplicate extractions, 250 uL each, were
performed according to the nasal-swab RNA extraction protocol (described above). Each extraction was run in

triplicate RT-qPCR reactions.

To establish the saliva calibration curve (Figure 3-S2B), contrived samples were prepared by creating a dilution
series of commercial BEI heat-inactivated SARS-CoV-2 virus in Spectrum device inactivation buffer at
concentrations of 0 copies/mL, 1,000 copies/mL, 2,000 copies/mL, 4,000 copies/mL, 8,000 copies/mL, 16,000
copies/mL, 64,000 copies/mL, 256,000 copies/mL, and 1,020,000 copies/mL. Contrived samples were made by
mixing 620 pL of each concentration of the dilution series with 620 pL of healthy pooled human saliva (Cat, 991-
05-P, Lee Biosolutions). Triplicate extractions, 550 L each, were performed according to the saliva RNA extraction

protocol. Each extraction was run in triplicate RT-gPCR reactions.

Equations, calculated from the linear regression of the calibration curves, are shown below as Equations 3.1 — 3.4.
These calibration curves are used to convert the Cq values obtained by RT-gPCR to viral load in each participant

sample. For saliva, viral load is a calculation of viral copies/mL in the saliva corrected for dilution with the Spectrum
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buffer. We assumed that participants donate saliva to the fill line, matching the 1:1 dilution in Spectrum buffer

recreated when preparing contrived samples for the saliva calibration curve. For nasal swabs, viral load is a
calculation of the concentration of viral copies/mL released from the swab into the 1.5 mL of inactivating buffer
(which is a similar volume as the 1-3 mL of viral transport media typically used for sample collection).
Concentrations higher than 1,000,000 copies/mL could not be characterized due to a limitation of the available stock
concentration of commercial inactivated SARS-CoV-2. To validate linear conversion was acceptable at
concentrations higher than 1,000,000 copies/mL, we compared RT-ddPCR and RT-gPCR quantification on some
participant samples (Figure 3-1) as described in the next section “Viral-load Quantification between gPCR and
ddPCR assays.”

2((Cq-46.349)/-1.0357)

copies
Saliva N1 gene viral load [ ]

(Equation 3.1)

copies
Saliva N2 gene viral load [ P ] 2((Cq-46.374)/-1.0759)
(Equation 3.2)
copies
Nasal Swab N1 gene viral load [ P ] 2((Cq-48221)/-1.0643)
(Equation 3.3)
copies
Nasal Swan N2 gene viral load [ P ] 2((Cq-48:330)/-1.1044)
(Equations 3.4)

Viral-load quantification between gPCR and ddPCR assays

Contrived saliva and nasal-swab calibration curve RT-gPCR data was converted into viral load (N1 copies/mL)
using Equations 3.1 and 3.3 listed in the above section. Calculated viral load was plotted against the theoretical
input of heat-inactivated SARS-CoV-2.

Extending quantification capabilities above 1x10° N1 copies/mL was achieved using SARS-CoV-2-positive
participant samples. Due to the limitation of the commercial SARS-CoV-2 standard concentration, we were not able

to prepare contrived samples with SARS-CoV-2 input concentrations greater than 1x10° copies/mL. To capture a
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range of participant samples over seven orders of magnitude (1x10° to 1x10*° copies/mL SARS-CoV-2 N1 gene),

63 saliva and 42 nasal-swab samples from SARS-CoV-2-positive participants were selected based on RTgPCR data
to quantify using RT-ddPCR. Using the geometric mean of the viral load computed from RT-qPCR and the
calibration curves and the concentration measured by RT-ddPCR, we were able to evaluate the linearity of the
calibration curve across the seven orders of magnitude viral load seen in the participant samples (Figure 3-1B-C).
Samples were selected to capture the range of viral concentrations within our calibration curve and to the highest
viral loads recorded for each sample type (nasal and saliva). The geometric means of RT-gPCR and RT-qPCR viral
concentrations were calculated by taking the square root of RT-gPCR N1 concentrations x RT-ddPCR N1

concentration.

We observed excellent concordance between the calibration curve (Figure 3-1A, complete data in Figure 3-S2),
RT-qPCR and RT-ddPCR assays over the entire dynamic range of input concentrations (Figure 3-1B-C), even
though RT-gPCR eluents were run as-is and RT-ddPCR eluents from high-concentration samples were significantly
diluted. For nasal-swab samples, RT-ddPCR values were slightly below the RT-gPCR values, however this
difference was consistent across the entire dynamic range, indicating no concentration-dependent biases like
enzymatic inhibition. We chose not to adjust the calibration curve to fit RT-ddPCR values; we reported the
concentrations based on the calibration curves derived from the certificate of analysis from the BEI Resources

reference material. For saliva samples, all points tightly clustered around the x=y line (Figure 3-1A-C).

Establishment of Limit of Detection

Results of the calibration curve (Figure 3-S2A, B) demonstrated three of three replicates detected at 1,000
copies/mL saliva (for saliva) and 1,000 copies/mL buffer (for nasal swabs). For each sample type (saliva, nasal
swab), 20 contrived samples with the equivalent of 1,000 copies/mL were prepared as described above, individually
extracted as described above, and subjected to RT-gPCR as described above. The LOD for each sample type through
the workflow was considered established if a positive result for detection (as defined in the EUA for the CDC RT-
gPCR assay) was obtained for > 19 of 20 (>95% as required by FDA EUA guidelines for determining LOD) of
replicates at the input concentration (Figure 3-S1A, B).

Three of three replicate sample extractions included in the calibration curves for both contrived nasal-swab samples
and contrived saliva samples spiked with heat-inactivated SARS-CoV-2 particles at a concentration of 1,000
copies/mL were detected by RT-gPCR, prompting testing of additional 20 replicates of each sample type spiked at
that concentration, individually extracted, and tested by RT-gPCR to establishment of the LOD for our RT-gPCR

assay. For both sample types (saliva and nasal swabs), 20 of 20 replicates were positive for SARSCoV-2 (Figure
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3-S1A, B), establishing 1,000 copies/mL of saliva and 1,000 copies/mL of swab buffer as the high-sensitivity LOD

for our RT-gPCR assays.

Threshold to infer Performance of tests with low analytical sensitivity

The threshold of 1.0x10° copies/mL is applied generally to both saliva and nasal swabs viral loads (copies/mL) to
infer detection by a test with low analytical sensitivity. The rationale to use this threshold is to demonstrate a best-
case scenario performance of tests with low-analytical-sensitivity (from the low-analytical-sensitivity range
1.0x10°-1.0x10" copies/mL used in this paper). The comparisons in the paper would be more dramatic if a low

analytical-sensitivity threshold greater than this number was selected.

Data analysis

Before we converted Cq values to viral load, we used Cq cutoffs based on the CDC guidelines (5) to define samples
as positive, negative, indeterminate, or invalid (fail), and then excluded from the viral-load plots any points that
failed, and any samples whose RNase P Cq values >40. Because we ran duplicate RT-gPCR reactions, the mean Cq

of positive reactions was used for conversion to viral load.

Figure 3-3A percentages are calculated by Equation 3.5, where the percentage positive by a test of a given
analytical sensitivity (high-analytical-sensitivity results are all measured values, by our internal test with an LOD <

1000 cp/mL; low-analytical-sensitivity results are measured values at or above a threshold of 1.0x10° cp/mL):

n
Percent Positive,s = N x 100

(Equation 3.5)

Where “as” refers to the analytical sensitivity. In Equation 3.5, “N” is defined as the total number of participants
with saliva samples passing quality-control evaluations (see Methods) for safety and human RNaseP gene Cq
threshold at the corresponding aligned time point in column “Days from First Positive Results in Either Sample
Type.” Maximum denominator of number of 7, corresponding to the number of participants in the study and each
participant has a maximum of one sample per time point. Numbers may vary before day 0 as each participant had a
variable number of negative test results before first detected SARS-CoV-2 RNA. In Equation 3.5, “n” represents
the number of participants, at a given time point, with detectable SARS-CoV-2 RNA (see RT-qPCR methods) in
the sample type (saliva or nasal swab) using a high-analytical-sensitivity assay. For predicting performance of each
sample type (saliva or nasal swab) with a test of low analytical sensitivity, “n” is defined as the number of
participants with a SARS-CoV-2 N1 gene viral load of SARS-CoV-2 greater than 1.0x10° copies/mL (cp/mL) in

samples, which would indicate an inferred positive result using a low-sensitivity assay with an LOD of SARSCoV-
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2 N1 gene viral load of 1.0x10° copies/mL. Details of the calculations are included in the Data_Annotation file on

CaltechDATA.

Figure 3-3D considers only samples collected within 10 days after the assigned first positive result were analyzed
to consider symptoms relevant to an early infection. The first date of positive result observed using our high
analytical-sensitivity assay (either sample type) was assigned for each participant shown in the panels of Figure 3-
2 and days 0-10 were analyzed for panel D.

Samples were designated as being collected while symptomatic if the participant reported experiencing one or more
COVID-19-like symptoms at the time of sample collection; if no COVID-19 like symptoms were reported, the
sample was designated as “No Symptoms Reported.” Samples were defined as either positive, negative, or
indeterminate by our high-analytical-sensitivity assay, based on the criteria from the manufacturer of the RT-qPCR
assay, detailed above. Samples were inferred as either positive or negative by a low-analytical-sensitivity assay if
the viral load measured in the sample was greater than our inferred low-analytical-sensitivity threshold, 1.0x10°
copies/mL.

Figure 3-3D utilizes Equation 3.5, where “N” is defined as the number of participant samples positive for
SARSCoV-2 RNA within the symptomatic categories defined in the first 10 days of detectable infection (criteria
above). There were 97 saliva and 95 nasal-swab samples collected while symptomatic, and 46 saliva and 44 nasal-
swab samples collected with the participant reporting no symptoms. The value of “n” corresponds to the percent
positive by either observed positivity by our high-analytical-sensitivity assay or inferred positive by a low analytical-
sensitivity assay as the numerator over the denominator corresponding to that sample type and symptom status,
multiplied by 100%.

RNAseq

Saliva and nasal-swab samples below N1 Cq of 26 were sent to Chan Zuckerberg Biohub for SARS-CoV-2 viral
genome sequencing, a modification of Deng et al. (2020)7 as described in Gorzynski et al. (2020).% Sequences were
assigned pangolin lineages described by Rambaut et al. (2020)° using Phylogenetic Assignment of Named Global
outbreak LINeages software v2.3.2 (github.com/cov-lineages/pangolin). Consequences viral genomes were

submitted to GISAID by Chan Zuckerberg Biohub, see data availability section for accession id details.

SARS-CoV-2 RNA stability at 4 °C
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As described above, each extraction batch included a contrived sample spiked with SARS-CoV-2 heat-inactivated

particles. For all available saliva or nasal-swab extraction batches, the Cq value of the SARS-CoV-2 N1 gene in the
contrived SARS-CoV-2 positive extraction control was collected. The standard deviation of these measurements
was calculated and used to establish a threshold for expected noise between repeat extractions of the same sample.
To assess samples for evidence of SARS-CoV-2 RNA degradation, any participant sample that had more than one
extraction replicate performed were analyzed. Samples where the difference in Cq values between the extractions
was less than the threshold of expected noise between replicate extractions were defined as degradation not
observed, (DNO). For samples where the difference was above this threshold, the time for 1 Cq increase (2-fold
decrease) in RNA detected by RT-gPCR is described by the term half-life, which was calculated according to
Equation 3.6, below:

—1In2
t12 = 2

(Equation 3.6)

Where “k” is defined as the slope of the linear regression of the natural logarithm of the viral load versus extraction
date (relative to sample collection date). The median over the entire dataset (saliva or swab) was used as a point
estimate of RNA half-life. The median point was determined to be 15.0 days for nasal swabs and 51.0 days for

saliva.

Calculations that predict the impact of storage time at 4 °C and RNA stability on viral load are calculated according

to Equation 3.7, below.

At
— t
yadj - ydegz 1/2

(Equation 3.7)

Where y,4; is defined as the adjusted viral load, y,., is defined as the viral load before adjustment for degradation

(as calculated by Equations 3.1-3.4), and t, /, is defined as the RNA half-life, shown in Equation 3.5.

All samples were stored at 4 °C before extraction; time of storage varied between 0-27 days. The stability of SARS-
CoV-2 RNA in nasal-swab samples was slightly lower (1 Cq loss of RNA detected after a median of 15 days) than
the stability of SARS-CoV-2 RNA in saliva samples (1 Cq loss of RNA detected after a median of 51 days) (Figure
3-S3). An assessment of how viral-load measurements in Figure 3-2 may have been affected by time between
sample collection and quantification is included in Figure 3-S4. Given the large dynamic range of the viral loads in
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these samples (~24 Cq or about 10,000,000 fold), we considered stability corresponding to a 1 Cq (2 fold) loss to

be adequate.

The predicted impact of RNA degradation on the comparisons of high-analytical-sensitivity saliva to inferred low-
analytical-sensitivity nasal testing is shown in Figure 3-S4. Accounting for potential decreases of viral RNA in the
nasal swab resulting from delays between sample collection and quantification only impact the interpretation of two
points, conservatively decreasing the delay from 2.0 to 1.5 day for the first participant (Figure 3-2B and Figure 3-
S4B) and from 3.0 to 2.0 days for the third participant (Figure 3-2C and Figure 3-S4C).

Supplementary Discussion

Three participants (Figure 3-1C-E) were infected with the same variant, B.1.429 (CAL20), classified as a variant
of concern at the time of this study. The SARS-CoV-2 variant for the participants in Figure 3-1D and Figure 3-1E
were inferred from the sequenced sample of the household’s presumed index case. Saliva viral loads for each of
these participants (Figure 3-2C—-E) were low. Of note, the participants in Figure 3-2C and 3-2E showed high
RNase P Cq values (indicating low concentration of the human control target); and variability of RNase P Cq values
across the nasal swab samples suggests that inconsistent swab-sampling quality could have impacted these
participants’ viral-load data and should be taken into account when interpreting those data.

Beyond outbreak prevention and control, early detection of COVID-19 may also be useful for individual patient
care, as high-risk patients who are identified early can be monitored and have treatment initiated swiftly if it becomes
appropriate. Several treatments show exclusive or increased efficacy only when given early in the infection. The
advantage of earlier treatment initiation is likely due to reduction of viral replication either directly or by promotion
of an early effective immune response, which prevents a later exaggerated inflammatory response (10). Results of
the ACTT-1 trial demonstrated a survival benefit in patients for whom Remdesivir was initiated in the early stages
of treatment (supplemental oxygen only), but that benefit was lost once disease progressed, and advanced respiratory
support was needed (10-12). More recently, the MOVe-OUT clinical trial demonstrated the efficacy of molnupiravir
when (per trial inclusion criteria) initiated among outpatients within the first five days from symptom onset, whereas
the inpatient study (MOVe-IN) did not proceed to a Phase 3 Clinical Trial, as clinical benefit was not observed for
hospitalized patients with a longer duration of symptoms prior to initiation of the treatment (10). Other therapies,
such as plasma and monoclonal antibody therapies (bamlanivimab or casirivimab plus imdevimab) show similar

clinical benefits in early initiation of treatment (11-16).

Although national vaccination efforts are reducing severe COVID-19 outcomes in the U.S., a sizable portion of the
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world’s population is likely to remain unvaccinated due to limited vaccine availability, medical ineligibility (in the

U.S., children under five years of age are not yet eligible), or personal preference. Thus, testing remains an important
tool for preventing outbreaks among children in schools and daycare facilities (where children under age two
generally do not wear masks), which may spread to the community and increase rates of infection among high-risk
and unvaccinated individuals. Tests that detect early infections are also important to prevent viral transmission in
congregate settings with high-risk or unvaccinated populations, such as hospitals, college dormitories, homeless

shelters, correctional facilities, summer camps for children, elementary schools, and long-term care facilities.

As new SARS-CoV-2 variants emerge, quantitative studies of the kinetics of early-stage viral loads must be
continually updated in follow-up studies. Importantly, such studies should be undertaken in people of a wide range
of ethnicities, races, health conditions, vaccination status, and ages. Breakthrough cases are often asymptomatic (17)
and recent evidence suggests that vaccinated individuals may transmit infections from the new variants, including
Delta (18). Another reason for continued monitoring of early viral kinetics is that viral evolution, including of host
tropism, can markedly diminish the effectiveness of a diagnostic strategy. In one study, decreased clinical sensitivity
of NP swabs was observed in SARS-CoV-2 variant B.1.616 (19) which may indicate a tropism shift of the virus
into lower-respiratory compartments. Finally, quantitative data must be acquired in parallel with viral-culture data

to understand the viral loads and phases of infection that are most relevant to transmission.

Early detection of infection clearly reduces community transmission, however, for most of the COVID-19
pandemic, policy makers have had to develop testing strategies in the absence of quantitative data on viral kinetics
from the earliest stage of infection. Lacking such data-based guidance, diagnostic tests have been used incorrectly
(with false-negative results due to using tests with insufficient sensitivity) in several scenarios, resulting in outbreaks
that could have been prevented with an appropriate testing strategy (20-26).

One barrier to implementing such more advanced testing strategies is availability of appropriate tests. Because the
optimal sample type for early detection might be different for different populations, or might change as new variants
emerge, tests with robust high analytical sensitivity across multiple sample types are needed. Developing such tests
is challenging because it requires incorporating robust sample-preparation technology to purify and concentrate
pathogen nucleic acids from diverse human matrices, from upper respiratory (e.g., fluids from the nasal,
nasopharyngeal, oral, and oropharyngeal compartments, captured in swabs or saliva) to lower respiratory samples
(e.g., sputum, tracheal aspirate, bronchoalveolar lavage). It is even more challenging to incorporate such sample-

preparation technology into tests that can be broadly deployed—at very low cost—at the point of care in limited-



83
resource settings (such as schools, homes, and businesses, and especially in the developing countries). Development

of such highly sensitive, rapid, and inexpensive tests with broad sample-type compatibility is urgently needed.
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Chapter 4

SARS-COV-2 OMICRON VARIANT EXHIBITS EXTREME DIFFERENCES IN EARLY
VIRAL LOADS AMONG RESPIRATORY SPECIMEN TYPES RESULTING IN HIGHER
SENSITIVITY BY NASAL-OROPHARYNGEAL COMBINATION SPECIMENS
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among respiratory specimen types resulting in higher sensitivity by nasal-oropharyngeal combination specimens
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Abstract

SARS-CoV-2 viral-load measurements from a single specimen type are used to establish diagnostic strategies,
interpret clinical-trial results for vaccines and therapeutics, model viral transmission, and understand virus-host
interactions. However, measurements from a single specimen type are implicitly assumed to be representative of
other specimen types. We quantified viral-load timecourses from individuals who began daily self-sampling of
saliva, anterior-nares (nasal), and oropharyngeal (throat) swabs before or at the incidence of infection with the
Omicron variant. Viral loads in different specimen types from the same person at the same timepoint exhibited
extreme differences, up to 10° copies/mL. These differences were not due to variation in sample self-collection,
which was consistent. For most individuals, longitudinal viral-load timecourses in different specimen types did
not correlate. Throat-swab and saliva viral loads began to rise as many as seven days earlier than nasal-swab viral
loads in most individuals, leading to very low clinical sensitivity of nasal swabs during the first days of infection.
Individuals frequently exhibited presumably infectious viral loads in one specimen type while viral loads were
low or undetectable in other specimen types. Therefore, defining an individual as infectious based on assessment
of a single specimen type underestimates the infectious period, and overestimates the ability of that specimen type
to detect infectious individuals. For diagnostic COVID-19 testing, these three single specimen types have low
clinical sensitivity, whereas a combined throat—nasal swab, and assays with high analytical sensitivity, were
inferred to have significantly better clinical sensitivity to detect presumed pre-infectious and infectious

individuals.

Significance Statement

In a longitudinal study of SARS-CoV-2 Omicron viral loads in three paired specimen types (saliva, anterior-nares
swabs, and oropharyngeal swabs), we found extreme differences among paired specimen types collected from a
person at the same timepoint, and that viral loads in different specimen types from the same person often do not
correlate throughout infection. Individuals often exhibited high, presumably infectious viral loads in oral
specimen types before nasal viral loads remained low or even undetectable. Combination nasal-throat swabs were
inferred to have superior clinical sensitivity to detect infected and infectious individuals. This demonstrates that
single specimen type reference standard tests for SARS-CoV-2, such as in clinical trials or diagnostics

evaluations, may miss infected and even infectious individuals.
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Introduction

Measurements of viral load in respiratory infections are used to establish diagnostic strategies, interpret results of
clinical trials of vaccines and therapeutics, model viral transmission, and understand virus-host interactions. But
how viral loads change across multiple specimen types early in SARS-CoV-2 infection is not well understood.
Specifically in the context of diagnostics, as new SARS-CoV-2 variants-of-concern (and new respiratory viruses)
emerge with different viral kinetics(1), it is imperative to continually re-evaluate testing strategies (including
specimen type and test analytical sensitivity) for detecting pre-infectious and infectious individuals. Early
detection can reduce transmission within communities(2, 3) and the global spread of new variants, and enable

earlier initiation of treatment resulting in better outcomes(4-6).

Selecting testing strategies to achieve detection in the pre-infectious and infectious periods requires filling two
critical knowledge gaps: 1. Which respiratory specimen type accumulates virus first? 2. What is the appropriate
test analytical sensitivity to detect accumulation of virus in the pre-infectious and infectious stages? These two
gaps must be filled in parallel. Commonly, an individual’s infection is described by the viral load sampled from
a single specimen type, which is appropriate when there is one principal specimen type (e.g., HIV in blood
plasma). However, some respiratory pathogens, including SARS-CoV-2, can infect multiple respiratory sampling
sites(7-9).

Nasopharyngeal swabs have been the gold standard for SARS-CoV-2 detection but are poorly tolerated and
challenging for serial sampling and self-collection. Many alternate specimen types are now widely used. Some of
these are suitable for routine testing and are approved for self-collection (e.g., saliva, anterior-nares (nasal) swabs,
and oropharyngeal (throat) swabs) in some countries. Cross-sectional studies comparing paired specimen types
from the same person have shown that cycle threshold (Ct, a semi-quantitative proxy for viral load) values can
differ substantially between specimen types(10), and the clinical sensitivity of different specimen types is not
equivalent(11). Sometimes, viral loads in one specimen type are low or even absent while viral loads in another
type are high(12-14). Nasal swabs (including those used for rapid antigen testing) are the dominant specimen
type used in the USA for workplace screenings and at-home testing. However, several studies(15-18), news
media(19), and social-media posts have speculated that in Omicron infections, viral load accumulates in oral
specimens before the nasal cavity. Formal investigations of specimen types from single timepoints and cross-
sectional studies have been contradictory, potentially due to when individuals were sampled; viral loads from
individuals sampled after symptom onset may not reflect viral loads from earlier in the infection. Rigorous,

longitudinal comparisons of paired specimen types starting from the incidence of infection are needed to fill this

gap.
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The second knowledge gap is the analytical sensitivity needed for reliable detection of pre-infectious and

infectious individuals. The assay analytical sensitivity is described by the LOD; generally, the LOD of an assay
describes its ability to detect and quantify target at or above a certain concentration in that specimen type with
>95% probability(20). Assays with high LODs (low analytical sensitivity) require a high concentration of virus
to reliably yield positive results, whereas assays with low LODs (high analytical sensitivity) can reliably detect
much lower concentrations of virus. For example, in early SARS-CoV-2 variants, some studies showed that saliva
accumulated virus earlier than nasal swabs, but at low levels(14, 21, 22), thus saliva required a high-analytical-
sensitivity (low LOD) assay(14, 23). However, low-analytical-sensitivity tests (including rapid antigen tests) are
increasingly authorized and used globally(24, 25). Which of these tests can detect pre-infectious and infectious
individuals requires quantitative, longitudinal measurements of viral concentration in multiple specimen types

starting from the incidence of infection.

Early detection, in the pre-infectious period, is ideal to prompt infection-control practices (e.g., isolation) before
transmission occurs, and detection during the infectious period is critical to minimize outbreaks. Replication-
competent (i.e., infectious) virus has been recovered from saliva(9), oropharyngeal swabs(26), and nasal
swabs(27), but it is impractical and infeasible to perform viral culture on each positive specimen to determine if
a person is infectious. However, studies that performed both culture and RT-gPCR found that low Ct values (high
viral loads) are associated with infectious virus. Specific viral loads likely to be infectious for each specimen type
have not been established(28), partly because Ct values are not comparable across assays(29, 30), and culture
methods differ. However, as a general reference, viral loads of >10~10” RNA copies/mL are associated with the
presence of replication-competent virus(17, 31-41), and these values have been used in outbreak simulations(35,
39, 42-44). The enormous range (>four orders of magnitude) in observed viral loads that correspond with
infectiousness emphasizes why quantitative measurements of loads in different specimen types are needed to

make robust predictions about tests that will detect the pre-infectious and infectious periods.

The assumption made early in the COVID-19 pandemic that viral load always rises rapidly from undetectable to
likely infectious(45), has been challenged by numerous longitudinal studies of viral load in different specimen
types that show early SARS-CoV-2 viral loads can rise slowly over days(14, 17, 18, 21, 27, 41, 46-49), not hours.
These findings are encouraging because a longer window provides more time to identify and isolate pre-infectious
individuals. However, making use of this opportunity by selecting an optimal diagnostic test requires a thorough
understanding of how viral load changes in each specimen type early in infection. Moreover, to reliably detect an
infectious person, the infectious specimen must be tested with an assay that has an LOD below the infectious viral
load for that specimen type. However, many authorized COVID-19 tests (including rapid antigen tests) have

LODs well above the range of reported infectious viral loads(50, 51).
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Filling the two critical and inter-related knowledge gaps about specimen type and assay LOD requires high-

frequency quantification of viral loads, rather than semi-quantitative Ct values, in multiple specimen types starting
from the incidence of infection, not after a positive test or after symptom onset, as is commonly done. Moreover,
quantification must be performed with a high-analytical-sensitivity assay to capture low viral loads in the first
days of detectable infection. It is challenging to acquire such data. Individuals at high risk of infection must be
prospectively enrolled prior to detectable infection and tested longitudinally with high frequency in multiple
paired specimen types.

To our knowledge, four studies have reported longitudinal viral-load timecourses in multiple, paired specimen
types from early infection. A university study(27) captured daily saliva and nasal-swab samples for two weeks
from 60 individuals, only three of whom were negative for SARS-CoV-2 upon enrollment. In our prior study, we
captured twice-daily viral-load timecourses from 72 individuals for two weeks(52), seven of whom were negative
upon enrollment(14). In six of seven individuals, we inferred from viral-load quantifications that a high-
analytical-sensitivity saliva assay would detect infections earlier than a low-analytical-sensitivity nasal-swab test.
In a SARS-CoV-2 human challenge study(17), 10 of 18 infected participants had detectable virus by PCR in
throat swabs at least one day prior to nasal swabs, and replication-competent virus was recovered from throat
swabs before nasal swabs in at least 12 of 18 participants. Participants in these three studies were infected with
pre-Omicron variants. One longitudinal study(15) analyzed viral loads in saliva, nasal swabs, and throat swabs in
Omicron, however, daily measurements in all three specimen types were captured for only two individuals, both
of whom were already positive upon enrollment. A separate case-ascertained household-transmission study with
prospective daily sampling also captured viral-load measurements from the incidence of infection using a
combination nasal-throat swab specimen type(41). In the U.K., where this study was performed, a combination
nasal-throat swab specimen type is regularly used for diagnostic testing(53, 54). However, the rise and fall of
Omicron viral loads in multiple paired single specimen types from the incidence of infection has not been
characterized, despite these data being necessary to define the appropriate test analytical sensitivity and specimen

type to best detect pre-infectious and infectious individuals.

Here, we measured and analyzed the viral-load timecourses of the Omicron variant in three specimen types
appropriate for self-sampling (saliva, nasal swabs, and throat swabs) by individuals starting at or before the
incidence of infection as part of a household-transmission study in Southern California. We then utilized these
data to determine which specimen type and analytical sensitivity would yield the most reliable detection of pre-
infectious and infectious individuals. A separate paper reports the results of daily rapid antigen testing in this
study(55).
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Materials and Methods

Study Design

This case-ascertained study of household transmission (approved under Caltech IRB #20-1026) was conducted
in the greater Los Angeles County area between November 23, 2021, and March 1, 2022. All adult participants
provided written informed consent; all minor participants provided verbal assent accompanied by written
permission from a legal guardian. Children ages 8-17 years old additionally provided written assent. See

Supplemental Information for details.

A total of 228 participants from 56 households were enrolled; 90 of whom tested positive for SARS-CoV-2
infection during enrollment (Figure 4-1). We limited our analyses to 14 individuals (Table S4-1, Table S4-5,
Figure 4-2) who enrolled in the study at or before the incidence of acute SARS-CoV-2 infection. To be
included in the cohort, a participant must have had at least one specimen type with viral loads below

quantification upon enrollment, followed by positivity and quantifiable viral loads in all three specimen types.

Each day, participants reported symptoms, then self-collected saliva, anterior-nares (hasal) swab, and posterior
oropharyngeal (hereafter throat) swab specimens for RT-qPCR testing in Zymo Research SafeCollect devices
(CE-marked for EU use), following manufacturer’s instructions(56, 57). Participants collected specimens
immediately upon enrollment, then daily upon waking, as morning sample collection has been shown to yield

higher viral loads than evening collection(52).
RT-qPCR Testing for SARS-CoV-2

Extraction and RT-gPCR were performed at Pangea Laboratories (Tustin, CA, USA) using the FDA-authorized
Quick SARS-CoV-2 RT-gqPCR Kit, with results assigned per manufacturer criteria(58). Additional details in
Supplemental Information. This assay has a reported LOD of 250 copies/mL of sample.

Quantification of Viral Load from RT-qPCR Result

To quantify viral load in RT-gPCR specimens, contrived specimens across a 13-point standard curve (dynamic
range from 250 copies/mL to 4.50x108 copies/mL) for each specimen type were generated at Caltech and
underwent extraction and RT-qPCR as described above. All three replicates at 250 copies/mL of specimen were
detected, independently validating the reported LOD for the assay. For each specimen type, the standard curve
generated an equation to convert from SARS-CoV-2 N gene Ct values to viral loads in genomic copy equivalents
(hereafter copies) per mL of each specimen type. See Supplemental Information for additional details and
equations. Positive specimens with viral loads that would be quantified below the assay LOD were considered

not quantifiable.
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Viral Sequencing and Lineage/Variant Determination
Viral sequencing of at least one specimen for each participant with incident infection was performed on nasal or
throat specimens with moderate to high viral loads by Zymo Research at Pangea Lab. See Supplemental

Information for details.

Defining pre-infectious and infectious periods

The pre-infectious period is all SARS-CoV-2-positive timepoints prior to the first timepoint in which any
specimen type contains viral load greater than the indicated infectious viral-load threshold. There are three main
methods for defining the infectious period for an individual based on viral loads. First, the infectious period may
be defined as the continuous period between the first specimen (of any type) with an infectious viral load until
the first timepoint after which no specimen has an infectious viral load(59, 60). Or, to account for viral-load
fluctuations, one may instead define an instantaneous infectious period (i.e., an individual is presumed infectious
only when at least one specimen type has a viral load above the infectious viral load threshold). Both methods
neglect the role of the neutralizing immune response, and the impact of infection stage on viral-culture
positivity(32, 61, 62). To account for these factors, the infectious period may be limited to a number of days
following symptoms or the first infectious timepoint. Our analyses (Table S4-3, Figure 4-7), include all three
common definitions. First, we used a “continuous infectious period” whereby a participant is presumed infectious
for all timepoints between the first specimen with an infectious viral load and the first timepoint after which no
specimens had infectious viral loads. Second, we used an “instantaneous infectious period,” which presumes that
a participant is infectious only at timepoints when viral load in at least one specimen type is above the infectious
viral load threshold. Third, we presumed that a participant is infectious only for the first five days from their first

timepoint when viral load in at least one specimen type rose above the infectious viral-load threshold.
Statistical Analyses

Comparison of Viral-Load Timecourses Across Specimen Types

To quantify the difference between viral-load timecourses, we first aligned each timecourse to the time of
collection of the first SARS-CoV-2-positive specimen (of any type) for each participant. Differences between
viral loads from the same infection timepoint were quantified (Figure 4-3A-B). We compared both intra- and
interparticipant viral-load timecourses: when the lengths of two participant timecourses differed, the longer
timecourse was truncated. We then hypothesized that if the viral load timecourses followed the same time-
dependent distribution, then the observed noise between these viral load measurements would be attributable to

expected sampling noise.
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Expected sampling noise was estimated as a zero-centered normal distribution fitted on human RNase P control

target measurements (Figure S4-4B, Supplemental Information). The distribution of observed noise was obtained
by performing maximum likelihood estimation on each pair of viral-load timecourses being compared (Figure 4-
3C). We then tested whether observed differences in viral load across pairs of viral-load timecourses could be
explained by expected sampling noise alone. P-values were obtained from upper-tailed Kolmogorov—-Smirnov
tests of the differences between the distributions of the observed noise across viral-load timecourses and expected
sampling noise. Two-stage Benjamini—Hochberg correction was used to limit the false-discovery rate to 5%;
viral-load timecourse comparisons with adjusted P-values <0.05 were considered statistically significantly
different (Figure 4-3D). See Supplemental Information. Analyses were performed in Python 3.8 using the scipy

package(63).

Inferred Clinical Sensitivity by Viral-Load Quantification

Inferred clinical sensitivity of each specimen type and analytical sensitivity were calculated for each timebin as
the number of specimens of a given type with viral load above a given LOD divided by all participants considered
infected (Figure 4-4) or infectious (Figures 4-6 and 4-7) at that timepoint. Confidence intervals were calculated
as recommended by CLSI(64). Statistical testing for differences in inferred clinical sensitivity were performed
for paired data (comparing performance at two LODs for one specimen type, or at one LOD for two paired
specimen types collected by a participant at a timepoint) using McNemar exact tests, and for unpaired data
(comparing the performance of one specimen type at one LOD between infection stages) using Fisher exact tests.

Analyses were performed in Python v3.8.8.

Participants were considered infected from the time of collection of the first SARS-CoV-2-positive specimen (any
type) until negative in all three specimen types by RT-gPCR. Individuals were presumed infectious when viral

load in any specimen type was above an IVLT (104 10°, 108, or 107 copies/mL).

Combination specimen types were computationally-contrived to have either the maximum (Figure 4-5 to 4-8)
or average (Figure S7) viral loads from the specimen types included in the combination that were collected by a
participant at that timepoint.

Results

Among the 228 participants, incident SARS-CoV-2 infection was observed in 14 participants (Figure 4-1), all
of whom were enrolled before or at the start of acute SARS-CoV-2 infection with the Omicron variant of concern.
All 14 had received at least one vaccine dose more than two weeks prior to enrollment (Table 4-S1). From this
cohort, 260 saliva, 260 oropharyngeal (throat) swab, and 260 anterior-nares (nasal) swab specimens were
collected for viral-load quantification and plotted relative to enroliment in the study (Figure 4-2). All participants
additionally took daily rapid antigen tests; analyzed in a separate manuscript(55).
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Viral-load timecourses in the earliest stage of acute SARS-CoV-2 infection differed substantially among

specimen types and participants (Figure 4-2). In only two (Figure 4-2A,1) of the 14 participants, viral loads
became quantifiable in all three specimen types at the same timepoint; in most (11 out of 14) participants (Figure
4-2B-H,J-M), saliva or throat swabs were positive first, while nasal swabs remained negative or at low,
inconsistently detectable viral loads for up to the first 67 days of infection. However, later in the infection, peak

viral loads in nasal swabs were significantly higher than in saliva or throat swabs (Figure 4-S1).

Surprisingly, several participants reported zero symptoms on the day of their peak viral loads (Figure 4—
2A,C,G,N), all of which were >10° copies/mL. Overall, we found only a weak relationship between viral load
and symptoms (Figure 4-S1-D). Importantly, individuals had infectious viral loads in 42% of timepoints at which

no symptoms were reported (Figure 4-S1E).

Assessed for eligibility (N = 3,931)

Excluded from
enrollment
(N =3,703)

Did not meet
inclusion criteria

(n=3,636)
Enrolled (n = 228) Declined to participate
(n=67)
Uninfected SARS-CoV-2 infected (n = 90)
(n=138)

Excluded from
analyses (N = 76)

RT-qPCR positive in all 3
specimen types on
enrollment (n = 64)

Enrolled before Enrolled late in infection

or at the (n=13)
incidence of *Withdrew (n = 2)

infection

(n=14)

Figure 4-1. A CONSORT diagram shows participant recruitment, eligibility, enrollment, and selection for inclusion in the
study cohort.
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[Figure on Previous Page] Figure 4-2. Individual Viral-load Timecourse Measurements from 14 Participants Enrolled at or
Before the Incidence of Acute SARS-CoV-2 Infection. Each panel (A-N) represents a single participant throughout the
course of enrollment. Each panel plots SARS-CoV-2 viral-load measurements (left y-axis) and human RNase P Ct values
(right y-axis). Line colors indicate specimen type: black/grey are saliva, green are anterior-nares (AN) swabs, and orange
are oropharyngeal (OP) swabs. Timepoints at which at least one specimen type had presumably infectious viral load (>104-
107 copies/mL) are indicated at the top of each plot. Colored boxes below each plot indicate the symptoms reported at each
sample-collection timepoint. Each of the 14 participants collected three specimen types throughout the course of acute
infection, resulting in 42 viral-load timecourses. Participants collected an average of 15 (x5 S.D.) daily timepoints. ND, not
detected; INC, inconclusive result; NQ, virus detected however viral loads below the test LOD (250 copies/mL) and thus
not reliably quantifiable for RT-qPCR measurements.

SARS-CoV-2 viral loads differ significantly between specimen types during the early period of infection

We next sought to quantify the magnitude of differences in viral load across paired specimens, to answer three
questions: (i) Are differences in viral loads between specimen types large enough to impact detectability by assays
with varying analytical sensitivity? (ii) Are differences in viral loads attributable to variability in participant
sampling behavior? (iii) Are viral-load timecourses in different specimen types within a person correlated with

each other?

First, we calculated the absolute (Figure 4-3A) and relative (fold) differences (Figure 4-S3) in viral loads
between paired specimens of different types collected by the same participant at the same timepoint. Large
differences in absolute viral loads were observed between paired specimen types for both the first four days from
the incidence of infection (Figure 4-3A) and all timepoints (Figure 4-3B). We observed absolute differences of
more than nine orders of magnitude, and all specimen type comparisons had median absolute differences greater

than 10* copies/mL, a scale of difference likely to impact the detection of SARS-CoV-2.

If the observed differences in viral loads between specimen types were the result of variability in sample collection
during self-sampling, we would expect the fold differences to be similar to the variability of the human RNase P
control marker. However, RNase P Ct measurements were relatively stable for each specimen type collected by
participants across their timecourse (Figure 4-2, Figure 4-S4). For some participants, RNase P Ct values
decreased slightly after the first sample collection, but the average standard deviation in RNase P Ct across all
participants was <1.5 in all specimen types (saliva: 1.37, nasal: 1.42, throat: 1.46) over enrollment (Figure 4—
S4B), which corresponds to, at most, a 2.8-fold change in target abundance. In contrast, most (84%) comparisons
between specimen types had a >2.8-fold difference in viral load (Figure 4-S2B), demonstrating the extreme

differences in load were not due to variability in self-sampling.

Although the differences in viral loads across paired specimens of different types were extreme, we recognized
the possibility that the longitudinal timecourse (the rise and fall of viral loads) from different specimen types in a

person might still be synchronized. For example, viral loads in one specimen type (e.g., saliva) might be
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consistently lower than those in another (e.g., nasal), but follow the same pattern throughout acute infection. If

this were the case, viral load measured in one specimen type would still be associated with the viral load in another
specimen type despite extreme absolute differences. To test whether timecourses from different specimen types
were synchronized, we quantified the correlation between viral-load timecourses for each specimen type collected
from a single participant, and across different participants. These intra- and interparticipant correlations are
represented as a matrix for the 42 viral-load timecourses (14 participants with three specimen types each (Figure
4-3C,D). The strength of each correlation (Figure 4-3C) was quantified by estimating the standard deviation of
pairwise differences in viral load across the two timecourses. The statistical significance of the correlations
between viral-load timecourses (Figure 4-3D) was then calculated by comparing the distribution of pairwise

differences in viral-load timecourses to a distribution of expected sampling noise.

We found that viral-load timecourses in different specimen types collected by the same individual often do not
correlate. In nearly all participants (13 of 14), at least two specimen types from the same participant had
significantly different timecourses. In 38% of comparisons (16 of 42), we observed significantly different
timecourses for each of the three specimen types from the same individual (Figure 4-3D). In some instances, the
timecourses of specimen types from the same participant were less correlated with each other than with other
participants. For example (see white circles in Figure 4-3D), the saliva viral-load timecourse for individual A
was not significantly different from the saliva timecourses for participants D, F, G, H, J, K, L, or M, however

Individual A’s saliva timecourse was significantly different from the participant’s own throat timecourse.

Within the same individual, throat-swab and nasal-swab viral-load timecourses were most commonly different
(64%, 9 of 14 individuals). Additionally, in 29% (4 of 14) of individuals, saliva and nasal-swab viral-load
timecourses differed significantly. Finally, despite the proximity of the two oral sampling locations in 21% (three
of 14) of individuals, their own saliva and throat viral-load timecourses were significantly different (Figure 4—
3D).



101

A [0-4] Days from First Positive B Full Acute Infection
10 10
10 10
£ET® 10° 10°-
8 3 1084 108
: —
§ E 31071 1074
ﬁ”: S % 106 1054
E N. 2 05—1 105—
2B 2104~ 104~
- 8 o
=Y £ 1034 1034
§ g 02-< 102_
<SS 10 101+
NQ -.l- l. T NQ_—,.....'..-.. i T
SA vs. SA vs. ANS vs. SA vs. SA vs. ANS vs.
ANS OPS OPS ANS OPS OPS
Paired Specimen Types Paired Specimen Types
C D
10°
A Ms,é More Dissimilar AF”S‘IS‘ »
O Timecourse Ltd
B |ANS B|ANS
o2 082
C|ANS i C|ANS
0F% Eterts s 065
D|ANS D|ANS
o2 o8
E|ANS " - E|ANS
O%R ™ E 10° 952 @
F|ANS @ F|ANS
oz § o 8
G|ANS % G S
ogg g o83 B
H|ANS g 10° H|ANS
|OPS 5 | OPS .
SA = SA u
1|ANS £ @ 1|ANS
%A ops & :
J|ANS J|ANS | a2
og3 19 023 —HHH-
K|ANS K|ANS s 5
%R : 0PSB .
L|ops i t|ops
opS : - - 10° " SA Q)
M |ANS < M |ANS
o82 oe2
v[ai 835
d g 'd g — More S|m'|ar n W U <O
%ﬁﬁs“%s%s%m %5 ﬁs%sv% s%‘*’ﬁ s e e T e Tt
A B C D E F G H | ) K L M N A B € D E F G H ] ) K L M N

Figure 4-3. Extreme differences in viral loads across specimen types collected from the same person at the same timepoint
for the 14 participants enrolled before or at the incidence of acute SARS-CoV-2 infection. (A—B) Absolute differences in
viral loads across paired specimen types were calculated as the absolute value of viral load in one specimen type minus
another from the same participant at the same specimen-collection timepoint. Black lines indicate median, with interquartile
range. Differences are shown for: (A) 55 timepoints collected in the first four days from the incidence of infection (first
positive specimen of any type) in each participant and (B) 186 timepoints collected throughout the entirety of acute infection
(at least one specimen type from the participant at the timepoint was positive and had quantifiable SARS-CoV-2 viral load;
11 timepoints were positive but not quantifiable). (C) Correlation of viral-load timecourses, measured as the standard
deviation across paired viral-load timecourses, assuming Gaussian-distributed noise (see Methods, “Comparison of Viral-
Load Timecourses Across Specimen Types”). (D) Statistical significance of the difference in viral-load timecourses between
specimens and between participants. Statistically significantly different timecourses are represented as red cells and non-
significant comparisons are grey. White circles are called out as examples in the text. Expected sampling noise was estimated
by analyzing RNase P Ct data from our study (Supplementary Figure 4-4) and from reference (65). P-values were obtained
by comparing residuals from observed data and expected sampling noise. Additional method details are shown in Figure
4-S5. SA, saliva, ANS, anterior-nares nasal swab, OPS, oropharyngeal swab. Participant labels match Figure 4-2 panels
(A-N).



Clinical sensitivity to detect SARS-CoV-2 infection strongly depends on infection stage, specimen type, and 102
assay analytical sensitivity

Because viral load determines whether an assay with a given analytical sensitivity will reliably yield a positive
result, we hypothesized that the extreme differences in viral loads among different specimen types would
significantly impact the clinical sensitivity of COVID-19 tests performed on different specimen types during
different stages of the infection. To examine the inferred clinical sensitivity to detect SARS-CoV-2 infections as
a factor of both specimen type and test LOD, viral-load timecourses were aligned to first detectable viral load and
divided into four-day timebins. We assumed that only viral loads above a given assay’s LOD would reliably yield
a positive result. The inferred clinical sensitivity of detecting infected persons by each specimen type and assay
LOD during each timebin was calculated as the proportion of specimens with viral loads greater than the assay
LOD, divided by all timepoints collected by infected participants in that same timebin (Figure 4-4).

For all specimen types and timebins, testing with a high-analytical-sensitivity assay (LOD of 10° copies/mL)
yielded significantly better inferred clinical sensitivity to detect infected persons than testing with a low-
analytical-sensitivity assay (LOD of 10° copies/mL) (Table 4-S4A-I). During the first four days of infection,
when individuals are often pre-symptomatic, no single specimen type achieved >90% inferred clinical sensitivity
with any LOD (Figure 4-4A-C), suggesting that no single specimen type will reliably provide early detection of

infection with the Omicron variant.

In the first four days, nasal swabs generally had the poorest inferred clinical sensitivity of all three specimen
types. Even with a high-analytical-sensitivity assay (LOD of 102 copies/mL), nasal swabs were predicted to miss
more than half (54%) of timepoints from infected persons. Saliva and throat-swab specimens had significantly
better inferred clinical sensitivity than nasal swabs when a high-analytical-sensitivity assay was used, and worse
(but not significantly) when a low-analytical-sensitivity assay (LOD of 106 copies/mL) was used (Table 4-S4J—
Z).

As infection progresses to days 4-8, individuals are more likely to become symptomatic. Inferred nasal-swab
performance improved significantly during days 4-8 (Table 4-S4AH-AN) and became significantly better than
saliva and throat swabs at LODs of 10° copies/mL and above (Table S4-4A0-BB). This improvement can be
attributed to the rise to high viral loads in nasal swabs during this period: SARS-CoV-2 was not detected in almost
half of nasal swabs in days 0—4, but in days 4-8, more than half of nasal swabs had high viral loads (>10°
copies/mL) (Figure 4-S11,J). In contrast, during both timebins, more than half of all saliva or throat-swab
specimens had viral loads below 10° copies/mL, and thus detection using saliva or throat swabs was more
dependent on assay LOD (Figure 4-S11,J).
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Figure 4-4. Inferred clinical sensitivity of assays with different LODs to detect infected persons by any single specimen
type (A-C). Heatmaps show the inferred clinical sensitivity as a function of test LOD throughout the course of the infection
(in four-day timebins relative to the first positive specimen of any type) for (A) SA specimens alone, (B) nasal-swab
specimens alone, and (C) throat-swab specimens alone. Inferred clinical sensitivity was calculated as the number of
specimens of the given type with viral loads greater than the given LOD divided by the total number of specimens collected
within that timebin. N indicates the number of timepoints. Only timepoints where at least one specimen type had a
quantifiable viral load (>250 copies/mL) were included. Two-day timebins shown in Supplementary Figure 4-6. The
performances of computationally-contrived combination specimen types are shown in Supplementary Figure 4-6 and
Supplementary Figure 4-7.

Differences in viral loads among specimen types hinders detection of presumably infectious individuals when

tests utilize single specimen types

Prompt identification of individuals who are or will become infectious can prevent further transmission. We next
compared the ability of each specimen type and assay analytical sensitivity to detect presumably infectious
individuals. An individual was presumed to be infectious if the viral load in any specimen type collected from
that participant at a given timepoint was above an infectious viral load threshold. We performed separate analyses
for four well-accepted infectious viral-load thresholds (log values of 10* to 107 copies/mL) to test the robustness

of our conclusions.

We found that because of the extreme differences in viral-load timecourses, a presumed non-infectious viral load
in one specimen type did not reliably indicate that a participant would have presumed non-infectious viral loads
in all specimen types. At the highest infectious viral-load threshold (107 copies/mL), a presumed non-infectious
viral load in one specimen type (Figure 4-5A) correctly inferred the participant did not have an infectious viral
load in any specimen type collected at that timepoint 70% of the time (138 of 197 timepoints). In contrast, at the
lowest infectious viral-load threshold (10* copies/mL), a presumed non-infectious viral load in one specimen type

correctly inferred a non-infectious participant only about 24% of the time (47 of 197 timepoints).
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Across infectious viral-load thresholds, we saw a pattern that suggested combination specimen types might

capture more presumably infectious timepoints than single specimen types (Figure 4-5B-C), as 90-95% of
timepoints with a presumed infectious viral load in any specimen type had infectious viral loads in either nasal
swab or throat swab. This complementarity suggested that a nasal-throat combination swab could be superior for

detecting nearly all infectious timepoints.

We interrogated this complementarity between nasal and throat swabs by comparing the viral loads of the three
specimen types at each of the 150 timepoints in which at least one specimen had viral loads above a 10* copies/mL
infectious viral-load threshold (Figure 4-5C). We found that 52% of individuals with presumed non-infectious
viral loads in saliva, 38% of individuals with presumed non-infectious viral loads in throat swabs, and 30% of
individuals with presumed non-infectious viral loads in nasal swabs actually had presumably infectious viral loads
in another specimen type at the same timepoint. In some cases, high-analytical-sensitivity testing could capture
individuals with infectious viral loads in specimen types other than the one tested. However, 19% of saliva, 20%
of nasal swab, and 13% of throat swab specimens had either undetectable or unquantifiable viral loads while
another specimen type in the same individual had presumably infectious viral load (Figure 4-5C). In such cases,
testing a single specimen type even with a very-high-analytical-sensitivity assay (e.g., LOD of 250 copies/mL)

would not reliably detect a presumably infectious person.

Given that the infectious periods for different specimen types were often asynchronous, considering
infectiousness in all three specimen types yielded a significantly longer infectious period than if only nasal viral
loads were considered (Figure 4-5D) across all infectious viral load thresholds. We also found that the infectious
period in nasal swabs and throat swabs together was longer than any other combination of two specimen types,
and similar to that of all three specimen types. These results suggest that testing only single specimen types (such

as nasal-swab) may fail to detect individuals with infectious viral loads in untested specimen types.
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Figure 4-5. Analyses of Presumed Infectious Viral Loads in Each Specimen Type Using Different Infectious Thresholds.
(A) Stacked bar plots of the number of timepoints with at least one specimen type above the indicated infectious viral-load
threshold (dark grey with magenta outline), and where all paired specimen types collected at a timepoint had viral loads
below the infectious viral-load threshold (light grey with black outline). (B) Each bar represents the proportion of all
infectious timepoints (i.e., saliva or nasal swab or throat swab had a viral load above the infectious viral-load threshold),
where the given specimen type or combination of specimen types did not have an infectious viral load. For example, with
an infectious viral-load threshold of 10* copies/mL, 150 timepoints had an infectious viral load in at least one specimen
type: in 105 of those 150 timepoints (70%), the nasal-swab (ANS) specimen had an infectious viral-load. Therefore, 30%
of infectious timepoints would be missed if only the ANS specimen type were evaluated for infectious viral load. Each
group of bars provides values for alternate infectious viral-load thresholds, 10°, 10°, and 107 copies/mL. (C) Viral loads of
all three specimen types collected by each participant at the same timepoint where at least one specimen type had a viral
load above 10* copies/mL (N=150 timepoints). Percentages above each specimen type provide the cumulative proportion
of specimens with viral loads at or above each line. Magenta lines indicate possible infectious viral-load thresholds based
on literature. (D) Average length of the infectious period when considering only presumably infectious loads in ANS (green)
or when considering all specimen types (purple). Error bars are S.E.M. P-values were obtained by performing related-
sample t-tests for each IVLT. P-values were adjusted using two-stage Benjamini—Hochberg correction to account for
multiple hypotheses being tested. ANS, anterior-nares swab; SA, saliva; OPS, oropharyngeal swab; ND, not detected by
RT-gPCR; INC, inconclusive result by RT-gPCR; NQ, not quantifiable by RT-gPCR.
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Inferring detection of infectious individuals by specimen type and assay analytical sensitivity across infectious

viral-load thresholds

Having observed that a person can have low viral loads in one specimen type while having high and infectious
loads in another type prompted us to question how well each specimen type and assay LOD would impact the
detection of infectious individuals at different stages of the infection. We binned timepoints into four-day bins
and assessed the ability of each specimen type to detect presumably infectious individuals using assays with either
high- (LOD 10°® copies/mL) or low- (LOD 10° copies/mL) analytical sensitivity in each bin (Figure 4—6).

Regardless of specimen type, the inferred clinical sensitivity of both high and low-analytical-sensitivity assays to
detect presumed infectious individuals typically increased as the infectious viral-load threshold increased.
Improved clinical sensitivity at higher infectious viral-load thresholds was most pronounced for assays with LODs
of >10° copies/mL. This pattern is intuitive; specimens with viral loads above the infectious viral-load threshold
but below the LOD are presumed infectious but missed by the assay, resulting in poor inferred clinical sensitivity.
Increasing the infectious viral-load threshold would exclude those specimens from being presumed infectious,

thereby resulting in better inferred clinical sensitivity (Figure 4-5).

Three major patterns in the specimen types were consistent regardless of the infectious viral-load threshold, so
for simplicity, the rest of this section describes inferred clinical performances and statistical comparisons using
only an infectious viral-load threshold of 10° copies/mL. First, even when tested with a high-analytical-sensitivity
assay, no single specimen type achieved >95% inferred clinical sensitivity to detect presumed infectious
individuals (Figure 4-6A—C). Second, because the rise in nasal-swab viral load was delayed relative to saliva or
throat swab in most participants (Figure 4-2), nasal swabs had significantly worse performance than saliva and
throat swabs during days 0-4 (Table 4-S4BS-BU). At an assay LOD of 10% copies/mL, the inferred clinical
sensitivity of nasal swabs was only 57% (Figure 4-6C). This suggests that nasal-swab testing, even with high
analytical sensitivity, would miss approximately 43% of presumed infectious individuals the first four days of
infection. Third, from days 4-8 of infection, when nasal-swab viral loads increased rapidly in many participants
(Figure 4-2, Figure 4-4), nasal swabs had significantly higher inferred clinical sensitivity regardless of LOD
(Figure 4-6C,H-J; Table 4-S4BU,BV) across LODs (Table 4-S4BW-BZ).
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Figure 4-6. Inferred clinical sensitivity of high- and low-analytical-sensitivity assays to detect presumed infectious
individuals by testing single and combination specimen types throughout acute, incident infection. For each four-day
timebin relative to the first SARS-CoV-2 positive specimen (of any type), participants were classified as being presumed
infectious if viral load in any specimen type collected at a given timepoint was above an infectious viral load threshold. For
a high-analytical-sensitivity assay with an LOD of 103 copies/mL and low-analytical-sensitivity assay with an LOD of 106
copies/mL, the inferred clinical sensitivity was calculated as the number of specimens of that specimen type with a measured
viral load at or above the LOD divided by the total specimen-collection timepoints included in that timebin. Error bars
indicate the 95% C.I. The viral load of computationally-contrived combination specimen types was taken as the higher viral
load of the specimen types included in the combination collected by a participant at a given timepoint. SA, saliva; ANS,
anterior-nares swab; OPS, oropharyngeal (throat) swab; SA-AN, saliva-anterior-nares swab combination; SA-OP, saliva—
oropharyngeal combination swab; AN-OPS, anterior-nares—oropharyngeal combination swab; SA-AN-OP, saliva-
anterior-nares—oropharyngeal combination swab. Inferred clinical sensitivity for LODs from 102.4 to 108 copies/mL shown
in Supplementary Figure 4-8; 2-day timebins are shown in Supplementary Figure 4-9.
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Combination specimen types inferred to significantly improve clinical sensitivity to detect infected and

infectious individuals

The extreme differences and lack of correlation in viral loads among specimen types as well as the poor
performance of all three specimen types in all timebins and all test LODs led us to hypothesize that combination
specimen types might achieve better clinical sensitivity. We generated computationally-contrived specimen types
representing combinations of specimen types. For each timepoint, the viral load of a combination specimen type
was the highest viral load of any single specimen type included in the combination. We then inferred the clinical
sensitivity of these combination specimen types to detect infectious individuals with assays of different analytical
sensitivities for each timebin (Figure 4-4D-G). The high clinical sensitivity of throat swabs days 0-4, and of
nasal swabs at days 4-8, suggested complementarity. Complementarity was further supported by nasal and throat
swabs having the most extreme differences in viral load (Figure 4-3A,B), and that many individuals had
significantly different nasal-swab and throat-swab viral-load timecourses (Figure 4-3D). Moreover, rarely did

individuals have infectious viral loads in saliva alone (Figure 4-5, Table 4-S2).

Indeed, the nasal-throat combination swab had higher clinical sensitivity to detect infected individuals than any
single specimen type, at most LODs (Figure 4-S6). This nasal-throat combination specimen type (Figure 4—6F)
was also inferred to perform significantly better than all single specimen types (Figure 4—-6A-C) at detecting
presumed infectious individuals during the first four days of infection, and significantly better than saliva (Figure
4-6H,0) and throat swab (Figure 4-61,P) during later stages of infection (Figure 4-6M, T, Table 4-S4CA-CJ).
In addition, the nasal-throat combination swab had significantly better inferred performance than nasal swabs
when tested with a low-analytical-sensitivity assay during days 4-8 (Figure 4-6J,M). The combination of all
three specimen types (Figure 4-6G,N,U) would by definition capture all presumed infectious individuals.
However, this combination type never had a significantly higher inferred clinical sensitivity than nasal-throat
combination swab (Table 4-S4CM-CR).

Performance of Specimen Types and Analytical Sensitivities in the Pre-infectious and Infectious Periods

For public health purposes, understanding assay performance during the pre-infectious and infectious periods,
rather than in timebins relative to the rarely-captured incidence of infection, is more informative and actionable.
Therefore, we next evaluated the performance of each single specimen type and the nasal-throat combination
swab for each assay LOD during the presumed pre-infectious and infectious periods (Figure 4-7). To ensure our
conclusions were robust, we compared the results of our analysis across three definitions of the infectious period:
a “continuous” infectious period, an “instantaneous” infectious period), and a “day [0—5] infectious period (only

the first five days after an initial presumed infectious specimen (see Methods).
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At all infectious viral-load thresholds above 10° copies/mL, the nasal-throat combination swab had the highest

inferred clinical sensitivity of any specimen type to detect pre-infectious individuals (Figure 4-7E,1,M). In all
cases where the assay LOD was at least two orders of magnitude lower than the infectious viral-load threshold,
there were more than 10 detectable specimens available for comparison of inferred clinical sensitivity, and nasal—
throat combination swab was inferred to perform significantly better than nasal swab alone (Table 4-S4CS-DT).
With an infectious viral load threshold of 10* copies/mL, fewer pre-infectious timepoints were available for
analysis. In this case, we see that nasal swabs had very low performance, but no specimen type emerged as optimal
(Figure 4-7A).

Three additional trends held across all infectious viral-load thresholds and all definitions of the infectious period.
First, nasal swabs had similar performance to saliva and throat swabs when testing with high-analytical-sensitivity
assays (LODs at or below 10° copies/mL), except when infectious period is defined as the five days following the
first infectious specimen. This definition selects earlier timepoints, prior to the rise in nasal swab viral loads
(Figure 4-2, Figure 4-5C) so nasal swab testing had lower inferred clinical sensitivity to detect both infected
(Figure 4-4B) and infectious (Figure 4-6C) individuals. Second, as noted previously (Figure 4-4), nasal swab
performance for the detection of infectious individuals was more robust to differences in assay LOD than saliva
and throat swabs because nasal-swab loads tended to be either very low or very high (>10° copies/mL), whereas
saliva and throat swabs tended to fluctuate between 10* to 107 copies/mL (Figure 4-S1D,E). Furthermore, in all
but one comparison (Figure 4—7D) nasal swabs were inferred to have higher performance than saliva or throat
swab alone when tested with lower analytical sensitivity assays (LODs at and above 10° copies/mL). Third, a

nasal-throat combination swab always had the highest inferred clinical sensitivity at all LODs.
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Figure 4-7. Inferred detection of presumed pre-infectious and infectious individuals at a range of test LODs and with single-
specimen tests or AN—OP combination swab specimen type. For each participant, the pre-infectious period was defined as
all timepoints with quantifiable SARS-CoV-2 viral load before the first timepoint when at least one specimen type had a
viral load above the indicated infectious viral load threshold. We then used three different, common definitions for the
infectious period, to assess the robustness of our conclusions. First, we used a “continuous infectious period” whereby a
participant is presumed infectious for all timepoints between the first specimen with an infectious viral load and the first
timepoint after which no specimens had infectious viral loads. Second, we used an “instantaneous infectious period,” which
presumes that a participant is infectious only at timepoints when viral load in at least one specimen type is above the
infectious viral load threshold. Third, we presumed that a participant is infectious only for the first five days from their first
timepoint when at least one specimen type had a viral load above the infectious viral load threshold. These three types of
infectious periods were determined for each infectious viral-load threshold: 104, 10°, 10%, and 107 copies/mL. Each panel
provides the inferred clinical performance to detect pre-infectious or infectious individuals, using a given specimen type,
for a given assay LOD. Inferred clinical sensitivity was calculated as the number of specimens of each type with a viral load
above the assay LOD, divided by the total number of specimens of that type in that period of infection. N indicates the total
number of specimens of each type included in the inferred clinical sensitivity calculation. Dotted line indicates 95% inferred
clinical sensitivity. SA, saliva; ANS, anterior-nares swab; OPS, oropharyngeal swab; AN-OP combination swab, predicted
combined anterior-nares—oropharyngeal swab specimen type.
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Discussion
In 14 individuals enrolled before or at the incidence of acute infection, we observed extreme and statistically

significant differences in SARS-CoV-2 viral loads among three common respiratory specimen types (saliva,
anterior-nares [nasal] swab, and oropharyngeal [throat] swab) collected at the same timepoint from the same
individual. In all 14 individuals we also observed that the viral-load measurements in different specimen types
followed significantly different longitudinal timecourses. These intra-participant differences were as extreme as
those observed between participants (Figure 4-3C-D). The differences in viral load resulted in significantly
different inferred clinical sensitivities to detect both infected and infectious individuals depending on the infection
stage, specimen type, and analytical sensitivity (LOD) of the assay. We conclude that unlike infections where a
single specimen type is typically sampled to test for virus (e.g., HIV in blood), SARS-CoV-2 viral load only
describes the state of the specimen type tested, not the general state of the individual’s infection. A person can
have high and presumably infectious viral loads in one specimen type but low or even undetectable loads in
another specimen type at the same time point. Thus, defining infectiousness based on assessment of only one
specimen type(32, 33, 35, 37, 38, 66—71) likely underestimates the full infectious period, particularly if only nasal
swabs (which typically exhibit infectious viral loads days after oral specimen types) are used. Relatedly, policies
guiding isolation time that are based on estimates of the infectious period from a single specimen type may result
in premature release of infectious individuals from isolation. Our results also suggest that field evaluations of
diagnostics to detect infectious individuals that use a single specimen type as the comparator assay(67, 72—78)
are likely to overestimate the clinical sensitivity of the test being evaluated. Additionally, consideration of
infectiousness in multiple specimen types may further elucidate the mechanism behind interpersonal

heterogeneity in SARS-CoV-2 transmission to contacts (including super-spreader events)(79).

Because of the extreme differences in viral-load patterns in the early and pre-infectious periods of infection, of
the three specimen types considered here, none is optimal for detecting Omicron. However, nasal swab was the
poorest specimen type for detection in the first four days of infection. In most participants, we observed a delay
in nasal-swab viral loads relative to oral specimens similar to what has been observed previously(14, 22, 80) with
earlier SARS-CoV-2 variants. In our study, 12 of 14 participants (86%) were either negative in nasal-swab
specimens or had nasal-swab viral loads below 250 copies/mL at the incidence of infection (the first day viral
RNA was detected in any specimen type). In three of these 12 participants (25%), nasal-swab viral loads were
either undetectable or inconclusive for more than five days (Figure 4-1B,C,H). Because of the delay in nasal-
swab viral loads in the first days of infection, the inferred clinical sensitivity of nasal swabs at the beginning of
infection was low (<60%), even with high-analytical-sensitivity assays. Although clinical sensitivity of nasal
swabs improves later in the infection, which likely coincides with the period after symptom onset in some

individuals, the resulting poor clinical sensitivity of nasal swabs raises concerns about the performance of
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diagnostic tests that use nasal specimens as well as diagnostic assays that have been validated against reference

tests that use only nasal specimens.

Furthermore, we found that low-analytical-sensitivity testing was inferred to have poor performance for early
detection of infected individuals, regardless of the specimen type used. High-analytical-sensitivity assays (LODs
<103 copies/mL) were inferred to improve clinical sensitivity in all specimen types and at all stages of infection.
We also found that even with high-analytical-sensitivity testing, none of the three specimen types considered here
were optimal for detection of presumed infectious individuals (based on viral-load thresholds of 10* to 10’
copies/mL or greater in any specimen type). Of the three single specimen types, nasal-swab testing was inferred
to miss the lowest proportion of presumed infectious individuals overall; yet nasal swabs still missed at least a
quarter of all presumably infectious timepoints because of high viral loads in oral specimen types (Figure 4-5-
4-7). The failure to detect presumed infectious individuals was inferred to be even worse when using tests of low
analytical sensitivity. To assess this point directly, daily rapid antigen testing results for a broader cohort from
this study population are reported separately(55).

Testing with combination specimen types (e.g., sampling from both the throat and nose) was inferred to yield
significantly improved clinical sensitivity to detect both infected (Figure 4-S6, 4-S7) and presumed infectious
individuals (Figure 4-6—4-7) than any single specimen type, regardless of whether the combination specimen
type was assumed to have the maximum or the average viral load of constituent specimen types (Figure 4-S7).
Combination swabs have high acceptability(81), and are already common in many regions of the world. In the
U.K., the National Health Service website even states that PCR tests that rely only on nasal swabbing will be
“less accurate” than those with a combined nose and tonsil swab(53, 54). The U.K. also uses a combination nasal—
throat swab for rapid antigen testing. However, despite hundreds of emergency use authorizations (EUAS) that
the U.S. FDA has issued for diagnostics that detect SARS-CoV-2(82), including 280 molecular tests and 51

antigen rapid diagnostic tests, none use a combination specimen type.

Our results explain why studies comparing single and oral-nasal combination specimen types have generally
shown that combination specimens are either equivalent(26, 83-87) or superior(88-93) to single specimens.
Importantly, in nearly all studies evaluating the use of combination swabs, or evaluating combination swab
antigen rapid diagnostic tests using a combination swab RT-PCR as reference(33, 51), sample collection began
after the onset of COVID-like symptoms and/or after an initial positive test (usually by nasal swab); thus, they
likely did not sample the earliest days of infection, which is the period when we found the greatest benefit of
sampling with saliva or a throat swab. One prospective cohort study that did begin testing early (using pre-
symptomatic and asymptomatic close contacts) and used combination oropharyngeal—nasal swabs with an RT-

gPCR assay as reference to evaluate two antigen rapid diagnostic tests(40) found a similar clinical sensitivity to
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detect presumed infectious individuals (~85-90%) with this combination swab specimen type as what we inferred

for a combination swab specimen type based on the viral loads in each specimen type individually tested with a
moderate- or low-analytical-sensitivity assay. Additionally, longitudinal viral-load timecourses from the
incidence of infection in combination nasal-throat specimens have been obtained for participants in a studied that
utilized a similar design(41). This combination swab specimen type likely detected infected individuals, despite
the heterogeneity that our data suggest would exist between viral loads in each individual specimen type.
Infectious virus was also present in this combination swab specimen type early in the course of the infection,

which our data suggest would have been missed if only the nose had been sampled.

We note four main study limitations. First, although this is the most comprehensive study of complete viral loads
in multiple specimen types to date, data are from a limited number of individuals and demographics. Obtaining
early viral-load timecourses from these 14 individuals required enrollment and daily testing of 228 participants
for a total of 6,825 RT-gPCR tests. Future studies for new SARS-CoV-2 variants and new respiratory viruses
should ideally involve multi-institution partnerships to enroll a diverse cohort from a broad geographic range.
Second, we presumed infectiousness based on viral-load thresholds in three specimen types; we did not perform
viral culture on these specimens (and acknowledge that specimen types not collected here could have contained
infectious viral loads(94)). Third, other specimen types, such as nasopharyngeal swabs, may exhibit different
viral-load timecourses and correlate with other specimen types(10). Finally, Omicron remains a relevant variant
more than a year after its emergence, but additional variants will continue to develop and may exhibit different
patterns in their viral-load timecourses by specimen type. Similar studies will be needed to identify optimal testing

methods for new variants (and emerging respiratory viruses).

Viral loads are used in many clinical and basic-science contexts, including diagnostics, epidemiological models,
clinical trials, and studies of human immune response. Our results show that early in SARS-CoV-2 infection,
viral load cannot be defined for a person, only for a specific specimen type within a person. Thus, when viral-
load studies or viral-detection studies are performed with only single specimen type, the results should be
interpreted while considering the heterogeneity of viral loads across specimen types. Additional quantitative
longitudinal studies of differences in viral loads in multiple specimen types starting immediately at the incidence
of infection are needed for new emerging variants and new respiratory viruses. In the absence of such studies,
combination specimen types and tests with high analytical sensitivity are likely to be the most robust approaches

for earliest detection and for the design of studies seeking to assess infection status or presence of infectious virus.



114
Acknowledgments

This work was funded in part by a grant from the Ronald and Maxine Linde Center for New Initiatives at the
California Institute of Technology (to RFI), a grant from the Jacobs Institute for Molecular Engineering for
Medicine at the California Institute of Technology (to RFI), and a DGSOM Geffen Fellowship at the University
of California, Los Angeles (to AVW). We sincerely thank the study participants for making this work possible.
We thank Lauriane Quenee, Grace Fisher-Adams, Junie Hildebrandt, Megan Hayashi, RuthAnne Bevier, Chantal
D’Apuzzo, Ralph Adolphs, Victor Rivera, Steve Chapman, Gary Waters, Leonard Edwards, Gaylene Ursua,
Cynthia Ramos, and Shannon Yamashita for their assistance and advice on study implementation and/or
administration. We thank Jessica Leong, Ojas Pradhan, Si Hyung Jin, Emily Savela, Bridget Yang, Ekta Patel,
Hsiuchen Chen , Paresh Samantaray, Zeynep Turan, Cindy Kim, Trinity Lee, Vanessa Mechan, Katherine Stiefel,
Rosie Zedan, Rahulijeet Chadha, Minkyo Lee, and Jenny Ji for volunteering their time to help with this study.
We thank Prabhu Gounder, Tony Chang, Jennifer Howes, and Nari Shin for their support with recruitment.
Finally, we thank all the case investigators and contact tracers at the Pasadena Public Health Department and
Caltech Student Wellness Services for their efforts in study recruitment and their work in the pandemic response.
This manuscript was posted on the preprint server medRXiv at
https://www.medrxiv.org/content/10.1101/2022.07.13.22277113v2.

Data and materials availability
The data underlying the results presented in the study can be accessed at CaltechDATA:
https://data.caltech.edu/records/20223.



https://www.medrxiv.org/content/10.1101/2022.07.13.22277113v2
https://data.caltech.edu/records/20223

References
1.

10.

11.

12.

13.

14.

15.

16.

115

Elie B, et al. (2022) Variant-specific SARS-CoV-2 within-host kinetics. J. Med. Virol.
94(8):3625-3633.

Laajaj R, et al. (2022) Understanding how socioeconomic inequalities drive inequalities in
COVID-19 infections. Sci. Rep. 12(1):8269.

Hart WS, Maini PK, & Thompson RN (2021) High infectiousness immediately before COVID-
19 symptom onset highlights the importance of continued contact tracing. eLife 10:e65534.

NIH (2021) Therapeutic Management of Adults With COVID-19.
https://www.covid19treatmentguidelines.nih.gov/therapeutic-management/.

Beigel JH, et al. (2020) Remdesivir for the Treatment of Covid-19 — Final Report. N. Engl. J.
Med. 383(19):1813-1826.

Libster R, et al. (2020) Prevention of severe COVID-19 in the elderly by early high-titer plasma.
medRxiv:2020.2011.2020.20234013.

Kim Y-g, et al. (2017) Comparison between Saliva and Nasopharyngeal Swab Specimens for
Detection of Respiratory Viruses by Multiplex Reverse Transcription-PCR. J. Clin. Microbiol.
55(1):226.

Liu J, et al. (2021) SARS-CoV-2 cell tropism and multiorgan infection. Cell Discovery 7(1):17.

Huang N, et al. (2021) SARS-CoV-2 infection of the oral cavity and saliva. Nat. Med. 27(5):892-
903.

Huber M, et al. (2021) High Efficacy of Saliva in Detecting SARS-CoV-2 by RT-PCR in Adults
and Children. Microorganisms. 9(3). 10.3390/microorganisms9030642.

Hayden MK, et al. (2022) The Infectious Diseases Society of America Guidelines on the
Diagnosis of COVID-19: Antigen Testing. IDSA v.2 updated 12/20/2022.

Marais G, et al. (2021) Saliva swabs are the preferred sample for Omicron detection.
medRxiv:2021.2012.2022.21268246.

Chu CY, et al. (2021) Performance of saliva and mid-turbinate swabs for detection of the beta
variant in South Africa. The Lancet Infectious Diseases 21(10):1354.

Savela ES, et al. (2021) Quantitative SARS-CoV-2 viral-load curves in paired saliva and nasal
swabs inform appropriate respiratory sampling site and analytical test sensitivity required for
earliest viral detection. J. Clin. Microbiol. 0(ja):JCM.01785-01721.

Lin J, et al. (2022) Where is Omicron? Comparison of SARS-CoV-2 RT-PCR and Antigen Test
Sensitivity at Commonly Sampled Anatomic Sites Over the Course of Disease.
medRxiv:2022.2002.2008.22270685.

Galliez Rafael M, et al. (Evaluation of the Panbio COVID-19 Antigen Rapid Diagnostic Test in
Subjects Infected with Omicron Using Different Specimens. Microbiology Spectrum
0(0):e01250-01222.



17.

18.

19.

20.

21.

22.

23.

24,

25.

26.

217.

28.

29.

30.

31.

32.

116
Killingley B, et al. (2022) Safety, tolerability and viral kinetics during SARS-CoV-2 human
challenge in young adults. Nat. Med. 28(5):1031-1041.

Adamson B, Sikka R, Wyllie AL, & Premsrirut P (2022) Discordant SARS-CoV-2 PCR and
Rapid Antigen Test Results When Infectious: A December 2021 Occupational Case Series.
medRxiv:2022.2001.2004.22268770.

Binnicker MJ (2022) Should I Use a Throat Swab for My At-Home COVID-19 Antigen Test? in
Forbes.

Arnaout R, et al. (2021) The Limit of Detection Matters: The Case for Benchmarking Severe
Acute Respiratory Syndrome Coronavirus 2 Testing. Clin. Infect. Dis. 73(9):e3042-e3046.

Winnett A, et al. (2020) SARS-CoV-2 Viral Load in Saliva Rises Gradually and to Moderate
Levels in Some Humans. medRxiv:2020.2012.2009.20239467.

Lai J, et al. (2022) Comparison of Saliva and Mid-Turbinate Swabs for Detection of COVID-19.
medRxiv:2021.2012.2001.21267147.

European Centre for Disease Prevention and Control (2022) Diagnostic Testing and Screening
for SARS-CoV-2.

Drain PK (2022) Rapid Diagnostic Testing for SARS-CoV-2. N. Engl. J. Med. 386(3):264-272.

Rader B, et al. (2022) Use of At-Home COVID-19 Tests - United States, August 23, 2021-
March 12, 2022. MMWR Morb. Mortal. Wkly. Rep. 71(13):489-494.

Wolfel R, et al. (2020) Virological assessment of hospitalized patients with COVID-2019.
Nature 581(7809):465-4609.

Ke R, et al. (2022) Daily longitudinal sampling of SARS-CoV-2 infection reveals substantial
heterogeneity in infectiousness. Nature Microbiology 7(5):640-652.

Walsh KA, et al. (2020) SARS-CoV-2 detection, viral load and infectivity over the course of an
infection. The Journal of infection 81(3):357-371.

Rhoads DD & Pinsky BA (2021) The Truth about SARS-CoV-2 Cycle Threshold Values Is
Rarely Pure and Never Simple. Clin. Chem. 68(1):16-18.

Poon KS & Wen-Sim Tee N (2021) Caveats of Reporting Cycle Threshold Values from Severe
Acute Respiratory Syndrome Coronavirus 2 (SARS-CoV-2) Qualitative Polymerase Chain
Reaction Assays: A Molecular Diagnostic Laboratory Perspective. Clin. Infect. Dis. 73(9):e2851-
e2852.

van Kampen JJA, et al. (2021) Duration and key determinants of infectious virus shedding in
hospitalized patients with coronavirus disease-2019 (COVID-19). Nature communications
12(1):267.

Perera R, et al. (2020) SARS-CoV-2 Virus Culture and Subgenomic RNA for Respiratory
Specimens from Patients with Mild Coronavirus Disease. Emerg. Infect. Dis. 26(11):2701-2704.



33.

34.

35.

36.

37.

38.

39.

40.

41.

42.

43.

44,

45.

46.

47.

117
Pickering S, et al. (2021) Comparative performance of SARS-CoV-2 lateral flow antigen tests
and association with detection of infectious virus in clinical specimens: a single-centre laboratory
evaluation study. Lancet Microbe 2(9):e461-e471.

L’Huillier AG, Torriani G, Pigny F, Kaiser L, & Eckerle I (2020) Culture-Competent SARS-
CoV-2 in Nasopharynx of Symptomatic Neonates, Children, and Adolescents. Emerg Infect Dis.
26(10).

Jones Terry C, et al. (2021) Estimating infectiousness throughout SARS-CoV-2 infection course.
Science 373(6551):eabi5273.

Quicke K, et al. (2020) Longitudinal Surveillance for SARS-CoV-2 RNA Among Asymptomatic
Staff in Five Colorado Skilled Nursing Facilities: Epidemiologic, Virologic and Sequence
Analysis. medRxiv:2020.2006.2008.20125989.

Puhach O, et al. (2022) Infectious viral load in unvaccinated and vaccinated patients infected
with SARS-CoV-2 WT, Delta and Omicron. medRxiv:2022.2001.2010.22269010.

Bal A, et al. (2020) Clinical and microbiological assessments of COVID-19 in healthcare
workers: a prospective longitudinal study. medRxiv:2020.2011.2004.20225862.

Holmdahl I, Kahn R, Hay J, Buckee CO, & Mina M (2021) Estimation of Transmission of
COVID-19 in Simulated Nursing Homes With Frequent Testing and Immunity-Based Staffing.
JAMA Network Open 4(5):e2110071.

Schuit E, et al. (2021) Diagnostic accuracy of rapid antigen tests in asymptomatic and
presymptomatic close contacts of individuals with confirmed SARS-CoV-2 infection: cross
sectional study. BMJ 374:n1676.

Hakki S, et al. (2022) Onset and window of SARS-CoV-2 infectiousness and temporal
correlation with symptom onset: a prospective, longitudinal, community cohort study. Lancet
Respir Med 10(11):1061-1073.

LinY, et al. (2022) Incorporating temporal distribution of population-level viral load enables
real-time estimation of COVID-19 transmission. Nat Commun 13(1):1155.

Goyal A, Reeves DB, Cardozo-Ojeda EF, Schiffer JT, & Mayer BT (2021) Viral load and
contact heterogeneity predict SARS-CoV-2 transmission and super-spreading events. Elife 10.

Gomez J, Prieto J, Leon E, & Rodriguez A (2021) INFEKTA—AnN agent-based model for
transmission of infectious diseases: The COVID-19 case in Bogota, Colombia. PLoS One
16(2):e0245787.

Mina MJ, Parker R, & Larremore DB (2020) Rethinking Covid-19 Test Sensitivity — A Strategy
for Containment. N. Engl. J. Med.

Ke R, et al. (2022) Longitudinal analysis of SARS-CoV-2 vaccine breakthrough infections
reveal limited infectious virus shedding and restricted tissue distribution. Open Forum Infectious
Diseases:ofac192.

Kissler SM, et al. (2021) Viral dynamics of acute SARS-CoV-2 infection and applications to
diagnostic and public health strategies. PLoS Biol. 19(7):e3001333-e3001333.



48.

49,

50.

51.

52.

53.

54,

55.

56.

S7.

58.

59.

60.

61.

62.

118
Kissler SM, et al. (2021) Viral Dynamics of SARS-CoV-2 Variants in Vaccinated and
Unvaccinated Persons. N. Engl. J. Med. 385(26):2489-2491.

Stankiewicz Karita HC, et al. (2022) Trajectory of Viral RNA Load Among Persons With
Incident SARS-CoV-2 G614 Infection (Wuhan Strain) in Association With COVID-19 Symptom
Onset and Severity. JAMA Network Open 5(1):e2142796-e2142796.

Deerain J, et al. (2022) Assessment of the Analytical Sensitivity of 10 Lateral Flow Devices
against the SARS-CoV-2 Omicron Variant. J. Clin. Microbiol. 60(2):e0247921-e0247921.

Corman VM, et al. (2021) Comparison of seven commercial SARS-CoV-2 rapid point-of-care
antigen tests: a single-centre laboratory evaluation study. The Lancet Microbe 2(7):e311-e319.

Winnett AV, et al. (2022) Morning SARS-CoV-2 testing yields better detection of infection due
to higher viral loads in saliva and nasal swabs upon waking. Microbiology Spectrum.

National Health Service (2021) How to use an NHS rapid lateral flow test for coronavirus
(COVID-19). https://www.nhs.uk/conditions/coronavirus-covid-19/testing/how-to-do-a-test-at-
home-or-at-a-test-site/how-to-do-a-rapid-lateral-flow-test/.

National Health Service (2021) How to use an NHS PCR test for coronavirus (COVID-19).
https://www.nhs.uk/conditions/coronavirus-covid-19/testing/how-to-do-a-test-at-home-or-at-a-
test-site/how-to-do-a-pcr-test/.

Viloria Winnett A, et al. (2022) Why Daily SARS-CoV-2 Nasal Rapid Antigen Testing Poorly
Detects Infected and Infectious Individuals. medRxiv. doi: 10.1101/2022.1107.1113.22277513.

Zymo Research (2021) SafeCollect Saliva Collection Kit User Instruction Manual.
https://files.zymoresearch.com/protocols/r1211e-
dna_rna_shield_safecollect_saliva_collection_Kkit_user_instructions.pdf.

Zymo Research (2021) SafeCollect Swab Collection Kit User Instruction Manual.
https://files.zymoresearch.com/protocols/r1160 r1161-
dna_rna_shield_safecollect_swab_collection_kit_user_Instructions.pdf.

Zymo Research (2021) Quick SARS-CoV-2 rRT-PCR Kit.
https://www.zymoresearch.com/products/quick-sars-cov-2-rrt-pcr-Kit.

Cheng H-Y, et al. (2020) Contact Tracing Assessment of COVID-19 Transmission Dynamics in
Taiwan and Risk at Different Exposure Periods Before and After Symptom Onset. JAMA
Internal Medicine 180(9):1156-1163.

Rhee C, Kanjilal S, Baker M, & Klompas M (2021) Duration of Severe Acute Respiratory
Syndrome Coronavirus 2 (SARS-CoV-2) Infectivity: When Is It Safe to Discontinue Isolation?
Clin. Infect. Dis. 72(8):1467-1474.

CDC (2022) What We Know About Quarantine and Isolation. ed Centers for Disease C, and
Prevention.

Bouton TC, et al. (2022) Viral Dynamics of Omicron and Delta Severe Acute Respiratory
Syndrome Coronavirus 2 (SARS-CoV-2) Variants With Implications for Timing of Release from
Isolation: A Longitudinal Cohort Study. Clin. Infect. Dis.:ciac510.


https://doi.org/10.1101/2022.1107.1113.22277513

63.

64.

65.

66.

67.

68.

69.

70.

71.

72.

73.

74.

75.

76.

77.

119
Virtanen P, et al. (2020) SciPy 1.0: fundamental algorithms for scientific computing in Python.
Nat. Methods 17(3):261-272.

CLSI (2008) EP12-A2 User Protocol for Evaluation of Qualitative Test Performance, 2nd
edition.

Levy JM, et al. (2021) Impact of repeated nasal sampling on detection and quantification of
SARS-CoV-2. Sci. Rep. 11(1):14903.

Boucau J, et al. (2022) Duration of Shedding of Culturable Virus in SARS-CoV-2 Omicron
(BA.1) Infection. N. Engl. J. Med.

Pray IW, et al. (2021) Performance of an Antigen-Based Test for Asymptomatic and
Symptomatic SARS-CoV-2 Testing at Two University Campuses - Wisconsin, September-
October 2020. MMWR Morb. Mortal. Wkly. Rep. 69(5152):1642-1647.

Cosimi LA, et al. (2022) Duration of Symptoms and Association With Positive Home Rapid
Antigen Test Results After Infection With SARS-CoV-2. JAMA Network Open 5(8):e2225331-
e2225331.

Bullard J, et al. (2020) Predicting Infectious Severe Acute Respiratory Syndrome Coronavirus 2
From Diagnostic Samples. Clin. Infect. Dis. 71(10):2663-2666.

Tom MR & Mina MJ (2020) To Interpret the SARS-CoV-2 Test, Consider the Cycle Threshold
Value. Clin. Infect. Dis. 71(16):2252-2254.

Chu VT, et al. (2022) Comparison of Home Antigen Testing With RT-PCR and Viral Culture
During the Course of SARS-CoV-2 Infection. JAMA Internal Medicine 182(7):701-709.

Bays D, et al. (2021) Mitigating isolation: The use of rapid antigen testing to reduce the impact
of self-isolation periods. medRxiv:2021.2012.2023.21268326.

Pekosz A, et al. (2021) Antigen-Based Testing but Not Real-Time Polymerase Chain Reaction
Correlates With Severe Acute Respiratory Syndrome Coronavirus 2 Viral Culture. Clin. Infect.
Dis. 73(9):e2861-e2866.

Prince-Guerra JL, et al. (2021) Evaluation of Abbott BinaxNOW Rapid Antigen Test for SARS-
CoV-2 Infection at Two Community-Based Testing Sites - Pima County, Arizona, November 3-
17, 2020. MMWR Morb. Mortal. Wkly. Rep. 70(3):100-105.

Kirby JE, et al. (2023) SARS-CoV-2 antigen tests predict infectivity based on viral culture:
comparison of antigen, PCR viral load, and viral culture testing on a large sample cohort. Clin.
Microbiol. Infect. 29(1):94-100.

Smith RL, et al. (2021) Longitudinal Assessment of Diagnostic Test Performance Over the
Course of Acute SARS-CoV-2 Infection. The Journal of Infectious Diseases 224(6):976-982.

Connor BA, et al. (2022) Comparative Effectiveness of Single vs Repeated Rapid SARS-CoV-2
Antigen Testing Among Asymptomatic Individuals in a Workplace Setting. JAMA Network
Open 5(3):e223073-e223073.



78.

79.

80.

81.

82.
83.

84.

85.

86.

87.

88.

89.

90.

91.

92.

120
Korenkov M, et al. (2021) Evaluation of a Rapid Antigen Test To Detect SARS-CoV-2 Infection
and Identify Potentially Infectious Individuals. J. Clin. Microbiol. 59(9):e00896-00821.

Frieden TR & Lee CT (2020) Identifying and Interrupting Superspreading Events-Implications
for Control of Severe Acute Respiratory Syndrome Coronavirus 2. Emerg. Infect. Dis.
26(6):1059-1066.

Wyllie AL, et al. (2020) Saliva is more sensitive for SARS-CoV-2 detection in COVID-19
patients than nasopharyngeal swabs. medRxiv:2020.2004.2016.20067835.

Thomas HM, et al. (2022) Acceptability of OP/Na swabbing for SARS-CoV-2: a prospective
observational cohort surveillance study in Western Australian schools. BMJ Open
12(1):2055217.

FDA (2022) In Vitro Diagnostic EUAs - Other Tests for SARS-CoV-2.

LeBlanc JJ, et al. (2020) A combined oropharyngeal/nares swab is a suitable alternative to
nasopharyngeal swabs for the detection of SARS-CoV-2. J. Clin. Virol. 128:104442.

Vlek ALM, Wesselius TS, Achterberg R, & Thijsen SFT (2021) Combined throat/nasal swab
sampling for SARS-CoV-2 is equivalent to nasopharyngeal sampling. European journal of
clinical microbiology & infectious diseases : official publication of the European Society of
Clinical Microbiology 40(1):193-195.

Lee Rose A, et al. (Performance of Saliva, Oropharyngeal Swabs, and Nasal Swabs for SARS-
CoV-2 Molecular Detection: a Systematic Review and Meta-analysis. J. Clin. Microbiol.
59(5):e02881-02820.

Shakir SM, et al. (2020) Combined Self-Collected Anterior Nasal and Oropharyngeal Specimens
versus Provider-Collected Nasopharyngeal Swabs for the Detection of SARS-CoV-2. J. Clin.
Microbiol. 59(1).

Desmet T, et al. (2021) Combined oropharyngeal/nasal swab is equivalent to nasopharyngeal
sampling for SARS-CoV-2 diagnostic PCR. BMC Microbiol. 21(1):31.

Pan Y, Zhang D, Yang P, Poon LLM, & Wang Q (2020) Viral load of SARS-CoV-2 in clinical
samples. The Lancet Infectious Diseases 20(4):411-412.

Yan Y, Chang L, & Wang L (2020) Laboratory testing of SARS-CoV, MERS-CoV, and SARS-
CoV-2 (2019-nCoV): Current status, challenges, and countermeasures. Rev. Med. Virol.
30(3):e2106.

Mawaddah A, Gendeh HS, Lum SG, & Marina MB (2020) Upper respiratory tract sampling in
COVID-19. Malays. J. Pathol. 42(1):23-35.

Manabe YC, et al. (2021) Self-Collected Oral Fluid Saliva Is Insensitive Compared With Nasal-
Oropharyngeal Swabs in the Detection of Severe Acute Respiratory Syndrome Coronavirus 2 in
Outpatients. Open Forum Infectious Diseases 8(2).

Sharma K, et al. (2021) Comparative analysis of various clinical specimens in detection of
SARS-CoV-2 using rRT-PCR in new and follow up cases of COVID-19 infection: Quest for the
best choice. PLoS One 16(4):e0249408.



93.

94.

121

Michel W, et al. (2021) A combined oro-nasopharyngeal swab is more sensitive than mouthwash
in detecting SARS-CoV-2 by a high-throughput PCR assay. Infection 49(3):527-531.

Jeong HW, et al. (2020) Viable SARS-CoV-2 in various specimens from COVID-19 patients.
Clin. Microbiol. Infect. 26(11):1520-1524.



122
Supplemental Materials and Methods

Study Participants

All adult participants provided written informed consent, and minors provided assent with legal guardian
providing written permission. Individuals were eligible for enrollment if someone in their home had recently
(within five days) become positive for SARS-CoV-2, or if they had a recent known exposure to a person suspected
to be SARS-CoV-2-positive. All participants had to be six years of age or older and fluent in English.
Extraction and RT-qPCR

Participants packaged their specimens each morning for transport by medical courier to Pangea Laboratories in
Tustin, CA, USA. Most specimens were received at the facility within 10 hours of collection; some specimens
were received at the facility ~24-48 hours after donation due to transport delays. Most specimens were extracted
and run in RT-qPCR within a few hours of arrival to the facility. Extraction and RT-gPCR operators and
supervisors (at Pangea Laboratory) were blinded to which participant a specimen originated from, as well as the

infection status and test results of participants.

Extraction and RT-gPCR were performed using the FDA-authorized Quick SARS-CoV-2 RT-gPCR Kit,*® which
extracts nucleic acids using the Quick-DNA/RNA Viral MagBead Kit (Zymo Research, Catalog #R2141)
followed by amplification of three target regions within the SARS-CoV-2 N gene.

A specimen was considered inconclusive if the human RNase P Ct value was >40 or not detected. If RNase P had
a Ct < 40, then for a SARS-CoV-2 N gene target Ct value <40 the sample was considered positive. If the SARS-
CoV-2 target Ct value was 40-45 it was considered inconclusive, and if >45 or not detected it was considered

negative.
Quantification of viral load from RT-qPCR result

To quantify viral load in RT-gPCR specimens, a nine-point standard curve was generated at Caltech using
dilutions from a commercial heat-inactivated SARS-CoV-2 particles (BEI Cat. N4-52286 Lot 70034991). To
achieve higher concentrations and greater dynamic range in the standard curve, volume from a participant saliva
specimen previously quantified to have a viral load of 6.44x10° copies/mL> was used to generate four additional
points. Diluted particles or volume from the participant specimen was spiked into pooled matrix from freshly
collected SA, ANS, or OPS specimens from SARS-CoV-2 negative donors, collected as described above.
Specimens were then shipped to Pangea Laboratories (concentrations blinded) for extraction and RT-qPCR
testing. Three of three replicates at 250 copies/mL of specimen were detected, independently validating the
reported LOD for the assay.
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From the dynamic range of the standard curve (250 copies/mL to 4.50x108 copies/mL), the following equations

were used to convert RT-gPCR SARS-CoV-2 N gene Ct value to viral load in genomic copy equivalents (copies)
per mL of each specimen type:

e Viral Load in copies/mL saliva = 2(Ct-42.374)-08973

e Viral Load in copies/mL buffer for nasal swabs = 2(Ct - 43.050)/-0.9282

e Viral Load in copies/mL buffer for oropharyngeal swabs = 2(Ct - 43.903)/-0.9653

Positive specimens with viral loads that would be quantified below the assay LOD (250 copies/mL) were

considered not quantifiable, as amplification and resulting Ct values become noisy at these very low viral loads.
Viral sequencing and lineage/variant determination

Whenever possible, we sequenced the putative index case’s highest viral load nasal-swab specimens. When this
was not possible (e.g., if the index case was not enrolled, or the index case’s highest viral load nasal-swab
specimen was insufficient for sequencing, or limitations in available specimen volume), we chose an alternate
high viral load (viral load <2x10* copies/mL) nasal or oropharyngeal swab specimen from the index case or a

secondary case in the household.

All sequencing was performed by Zymo Research at Pangea Lab using a variant ID detection workflow that
closely resembles the lllumina COVDISeq™ NGS Test (EUA).*% In brief, RNA extracted from samples

underwent cDNA synthesis using random hexamers according to the manufacturer’s recommendation (Illumina,

Catalog #20043675).

The SARS-CoV-2 virus genome was amplified using primers designed to tile across the full sequence length as
originally described by the ARTICnetwork (https://artic.network/ncov-2019). Amplicons containing the SARS-
CoV-2 viral genome fragments were then pooled and subjected to tagmentation to further fragment and tag
amplicons with adapter sequences. Adapter-tagged amplicons then underwent a second round of PCR
amplification using a PCR master mix and unique index adapters. The indexed libraries were then pooled and

cleaned up for downstream sequencing.

Finished libraries were sequenced on an Illumina MiniSeq using a PE 100 bp read configuration to a depth of
approximately 100,000 reads per library. Illumina sequence reads were converted from bcl to fastq files, adaptor
trimmed, then quality filtered using standard parameters. Variant calls as described by Phylogenetic Assignment
of Named Global outbreak LINeages software 2.3.2 (github.com/cov-lineages/pangolin) were made using a

custom bioinformatics data analysis pipeline developed by Zymo Research.


https://artic.network/ncov-2019
http://github.com/cov-lineages/pangolin

Shuffled viral-load timecourses and data validations .
In addition to controls built into the study design (e.g., specimen have barcodes specific to each specimen type,
barcodes are confirmed to be the expected specimen type when packaging specimen-collection materials prior to
delivery to participants, participants take and package specimen types in a specific order during each timepoint,
and the receiving laboratory assessed arriving specimen for the presence of a swab), we assessed mathematically
whether the observed viral loads were likely to come from viral-load timecourses of their designated specimen
type, or whether they could have been switched between specimen types. We assessed the correlation between
the viral load for a given specimen at a timepoint and either the viral load in the same specimen type or the viral
load from a different, randomly selected specimen type at the following timepoint (Figure 4-S3), for all
measurements. The correlation between viral-load measurements from randomly selected specimen types is
significantly different (P<0.001) from the correlations between viral-load measurements from the same specimen
type (Figure 4-S3C). Erroneously assigned specimen types would yield similar (P>0.01) correlations for both
randomized and non-randomized viral-load timecourses. The analysis showed greater standard deviation for
shuffled compared with unshuffled viral-load timecourses, suggesting that all specimens were correctly assigned

to specimen type by participants.
Estimations of sample noise with RNase P

To estimate expected sampling noise that would affect viral-load measurements in each specimen type, we
examined RT-gPCR Ct measurements of the human RNase P control target in the same specimen type from each
of the 14 participants in this cohort (Figure 4-2; Figure 4-S4B). The standard deviation of the RNase P Ct was
calculated for each timecourse and then averaged over all 14 participants: the average standard deviation of RNase
P Ct for saliva specimens was 1.37, nasal-swab specimens was 1.42, and oropharyngeal swab specimens was 1.46
(Figure 4-S4B). We then used the average standard deviation of RNase P Ct across all three specimen types
(1.42 Ct) as the overall estimate of sampling noise in all viral-load measurements, which is consistent with the
standard deviation (1.7 Ct) of SARS-CoV-2 N2 gene Ct values in two MT nasal-swab specimens collected

immediately in sequence in a separate study.®
Alternate viral load calculation for computationally contrived combination specimens

We recognize that specimen-collection and processing factors (e.g., buffer volumes, type, and carrying capacity
of swabs), may cause dilution effects that would impact the viral load for combination specimen types. To account
for this, we also performed an analysis where the viral load of a computationally-contrived combination specimen
was calculated as the average (rather than maximum) viral load of paired single specimen types in each
combination (Figure 4-S7). Using the average introduced at most a two- or three-fold correction for the two- or

three-specimen combinations, respectively, because viral loads differed by orders of magnitude (Figure 4-3).
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Clinical sensitivities of combination specimen types remained similar (Figure 4-S71-J) to those calculated in

Figure 4-4 and the nasal-throat combination swab remained superior with this alternate calculation (Figure 4—
S7F).
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Supplemental Figure 4-1. Peak and distribution of viral loads from the 14 participants enrolled before or at the incidence
of acute SARS-CoV-2 infection. (A) The peak viral load for each participant is plotted with lines connecting to the viral
loads of the other two specimen types at the same timepoint. (B) The distribution of peak viral loads for each specimen type
is plotted; dashed horizontal bars indicate the medians. (C) Table showing statistical test results for comparisons of peak
viral load in each specimen type, including the test method, performed in Graphpad Prism 9.2.0. For the cohort of 14
participants enrolled before or at the incidence of infection, the total number of symptoms reported at each timepoint was
considered the Symptom Score. The Symptom Score was then plotted against the (D) highest viral load in all specimen
types, the (E) viral load in SA specimens (F) ANS specimens and (G) OPS specimens. The text on each plot provides the
Pearson correlation R squared value, and black lines indicate the line of best fit from linear regression. (H) For each
symptomatic (Symptom Score >0) or asymptomatic timepoint, viral loads in any specimen type above the given IVLTs
were considered infectious (magenta) and those below were considered not infectious (grey). The percentage of infectious
and not infectious timepoints, for either symptomatic or not symptomatic timepoints is shown as a horizontal stacked bar
graph. (1) The distribution of viral loads measured from a positive specimen of each specimen type during the first four days
and (J) days 4 to 8 from the incidence of infection. N indicates the number of positive specimens of each type (by our high-
analytical-sensitivity assay). Percentages above magenta lines to the right of each distribution indicate the fraction of all
positive specimen of that type with a viral load at or above that infectious threshold. Black horizontal lines indicate the
median viral load for each specimen type. SA, saliva; ANS, anterior-nares swab; OPS, oropharyngeal swab; NQ, below
guantifiable; INC, inconclusive; ND, not detected.
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Supplemental Figure 4-2. Relative (fold) differences in viral loads from paired specimen types. The fold difference (ratio
of higher viral-load specimen of one type over a lower viral-load specimen of another type from the same participant at the
same specimen-collection timepoint) are shown for (A) the first four days of infection (relative to first positive specimen of
any type) and (B) for specimens collected at all timepoints when at least one specimen from the participant was positive for
SARS-CoV-2. Specimens negative for SARS-CoV-2 or with viral loads below guantification had a viral load of 1 copy/mL
imputed for calculations. Black bar indicates median. Dashed line indicates 2.8 fold difference, the level of RNase P
sampling noise (Supplementary Figure 4-4). SA, saliva; ANS, nasal anterior-nares swab; OPS. oropharyngeal swab, NQ
indicates that both specimens being compared had unquantifiable viral loads so an absolute difference could not be
calculated.
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Supplemental Figure 4-3. Increased Standard Deviation for Shuffled Viral-Load Timecourses Suggests Correct Sample
Assignment by Participant and Specimen Type. (A) Viral-load timecourses for SA specimens collected from participant B
(black). A “shuffled” timecourse (orange), obtained by randomizing specimen types at every timepoint, is shown in orange.
This “shuffled” timecourse represents data that would be collected if an individual collected the incorrect specimen type
when submitting samples. As in Figure S2, differences between timepoints for both “shuffled” and saliva timecourses were
calculated. However, the timepoint after the one used for SA is selected for the “shuffled” timecourse. (B) Comparisons
between pairwise differences between timepoints were visualized on a heatmap. Background coloring represents the
probability of observing pairwise residuals between the shuffled timecourse and the data from the saliva timecourse.
Probabilities were generated from a normal distribution centered on 0 with a standard deviation (sigma) generated from the
two timecourses. (C) Noise obtained from comparison of timecourses against themselves (blue) and shuffled equivalents
(orange). Noise was estimated for each of the three specimen types for each individual. Estimates of noise from self-
comparisons are statistically significantly from those obtained from comparisons with “shuffled timecourses” (P<0.001).
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Supplemental Figure 4-4. RNase P as a Measure of Sampling Variation for 14 Individuals Enrolled At or Before the
Incidence of Infection. (A) Example longitudinal RNase P Ct measurements from a single individual. o represents the
standard deviation of the RNase P timecourse for a single individual in a single specimen type. (B) RNase P Ct standard
deviations aggregated across specimen types and over all individuals. Horizontal black, green, and orange bars denote
average standard deviations for each specimen type (saliva, SA; anterior-nares swab, ANS; oropharyngeal swab, OPS)
across participants; the purple horizontal bar represents the average standard deviation over all participants and all specimen

types.
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Supplemental Figure 4-5. Pairwise Comparison of Viral-Load Timecourses. (A) As an example, the viral-load timecourses
for saliva and oropharyngeal swab specimens collected from Z144 are shown. To compare two timecourses, first, the
magnitude of the differences between the two timecourses at the same timepoint were calculated. Subscripts refer to time
indices and superscripts refer to specimen types. (B) These differences were visualized on a graph with the x-axis
representing the viral loads of the first timecourse and the y-axis representing the viral loads from the second timecourse.
The line y=x, representing perfect agreement between the two timecourses, is plotted in red and background coloring
represents probability of observing data given the null hypothesis that the two timecourses are equal. Such probabilities are
either estimated from the timecourses themselves (Figure 4-3A) or from noise contained in RNase P data (Figure 4-3B).
(C) Statistical significance of differences between viral-load timecourses. Absolute differences between timecourses were
compared with the magnitude of bootstrapped noise samples and statistical significance was determined via an upper-tailed
hypothesis test. Statistically significant timecourses are depicted in maroon and timecourses that are not significantly
different are depicted in gray.
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Supplemental Figure 4-6. Extreme differences in viral load between specimen types result in low clinical sensitivity to
detect infected persons by any single specimen type (A-C) but improved by combination specimen types (D-G). Heatmaps
show the inferred clinical sensitivity for (A) saliva (SA) specimens alone (B) anterior-nares swab (ANS) specimens alone
and (C) oropharyngeal swab (OPS) specimens alone, throughout the course of the infection (in two-day timebins relative to
the first positive specimen of any type) for varying test LODs. Inferred clinical sensitivity was calculated as the number of
specimens of the given type with viral loads greater than the given LOD, divided by the total number of specimens collected
within that timebin. N indicates the number of specimens for each timebin. Only timepoints where at least one specimen
had a quantifiable viral load (250 copies/mL) are included. (D) Inferred clinical sensitivity of a computationally-contrived
specimen that combines saliva and anterior-nares swab (SA-ANS), (E) anterior-nares—oropharyngeal swab (AN-OPS)
combination, (F) saliva and oropharyngeal swab (SA—OPS) combination, and (G) all three specimen types measured. The
viral load for these contrived combination specimen types is the higher viral load from the specimen types included in the
combination collected by a participant at a given timepoint. SA, saliva; ANS, anterior-nares swab; OPS, oropharyngeal
swab. Four-day timebins are shown in Figure 4-4.
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Supplemental Figure 4-7. Inferred performance of computationally-contrived combination specimen types by averaging
paired single specimen viral loads is similar to taking the maximum viral load of paired single specimen viral loads.
Computationally-contrived combination specimen types were generated by taking a function of the viral loads from paired
single specimen types collected by a participant at a timepoint. Detection of an infected person was inferred if the viral load
in the computationally-contrived specimen type was above the LOD of the assay being used for testing (y-axis). The inferred
clinical sensitivity of a given combination specimen type was calculated as the proportion of specimens inferred to be
detectable at a given LOD over all positive specimen during each phase of the infection relative to the incidence of infection
(x-axis), Each panel provides a heatmap colored by inferred clinical sensitivity when the viral load of computationally-
contrived combination specimen types is calculated as the (A-D) maximum or (E-H) average viral load of paired single
specimen types included in the combination, collected by a participant at a given timepoint. The binomial proportions using
each function were compared with each other for each cell in each heatmap using the one-sided Fisher Exact Test with the
alternative hypothesis that the maximum function would result in greater clinical sensitivity; resulting P-values are provided
for respective cells in (I-L). SA-ANS, saliva—anterior-nares swab combination specimen: AN-OPS, anterior-nares—
oropharyngeal swab combination specimen; SA—OPS, saliva—oropharyngeal swab combination specimen; SA—AN-OPS,
saliva—anterior-nares—oropharyngeal swab combination specimen.
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Supplemental Figure 4-8. Inferred clinical sensitivity to detect presumed infectious individuals by testing single and
combination specimen types using a range of test analytical sensitivities throughout acute, incident infection. For each four-
day timebin relative to the first SARS-CoV-2 positive specimen (of any type), participants were classified as being presumed
infectious if viral load in any specimen type collected at a given timepoint was above an infectious viral load threshold
(shown on the left side for each group of panels). The inferred clinical sensitivity of each specimen type to detect presumed
infectious participants was calculated for each LOD as the number of specimens of that specimen type with a measured
viral load at or above the LOD divided by the total specimen-collection timepoints included that timebin. The value inside
each cell is the inferred clinical sensitivity to detect a presumed infectious person with that specimen type using an assay
with the given LOD during that period of infection. The viral load of computationally- contrived combination specimen
types was taken as the higher viral load of the specimen types included in the combination collected by a participant at a
given timepoint. SA, saliva; ANS, anterior-nares swab; OPS, oropharyngeal swab. Two-day timebins are shown in
Supplementary Figure 4-9.



Infectious Viral Load Threshold

104 copies/mL

105 copies/mL

106 copies/mL

107 copies/mL

7 ™,
(A) SA Alone (B) (C) OPS Alone i
1 N=21 =28 N=21 N=21 N=24 N=22
100 7.2
=& 1 75 0 w 8
557 - 23
ﬁ E n B @
2 g .48 R
[ o RE
w8 F
a8 5 143 Faur 7T 8 gF
oo - w B8
9 - 44 Ti43 5.2 BT EEX] 7857 7143 T1.43 w E 5
S 3{ wmw 7610 095 7083 B5.24 2583 qoal 820 5T .83 7300 7273 o & E
244 = 618 5095 w17 7 8524 a5 scat a9 a043 9028 a 7273 0 =g
T T T T T T T T T T T T T a o
[0-2) [2-4) [4-6) [6-8) [8-10) [0-2) [2-4} [4-8) [6-8) [B-10) [0-2) [2-4) [4-6) [6-8) [8-10)
Timebin Relative to First Positive Result {Days) Timebin Relative to First Positive Result {Days) Timebin Relative to First Pasitive Result (Days)
(D) SA-ANS Combination SA-OPS Combination AN-OPS Combination ‘G) SA-AN-OPS Combination o0
58 0 g f
2E 25
Fa7 Lo m Ey
226 | s s g .18 aass snss 7218 5353 o %g
E 8 5 - 7145 T TTET 7143 85T BdE #0895 750 G655 BE5.71 w524 awes 87.50 a0 =] a
oo _ m BA
g, 4 =0 7613 ss.2t o167 0.1 a5 a0.85 7143 9843 3524 10 e conoe wEDD 10803 100G 10000 o EF
-3
&3] ma wan mm com em ol e o T @ gmm | gmom | e e moon | o | wmen e w B2
244 =a 2040 woce ie@en toomn 96,43 5045 an s 5750 85,30 OO0 1000 10000 10060 cooon WEOD 1003 1000 15000 1eomn LR
T T T T T T T T T T T T T T T T T T T T 0 @
[0-2) [2-4) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8) [8-10) [0-2} [2-4) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8}) [8-10)
. Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result {Days) Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days) /f'
™
(H) SA Alone [{)] ANS Alone {J) OPS$ Alone 1
N=17 N N=19 N=24 N=17  N=21 N=17 -
o =
5 & 1 8 w 5o
28
FET 7 © S
I w B
ifs 56,24 7819 6 @ Zg
585 5524 3040 8947 5 0 g3
asc o T2
oG 4 =» 7547 5412 5040 8947 44 T 7500 2824 W B3
= é 3] T 000 EYRT) a08s w12 95.24 8047 3 BT8O 4000 8412 86,71 7388 20 g §
241 s 0,00 412 5048 aa21 a2 9524 so47 | 2,44 s 2000 100,00 s 24 T388 woEs
T T T T T T T T T T T T T 0 w
[0-2) [24) [46) [6-8) [8-10) [02) [24) [48) [6-8) [8-10) [0-2) [2-4) [46) ) [8-10)
Timebin Relative to First Positive Result (Days) Timehin Relative to First Positive Result {Days) Timebin Relative to First Positive Result (Days)
(K) SA-ANS Combination {L) SA-OPS Combination (M) AN-OPS Combination (N) SA-AN-OPS Combination -
=
58 & -
FE 7 64T 7 70,00 70.59 7 7000 8235 w Gg
@@ w B
2 .g 3 B 24 605 8l & 8500 6412 6 7083 3500 0412 06 24 Ti6R o 22
‘6 8 5 7083 FO.00 B8.24 o042 8547 5 8353 OO0 7058 §5.00 100,00 160,00 5 10000 100,00 100.00 10000 10000 80 g g
§ 5—; 44 @ 75.00 0e.12 o048 8927 a4 @ 6,00 8824 7510 8500 100.0¢ 09,00 180,00 44 s 100,00 10080 120,00 100,00 ;: :% ;:
_% 34 @ H0.00 10000 16600 847 34 wer B .12 g4 821 10000 0.2 000 0000 1o 34w RITIE 0066 [T} 10600 2n g 9,3‘
244 s s wom wcon oo | 244 sses sam woon wmes swar weoo wom weee cooss wcooo | 2,44 e woee s oo mcoo wows
T T T T T T T T T T T T T T T T T T T T v a
[0-2) [2-4} [4-6) [6-8) [B-10) [0-2) 2 [4-6) [6-8) [8-10) [©-2) [2-4) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8) [B-10)
\\ Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days) /‘
e ™
i (0} SA Alone (P) ANS Alone OPS Alone )
N=16 =, N=18 N=17 N=17 N=16 N=20 N=14 100
IR
=8 1 kel mw 5o
=E 38
gE 7 AT m &g
ﬁ E n BaE
2 g THAT B8PS R
a o 2E
535 TBAT 0876 son U286 0 g %
Qo o . . . - w T2
9 B 4 82,35 - 8125 TEAT 10g.on 4000 Er- BR.24. THAT ar.sn To.00 T143 0 E a
8 3] ssa 84T 0375 2000 TBAT 100.00 £5.00 9286 84,12 Eren 5175 fi5.00 BST4 w B 3
2.4 weaz TBAT 0875 so.00 8571 TEAT 100.00 25.00 8288 B4 13 8622 100 5% 8500 B TT R é'
T T T T T T T T T T T T T T o o
[0-2} [2-4) [4-6) [€-8) [8-10) [0-2} [2-4) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8) [8-10)
Timehin Relative to First Positive Result {Days) Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days)
(R) SA-ANS Combination SA-OPS Combination AN-OPS Combination (U) SA-AN-OPS Combination o
8 a708 : It E &
FE7 mar s sz e sear wzas m By
T 3
ﬁ g B TEAT B3.TS BT HZ2.86 5238 100.00 100, 7a0.00 BS.71 6 10000 100,00 100.00 100.00 100.00 :; g E
%85 a7 75 s0co sza8 0.5 1weoD  foooy e ceod 18900 B4 o woee conee teon toooo 50 5 3
2 E, 4 az55 10000 ance 5288 B235 BT.5e 500 7143 1eDD 10009 tonee copda 1eeon 44 wem  woce conce teeon toom :: % ;:
- 2 34 wn e wamn 1eeon w288 e a7 s5.00 az in wepe 0B nge comen igaan 3 s wmes wece w0 eomn w E @
24 e m oom e o Mz om mos 26 wom  woss e oamn wwom | 2.4 wese  wmee smoe wcom tom 0o g
T T T T T T T T T T T T T T T T T T T T n @
[0-2) [2-4) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8) [8-10)
'\ Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days)
, =
v) SA Alone (w) ANS Alone (x) OPS Alone
N=14__N=11 N=14__N=11 N=14___N=14 -
o
<& ! w 5o
FE7 8258 THAT 2102 #500 w o g
w® wm Be
0n o
2%6 9285 100.00 2102 10000 o 2 @
585 9286 100,00 5001 10000 500 0 43
asc o B2
oG4 s 5571 2,85 100,00 9001 10000 71.43 2571 8162 e w B3
= é 3 BETI azae a0 92,85 100.00 50.01 10000 8571 4286 ) e 20 g §
2.4 =23 8571 208 00%1  100co 02.86 100.00 5001 woce | 2. 221 8571 w0 conog foeon -
T T T T T T T T T T T T T T 0 @
[0-2) [2-4) [4-6) [6-8) [8-10) [0-2) [24) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8) [8-10)
Timebin Relative to First Positive Result {Days) Timehin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days)
{¥) SA-ANS Combination ] SA-OPS Combination (AA) AN-OPS Combination (AB)  sa-AN-0PS Combination mn
- 8 8 8 7143 a0 E f‘
FE7 2260 9256 5182 100.99 7] w2 10093 a5 00.00 7500 74 tooso  dmoos 10000 ico00  fo0go w g B
w u 7 F
2 % [3 02 86 100.00 182 100,00 ] 452 100.00 100,00 00.00 160.00 64 w000 100,00 10000 160,00 100.00 ;: g E
E 8 5 02 02 86 100.00 o091 100.20 -- TE73 7500 5 10C.00 100.00 100,00 20.00 160,00 5 10000 100,00 100.00 16000 10000 Ll § 3‘_
o ‘c_; 44 wn 92.86 10200 2091 100.00 78.57 8671 8182 10060 4 eooo wome 0000 (000 g0 44 wooo  tmoge 10006 16000 10000 :; g3
=)
_—?_ 3 g2 0000 REEsil} oo RO Liov 2.4 .00 100,00 3 RRT QLT AU “00.ue 1o 3 QLR RILINE 100,00 10w AL 20 g g
244 wuce  ameee oo oo 100 | 2.4 u5.77 oo toweo  woce | 2,44 oo wem woee  woss oo | 244 oo wee tenge tcom taemo woEs
T T T T T T T T T T T T T T T T T T T T v w
[0-2) [2-4) [4-6) [6-B) [B-10) [0-2) [24) [4-6) [6-8) [8-10) [0-2) [24) [4-6) [6-8) [8-10) [0-2) [2-4) [4-6) [6-8) [B-10)

\

i Timebin Relative to First Positive Result (Days)

Timebin Relative to First Positive Result {Days) Timebin Relative to First Positive Result (Days) Timebin Relative to First Positive Result (Days})




133
[Figure on prior page] Supplemental Figure 4-9. Inferred detection of presumed infectious individuals by single and
combination specimen types and varying test analytical sensitivity throughout acute infection. For each two-day timebin
relative to the first SARS-CoV-2 positive specimen (of any type), participants were classified as being presumed infectious
based on whether the viral load in any specimen type collected at a given timepoint was above an infectious viral-load
threshold (shown on the left side for each group of panels). The inferred clinical sensitivity of each specimen type to detect
presumed infectious participants was calculated for each LOD as the number of specimens of that specimen type with a
measured viral load at or above the LOD. The viral load of computationally-contrived combination specimen types was
taken as the higher viral load of the specimen types included in the combination collected by a participant at a given
timepoint. SA, saliva; ANS, anterior-nares swab; OPS, oropharyngeal swab. Four-day timebins are shown in
Supplementary Figure 4-8.

Supplemental Table 4-1. Summary of the demographics, medical information, and vaccine history for the 14-participant
cohort. Detailed information by participant can be found in Supp. Table 4-5.

Sex*
Male 7 50.0%
"""""""""""" Female | 7 500%
Age
6-11 2 14.3%
"""""""""""" 1217 | 1 T7a%
"""""""""""" 1829 | 2 1a3%
"""""""""""" 3039 | 3 214%
"""""""""""" a049 | a4 286%
"""""""""""" 5059 | 2 143%
Race
________________________ White Ao T788%
‘‘‘‘‘‘‘‘ Asianor Pacificlslander | 1o TY%
Multiple Races 2 14.3%
Ethnicity
______________________ Hispanic | 2 | 143%
Non-Hispanic 12 85.7%
Tobacco Smoker or Vape User History
Current 0 0.0%
 Former | 2 143% |
“““““““““ Neer | 12 857%
Active Medications and Supplements
Vitamins/Supplements 6 42.9%
Acetaminophen/NSAIDs 3 21.4%
Allergy medications/Antihistamines 2 14.3%
Antibiotics/Antivirals 1 7.1%
Medical Comorbidities
Asthma 1 7.1%
Anxiety or Depression 2 14.3%
Diabetes 1 7.1%
Overweight/Obesity 6 42.9%
Gl condition 2 14.3%
SARS-CoV-2 Vaccination Status
__PartiallyVaccinated | 1 7%
. Completedvaccination | 5 357%
Fully vaccinated and boosted 8 57.1%
No SARS-CoV-2 vaccines reported 0 0.0%

*Participants were asked to report both sex at birth and current
gender identity; all participants in this cohort responded cis-gender

identities to sex at birth
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Supplemental Table 4-2. The Number of Presumed Infectious Specimens as a Factor of Specimen Type and Infectious
Viral-Load Threshold.

Specimen Type(s)

No. Presumed Infectious Specimens (%) by Infectious Viral Load

10* copies/mL 10° copies/mL 108 copies/mL 107 copies/mL
SA Only 7 (4.4%) 7 (5.3%) 6 (6.5%) 6 (11%)
SA & NS 6 (3.9%) 8 (6%) 5 (5.4%) 3 (4.3%)
SA & OPS 15 (8.8%) 8 (6%) 3 (3-2%) 1 (2.9%)
SA & NS & OPS 45 (32%) 24 (20.7%) 9 (9.7%) 3 (4.3%)
NS & OPS 12 (11%) 14 (15%) 12 (12.9%) 4 (7.1%)
NS Only 42 (27%) 43 (31.3%) 41 (44.1%) 29 (51%)
OPS Only 23 (13%) 21 (16%) 17 (18.3%) 13 (19%)
Total (100%) 150 (100%) 93 (100%) 70 (100%)

Supplemental Table 4-3. Times from First Positive by Any Specimen Type to First Viral Load Above Infectious Viral-
Load Thresholds (IVLT) of 104, 10°, 10°, 107 copies/mL, and to First Timepoint with All Specimen Types Below IVLT.

Figure 2 Reference

Time First Detected

Time to First

Time to Non-

Time to Infectious

Time to Non-

IVLT = 107 from Enrollment Infectious from Infectious from from First Positive Infectious from First

copies/mL (Days) Enrollment (Days) Enrollment (Days) (Days) Positive (Days)

A 5.25 No Samples Above No Samples Above No Samples Above No Samples Above
IVLT IVLT IVLT IVLT

B 3.36 441 12.4 1.05 9.00

C 0.84 7.31 8.30 6.47 7.46

D 0.92 4.36 18.4 3.45 17.5

E 3.33 No Samples Above No Samples Above No Samples Above No Samples Above
IVLT IVLT IVLT IVLT

F 5.41 No Samples Above No Samples Above No Samples Above No Samples Above
IVLT IVLT IVLT IVLT

G 15.3 16.4 234 1.03 8.07

H 4.27 5.30 15.2 1.02 11.0

I 2.00 5.41 10.5 3.41 8.51

J 0.88 3.36 8.29 2.48 7.41

K 0.77 3.39 9.38 2.62 8.60

L 1.01 2.49 10.7 1.48 9.64

M 0.90 0.90 11.3 0.00 104

N 0.86 1.30 5.32 0.44 4.47

Figure 2 Reference Time First Detected Time to First Time to Non- Time to Infectious Time to Non-

IVLT =106 from Enrollment Infectious from Infectious from from First Positive Infectious from First
copies/mL (Days) Enrollment (Days) Enrollment (Days) (Days) Positive (Days)
A 5.25 12.3 18.4 7.07 13.2

B 3.36 4.41 14.3 1.05 11.0

C 0.84 7.31 9.37 6.47 8.53

D 0.92 4.36 29.2 3.45 28.3

E 3.33 10.4 14.4 7.05 11.1

F 5.41 7.42 10.5 2.01 5.11

G 15.3 16.4 24.4 1.03 9.06

H 4.27 5.30 15.2 1.02 11.0

| 2.00 5.41 10.5 3.41 8.51

J 0.88 2.28 10.4 1.41 9.47

K 0.77 1.41 10.4 0.63 9.60

L 1.01 2.49 10.7 1.48 9.64

M 0.90 0.90 11.3 0.00 10.4

N 0.86 1.30 5.32 0.44 4.47
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Figure 2 Reference

Time First Detected

Time to First

Time to Non-

Time to Infectious

Time to Non-

IVLT = 10° from Enroliment Infectious from Infectious from from First Positive Infectious from First
copies/mL (Days) Enrollment (Days) Enrollment (Days) (Days) Positive (Days)
A 5.25 7.36 18.4 2.11 13.2

B 3.36 3.36 154 0.00 12.0

C 0.84 2.40 10.4 1.56 9.55

D 0.92 3.34 29.2 2.42 28.3

E 3.33 104 14.4 7.05 11.1

F 541 7.42 10.5 2.01 5.11

G 15.3 16.4 28.3 1.03 13.0

H 4.27 5.30 16.3 1.02 12.0

[ 2.00 3.87 10.5 1.87 8.51

J 0.88 1.30 14.3 0.42 134

K 0.77 141 104 0.63 9.60

L 1.01 1.37 12.8 0.37 11.8

M 0.90 0.90 15.3 0.00 14.4

N 0.86 0.86 5.32 0.00 4.47

Figure 2 Reference Time First Detected Time to First Time to Non- Time to Infectious Time to Non-

IVLT = 10* from Enrollment Infectious from Infectious from from First Positive Infectious from First
copies/mL (Days) Enrollment (Days) Enrollment (Days) (Days) Positive (Days)
A 5.25 6.29 19.4 1.04 14.1

B 3.36 3.36 21.4 0.00 18.0

C 0.84 2.4 11.3 1.56 10.5

D 0.92 3.34 29.2 2.42 28.3

E 3.33 6.38 14.4 3.04 11.1

F 5.41 7.42 12.5 2.01 7.04

G 15.3 16.4 28.3 1.03 13.0

H 4.27 5.30 16.3 1.02 12.0

| 2.00 2.00 10.5 0.00 8.51

J 0.88 1.30 14.3 0.42 13.4

K 0.77 0.77 11.4 0.00 10.6

L 1.01 1.01 13.7 0.00 12.7

M 0.9 0.90 15.3 0.00 14.4

N 0.86 0.86 8.4 0.00 7.53

Supplemental Table 4-4. Statistical comparisons of inferred clinical sensitivity drawn from Figure 4-7. For select
comparisons (across specimen types, assay LODs, infection stages/timebins, or IVLTSs), the comparison is stated, along
with the inferred clinical sensitivity (with 95% Confidence Intervals), statistical method, and significance of the difference.
Index is referenced in the main text. Bolded cells in each row indicate the groups being compared. Values under Contingency
Table indicate number of specimens. "Infectious" indicates timepoints from individuals with a viral load in any specimen
type above the infectious viral-load threshold listed in parentheses. Test Methods: A- Lower-Tailed McNemar Exact Test,
B- Upper-Tailed McNemar Exact Test, C- Two-Tailed McNemar Exact Test, D- Lower-Tailed Fisher Exact Test. SA,
saliva; ANS, anterior-nares swab; OPS, oropharyngeal swab; AN-OP, anterior-nares—oropharyngeal combination swab;
SA-ANS, saliva—anterior-nares combination specimen; SA—OPS, saliva—oropharyngeal swab combination specimen; SA—

ANS-OPS, saliva—anterior-nares—oropharyngeal swab combination specimen.
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Supplemental Table 4-5. Demographic and Medical Information for the Participants Shown in Figure 4-3. SARS-CoV-2
variant was determined by ANS swab in all cases except individual (B) who had low ANS viral loads so viral load was
sequenced from a throat swab. The variant for participant () is inferred from the household index case.

Status on enrollment Months* since vaccine # c bidities/ A
Fig3 Active Medicati °m°rd'. 'I'es Genderts ge 0 Ethnicity | SARSCOV-2
panel | Saliva | Throat | Nasal 1st 2nd 3rd ctive Medications me.|.ca ender** | range (in ace thnicity Variant
PCR PCR PCR dose dose dose conditions years)
(A) neg neg neg | 9[M] | 8[M] | <2 [M] n/a n/a male 40-49 White . not X Omicron
Hispanic BA.1.1
obesity, Gl
(B) neg neg neg | 11 ] | 3[P] none PPI, vitamin/ cont.iltlon, female 30-39 White . not . Omicron
supplement anxiety or Hispanic BA.1.1
depression
(C) inc neg neg | <1[P] | none none acetaminophen n/a male 6-11 Multiple . not . Omicron
Races Hispanic BA.1.1
Asian or .
(D) 10[M]| 9[M] | 2[M] o | 30-39 Pacifi not Omicron
neg neg neg none obesity male - acific Hispanic BA11
Islander
allergy medication;
acetaminophen,
(E) S11P]| <10 p1| <3 ey | 2Mtinistamine, besi female | 30-39 | White |Hispanic|Omicron BA.1
neg neg neg . obesity emale ite ispanic [Omicron BA.
phenylephrine HCI,
doxylamine
vitamin/ . not Omicron
(F) neg neg neg | 10[P] | 9[P] none n/a female 18-29 White . X
supplement Hispanic BA.1.1
itami t Omi
(G) | neg | neg | neg | <2[P] | <1 [P] | none vitamin/ n/a male 6-11 white | " micron
supplement Hispanic BA.1.1
itami t Omi
(H) | neg | neg | neg |10(mM]| 9[m] | 2[M] Y n/a female | 40-49 | wWhite | " | CTheron
supplement Hispanic BA.1.1
) 100 | 9p) antibiotic, vitamin/ besi | 1829 | White |Hispani BAolnIC('mg
ne - .
g neg neg none e obesity male ite ispanic index
case)
. vitamin/ anxiety or . not Omicron
(J) pos pos inc 9[M] | 8[M] | <2[M] . female 40-49 White . i
supplement depression Hispanic BA.1.1
t Omi
(k) | pos | pos | inc |95[MmI|85[M]| 051P] NSAID n/a male | 40-49 | white | " micron
Hispanic BA.1.1
diabetes, high
allergy medication, blood
L 11(p] | 100P1 | 2(P) dljbe:'es ety | female | sose | Multple | ot | omicron
pos pos pos medication, obesity, emale - O [ BA11
cholesterol asthma, sleep
medication apnea, Gl
condition
oveweight, .
(M) os pos neg | 10 [M]| 9 [M] 2 [M] SSRI anxiety or male 50-59 White not Omicron
£ i Hispanic| BAL.1
depression
(N) pos neg pos 5 [P] 4[P] none none n/a female 12-17 White . not . Omicron
Hispanic BA.1.1

* Months from vaccine date are given relative to enroliment date

# Vaccine abbreviations: [P], Pfizer-BioNTech COVID-19 Vaccine (COMIRNATY); [M], Moderna COVID-19 Vaccine
(Spikevax); [JJ], Johnson & Johnson

NQ, not quantifiable; viral load was below the test LOD (250 SARS-CoV-2 RNA copies/mL)

** Participants were asked to report both sex at birth and current gender identity; all participants in this cohort responded
cis-gender identities to sex at birth
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Chapter 5

THE RATIO BETWEEN SARS-COV-2 RNA VIRAL LOAD AND CULTURABLE VIRAL
TITER DIFFERS DEPENDING ON STAGE OF INFECTION

This chapter was originally published in Porter MK, Viloria Winnett A, Hao L, Shelby N, Reyes JA, Schlenker
NW, Romano AE, Tognazzini C, Feaster M, Goh YY, Gale M, Ismagilov RF. The ratio between SARS-CoV-2
RNA viral load and culturable viral titer differs depending on stage of infection (Nov 2023). Access
Microbiology._https://doi.org/10.1099/acmi.0.000732.v1.
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Abstract
Analysis of incident, longitudinal RNA viral loads in saliva and nasal swabs and culturable viral titers in nasal swabs
collected twice-daily by a tricenarian male infected with SARS-CoV-2 revealed the ratio between viral load and
viral titer can be five orders of magnitude higher during early infection than late infection.

Introduction

Throughout the COVID-19 pandemic, the relationship between the detection of viral RNA and replication-
competent virus has been used as guiding evidence for infection-control strategies. For example, studies suggesting
that low viral load specimens are unlikely to have observable replication-competent virus (1) were used to argue
that low-analytical-sensitivity antigen tests (which only detect high viral loads (2)) would more specifically identify
infectious individuals (3, 4). Additionally, the lack of replication-competent virus in specimens collected more than
a week after symptom onset (5-10) was used as evidence to release individuals from isolation despite persistently
detectable viral RNA (11).

Assessment of replication-competent virus in clinical specimens is technically challenging (12) and therefore not
routinely performed to determine whether an individual is infectious. Rather, the studies which have generated viral-
culture data are often applied broadly to guide infection-control strategies (13). However, the design of such studies
influences the data, conclusions, and resulting policies.

Many studies that assess presence of replication-competent virus in specimens from individuals with SARS-CoV-2
infection are primarily cross-sectional, include data from only one specimen type, and are biased toward specimens
collected late in the course of infection (e.g., after symptom onset) (4, 14—18). However, during the earliest phase
of infection, detection of infected individuals can help reduce subsequent transmission (19, 20) and improve clinical
outcomes (21). Few studies report viral loads starting from the incidence of acute SARS-CoV-2 infection (13, 22—
29), and of these, few report both viral-load and viral-culture data (25, 27). If studies of replication-competent virus
during SARS-CoV-2 infection are insufficiently representative of early infection, resulting infection control policies

may not be optimally effective.

As part of the Caltech COVID-19 Study (23, 24, 30), we attempted to fill this gap by capturing both viral load and
viral titer measurements longitudinally from the incidence of acute SARS-CoV-2 infection in a subset of participants
at risk of becoming infected. Within this subset, one individual was found to have incident infection with the B.1.243

lineage of SARS-CoV-2 while enrolled and collecting twice-daily specimens, from which we measured both
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anterior-nares (nasal) swab viral load and viral titer. This participant also collected saliva specimens for viral-load

measurements. SARS-CoV-2 N gene viral loads and human RNaseP marker Cq values in saliva and nasal swab
specimens from this individual (Participant AC) have previously been reported (30). Here, we provide additional
quantifications of SARS-CoV-2 E and RdRp gene viral loads and viral-titer measurements from this participant’s
nasal-swab specimens to investigate the relationship of RNA viral load and infectious virus longitudinally from the

incidence of naturally acquired infection.

Results

We report the case (Figure 5-1A) of a 30—39-year-old male (Participant AC), who does not smoke/vape and is
otherwise healthy (no chronic medical conditions and self-reported health as “very good”). The participant did not
report evidence of prior SARS-CoV-2 infection nor receipt of any SARS-CoV-2 vaccine doses. The participant
reported taking Vitamin C and fish oil supplements, and no other medications. In late-January 2021, six days prior
to enrollment in this study, the participant reported exposure to SARS-CoV-2. Three days prior to enrollment, the
participant began experiencing a sore throat, but two days prior to enrollment tested negative on an outpatient, non-
rapid nasopharyngeal test. At this time, a household contact of Participant AC (Participant AB, Figure 5-S1) tested
positive, prompting eligibility of Participant AB and AC for enrollment in this study.

Upon enrollment, Participant AC had detectable and rising salivary viral loads, but was negative in anterior-nares
nasal-swab specimens collected over the next day. During this time, the participant remained symptomatic with only
a sore throat. In the subsequent day the participant developed shortness of breath and low (<10°copies/mL) nasal
viral loads without replication-competent virus detected by culture. After this point, the participant’s nasal swab
specimens achieved high (>107 copies/mL) viral loads and high (>10° TCID50/mL) viral titers for approximately
three days before gradually declining. Throughout this time, headaches, cough, congestion, change in taste/smell,

muscle aches, and one event of severe nausea were reported, all of which resolved before completion of enroliment.

Cross-sectional SARS-CoV-2 viral loads from different gene targets in nasal swab specimens correlated closely
with each other (Figure 5-1A, Figure 5-S2A) and the relationship between viral loads from different gene targets
remained proportional throughout the course of infection (Figure 5-S2B). Cross-sectional analysis of viral load and
viral titer revealed that only high viral load nasal swab specimens (>108 N cp/mL) would contain replication
competent virus (Figure 5-1B). Additionally, saliva viral load is less distinguishable between samples with and
without replication competent virus in nasal swab specimens (Figure 5-1B). However, longitudinal analysis
revealed that the ratio of nasal swab viral load and viral titer changed by over five orders of magnitude throughout
the course of acute infection (Figure 5-1C). This relationship indicates that RNA viral load alone, without
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considering infection stage, may not represent whether a specimen or a person is likely to be infectious or not.

Discussion

High-frequency nasal swab and saliva sampling from the incidence of infection, and paired measurements of viral
load and viral titer in nasal swab specimens revealed four key findings uniquely enabled by this study design.

First, saliva exhibited higher N gene viral loads than in nasal swabs for approximately the first two days of incident
infection, after which nasal swab viral loads rose and remained subsequently higher than saliva viral loads. This
supports previous observations that SARS-CoV-2 often presents first in oral specimen types before anterior nares
swabs (23, 24), and that testing a single specimen type (e.g., nasal swabs) may yield false negative results during

early infection.

Second, replication-competent virus was observed in nasal swabs at many timepoints when saliva viral loads were
low. This suggests that the low viral load of one specimen type is not necessarily indicative of the absence of

replication-competent virus in another specimen type.

Third, nasal-swab viral-load measurements from different gene targets (N, E, and RARP genes) correlated strongly
with each other longitudinally, such that measurement of any one viral RNA target was indicative of other viral
RNA targets (31).

Fourth, we note that the ratio between RNA viral load and culturable viral titer in nasal swabs decreased substantially
(greater than five orders of magnitude) through the first week of infection. Cross-sectional analyses of data from
Participant AC and in other studies (4, 15, 18, 25, 32) have suggested a correlation between viral load and the
presence of infectious virus. However, these cross-sectional analyses overlook that the relationship between viral
load and infectious virus is dynamic, and that early viral loads are more indicative of viral titer than viral loads later
in the infection. Therefore, earlier in the infection, individuals with lower viral loads could actually be more

infectious than expected based on cross-sectional data.

Data from a SARS-CoV-2 human challenge study (25) supported these conclusions (Figure 5-S3). In that study, 36
human participants were inoculated intranasally with 10 TCIDsg virus, and 18 participants had subsequent sustained
detectable infection. We reanalyzed longitudinal nasal swab viral load and viral culture data graciously provided by
the study authors to compare to what was observed in Participant AC’s naturally acquired infection. Indeed, among

specimens with replication-competent virus, the average ratio between viral titer and viral load at each timepoint
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after inoculation decreased by nearly four orders of magnitude in the five days following inoculation.

Taken together, these results caution against conclusions about infectiousness that assume a constant ratio of RNA
viral load and culturable viral titer, commonly inferred based on cross-sectional data or from single specimen types
(4, 33-35). Assuming a constant ratio of RNA viral load and culturable viral titer may not reflect early infection or
all anatomical sites from which transmissible virus can be shed, and therefore may be suboptimal evidence for public
health policies that seek to reduce transmission.

We acknowledge three main limitations. First, data are from a single unvaccinated person with acute SARS-CoV-2
B.1.243 infection, prior to the availability of COVID-19 vaccines and the emergence of currently circulating
variants. Infection characteristics may exhibit substantial person-to-person variation, and vaccination status and/or
viral variant may affect the relationship between viral load and viral titer (36). Second, Participant AC collected
saliva specimens in a preservation buffer that precluded the ability to perform viral culture, thereby prohibiting
inferences on the relationship between saliva viral load and viral titer, or saliva viral titer and nasal viral titer. Third,
the lack of detection of replication-competent virus by viral culture may not reflect a true absence of replication-
competent virus in the specimen or shedding of infectious virus by the individual as specimen collection, handling,
and storage affect virion viability (37, 38). Moreover, both the methods of attempted viral culture and viral
characteristics can affect the analytical sensitivity to detect replication-competent virus (39). Therefore, it is possible
that replication-competent virus was present in the first two nasal-swab specimens with detectable viral RNA

collected by this participant, but at a concentration below the LOD by viral culture.

The data presented here is rare and challenging to obtain. We hope that similar datasets of viral load and viral titer
in paired specimen types collected longitudinally starting from early infection can be made accessible for meta-

analysis and guide optimized public health strategies that reduce the burden of SARS-CoV-2 or other pathogens.
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Figure 5-1. The viral load and viral titer trajectories from a single study participant from the incidence of infection. (A) A
timeline of Participant AC’s infection is shown with notable case events (exposure, symptom onset, study enrollment), as
well as SARS-CoV-2 viral loads in saliva (circles) and anterior-nares nasal swabs (triangles) on the left y-axis, and SARS-
CoV-2 viral titer (Iogio TCIDso/mL) on the right y-axis. Human RNaseP Cqg values are shown as a measure of sampling
consistency and specimen RNA integrity. (B) Cross-sectional relationship of SARS-CoV-2 viral load (logio N copies/mL,
y axis) in nasal swab specimens (triangles) or saliva specimens (circles) based on whether viral culture positivity (yellow)
of the nasal swab from the same timepoint. Black horizontal bars indicate median viral load. (C) For specimens with
detectable viral titer and viral load, the ratio of viral titer (TCIDso/mL) over N gene viral load (copies/mL) in nasal swab
specimens collected by the participant is plotted through days of enrollment. The open symbol indicates a specimen with
detectable but not quantifiable viral titer, for which 100 TCIDso/mL was imputed. ND, not detected.
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Methods

Participant consent statement
This COVID-19 household transmission study was approved under California Institute of Technology Institutional

Review Board under protocol #20-1026, as previously described (23, 30).

Study design and specimen collection

Enrolled participants began self-collecting saliva and nasal swab specimens immediately upon receipt of specimen
collection materials at enrollment, and then each subsequent morning (immediately after waking), and evening
(prior to bed). Participants self-collected anterior-nares nasal swabs in Nest VTM (catalog no. NST-NST-202117;
Stellar Scientific, Baltimore, MD) and saliva specimens in the Spectrum SDNA-1000 Saliva Collection Kit
(Spectrum Solutions LLC, Draper, UT). Study participants were instructed not to eat, smoke, chew gum, or brush
their teeth for at least 30 min prior to collection and were asked to gently blow their noses before nasal swabbing
(four complete rotations with gentle pressure in each nostril) with sterile flocked swabs. Specimens were transported
daily by medical courier to the Caltech laboratory for analysis. Additional reagent information is tabulated in Table
S1.

Nucleic acid extraction, quantification of viral load by RT-gPCR, and viral variant determination

Nucleic-acid extraction was performed as previously described (23). Conversion from RT-gPCR Cq to viral load
(in copies/mL) was determined via calibration curves, reported for N gene previously (23), and built for E and RdRP
gene using standard positive controls (IDT 10006896, IDT 10006897):

38.241-Cq
E[ ]—2 0.9841

39.085-Cq
RdARP [u_L] = 27 0.8981

Nucleic acids extracted from the seventh saliva and nasal swab specimens collected by the participant underwent

viral sequencing and variant determination as previously described (23).

Measurement of viral titer

Tissue culture infection dose to infect 50% of test cultures (TCIDsp) assay was performed to measure the viral titer
in VTM samples. Briefly, 500 ul VTM sample was filter-cleaned with a spin column (CLS-8160, Corning). VeroE6
cells ectopically expressing human ACE2 and TMPRSS2 (VeroE6-AT cells; a gift from Dr. Barney Graham,

National Institutes of Health, Bethesda MD) were seeded confluent in a 96-well plate, after replacing the seeding
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medium with 90 pL of assay medium (Dulbecco’s Modified Eagle Media (DMEM) + 2% heat inactivated Fetal

Bovine Serum (FBS) + 10 mM HEPES + 1% Penicillin/Streptomycin), 10 pL of filtered VTM sample was added
to the first row of the plate as the starting inoculation. Then, 10-fold serial dilutions were performed in the second
through seventh rows, leaving the eighth row as the negative control. Each sample was tested with five replicates.
Cells were fixed with 10% formaldehyde and stained with 1% crystal violet three days post infection. Digital

photographs were taken, and cell death indicated by clear areas in a well, were scored to calculate TCIDso.
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Supplementary Information
Supplemental Table 5-1. Reagent list. Table includes all reagents utilized in this study.

Step ReagentName Description Manufacturer |Catalogue
Number
Specimen Spectrum SDNA1000 For at-home collection of spit Spectrum | SDNA1000
Collection Saliva Collection Device |[saliva into a guandinium- Solutions LLC
thiocyanate based preservation
buffer
Specimen NEST Scientific 10mL  [For at-home collection of nasal Stellar NST-NST-
Collection Sterile Screw-Cap swab specimens into media that | Scientific 202117
Transport Tube with 3mL [maintains live virions
VTM
Nucleic Acid  [MagMAX™ For extraction of nucleic acids | ThermoFisher | A42352
Extraction Viral/Pathogen Nucleic  [from clinical upper respiratory Scientitif
Acid Isolation Kit specimens
\iral Load TagPath™ COVID-19 For RT-gPCR measurement of | ThermoFisher | A47814
Quantification |Combo Kit human RNaseP and SARS- Scientific
CoV-2 N gene
Viral Load Heat-inactivated SARS-  [Extraction control and standard BEI NR-52286
Quantification [CoV-2 2019-nCoV/USA- [for RT-gPCR quantification
WAL1/2020
\Viral Load 2019-nCoV_E Positive  |Standard for RT-qgPCR IDT 10006896
Quantification |Control guantification
Viral Load 2019-nCoV_RdRp Standard for RT-qPCR IDT 10006897
Quantification |(ORFlab) Positive quantification
Control
Viral Load E Sarbeco F1 Forward |Forward primer for RT-gPCR IDT 10006888
Quantification [Primer, 50 nmol measurement of SARS-CoV-2
E gene
\Viral Load E Sarbeco R2 Reverse |Reverse primer for RT-gPCR IDT 10006890
Quantification |Primer, 50 nmol measurement of SARS-CoV-2
E gene
Viral Load E_Sarbeco_P1 (FAM) Probe for RT-gPCR IDT 10006892
Quantification |Probe, 25 nmol measurement of SARS-CoV-2
E gene
Viral Load RARP_SARSr_F2 Forward primer for RT-gPCR IDT 10006860
Quantification [Forward Primer, 50 nmol [measurement of SARS-CoV-2
RdRp gene
\Viral Load RARP_SARSr_R1 Reverse primer for RT-gPCR IDT 10006881
Quantification |[Reverse Primer, 50 nmol [measurement of SARS-CoV-2
RdRp gene
Viral Load RARP_SARSr_P2 (SUN) [Probe for RT-qgPCR IDT 10007063
Quantification [Probe, 25 nmol measurement of SARS-CoV-2
RdRp gene
Viral Culture  |Culture Media DMEM Fisher MT10013CV
2%FBS (heat inactivated) Scientific SH30071.03
1% Penicillin-Streptomycin Fisher MT30002ClI
1% HEPES (1M) Scientific MT25060ClI
\Viral Culture  (Cell Line VeroE6-AT /A gift from Dr.
Barney Graham
(NIH)
1% crystal violet Sigma_Aldrich [C-6158
\Viral Culture  [Stain for Readout 20% Ethanol Fisher 4355222
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Supplemental Figure 5-1. The viral load and viral titer trajectories from a single study participant from the incidence of
infection. A timeline of this participant’s infection is shown with notable case events (e.g., exposure, positive
nasopharyngeal outpatient test, study enrollment), as well as SARS-CoV-2 viral loads (log10 copies/mL) in saliva (circles)
and anterior nares nasal swab (triangles) on the left y-axis, and SARS-CoV-2 viral titer (log10 TCID50/mL) on the right y-
axis. Human RNaseP Cq values are shown as a measure of sampling consistency and specimen RNA integrity. ND, not

detected.
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Supplemental Figure 5-2. Swab viral loads measured from N, E, and RARP genes remain constant with respect to each
other through the course of infection. (A) The viral load from one gene is plotted on the y axis with respect to another gene
comparing RdRP and E genes (blue triangle), E and N genes (green triangles), and RARP and N genes (tan triangles). (B)
The ratios of viral loads are plotted over days post-enroliment for RORP and E genes (blue triangle), E and N genes (green
triangles), and RARP and N genes (tan triangles). Viral loads that were not detected were omitted from analysis. ND, not

detected.
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Supplemental Figure 5-3. Longitudinal ratio of viral titer to viral load from participants in SARS-CoV-2 human challenge
study. As part of a SARS-CoV-2 human challenge study performed in (1), participants were inoculated intranasally with 10
TCIDsp virus. Eighteen participants had subsequent sustained detectable infection in nasal swab and throat swab specimens
collected daily after inoculation. Viral load and viral culture data from these specimens was graciously provided by the
authors of this study. We plotted the log10 transformed ratio of viral titer to viral load in nasal swabs, for all specimens with
replication competent virus, by the time from inoculation (green triangles). Green line represents the average logl0
transformed ratio of viral titer to viral load among culture-positive nasal swab specimen, for each day following
inoculation.
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Brown, J., Frise, R. and Smith, E., 2022. Safety, tolerability and viral kinetics during SARS-CoV-2 human
challenge in young adults. Nature Medicine, 28(5), pp.1031-1041.
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Chapter 6

DAILY SARS-COV-2 NASAL ANTIGEN TESTS MISS INFECTED AND PRESUMABLY
INFECTIOUS PEOPLE DUE TO VIRAL-LOAD DIFFERENCES AMONG SPECIMEN
TYPES

This chapter was originally published in Viloria Winnett A*, Akana R*, Shelby N*, Romano AE, Davich H,
Caldera S, Kim MK, Carter AM, Yamada T, Reyna JR, Ji J, Reyes JA, Cooper MM, Thomson M, Tognazzini C,
Feaster M, Goh Y'Y, Ismagilov. Daily SARS-CoV-2 Nasal Rapid Antigen Testing Poorly Detects Infected and
Infectious Individuals (March 2023). Microbiology Spectrum. https://doi.org/10.1128/spectrum.01295-23.
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Abstract
In a recent household-transmission study of SARS-CoV-2, we found extreme differences in SARS-CoV-2 viral

loads among paired saliva, anterior-nares swab (ANS) and oropharyngeal swab specimens collected from the
same timepoint. We hypothesized these differences may hinder low-analytical-sensitivity assays (including
antigen rapid diagnostic tests, Ag-RDTSs) using a single specimen type (e.g., ANS) from reliably detecting infected
and infectious individuals. We evaluated a daily at-home ANS Ag-RDT (Quidel QuickVue) in a cross-sectional
analysis of 228 individuals and in a longitudinal analysis (throughout infection) of 17 individuals enrolled early
in the course of infection. Ag-RDT results were compared to RT-qPCR results and high, presumably infectious
viral loads (in each, or any, specimen type). The ANS Ag-RDT correctly detected only 44% of timepoints from
infected individuals on cross-sectional analysis, and in this population had an inferred limit of detection of 7.6x10°
copies/mL. From the longitudinal cohort, daily Ag-RDT clinical sensitivity was very low (<3%) during the early,
pre-infectious period of the infection. Further, the Ag-RDT detected <63% of presumably infectious timepoints.
The poor observed clinical sensitivity of the Ag-RDT was similar to what was predicted based on quantitative
ANS viral loads and the inferred limit of detection of the ANS Ag-RDT being evaluated, indicating high-quality
self-sampling. Nasal Ag-RDTs, even when used daily, can miss individuals infected with the Omicron variant
and even those presumably infectious. Evaluations of Ag-RDTs for detection of infected or infectious individuals
should be compared with a composite (multi-specimen) infection status to correctly assess performance.
Importance

We reveal three findings from a longitudinal study of daily nasal antigen rapid-diagnostic test (Ag-RDT)
evaluated against SARS-CoV-2 viral-load quantification in three specimen types (saliva, nasal-swab, throat-
swab) in participants enrolled at the incidence of infection. First, the evaluated Ag-RDT showed low (44%)
clinical sensitivity for detecting infected persons at all infection stages. Second, the Ag-RDT poorly detected
(<63%) timepoints that participants had high and presumably infectious viral loads in at least one specimen type.
This poor clinical sensitivity to detect infectious individuals is inconsistent with the commonly held view that
daily Ag-RDTs have near-perfect detection of infectious individuals. Third, use of a combination nasal-throat
specimen type was inferred by viral loads to significantly improve Ag-RDT performance to detect infectious

individuals.
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Introduction
Antigen rapid diagnostic tests (Ag-RDTs) with nasal swabs are increasingly used for SARS-CoV-2 screening and

diagnosis globally.}"* Ag-RDTSs are powerful tools given their low cost (compared with molecular tests), speed,
and portability—making them appropriate for low-resource settings and at-home use.>*® However, Ag-RDTs and
some rapid molecular tests have lower analytical sensitivity than most gold-standard reverse-transcription
quantitative PCR (RT-qPCR) tests and therefore require high viral loads (typically >10° copies/mL) to reliably
yield positive results.*5'! Some contend that Ag-RDTs may miss some infected individuals, but will result
positive when individuals are infectious with high viral loads.*?** Such concordance would allow high-frequency
Ag-RDTs (with immediate results) to more effectively prompt isolation of infectious individuals than a high-
analytical-sensitivity test (with delayed results).!21

Investigating Ag-RDT performance for detecting the infectious period by viral culture is challenging and
infrequently performed. Instead, because replication-competent virus is associated with viral loads >10*
copies/mL in studies that have performed SARS-CoV-2 viral culture (Supplemental Table 6-1), viral load is
often used as a surrogate for infectiousness. Longitudinal studies that captured viral-load measurements from
early in infection’®% show that for some individuals, several days can pass between when viral loads reach
potentially infectious levels and when viral loads rise to the limits of detection (LODs) of Ag-RDTs (~10°-10’
copies/mL).46-10202131 Dyring this window, false-negative Ag-RDT results may occur, emboldening social

contact and increasing transmission. 3233

In our household-transmission study analyzing viral loads from daily sampling of anterior-nares nasal swabs
(ANS), oropharyngeal swabs (OPS) and saliva (SA) beginning from the incidence of SARS-CoV-2 Omicron
infection, two findings suggested Ag-RDTs may miss many infected and infectious individuals.?® First, viral loads
for an individual often differed significantly (>9 orders of magnitude) among specimen types at the same
timepoint, and did not correlate with each other over time. Individuals often had high, presumably infectious viral
loads in one type (e.g., OPS), yet low loads in another (e.g., ANS). Because all at-home Ag-RDTs authorized by
the U.S. Food and Drug Administration (FDA) are for nasal swabs,’ this lack of correlation among specimen
types could hinder the ability of Ag-RDTs to detect infectious individuals with high loads in non-nasal specimen
types. Second, we observed that most individuals exhibit a delay in the rise of ANS viral loads relative to the oral
cavity?®; this finding is consistent with previous reports by us?* for ancestral SARS-CoV-2 variants and other
studies”182%2 that included the early period of infection in multiple specimen types. A delayed rise in ANS viral

loads could delay nasal Ag-RDT detection of infected and infectious individuals.

These underlying viral-load patterns impact interpretation of Ag-RDT field evaluations. Although many Ag-RDT

evaluations report concordance with infectiousness (by viral culture!®1344 or presumed by quantitative viral
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loads or semi-quantitative Ct values®“8), in several studies!®:343637:41434547.48 mast participants were already

symptomatic so results may not generalize to early infection. Among longitudinal nasal Ag-RDT studies that
accounted for infection stage,1’-193%38:3943 gomel’-193538 ysed prospective sampling to capture early infections,
but none tested for infectious virus in multiple specimen types. To our knowledge, only one nasal Ag-RDT
evaluation examined infectiousness in oral specimens; the Ag-RDT was often negative while individuals had
infectious loads in saliva.?® There is a paucity of data on Ag-RDT performance in early infection, and compared
to infectiousness in multiple upper-respiratory specimen types.

Here, we report a field evaluation of an ANS Ag-RDT (QuickVue At-Home OTC COVID-19 Test), with cross-
sectional and longitudinal analyses. A daily ANS Ag-RDT was taken prospectively by participants with a recently
infected or exposed household contact. Participants also collected daily SA, ANS, and OPS specimens for SARS-
CoV-2 testing and viral-load quantification.?® From these viral-load measurements we assessed Ag-RDT
performance to identify individuals with detectable or presumably infectious viral loads in any of the three
specimen types. This design allowed us to probe the performance of this Ag-RDT for early detection, and identify

underlying reasons why Ag-RDTs may exhibit poor performance to detect infected and infectious individuals.

Methods

Study Design

We performed a case-ascertained study in the greater Los Angeles County area November 2021 to March 2022
in which participants prospectively self-collected SA, then ANS, and OPS specimens for high-analytical-
sensitivity RT-gPCR testing. RT-gPCR testing was performed using the FDA-authorized Zymo Quick SARS-
CoV-2 rRT-PCR Kit,* which targets regions of the SARS-CoV-2 N gene and human RNase P gene. RT-gPCR
N gene Ct values were used to quantify viral load in the starting specimen, based on a conversion equation
generated via a standard curve of known inputs of commercial heat-inactivated SARS-CoV-2 viral particles.
Additional details of RT-gPCR testing are provided separately.?® After self-collecting specimens, participants
immediately performed an at-home ANS Ag-RDT (Quidel QuickVue At-Home OTC COVID-19 Test*®®) per
manufacturer’s instructions. Antigen test results were interpreted by the participant immediately upon completion
of the test, and they reported the result and submitted a photograph of the test strip to the research team via a
secure REDCap link. Repeat testing of the nasal cavity has been previously shown to maintain diagnostic test

performance.>!

RT-gPCR results and viral-load quantifications were compared with Ag-RDT results for cross-sectional and
longitudinal analyses of Ag-RDT performance. The 228 participants provided 2,107 (ANS), 2,108 (OPS), and
2,114 (SA) timepoints with valid ANS Ag-RDT and RT-gqPCR results for cross-sectional analysis (see
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Supplemental Methods). A composite RT-gPCR result was generated for each timepoint: a participant was

considered infected if any of their three specimen types resulted positive by RT-gPCR and uninfected if all
specimen types resulted negative by RT-gPCR. Results were inconclusive if at least one specimen type resulted
inconclusive while all others resulted negative by RT-qPCR. In total, 2,104 timepoints had valid, paired ANS Ag-
RDT and composite RT-gqPCR results. For analyses oriented to early infection, we analyzed longitudinal data
from 17 participants who began sampling early in infection (negative in at least one test, RT-qPCR or Ag-RDT,

upon enroliment).
All households were infected with either the Delta or Omicron variants (see Supplementary Methods).
Statistical Analyses

Positive and negative percent agreement for each specimen type was calculated as the number of specimens with
concordant results by RT-gPCR and ANS Ag-RDT over the total number of specimens with positive or negative

results, respectively, by RT-gPCR for the given specimen type as reference test.

Quantitative viral loads were used to predict expected results for a specimen tested by a hypothetical assay with
a given limit of detection (LOD). Results were also predicted fora computationally-contrived AN-OP
combination swab, using the higher viral load of the ANS or OPS specimens from a participant at a timepoint.?

Results were used to calculate inferred positive percent agreement and inferred clinical sensitivity.

Clinical sensitivity was calculated as the number of specimens with either observed or predicted positive results
over the total number of infected or infectious timepoints. We denoted clinical sensitivity as inferred when

predicted based on viral load. Error bars indicate 95% confidence intervals calculated as recommended by CLSI.>?

We also presumed that individuals were infectious if viral loads were above the specified infectious viral-load
threshold (IVLT) of 10%, 10°, 108, or 107 copies/mL (based on viral culture literature, Supplemental Table 6-S1)
in at least one specimen type. Differences in the inferred or observed clinical sensitivity from paired RT-gPCR
and Ag-RDT data were analyzed using the McNemar exact test using the statsmodels package in Python v3.8.8,

with Benjamini—Yekutieli correction.
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Assessed for eligibility (N = 3,931)

Excluded from
enrollment
(N = 3,703)
Did not meet
inclusion criteria
(n=3,636)
Enrolled (n = 228) Declined to participate
Included in the cross- (n=67)
sectional analyses
Uninfected SARS-CoV-2 infected (n = 90)
(h=138)

Cross-sectional analyses

Excluded from longitudinal
analyses only (N = 73)

Earliest cohort o )
1Enrolled late in infection
(n=17) (n=66)

longitudinal analyses Could not establish
stage of infection (n =7)

! Participants were determined to be late in infection if any of the
following applied: CLIA positive test »2d prior to enrcliment, already
PCR and antigen positive on day of enrollment, or if viral loads in all
specimen types remained <10° copies/mL throughout their enrollment.

Figure 6-1. A CONSORT diagram of participant recruitment, eligibility, and enrollment for the cross-sectional and
longitudinal analyses. Demographic and medical information can be found in Supplementary Tables 1-2. Cross-sectional
analyses are presented in Figures 6-2 and 6-3; longitudinal analyses are presented in Figures 6-4 through 6-6.

Results

Ag-RDT Detects <50% of Infected Individuals

We first performed a cross-sectional analysis to estimate the LOD of the ANS Ag-RDT, then compared the
positive percent agreement (PPA) of the ANS Ag-RDT against ANS RT-gPCR or composite infection status
(based on RT-qPCR results from ANS, OPS and SA). Of 680 ANS specimens with quantifiable viral loads and
valid, paired ANS Ag-RDT results, 95% PPA was observed when ANS specimens had viral loads >7.6x10°

copies/mL (Figure 6-2A), suggesting this value as an inferred estimate of the assay LOD¥350 We observed
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48% (347 of 731) PPA between the ANS Ag-RDT and ANS RT-gPCR (Figure 6-2B). However, the observed

clinical sensitivity of the ANS Ag-RDT (Figure 6-2H) when compared to composite infection status was 44%
(357 of 812 infected timepoints), significantly lower (P<0.001, upper-tailed McNemar exact test) than the PPA
against ANS RT-qPCR alone (Figure 6-2B). Although low PPA and clinical sensitivity to detect infection were
expected due to the low analytical sensitivity of the Ag-RDT, the Ag-RDT resulted negative at many timepoints
participants had high, presumably infectious, viral loads in ANS, SA, or OPS specimens (Figure 6-2E-G).
Approximately 50% of timepoints at which the ANS Ag-RDT resulted negative had viral loads above 10*
copies/mL in ANS (Figure 6-2E) or OPS (Figure 6-2F) or any specimen type (Figure 6-21).

Analytical Sensitivity, IVLT, and Specimen Type Strongly Impact the Ability to Detect Infectious Individuals

We next assessed how well presumably infectious individuals would be detected by low-analytical-sensitivity
assays. Infectious viral load thresholds (IVLTs) were used to classify individuals as infectious. To examine
differences resulting from IVLT selection, we created a matrix of IVLTs (104 10° 10° or 107 copies/mL) and
low-analytical-sensitivity assay LODs (10°-10" copies/mL), for each specimen type. In each cell, we calculated
inferred clinical sensitivity for each hypothetical assay to detect presumed infectious timepoints. We calculated
inferred clinical sensitivity against timepoints with viral loads above the IVLT only in one specimen type (Figure
6-3A-C), and against timepoints with a viral load above the IVLT in any of the three specimen types (Figure 6—
3D-F).

When considering viral loads only in the specimen type tested, clinical sensitivity increased as IVLT increased,
and decreased as LOD increased. Setting an IVLT at or above the LOD of the assay artificially increased the
inferred clinical sensitivity to detect presumed infectious individuals. We highlight three instances (red boxes in
Figure 6-3A-C) where inferred clinical sensitivities increased by up to 74% as a result of IVLT selection. Perfect
performance was observed where VLT was at or above the assay LOD (lower-right cells, Figure 6-3A-C). This
analysis demonstrates how selection of an IVLT similar to the assay LOD will overestimate clinical sensitivity to

detect infectious individuals.

Importantly, when considering viral loads above the IVLT in any of the three specimen types tested (Figure 6-
3D-F), inferred clinical sensitivities was lower for all specimen types, regardless of IVLT or assay LOD. Because
extreme differences in viral load among specimen types from the same individual at a given timepoint,
individuals often had high, presumably infectious viral loads in one but not all specimen types. Thus, inferred
clinical sensitivity decreased drastically when infectiousness in multiple specimen types, rather than just one, is

considered.
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Figure 6-2. Comparison of Anterior-Nares Swab Antigen Rapid Diagnostic Test (Ag-RDT) Results to RT-gPCR Results
and Viral Loads. (A) 680 ANS specimens with gquantifiable SARS-CoV-2 viral loads are ordered by viral load and colored
by Ag-RDT results (green for positive antigen test result, black for antigen negative). Inset shows higher resolution for
results with viral loads around 7.6x10° copies/mL (black dashed line), above which 95% of ANS specimen resulted Ag-
RDT positive. 2x2 matrices of concordance between ANS Ag-RDT results and valid, conclusive RT-qPCR results for (B)
2107 ANS specimens, (C) 2108 OPS specimens and (D) 2114 SA specimens. PPA, positive percent agreement; NPA,
negative percent agreement. Cl indicates 95% confidence interval. Distribution of viral loads from (E) 731 RT-qPCR
positive ANS specimens, (F) 604 RT-qPCR positive OPS specimens and (G) 568 RT-gPCR positive SA specimens, with
either positive or negative Ag-RDT results. Solid horizontal black lines indicate medians. (H) A 2x2 matrix of observed
concordance between Ag-RDT results, and infected status, based on composite RT-qPCR results from all three specimen
types, at 2104 timepoints with valid, conclusive results for all specimen types by RT-gPCR and valid ANS Ag-RDT results.
(1) Distribution of the highest viral load among ANS, OPS, and SA specimens collected by any participant at 812 composite
RT-gPCR positive (infected) timepoints, with either positive or negative Ag-RDT results. Magenta shading in panels E, F,
G, and | indicates infectious viral loads (above 10% 10° 10° or 107 copies/mL). ANS, anterior-nares swab; OPS,
oropharyngeal swab; SA, saliva; Ag-RDT, antigen rapid diagnostic test. Detailed tabulation including inconclusive and
invalid results shown in Supplemental Table 6-2.
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Figure 6-3. Effects of Low-Analytical-Sensitivity Assay LOD, Infectious Viral-Load Threshold (IVLT), and Inclusion of
Multiple Specimen Types on Inferred Clinical Sensitivity to Detect Presumed Infectious Individuals. (A-C) Heatmaps
visualizing positive percent agreement (A-C) for each specimen type, (A) saliva (SA), (B) anterior-nares swab (ANS), and
(C) oropharyngeal swab (OPS), tested with assays of different LODs in the range of low-analytical-sensitivity tests (such
as Ag-RDTs) to detect individuals presumed infectious only if the viral load in the tested specimen type was at or above a
given IVLT. Red boxes highlight an important interaction between assay LOD and IVLT that is elaborated in the text. (D-
F) Heatmaps visualizing the inferred clinical sensitivity for each specimen type, (D) SA, (E) ANS, (F) OPS, tested with
assays of different LODs to detect individuals presumed to be infectious if the viral load in any specimen type was at or
above a given IVLT. Heatmaps for computationally contrived combination specimen types are shown in Supplemental
Figure 6-2.

Longitudinal Ag-RDT Performance

We next assessed the performance of the ANS Ag-RDT longitudinally through acute infection. We identified a
cohort of 17 individuals who began sampling early in the course of infection (Figure 6-1). We compiled
participants’ daily viral-load measurements for each specimen type (SA, ANS, OPS),? with paired ANS Ag-RDT
results, and classified timepoints as presumably infectious when viral load in any of the three specimen types was
above a given IVLT (Figure 6-4).

All but two of the 17 participants (Figure 6-4D,F) reached presumed infectious viral loads at least 1 day before
their first positive Ag-RDT result: Of these 15 participants, six had a delay of one to two days (Figure 6-
4G,J,N,0O,P,Q), five had a delay of three days (Figure 6-4H,1,K,L,M), one had a delay of five days (Figure 6-
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4C), and one had a delay of eight days (Figure 6-4A). Two participants (Figure 6-4B,E) had infectious viral

loads for more than eight days each, but neither ever reported a positive ANS Ag-RDT result. The participant in
Figure 6-4B had high (>10° copies/mL) OPS viral loads for 12 days while ANS specimens remained low (rising
just above 10* copies/mL only once). The participant in Figure 6-4E had ANS viral loads >10° copies/mL on
three days, but never yielded a positive Ag-RDT result, likely because these viral loads were near the Ag-RDT
LOD.

In this cohort, the overall observed clinical sensitivity of the ANS Ag-RDT to detect infected individuals was
significantly higher when participants were symptomatic (Supplemental Figure 6-1), but low (<50%) at both
symptomatic and asymptomatic timepoints.

Nasal Ag-RDT Misses Infectious Viral Loads in Other Specimen Types

Given that many individuals had high, presumably infectious viral loads before their first ANS Ag-RDT positive
result (Figure 6-4), we next assessed how periods of infectiousness in each of the three specimen types
overlapped, and which timepoints were detected by the ANS Ag-RDT. We aligned each participant’s timecourse
to their first RT-qPCR positive result in any specimen type then plotted the period each specimen type had viral
loads above the IVLT. Periods when viral loads were above the IVLT in any specimen type were indicated in
magenta. Positive ANS Ag-RDT results were overlaid (Figure 6-5).

For IVLTs below 107 copies/mL (Figure 6-5A-C), all 17 individuals were presumably infectious for at least one
day. As IVLT increased, the length of the infectious period for each participant decreased. At an IVLT of 10’
copies/mL (Figure 6-5D), three participants (Figure 6-5D[A,E,F]) would not be considered infectious.

If infectious periods in OPS and SA overlapped perfectly with infectious period in ANS, then OPS and SA viral
loads would not affect the performance of the ANS Ag-RDT to detect infectious individuals. But this was not the
case. The presumed infectious periods for different specimen types were often asynchronous (non-overlapping).
For many individuals, OPS or SA specimens reached infectious viral loads prior to ANS. Thus, the Ag-RDT often
resulted negative during the infectious period (pink-shaded days lacking green triangles in Figure 6-5),

particularly in the first days of the infectious period.
Performance of Ag-RDT in Pre-Infectious and Infectious Periods

We next investigated the performance of the daily ANS Ag-RDT to detect individuals during the pre-infectious
and infectious periods. For each IVLT, the observed clinical sensitivity of the Ag-RDT was plotted alongside
inferred clinical sensitivity predicted for ANS specimens tested by a hypothetical assay with a similar LOD (10°

copies/mL).
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Figure 6-4. Longitudinal Viral Loads and Antigen Rapid Diagnostic Testing. Each panel (A-Q) represents a single
participant throughout the course of enrollment, with observed ANS rapid antigen testing results, presumed infectious period
(magenta) based on viral loads at or above each infectious viral-load threshold 10* to 107 copies/mL in any specimen type,
SARS-CoV-2 viral loads (left y-axis) and human RNase P Ct values (right y-axis) by RT-gPCR in each specimen type.
Viral-load data for participants A-N were reported previously.?® INC, inconclusive; NQ, viral load detected but below the
test LOD (250 copies/mL); ND, not detected for RT-gPCR measurements; AN, anterior-nares; OP, oropharyngeal. A single
invalid antigen test is indicated with a “?”” symbol in panel D.

The inferred clinical sensitivity predicted for ANS specimens tested by this hypothetical assay and the observed
clinical sensitivity of the Ag-RDT were similar for both the pre-infectious and infectious periods, at all four IVLTs
(Figure 6-6A,D). This congruency supported the use of quantitative viral loads to predict Ag-RDT performance.
In the pre-infectious period, the Ag-RDT was positive in, at most, one of 34 timepoints (Figure 6-6B). In the
infectious period, the Ag-RDT detected only 63% of presumed infectious individuals in the highest IVLT (10’
copies/mL) (Figure 6-6C). Performance decreased as IVLT was lowered; at an IVLT of 10* copies/mL, the Ag-
RDT detected only 48% of infectious individuals.

We also inferred the clinical sensitivity of other specimen types if tested by an assay with similar analytical
sensitivity as the Ag-RDT. At an LOD of 108 copies/mL, no single specimen type (ANS, OPS, SA) achieved 95%
inferred clinical sensitivity to detect infectious individuals, for any IVLT (Figure 6-6C). However, a
computationally-contrived AN-OP combination swab specimen at an LOD of 10° copies/mL was predicted to
perform significantly better than all other specimen types, including the observed performance of the ANS Ag-
RDT (Figure 6-6D). But, at this low analytical sensitivity, the AN-OP swab was unable to detect pre-infectious

timepoints.
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Figure 6-5. Periods of Presumed Infectiousness as a Factor of Infectious Viral-Load Threshold (IVLT). (A-D) Days starting
from first RT-gPCR positive that each participant (A-Q; see Figure 6-3) had presumably infectious viral loads (with IVLTs
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antigen tests) is truncated, indicated by a * (see Supplementary Information).
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Figure 6-6. Observed and Inferred Performance of Low-Analytical-Sensitivity Daily Antigen Rapid Diagnostic Tests (Ag-
RDTSs) to Detect Presumed Infectious Individuals. Individuals were presumed infectious for the period between first
specimen (of any type) with a viral load above the infectious viral load threshold (104, 10%, 108, or 107 copies/mL) until all
specimen types were below the IVLT; specimens collected prior to this period were considered pre-infectious, and after this
period, post-infectious. (A) Observed clinical sensitivity of the ANS Ag-RDT (fluorescent green), and the inferred clinical
sensitivity of an ANS test with an LOD of 10° copies/mL (green), for each stage of infection. Subsequent plots show the
observed clinical sensitivity for detection of presumed infectious individuals by the ANS Ag-RDT (fluorescent green) and
the inferred clinical sensitivity for ANS (green), OPS (orange), SA (black), and a computationally-contrived AN-OP
combination swab specimen type (yellow) during the (B) pre-infectious period and (C) infectious period of infection.
Inferred clinical sensitivity was based on measured viral loads in the given specimen type at or above an LOD of 10°. Error
bars indicate 95% confidence intervals. Comparison of the clinical sensitivities to detect infectiousness at IVLTs of 10* to
107 across specimen types was performed using the McNemar Exact Test, for given comparisons across specimen type.
ANS Ag-RDT vs ANS with LOD 10° copies/mL was tested using a two-tailed McNemar Exact Test; all other combinations
use a one-tailed McNemar exact test. P-values were adjusted using a Benjamini—Yekutieli correction to account for multiple
hypotheses being tested. Comparisons resulting in p-values <0.01 are indicated by **, <0.05 are indicated by *, and >0.05
are indicated by “ns”. Point estimates for these comparisons are provided in Supplemental Table 6-4. Additional analyses
of the inferred clinical sensitivity of the anterior-nares—oropharyngeal combination swab can be found in a separate
manuscript.?® SA, saliva; ANS, anterior-nares swab; OPS, oropharyngeal swab; AN-OP, anterior-nares—oropharyngeal
combination swab; LOD, limit of detection.
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Conclusions
Our field evaluation of an ANS Ag-RDT revealed three key findings generally relevant to the use of Ag-RDTs

and other tests with low and moderate analytical sensitivity (including some molecular tests that forgo nucleic-
acid extraction and purification). First, the evaluated Ag-RDT showed low (44%) clinical sensitivity for detecting
infected persons at any stage of infection. This poor clinical sensitivity is consistent with another field evaluation
of this Ag-RDT used for twice-weekly screening testing at a college.> It is also consistent with FDA> and CDC
guidance® that using two or more repeat ANS Ag-RDTs are needed to improve the clinical sensitivity of these

tests.

There are two reasons for the observed low clinical sensitivity of the ANS Ag-RDT to detect infected individuals:
(i) First, the low analytical sensitivity of Ag-RDTSs requires high viral loads to yield a positive result. Although it
has been proposed*? that a rapid rise in viral load reduces the advantage of tests that can detect low viral loads
(Figure 6-7A), this advantage remains when there is a more gradual rise in viral loads (Figure 6-7B) as we
observed in some individuals (Figure 6-4A,C). (ii) The second, more impactful reason is that many early-
infection timepoints had detectable virus in saliva or throat swabs, but not ANS. A nasal-swab reference test
would miss these infected timepoints. Therefore, the true performance of an ANS Ag-RDT would be worse when
compared to composite infection status based on multiple specimen types rather than nasal-swab alone (Figure
6-7C).

These two reasons for poor detection of infected individuals by Ag-RDTs have implications for the design and
interpretation of other Ag-RDT evaluations. Because viral-load timecourses in different specimen types from an
individual are asynchronous,?® the true clinical sensitivity of an Ag-RDT will be lower than reported by field
evaluations that compare only to an ANS reference test.193942-4446-4858 The PPA reported by the Ag-RDT
manufacturer to the FDA (83.5%) was calculated relative to detection by a nasal RT-PCR reference test—and
nearly all specimens (84 of 91) were from symptomatic individuals likely late in infection.>® Our work suggests
that governing bodies should require clinical sensitivity estimates for an Ag-RDT to detect infected individuals

be based on a composite infection status from multiple upper-respiratory specimen types.

Our second key finding is that the Ag-RDT poorly detected presumably infectious individuals. The Ag-RDT
detected <63% of presumed infectious timepoints. This low clinical sensitivity to detect infectious individuals is
inconsistent with a common view? that proposes low-analytical-sensitivity tests have near-perfect detection of

infectious individuals (Figure 6-7D).

Our data demonstrate that this common but idealized view misses two important points: (i) First, in the common
view, the LOD of the Ag-RDT aligns with the IVLT (Figure 6-7D), but there is no fundamental reason why LOD
should align perfectly with the IVLT. Replication-competent virus is reliably isolated from specimens with viral
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loads of >10* copies/mL (Supplemental Table 6-1), whereas Ag-RDT LODs span orders of magnitude (~10°—

107 copies/mL). As demonstrated here (Figure 6-3), if the chosen IVLT is at or above a test’s LOD, that test will
be predicted to have near-perfect clinical sensitivity to detect infectious individuals. However, if the true IVLT is
below the LOD, clinical sensitivity may be reduced substantially (Figure 6-7E). Additionally, when viral loads
rise gradually, there is more time between when an individual becomes infectious and when viral loads become
detectable by the Ag-RDT. (ii) The second point that the common view misses is the potential for infectious virus
in specimen types other than the one tested by the Ag-RDT. We observed presumably infectious viral loads in
SA and OPS specimens at all IVLTs from 10* to 107 copies/mL, even while ANS viral loads were well below the
Ag-RDT’s LOD. As expected, the Ag-RDT was unable to detect presumably infectious individuals at these
timepoints. In one individual (Figure 6-4A), ANS viral loads were undetectable or <10° copies/mL for the first
five days of infection, resulting in negative Ag-RDT results despite presumably infectious viral loads in SA and
OPS specimens. Because nasal Ag-RDTs can only detect individuals with high, presumably infectious viral loads

in nasal swabs, individuals with infectious virus in other specimen types are missed (Figure 6-7F).

These two points have critical implications for evaluating an Ag-RDT’s ability to detect infectious individuals.
Some agent-based outbreak models®®®! have inferred that low-analytical-sensitivity tests would be effective at
mitigating SARS-CoV-2 transmission in a population. Individuals in these simulations are infectious and capable
of transmitting infection when viral loads are above a chosen IVLT. These models will overestimate test
effectiveness if infectiousness is based only on simulated viral loads in a single, tested specimen type, and/or if
the IVLT chosen is near or above the LOD of the simulated test. Additionally, nearly all studies evaluating Ag-
RDT concordance with infectiousness performed viral culture only on a single specimen typel6-19:3536:38-44
overlooking potentially infectious virus in other types. One of these studies® is cited as a basis for CDC®
recommendations to use repeat ANS Ag-RDTSs to improve their clinical sensitivity.

Our third key finding is that use of a combination AN-OP specimen type can significantly improve the
performance of Ag-RDTSs to detect infectious individuals. Improved detection with an AN-OP combination swab
for a different Ag-RDT was recently demonstrated among asymptomatic individuals at a testing center.5? Many
countries already authorized and/or implemented the use of combination specimen types for Ag-RDTSs, yet this

is not the case in the U.S., where all at-home Ag-RDTs use nasal swabs.

We acknowledge several study limitations. First, we only evaluated one Ag-RDT. Other Ag-RDTSs have different
LODs®53; however, equivalence between the clinical sensitivity of this Ag-RDT directly observed versus inferred
based on ANS viral loads supports that performance of other Ag-RDTs could also be inferred from quantitative
viral-load data. Second, we infer but did not directly observe the clinical sensitivity for a combination AN-OP
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swab. Finally, this study was performed in the context of two SARS-CoV-2 variants (Delta and Omicron) and

one geographical area.

Ag-RDTs are useful tools for rapid identification of individuals with high viral loads in the specimen type tested.
As discussed above, the utility of Ag-RDTs for detection of infected and presumably infectious individuals is
often justified using several assumptions (Figure 6-7), in particular that viral loads in all specimen types from an
individual at a given timepoint are similar. Our study demonstrates that this assumption is not justified. Re-
evaluating assumptions based on new evidence will inform more effective testing strategies, both for SARS-CoV-

2 and for other respiratory viral pathogens.
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Why might nasal-swab antigen rapid diagnostics (Ag-RDTs) miss infected and infectious individuals?
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Figure 6-7. Conceptual Diagrams Illustrating Why Nasal-only Antigen Rapid Diagnostic Tests (Ag-RDTs) Are Likely to
Miss Infected and Infectious Individuals. (A) Schematic of an idealized, hypothetical viral-load timecourse in which viral
load rises quickly from detectable to the limit of detection (LOD) of a low-analytical-sensitivity test, such as Ag-RDTSs.
Such a pattern would result in a daily Ag-RDT being effective for detection of infection (diagram based on a commonly
held view'?). (B) Schematic of a viral-load timecourse based on longitudinal viral-load data'®* in which, for some
individuals, early viral loads rise gradually, resulting in detection of the infected individual several days earlier by a high-
analytical-sensitivity test than by the Ag-RDT. This mechanism for missed detection by COVID-19 Ag-RDTs has been
previously hypothesized.>® (C) Schematic of a viral-load timecourse based on observed paired, longitudinal viral-load data
in which individuals exhibit a rise in viral load in oral (saliva or throat swab) specimens days before viral loads rise in nasal
specimens, 11820212526 \\When these additional specimen types are used to assign a composite infection status, the nasal Ag-
RDT is revealed to have poor performance. (D) Schematic of an idealized, hypothetical viral-load timecourse (based on
commonly held views'?%%7) in which viral load rises quickly from detectable to infectious, and the infectious viral load
threshold is equivalent to the LOD of the Ag-RDT. Such a pattern would result in near-perfect detection of infectious
individuals by the daily Ag-RDT. (E) Schematic of a viral-load timecourse in which the infectious viral load is lower than
the LOD of the Ag-RDT. Here, infectious individuals would be missed by the Ag-RDT during the period viral load is
between the infectious viral load threshold and the LOD of the Ag-RDT. This period will be longer if the rise in viral load
is gradual (light-green line) rather than quick (dark-green line). (F) Schematic of a viral-load timecourse in which individuals
exhibit high, presumably infectious viral loads in saliva or throat swab specimens while nasal swab viral loads remain very
low, particularly at the beginning of infection. Here, the ANS Ag-RDT is unable to detect most infectious timepoints. The
dashed LOD nasal Ag-RDT line indicates the inferred LOD for the nasal-swab Ag-RDT we evaluated (7.6 x 10° copies/mL).
The dashed LOD RT-gPCR line indicates the LOD of the RT-gPCR assay used in this study (250 copies/mL). The pink
Infectious Viral Load line indicates a threshold associated with the presence of replication-competent virus; individuals are
considered infectious if any specimen type has a viral load above the threshold.
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Supplementary Methods
Study Population
This study was approved under Caltech IRB #20-1026. All adult participants provided written informed consent;
all minor participants provided verbal assent accompanied by written permission from a legal guardian. Children
ages 8-17 years old additionally provided written assent. Eligibility criteria were reported previously*3; briefly,
an individual was eligible to enroll if someone in their home had a recent known exposure or had tested positive
for SARS-CoV-2 within the last five days. All participants were at least six years of age and all participants were
fluent in English. Eligibility was determined by the Study Coordinators during a phone interview and/or

completion of an online eligibility survey hosted on Qualtrics.
Additional Details about RT-gPCR Testing and Variant Sequencing

Briefly, each day, participants completed an online symptom survey, then self-collected saliva, then anterior-
nares swab, then posterior oropharyngeal (throat) swab specimens for RT-gPCR testing. Extraction and RT-qPCR
was performed at Pangea Laboratories using the FDA-authorized Quick SARS-CoV-2 RT-gPCR Kit.*® This assay
has a reported LOD of 250 copies/mL of sample, which we also verified prior to study initiation.?® Details of the

quantification of viral load were described previously.?

Viral sequencing and variant determination were also performed at Pangea; full methods previously described.
Extraction, RT-gPCR, and sequencing operators and supervisors at Pangea Laboratory were blinded to which

participant a sample originated from, as well as the infection status and Ag-RDT results of all participants.
Ag-RDT

Participants performed the Ag-RDT according to manufacturer’s instructions® and reported results and a
photograph of their test strip via a secure REDCap server. This Ag-RDT was chosen because it is in use globally,?

and performance evaluations have been published in several cross-sectional studies.>
LOD of the Ag-RDT

Conversion from the manufacturer-reported LOD of 1.91x10* TCID50/mL of based on commercial heat-
inactivated SARS-CoV-2 particles’ to copies/mL is not possible based on information provided in the FDA
documentation for the Quidel QuickVue At-Home OTC COVID-19 Test.” Further, the manufacturer was unable
to provide this value nor a lot number or certificate of analysis for the heat-inactivated particles. Thus, we were
unable to convert this LOD value from TCID50/mL to copies/mL.
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Data Used in the Analyses

A total of 2,174 timepoints had a valid, conclusive composite RT-gPCR result, of which 847 timepoints from 90
individuals were classified as infected. Of these 2,174 timepoints, 63 did not have associated Ag-RDT results
reported by the participant and 4 had invalid results. Three positive Ag-RDT results were also excluded because
they originated from a faulty lot of test strips (see Supplementary Information). A total of 2,107 (nasal swab),
2,108 (throat swab), and 2,114 (saliva) timepoints had valid ANS Ag-RDT and RT-gPCR results (Figure 2A-F,
Figure 3A-C), and 2,104 timepoints had valid, paired ANS Ag-RDT and composite RT-qPCR results (Figure
2G-H, Figure 3D-F).

International Ag-RDT Use

Many countries have already authorized and/or implemented the use of combination specimen types for Ag-
RDTs, including the United Kingdom, Canada, and Israel.3-10

Supplementary Analyses

Confidence intervals were calculated per the guidance in the Clinical Laboratory Standards Institute (CLSI) EP112

A2 User Protocol for Evaluation of Qualitative Test Performance.!!
Discordance in Participant Interpretation of Antigen Test Results

Participants interpreted and reported their own antigen test results (positive, negative, or invalid), and
photographed their test strips immediately. In the event of an invalid result, study coordinators contacted
participants to request they immediately take an additional test; invalid results were replaced with subsequent
valid results, when applicable. Participants recorded their test results and uploaded photos of the test strips to a
secure REDCap server immediately after testing. All photographs were inspected by at least two study
coordinators blinded to RT-gPCR results. Results as reported by the participants were analyzed and reported here.
In 2.5% of antigen tests (56 of 2,153 tests), a pink (positive) test line was visible to two study coordinators in
photographs uploaded, but the result was reported as negative by the participant. In most cases the pink lines were
faint and may have been overlooked by the participants. It is also possible that in some cases the test was
photographed late; per the manufacturer’s guidance, the test result is only valid at the 10-min mark. One
participant with a dark pink line was queried and reported poor close-range vision; this participant had a
housemate help with all further interpretations. In one case from one participant, an invalid result was reported,
but a blue control line was visible to two study coordinators. In this manuscript, we used the participants’
interpretations in all analyses. Although 2.5% of all rapid antigen test results had discordant interpretations, 14%
(33 of 228) of participants had a discordant interpretation; this discordance underlines that user error can

substantially affect sensitivity of these at-home tests in real-world settings.
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Faulty Antigen Test Lot

In mid-January 2022 we observed that two asymptomatic participants had consecutive positive antigen test
results, but negative results by RT-qPCR in all three specimen types tested. Further investigation revealed that
the most recently taken false positives from these two participants were from the same antigen strip lot (Quidel
QuickVue At-Home OTC COVID-19 Test #152000). A third participant (Figure 6-4D) also had a single false-
positive test from this lot the same week. This lot was immediately pulled from circulation in the study, and
reported to the manufacturer and to the FDA (via a MedWatch Voluntary Report). Following an IRB amendment,
participants began photographing the antigen test strip lot number visible when they reported their Ag-RDT
results. Known test results from this faulty lot were marked as invalid and excluded from analysis (Figure 6-2).
In one of the 17 participants enrolled during the early period of infection (Figure 6-4D), the antigen test result
from this lot is noted with a “?”” on his plot, and the datapoint was excluded from subsequent analyses. An
investigation of the high rate of false positives was investigated further in a laboratory study using antigen test
buffer and commercial nasal fluid from healthy human donors. Full details of that investigation have been reported

separately.

In the participant in Figure 6-4D, we continued to observe consistent false-positive Ag-RDTSs; with a variety of
antigen lots. The participant also tested positive by the Quidel Ag-RDT while testing negative on an iHealth rapid
antigen test taken outside of the study on the final day of sampling. This participant tested positive by the Quidel
Ag-RDT even >30 days after his first detectable viral load, and when viral load was undetectable by RT-gPCR
in all three specimen types. These antigen test strips were not from the lot that yielded consistently false-positive

results. The reason for this participant’s string of false positives remains unknown.

We observed a negative percent agreement (NPA) of 97% (1,343) antigen negative results of 1,385 ANS RT-
gPCR negative results. This is slightly lower than the NPA of 99.2% (95% CI1 97.2-99.8%) observed by the Ag-
RDT manufacturer.2 This decrease may be due to the inclusion of additional results from this faulty lot for which

we were not able to collect test strip lot information.
Figure software

Figure 6-4 was created with GraphPad PRISM; Figure 6-7 was created using BioRender.
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Supplemental Table 6-1. Literature providing estimates for infectious viral load thresholds. Relevant literature with paired SARS-CoV-2 viral load and viral culture
performed. These studies were reviewed to estimate the lowest viral load at which replication-competent virus was observed, to substantiate possible infectious viral
load thresholds (IVVLTs). If an exact number was provided in the manuscript, the method is listed as provided, otherwise an approximate value was obtained from
review of data shown at the given location in the referenced manuscript. Study Type was listed as Clinical if culture data originated from human clinical specimens;
if specimens were collected from humans inoculated with SARS-CoV-2 as part of a research study, the type is listed as Challenge Study. Laboratory study type
indicates viral isolates were cultured and subsequently used to compare viral loads at which replication-competent virus was observable. Modeling study type
indicates manuscripts without primary culture data that analyzed data from other studies to estimate an infectious viral load. Review indicates a manuscript
synthesizing studies that include SARS-CoV-2 viral culture and/or viral load data and does not add new primary data.

Study Minimum Infectious Viral

Citation Type Load (RNA copies/mL)

Method

Stanley S, Hamel Donald J, Wolf lan D, et al. Limit of Detection for Rapid Antigen Testing of the
SARS-CoV-2 Omicron and Delta Variants of Concern Using Live-Virus Culture. J Clin Microbiol Laboratory | 2.0x10?
2022; 60(5): €00140-22.

Approximated from
Figure 2

Marc A, Kerioui M, Blanquart F, et al. Quantifying the relationship between SARS-CoV-2 viral load
and infectiousness. eLife 2021; 10: e69302.

Provided (stated as

i 6
Modeling 1.0x10 parameter in methods)

Provided (value provided
Review 1.0x10° approximated from
primary literature)

Walsh KA, Jordan K, Clyne B, et al. SARS-CoV-2 detection, viral load and infectivity over the
course of an infection. The Journal of infection 2020; 81(3): 357-71.

van Kampen JJA, van de Vijver DAMC, Fraaij PLA, et al. Duration and key determinants of

infectious virus shedding in hospitalized patients with coronavirus disease-2019 (COVID-19). Nature | Clinical 5.0x10° Approximated from

communications 2021; 12(1): 267. Figure 1
Perera R, Tso E, Tsang OTY, et al. SARS-CoV-2 Virus Culture and Subgenomic RNA for
Respiratory Specimens from Patients with Mild Coronavirus Disease. Emerg Infect Dis 2020; 26(11): | Clinical 1.0x10° Provided

2701-4.

Pickering S, Batra R, Merrick B, et al. Comparative performance of SARS-CoV-2 lateral flow
antigen tests and association with detection of infectious virus in clinical specimens: a single-centre Laboratory | 1.2x10° Provided
laboratory evaluation study. Lancet Microbe 2021; 2(9): e461-e71.

L’Huillier AG, Torriani G, Pigny F, Kaiser L, Eckerle 1. Shedding of infectious SARS-CoV-2 in Clinical 1.0x10° Approximated from
symptomatic neonates, children and adolescents. medRxiv 2020: 2020.04.27.20076778. ' Figure 1




Jones Terry C, Biele G, Milhlemann B, et al. Estimating infectiousness throughout SARS-CoV-2
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Approximated from

. . -
infection course. Science 2021; 373(6551): eahi5273. Modeling 1.0x10 Figure 2.C (bas_ed on data
from primary literature)

Quicke K, Gallichote E, Sexton N, et al. Longitudinal Surveillance for SARS-CoV-2 RNA Among Approximated from
Asymptomatic Staff in Five Colorado Skilled Nursing Facilities: Epidemiologic, Virologic and Clinical 1.0x103 FipFL)Jre 2B
Sequence Analysis. medRxiv 2020: 2020.06.08.20125989. g
Puhach O, Adea K, Hulo N, et al. Infectious viral load in unvaccinated and vaccinated patients Clinical 2 0x10° Approximated from
infected with SARS-CoV-2 WT, Delta and Omicron. medRxiv 2022: 2022.01.10.22269010. ' Figure 1C
Bal A, Brengel-Pesce K, Gaymard A, et al. Clinical and microbiological assessments of COVID-19 - 3 .
in healthcare workers: a prospective longitudinal study. medRxiv 2020: 2020.11.04.20225862. Clinical 4.5x10 Provided in Table S2
Ke R, Martinez PP, Smith RL, et al. Daily longitudinal sampling of SARS-CoV-2 infection reveals Clinical 1.0x102 /Ig}pzfrcéxérgflltgdaf;grgi ure
substantial heterogeneity in infectiousness. Nature Microbiology 2022; 7(5): 640-52. ' egg g
Boucau J, Marino C, Regan J, et al. Duration of Shedding of Culturable Virus in SARS-CoV-2 - 3 Approximated from

- . Clinical 3.0x10 :
Omicron (BA.1) Infection. N Engl J Med 2022. ' Figure 1A
Killingley B, Mann AJ, Kalinova M, et al. Safety, tolerability and viral Kinetics during SARS-CoV-2 | Challenge 2 0x102 Approximated from
human challenge in young adults. Nat Med 2022; 28(5): 1031-41. Study ' Figure e2B
Wodlfel R, Corman VM, Guggemos W, et al. Virological assessment of hospitalized patients with Clinical 1.0x10° Approximated from
COVID-2019. Nature 2020; 581(7809): 465-9. ' Figure 1D
Rhee C, Kanjilal S, Baker M, Klompas M. Duration of Severe Acute Respiratory Syndrome Approximated (based on
Coronavirus 2 (SARS-CoV-2) Infectivity: When Is It Safe to Discontinue Isolation? Clin Infect Dis Review 5.0x10° data from primary
2021; 72(8): 1467-74. literature)
Pekosz A, Parvu V, Li M, et al. Antigen-Based Testing but Not Real-Time Polymerase Chain Approximated from
Reaction Correlates With Severe Acute Respiratory Syndrome Coronavirus 2 Viral Culture. Clin Clinical 3.2x10* Fip%re 1B
Infect Dis 2021; 73(9): e2861-€6. g
Cevik M, Tate M, Lloyd O, Maraolo AE, Schafers J, Ho A. SARS-CoV-2, SARS-CoV, and MERS- Provided (based on data
CoV viral load dynamics, duration of viral shedding, and infectiousness: a systematic review and Review 1.0x10°

meta-analysis. Lancet Microbe 2021; 2(1): e13-e22.

from primary literature)




Berg MG, Zhen W, Lucic D, et al. Development of the RealTime SARS-CoV-2 quantitative
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Laboratory Developed Test and correlation with viral culture as a measure of infectivity. J Clin Virol. gcl)'r';'tga;lll‘a 1.6x10* Provided
2021;143:104945. y

Mollan KR, Eron JJ, Krajewski TJ, et al. Infectious Severe Acute Respiratory Syndrome Coronavirus

2 (SARS-CoV-2) Virus in Symptomatic Coronavirus Disease 2019 (COVID-19) Outpatients: Host, Clinical 1.0x10* Approximated
Disease, and Viral Correlates. Clin Infect Dis. 2022;75(1):e1028-e1036.

La Scola B, Le Bideau M, Andreani J, et al. Viral RNA load as determined by cell culture as a

management tool for discharge of SARS-CoV-2 patients from infectious disease wards. Eur J Clin Clinical 1.0x10° Provided

Microbiol Infect Dis. 2020;39(6):1059-1061.
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Supplemental Table 6-2. Demographic and Medical Information for Participants Shown in Figure 6-4. SARS-CoV-2
variant was determined by ANS swab in all cases except individual (B) who had low ANS viral loads so sequencing was
from a throat swab. Variant for participant (1) is inferred from the household index case. See also Supp. Table 6-3. Some
data for participants A-N were reported previously.*3

Status on enrollment Months since vaccine
Fig3 R . Medical Age range . SARS-CoV-2
panel Saliva | Throat [ Nasal | Nasal 1st 2nd 3rd [|Active Medications conditions Gender (in years) Race Ethnicity Variant
PCR PCR PCR |antigen| dose dose dose
(A) neg neg neg neg 9 [M] | 8 [M] | <2([M] n/a n/a male 40-49 White . not . Omicron
Hispanic BA.1.1
obesity, Gl
o) 11 0] 3[P] PPI, vitamin/ condition, f | 30-39 Whit not Omicron
neg neg neg neg none supplement anxiety or emale - ite Hispanic BA.1.1
depression
R . Multiple not Omicron
(C) inc neg neg neg <1 [P] none none acetaminophen n/a male 6-11 Races Hispanic BA1.1
RSllem & not Omicron
(D) neg neg neg neg 10 [M] | 9 [M] 2 [M] none obesity male 30-39 Pacific Hispanic BA1.1
Islander
allergy medication;
acetaminophen,
antihistamine, Omicron
E ne ne ne ne >11 [P] |<10 [P <3 [P i besit f | 30-39 Whiti Hi i
® g g g 8 [P] (Pl (Pl dextromethorphan, obesity emale e 'spanic BA.1
phenylephrine HCI,
doxylamine
(F) neg neg neg neg 10 [P] 9 [P] none i/ n/a female 18-29 White ) — ) Omicron
supplement Hispanic BA.1.1
(G) neg neg neg neg <2 [P] | <1 [P] none i/ n/a male 6-11 White . not ; Omicron
supplement Hispanic BA.1.1
(H) neg neg neg neg 10 [M] | 9 [M] 2 [M] B n/a female 40-49 White . XSS R Omicron
supplement Hispanic BA.1.1
antibiotic, Omicron
(1) neg neg neg neg 10 [P] 9 [P] none vitamin/ obesity male 18-29 White Hispanic [BA.1.1 (index
supplement case)
. vitamin/ anxiety or . not Omicron
) pos pos inc neg 9[M] | 8[M] | <2 [M] supplement depression female 40-49 White Hispanic BA.1.1
(K) | pos | pos | inc | neg |9.5[M1|8.5(MI| 0.5 [P] NSAID n/a male 40-49 White ot | Omicron
Hispanic BA.1.1
diabetes,
. . high blood
allergy medication,
. pressure,
ClRLEEEs obesity, Multiple not Omicron
(L) pos pos pos neg 11 [P] | 10 [P] 2 [P] medication, EGHATIE, female 50-59 Races Hispanic BA1.1
cholesterol
. . sleep
medication
apnea, Gl
condition
oveweight, o Omi
(M) pos pos neg neg 10 [M] | 9 [M] 2 [M] SSRI anxiety or male 50-59 White . ne . micron
. Hispanic BA.1.1
depression
(N) pos neg pos neg 5[P] 4[P] none none n/a female 12-17 White . not . Omicron
Hispanic BA.1.1
(0) pos pos pos neg 10 [P] 9 [P] 1 [P] WIEGIGY anxlety‘or female 40-49 White . Xexs . Omicron
supplement depression Hispanic BA.1.1
not Omicron
P ne; 13 [P 12 [P 35[P | 18-29 Asi
(P) | pos pos pos g [P] [P] [P] none n/a mate fan Hispanic BA.1.1
acetaminophen,
antihistamine, omi
Q) pos pos pos neg 9[P] 8[P] |[<0.5 [P]|dextromethorphan, obesity female 12-17 White Hispanic n;lAc;on
phenylephrine HCI, )
doxylamine

* Months from vaccine date are given relative to enrollment date

# Vaccine abbreviations: [P], Pfizer-BioNTech COVID-19 Vaccine (COMIRNATY); [M], Moderna COVID-19 Vaccine

(Spikevax); [JJ], Johnson & Johnson
NQ, not quantifiable; viral load was below the test LOD (250 SARS-CoV-2 RNA copies/mL)

** Participants were asked to report both sex at birth and current gender identity; all participants in this cohort responded

cis-gender identities to sex at birth
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Supplemental Table 6-3.Demographics of the 17-participant cohort shown in Figure 6-4. Additional detailed information
on each participant can be found in Supplemental Table 6-2.

Sex*
Male 47.1%
"""""""""""" Female | 9 529%
Age
6-11 2 11.8%
"""""""""""" 1247 |2 118%
"""""""""""" 1829 | 3 176%
"""""""""""" 3039 | 3 176%
"""""""""""" a049 | s 29a%
"""""""""""" s059 | 2 118%
Race
White 13 76.5%
. AsianorPacificlslander | L 118%
Multiple Races 2 11.8%
Ethnicity
Hispanic 3 17.6%
Non-Hispanic 14 82.4%
Tobacco Smoker or Vape User History
Current 0 0.0%
Former - 2 11.8%
Never 15 88.2%
Active Medications and Supplements
Vitamins/Supplements 7 41.2%
Acetaminophen/NSAIDs 4 23.5%
Allergy medications/Antihistamines 3 17.6%
Antibiotics/Antivirals 1 5.9%
Medical Comorbidities
Asthma 1 5.9%
Anxiety or Depression 3 17.6%
nnnnnnnnnnnnn Diabetes [ .1 | 39% |
Overweight/Obesity 7 41.2%
Gl condition 2 11.8%
SARS-CoV-2 Vaccination Status
mmmmm Partiallyvaccinated | 1 | 39% |
Completed Vaccination |5 294% |
_______ Fullyvaccinatedandboosted | 11 | 647% |
No SARS-CoV-2 vaccines reported 0 0.0%

*Participants were asked to report both sex at birth and current
gender identity; all participants in this cohort responded cis-gender
identities to sex at birth
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Specimen LOD Specimen LOD Infectious Viral Load Threshold (copies/mL)
Type (copies/mL) Type (copies/mL) 104 105 106 107
ANS Ag-RDT Observed vs ANS Inferred 106  475vs449% 54.8vs53.2 63.3vs643 63.0vs64.8
ANS Ag-RDT Observed vs OPS Inferred 10@ 47.5vs 28.1% 54.8vs33.3 63.3vs40.3 63.0vs40.6
ANS Ag-RDT Observed vs AN-OP Inferred 108  475vs57.3% 548vs68.0 63.3vs822 63.0vs828
AN-OP Inferred 108 vs  ANS Inferred 108 57.3vs 44.9% 68.0vsH3.2 822vs64.3 82.8vs64.8
AN-OP Inferred 106 vs OPS Inferred 108 57.3vs281% 68.0vs33.3 822vs403 82.8vs40.6

Infectious Period

Supplemental Table 6-4. Comparisons of the Observed and Inferred Performance of Low-Analytical-Sensitivity
Diagnostic Tests (Ag-RDTSs) to Detect Presumed Infectious Individuals. Individuals were presumed infectious for the period
between first specimen (of any type) with a viral load above the infectious viral load threshold (104, 10°, 105, or 10’
copies/mL) until all specimen types were below the IVLT. Comparison of the clinical sensitivities to detect infectiousness
at IVLTs of 10* to 107 across specimen types was performed using the McNemar Exact Test, for given comparisons across
specimen type. ANS Ag-RDT vs ANS with LOD 10° copies/mL was tested using a two-tailed McNemar Exact Test; all
other combinations use a one-tailed McNemar exact test. P-values were adjusted using a Benjamini—Yekutieli correction to
account for multiple hypotheses being tested. Comparisons resulting in p-values <0.05 were considered statistically
significant, and are indicated in red. SA, saliva; ANS, anterior-nares swab; OPS, oropharyngeal swab; AN-OP, anterior-
nares—oropharyngeal combination swab; LOD, limit of detection.

Rapid ANS Antigen Test
100 Detection of Infected Individuals
90
80 P=0.01
70 I I
60
50

30

10

Observed Clinical Sensitivity (%) #ﬁ

=

1 I
Symptomatic Not Symptomatic

Supplemental Figure 6-1. Relationship Between Symptoms and Viral Load. The observed clinical sensitivity of the rapid
antigen test to detect infection is plotted for timepoints when the cohort of 17 participants enrolled early in the course of the
infection either reported at least one symptom (Symptomatic) or did not report any symptoms (Not Symptomatic). An upper-
tailed Fished exact test was performed to determine whether Ag-RDT performance at symptomatic timepoints was
significantly higher than timepoints when participants experienced no symptoms.
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Chapter 7

LABORATORY EVALUATION LINKS SOME FALSE-POSITIVE COVID-19 ANTIGEN
TEST RESULTS OBSERVED IN A FIELD STUDY TO A SPECIFIC LOT OF TEST STRIPS

This chapter was originally published in Carter AM*, Viloria Winnett A*, Romano AE, Akana R, Shelby N,

Ismagilov RF. Laboratory Evaluation Links Some False-Positive COVID-19 Antigen Test Results Observed in a
Field Study to a Specific Lot of Test Strips (Jan 2023). Open Forum Infectious Diseases.
https://doi.org/10.1093/ofid/ofac701.
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Abstract
During a household-transmission field study using COVID-19 antigen rapid diagnostic tests (Ag-RDT), a

common test strip lot was identified among three participants with false-positive results. In blinded laboratory
evaluation, this lot, exhibited a significantly higher false-positive rate than other lots. Because a positive Ag-RDT
result often prompts action, reducing lot-specific false positives can maintain confidence and actionability of true-
positive Ag-RDT results.

Introduction

Antigen rapid diagnostic tests (Ag-RDTSs) are increasingly used for SARS-CoV-2 detection. Usage of at-home
Ag-RDTs in the U.S. has increased nearly four-fold among those with self-reported COVID-19-like illness
between the period of Delta (August 23—December 11, 2021) to Omicron (December 19—March 12, 2022) variant
predominance.! Ag-RDTs are also used widely for test-to-enter events and serial screening testing in schools and
workplaces; for example, in May 20222 the California Department of Public Health began recommending Ag-
RDTs as the primary test for COVID-19 in schools®.

Ag-RDTs typically have very high specificity; of the 51 Ag-RDTs currently authorized for at-home use in the
USA as of September 2, 2022, all are required to demonstrate false-positive rates of <2%*. However, with
widespread use imperfect specificity can result in many false positive results, and at low prevalence of infection,

these false positives can represent a large fraction of or even dominate among all positive results®.

As part of a COVID-19 household-transmission field study in Southern California initiated in November 2021,
participants performed a daily at-home nasal swab Ag-RDT (Quidel QuickVue At-Home OTC COVID-19 Test)
and self-collected saliva, anterior nares swab, and oropharyngeal swabs for RT-gqPCR testing®. This test was
selected for the field study® because it was one of the first Ag-RDTs to be granted FDA emergency use

authorization’ and is widely in use in the USA and internationally.

In January 2022, interim analysis of the field study showed a string of 24 Ag-RDT positive results from
participants who had corresponding negative results in all three specimen types tested by RT-gPCR, causing an
elevated clinical false-positive rate (Figure 7-1A). Further investigation revealed a common Ag-RDT strip lot
number (152000) among three participants with false positive results. We then investigated the technical false-
positive rate of Ag-RDT test strip lot 152000, and other lots acquired for use in the field study, in a controlled
laboratory setting.
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Methods
Participant Consent Statement
The Ag-RDT field study® was approved by the California Institute of Technology Institutional Review Board
under protocol #20-1026. All adult participants in the study provided written informed consent and all minors

provided verbal assent accompanied by written parental permission.
Laboratory Evaluation of Ag-RDT Test Strips

We created contrived specimens using heat-inactivated SARS-CoV-2 particles (BEI, Cat No. NR-52286, Lot
70034991) spiked into commercial SARS-CoV-2-negative human nasal fluid (Lee BioSolutions, Cat No. 991-
13-P lot 03f4044 and Cat No. 991-13-P-PreC lot 09F3280) at concentrations above and below the inferred limit
of detection (LOD) for this assay (7x10° copies/mL)® and applied them to two lots of test strips (152194 and
152532) which did not yield any false positive results among participants in the field study. Contrived specimens
with SARS-CoV-2-negative human nasal fluid alone were also applied to four Ag-RDT strip lots (152194,
152532, 000202, as well as 152000, the lot common to participants with observed clinical false-positive results).

The order of contrived specimens and Ag-RDT strip lots was randomized by the operator.

Contrived specimens (20 pL) were pipetted onto the swab that came with each Ag-RDT, and the swab was placed
into the Ag-RDT tube containing buffer. Manufacturer instructions were then followed exactly®, by mixing the
swab in the buffer for one min, removing the swab, then placing an Ag-RDT strip in the tube and incubating at
room temperature for 10 min. The result was then interpreted within 5 minutes by three readers blinded to the
experimental conditions and test strip lot numbers; each trial with a single test strip therefore resulted in three
independent reads. Readers were provided with the manufacturer instructions for result interpretation® and no
additional guidance. Readers were unable to see the interpretations of other readers.

Statistical Methods

Clinical false-positive results were defined as positive Ag-RDT results reported by a study participant, at the same
timepoint when saliva, nasal swab, and oropharyngeal swab specimens collected by the same participant all
resulted negative by high-analytical-RT-gPCR testing. The clinical false positive rate was calculated as the
number of clinical false-positive Ag-RDT results over all timepoints with false-positive and true-negative Ag-
RDT results, using RT-gPCR as the reference standard. The clinical false-positive rate was binned by two-week

periods for visualization (Figure 7-1A).

Technical false-positive Ag-RDT results were defined as reads interpreted as positive when contrived specimen

containing only SARS-CoV-2 negative nasal fluid was tested. The technical false-positive rate was calculated as
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the number of technical false-positive reads over all reads originating from specimen containing only SARS-

CoV-2 negative nasal fluid. The technical false-positive rate was grouped by Ag-RDT strip lot (Figure 7-1B).

The 95% confidence interval of both the clinical and technical false-positive rate was calculated using the method
described in the Clinical Laboratory Standards Institute EP12-A2 document®. Statistical testing was performed to
assess differences in the clinical false-positive rates between time periods in the field study (Figure 7-1A), and
to compare the technical false-positive rates between Ag-RDT strip lots in the laboratory evaluation (Figure 7-

1B); for all analyses we used the Fisher’s exact test, implemented in Python 3.8.8.
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Figure 7-1. Clinical false-positive rate of Ag-RDTs among participants in a COVID-19 household-transmission field study
and subsequent laboratory evaluation of technical false-positive rates among Ag-RDT strip lots. (A) The bi-weekly clinical
false-positive rate for nasal-swab antigen rapid diagnostic testing (Ag-RDT), defined as a positive Ag-RDT at the same
timepoint as negative results by RT-gPCR in saliva, nasal swabs, and oropharyngeal swab specimens. The proportions
displayed below each month represent the number of clinical false-positive results over the total number of false-positive
and true-negative Ag-RDT results in the field study during each period. Error bars represent 95% C.1. (B) Laboratory
evaluation of the technical false-positive rate for four Ag-RDT strip lots was performed using SARS-CoV-2-negative human
nasal fluid (see Methods). The proportion of technical false-positive reads to all reads by readers blinded to experimental
conditions is displayed below each lot number. P-values were obtained using an upper-tailed Fisher’s exact test. Additional
details are provided in Supplemental Table 7-1.



200
Results
A significantly elevated clinical false-positive rate was observed among participants in a field study of a COVID-

19 Ag-RDT, compared with what had previously been observed in the study (P<0.01, upper-tailed Fisher’s exact
test, Figure 7-1A). The elevated false-positive rate prompted the identification of a common Ag-RDT strip lot
(152000) among three participants with multiple, daily clinical false-positive results. We then sought to evaluate
the technical false-positive rate of this lot, and other lots acquired for use in the field study, through laboratory

evaluation.

To confirm that this Ag-RDT could be performed and produce expected results in a laboratory setting, we created
contrived specimens with and without SARS-CoV-2 particles. Contrived specimens were applied to two Ag-RDT
strip lots that had not yielded clinical false-positive results in the field study. Positive reads were expected when
nasal fluid with viral concentrations above the LOD were applied to Ag-RDT strips, and negative reads were
expected when viral concentrations were below the inferred LOD, and when only SARS-CoV-2 negative nasal
fluid (without any viral particles) was applied. Contrived specimens with SARS-CoV-2 concentrations between
1.0x10” and 1.5x107 copies/mL (above the inferred LOD of the Ag-RDT ) were interpreted by readers as positive
in eight out of nine reads (three independent trials each with three reads, one from each reader); contrived
specimens with viral concentrations between 2.0x10° and 4.1x10° copies/mL (below the inferred LOD of the Ag-
RDT ) were interpreted by readers as negative in all six reads (Supplementary Table 7-1). These results
confirmed that the Ag-RDT used in the field study yields expected positive and negative results with contrived

specimens in a laboratory setting.

To assess the technical false-positive rate of different lots, SARS-CoV-2-negative human nasal fluid (without the
addition of viral particles) was applied to Ag-RDT strips from four lots: 152194, 152532, 000202, and 152000
(the lot that produced clinical false positives among three different participants) (Figure 7-1B). No false-positive
reads were reported for any trial performed on lots 152194, 152532, or 000202. However, 14 of 18 reads from lot
152000 were interpreted by readers as positive, yielding a technical false positive rate of 77%, (95CI 55-91%);
one read from this lot was interpreted as invalid. Further, at least one reader interpreted a positive result for every
trial with a lot 152000 test strip (Supplementary Table 7-1). The false-positive rate of Ag-RDT strip lot 152000
on laboratory evaluation was significantly higher than the false-positive rate observed for the other three test strip
lots analyzed (P<0.01, upper-tailed Fisher’s exact test).

Discussion

In a field study of a COVID-19 Ag-RDT in Southern California, a specific lot of test strips was found to be
common among three participants (from three different households) with false-positive Ag-RDT results. These
participants had negative test results in three paired high-analytical-sensitivity RT-gPCR assays (saliva, nasal
swab, and oropharyngeal swab) that were collected at the same timepoint. Laboratory evaluation confirmed that
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when SARS-CoV-2-negative nasal fluid was tested with this specific lot of Ag-RDT strips, readers blinded to

randomized test conditions and strip lot numbers consistently interpreted results as positive. The laboratory
evaluation supports that this lot was likely yielding false-positive results when in use by participants in our field

study.

At-home Ag-RDTSs are known to have low clinical sensitivity®1%! and are likely to produce false-negative results.
The low clinical sensitivity of Ag-RDTs is due to both their low-analytical-sensitivity (high limits of detection)
and, in the USA, their authorized use exclusively with nasal swab specimens, which are not always representative
of the patient infection status, especially early in the infection®!21®. The Centers for Disease Control has
recognized the lack of clinical sensitivity of Ag-RDTs and in September 2022 updated recommendations to Ag-

RDT testing protocols to repeat testing 24 to 48 hours later?’.

False positives are less frequent. The manufacturer of the Quidel QuickVue At-Home OTC COVID-19 Test,
which was not involved in the design or execution of this study, reports a 99.2 negative percent agreement®, and
Ag-RDTs generally have >97% clinical specificity in field evaluations''8, By late 2020, the U.S. Centers for
Disease Control and Prevention (CDC) recommended a confirmatory nucleic acid amplification test for Ag-RDT
positive results in cases with low pre-test probability'®. However as of April 2022, a single positive result now
typically prompts immediate action from individuals, their close contacts, and healthcare personnel?®. Notably,
the Emergency Use Authorization for the Quidel QuickVue At-Home OTC COVID-19 Test? encourages
individuals who test positive to self-isolate and contact their healthcare provider for follow-up care, which may
include additional testing. Therefore, false-positive results can prompt unnecessary isolation and quarantine,
needless treatment, consumption of additional testing resources, and diversion of contact tracing efforts from true
positive cases?2. Further, false-positive results undermine trust in positive Ag-RDT results, such that isolation,

treatment, additional testing, and contact tracing may not be initiated when it is appropriate.

False-positive Ag-RDT results are not unique to the current COVID-19 pandemic. The Quidel QuickVue
Influenza A + B Test, another Ag-RDT that uses nasal swab specimens, is reported by the manufacturer to have
>97 negative percent agreement,? but during the 2009 Influenza A (H1N1) pandemic, the clinical performance

of the test resulted in a 62.2 negative percent agreement, against RT-PCR.%

COVID-19 Ag-RDT false-positive results have been reported in a number of contexts!®2>2, In a recent evaluation
of the Quidel QuickVue At-Home OTC COVID-19 test in a college community?’, eight of 11 participants with
positive Ag-RDT results were found to be negative on RT-PCR testing within 24 hours. No definitive cause for

these false-positive results was identified.
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False-positive results may occur due to a variety of reasons,?22>28-3% including user error, invalid test conditions,

improper storage or manufacturing errors that affect reagent chemistry, or off-target binding of human or
microbial material (including viruses other than SARS-CoV-2): for example, infection of human rhinovirus A
has produced false-positive results in SARS-CoV-2 Ag-RDTs.?® However, both we and others®'*? have found
false-positive Ag-RDT results traceable to specific lots. Importantly, the overall false-positive rate observed
among participants in our field study was 2.8% (95% CI 2.1-3.9%)°%; monitoring only an overall false-positive

rate across lots could mask specific lots with higher false-positive rates.

Lot issues can arise during manufacturing, transportation, or due to storage conditions after distribution®3*, In
our study, Ag-RDTs were stored at room temperature and the mild winter climate in Southern California ensured
temperatures were stable during shipment as well. Here, we demonstrate through a controlled laboratory
evaluation that false-positive results captured in a field study of Ag-RDTs were not due to operator error but were
lot specific. Therefore, efforts to monitor for lot-dependent false positives (and whether they originate from issues
at the manufacturer or distributor/retailer level) can increase the confidence and actionability of positive Ag-RDT
results.

Data Availability

The data underlying the results presented in the study are available at CaltechDATA at:
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Supplemental Table 7-1. Complete laboratory evaluation of Ag-RDT test strips. Each trial of the laboratory evaluation
assesses one Ag-RDT strip, listed with the corresponding lot number. SARS-CoV-2 concentration is the number of SARS-
CoV-2 copies/mL of the test buffer when contrived specimens are applied (see methods). The incubation time is defined as
the difference between the time at which the strip was taken out of the test buffer and the time at which the strip was placed
in the buffer. The read window is defined as the difference between the time at which the last reader interpreted the results
of the test and the time at which the strip was taken out of the buffer. The anticipated result for each trial is based off the
concentration of particles applied to each strip. The three reads for each trial are listed and positive results are highlighted
in red. The proportion of reads called positive is also listed, and any percentage above 0% when the anticipated result was
negative is also highlighted in red.

Trial Antigen Test Lot SARS-'CO\_/-Z Concentration Incu_bation F_iead Anticipated Reader 1 Reader 2 | Reader 3 % C_a!led
Number Spike-in (copies/mL) Time Window Result Positive
1 152194 Quidel Positive Control Swab 11 min 2 min Positive Positive Positive Positive 100
2 152194 2.0x10° copies/mL 10 min 3 min Negative Negative Negative Negative 0
8 152194 4.0x10° copies/mL 10 min 3 min Negative Negative Negative Negative 0
4 152532 1.0x107 copies/mL 10 min 3 min Positive Positive Positive Positive 100
5 152532 1.3x107 copies/mL 10 min 3 min Positive Positive Positive Positive 100
6 152194 1.5x107 copies/mL 10 min 3 min Positive Negative Positive Positive 66.7
7 152194 0 copies/mL 11 min 2 min Negative Negative Negative Negative 0
8 152194 0 copies/mL 10 min 2 min Negative Negative Negative Negative 0
9 152194 0 copies/mL 10 min 4 min Negative Negative Negative Negative 0
10 152194 0 copies/mL 11 min 3 min Negative Negative Negative Negative 0
11 000202 0 copies/mL 10 min 2 min Negative Negative Negative Negative 0
12 000202 0 copies/mL 10 min 2 min Negative Negative Negative Negative 0
13 000202 0 copies/mL 11 min 2 min Negative Negative Negative Negative 0
14 000202 0 copies/mL 10 min 2 min Negative Negative Negative Negative 0
15 000202 0 copies/mL 11 min 3 min Negative Negative Negative Negative 0
16 152000 0 copies/mL 10 min 3 min Negative Positive Positive Negative 66.7
17 152000 0 copies/mL 10 min 3 min Negative Positive Positive Negative 66.7
18 152000 0 copies/mL 10 min 4 min Negative Positive Positive Negative 66.7
19 152000 0 copies/mL 10 min 3 min Negative Positive Positive Positive 100
20 152000 0 copies/mL 10 min 4 min Negative Positive Positive Positive 100
21 152000 0 copies/mL 10 min 4 min Negative Positive Positive Invalid 66.7
22 152532 0 copies/mL 10 min 4 min Negative Negative Negative Negative 0
23 152532 0 copies/mL 10 min 2 min Negative Negative Negative Negative 0
24 152532 0 copies/mL 10 min 3 min Negative Negative Negative Negative 0
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Chapter 8

INDEX CASES FIRST IDENTIFIED BY NASAL-SWAB RAPID COVID-19 TESTS HAD
MORE TRANSMISSION TO HOUSEHOLD CONTACTS THAN CASES IDENTIFIED BY
OTHER TEST TYPES

This chapter was originally published in Ji J*, Viloria Winnett A*, Shelby N, Reyes JA, Schlenker NW, Davich
H, Caldera S, Tognazzini C, Goh Y'Y, Feaster M, Ismagilov RF. Index Cases First Identified by Nasal-Swab

Rapid COVID-19 Tests Had More Transmission to Household Contacts Than Cases Identified by Other Test
Types. PLoS ONE. https://doi.org/10.1371%2Fjournal.pone.0292389.
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Abstract
At-home rapid COVID-19 tests in the U.S. utilize nasal-swab specimens and require high viral loads to reliably

give positive results. Longitudinal studies from the onset of infection have found infectious virus can present in
oral specimens days before nasal. Detection and initiation of infection-control practices may therefore be delayed
when nasal-swab rapid tests are used, resulting in greater transmission to contacts. We assessed whether index
cases first identified by rapid nasal-swab COVID-19 tests had more transmission to household contacts than index
cases who used other test types (tests with higher analytical sensitivity and/or non-nasal specimen types). In this
observational cohort study, 370 individuals from 85 households with a recent COVID-19 case were screened at
least daily by RT-gPCR on one or more self-collected upper-respiratory specimen types. A two-level random
intercept model was used to assess the association between the infection outcome of household contacts and each
covariable (household size, race/ethnicity, age, vaccination status, viral variant, infection-control practices, and
whether a rapid nasal-swab test was used to initially identify the household index case). Transmission was
quantified by adjusted secondary attack rates (aSAR) and adjusted odds ratios (aOR). An aSAR of 53.6% (95%
Cl 38.8-68.3%) was observed among households where the index case first tested positive by a rapid nasal-swab
COVID-19 test, which was significantly higher than the aSAR for households where the index case utilized
another test type (27.2% 95% CI 19.5-35.0%, P=0.003 pairwise comparisons of predictive margins). We
observed an aOR of 4.90 (95% CI 1.65-14.56) for transmission to household contacts when a nasal-swab rapid
test was used to identify the index case, compared to other test types. Use of nasal-swab rapid COVID-19 tests

for initial detection of infection and initiation of infection control may not limit transmission as well as other test

types.

Introduction
The majority of SARS-CoV-2 transmission events occur among household contacts.}> Numerous studies have

characterized household transmission of SARS-CoV-238 and identified factors that modulate the risk of
transmission within households, such as larger household size being associated with higher risk.>12 Similarly,
disparities by race and ethnicity have been observed, while controlling for socioeconomic differences.'>!3 Age of
both the index case (first person in the household to become infected) and at-risk household contacts (who either
remain uninfected or become infected secondary cases) has also been implicated in SARS-CoV-2 household-
transmission patterns.®46 Furthermore, although vaccination does not fully prevent breakthrough infections,’
vaccination has been shown to be protective and decrease the risk of infection.®18-22 Specific infection-control
practices, such as wearing a mask around infected contacts, physical distancing, and quarantining sick individuals
have also shown protective effects.!#1823-25 _astly, SARS-CoV-2 variants such as Delta and Omicron have been

shown in large studies to have greater transmissibility compared with ancestral variants,81819.26-33
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Early identification of an infectious individual is a critical step to reduce subsequent transmission, including

within households. Because transmission of SARS-CoV-2 occurs during both the asymptomatic and symptomatic
periods of infection,**3" diagnostic testing to quickly prompt infection control practices has been effective to
limit additional exposures and transmission.® Conversely, infectious individuals that go unidentified or delay

identification allow for greater exposure to contacts and thereby more transmission. 23940

Delayed detection can occur due to test turnaround times or when a test yields a false-negative result. Rapid tests
(e.g., antigen and some molecular tests) offer fast turnaround times, but require higher levels of virus to reliably
result positive; e.g., ~100,000 times more virus is needed to yield a positive result by the LumiraDx SARS-CoV-
2 Ag Test than the PerkinElmer New Coronavirus Nucleic Acid Detection Kit.*142 Additionally, SARS-CoV-2
can infect different upper-respiratory compartments, so numerous specimen types are used to detect infection
(e.g., anterior-nares nasal swab, mid-turbinate nasal swab, nasopharyngeal swab, oropharyngeal swab, tonsillar
swab, buccal swab, lingual swab, gingival crevicular fluid, saliva). The rise and fall of viral loads in each specimen
type throughout infection affects whether SARS-CoV-2 is detectable in that specimen type at the time of testing.
A diagnostic test successfully detects infection when the viral load in the tested specimen type is above the limit
of detection (LOD) of the test.

In our recent analysis*® of viral loads from three specimen types (anterior-nares swab, oropharyngeal swab, and
saliva) prospectively collected daily before or at the incidence of infection with the Omicron variant, we observed
that longitudinal viral-load timecourses in different specimen types from the same person often exhibit extreme
differences and do not correlate. Further, most people in that study*® and our prior study of ancestral variants**
had delayed accumulation of virus in nasal swabs compared with oral specimens. A delayed rise in nasal-swab
viral loads has been observed in many studies,*“*® including among participants in a SARS-CoV-2 human
challenge study who received intra-nasal inoculation.*® We® and others*346485152 found that this delayed rise in
nasal viral loads, in combination with the high levels of virus required for detection by tests with low analytical
sensitivity, leads to delayed detection of infected and infectious individuals by nasal-swab rapid antigen tests.
Non-nasal upper respiratory specimen types and/or tests with high-analytical-sensitivity could detect these

individuals earlier in the infection.*®

In this study, we aimed to investigate whether test analytical sensitivity and differences in viral-load patterns
among different specimen types may have implications for household transmission. We specifically tested
whether the type of test (rapid nasal-swab vs all other COVID-19 tests) used to first identify household index
cases was correlated with higher rates of transmission to household contacts. Data were collected from a two-year
COVID-19 household transmission study in Southern California. We applied a two-level random intercept model,

clustering by household and controlling for potential confounders® to assess the relationship between the use of
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a nasal-swab rapid COVID-19 tests to first identify the household index case, and subsequent transmission to

household contacts (Figure 8-1).

Methods

Participant Enrollment and Metadata

We conducted a case-ascertained COVID-19 household transmission observational cohort study in Southern
California in two phases: between September 2020 and June 2021,%>* prior to the predominance of the Delta
variant,® and between November 2021 and March 2022,*3 during the emergence and subsequent predominance
of the Omicron variant>® (Supplemental Table 8-S1A). The study was approved by the California Institute of
Technology IRB (protocol #20-1026). Participants aged eight years and older provided written informed consent,
and all minors additionally provided verbal assent accompanied by written parental permission. Only the study
coordinators, study administrator, and study Pl had access to identifying information; the rest of the investigators

were blinded to participant identity (see Supplemental Information).

Upon enrollment, participants completed a questionnaire to provide information about demographics (see
Supplementary Information). At the conclusion of their participation, participants were asked to complete another
questionnaire to report any SARS-CoV-2 test results from outside of the study, updated infection status of each

household member (including those unenrolled), and infection-control practices performed.
Laboratory Screening Testing

Specimens (saliva, anterior nares swabs, oropharyngeal swabs, Figure 8-1A,B) from participants underwent
laboratory testing for SARS-CoV-2 infection, as previously described (Supplementary Information).434454
Participants reported COVID-19-like symptoms at each specimen collection timepoint. At least one specimen
from most households underwent viral sequencing as previously described,*** to ascertain the infecting SARS-
CoV-2 variant of household members. For one household enrolled in early December 2022, sequencing was not
performed but Delta variant was inferred based on the dominating variants circulating at the time® and for five
households enrolled after mid-January 2022, sequencing was not performed, but Omicron variant was inferred

based on local predominance.>®



212
Statistical Analyses

We utilized the questionnaire data and laboratory testing data to investigate SARS-CoV-2 transmission within
households. Households were included in this analysis if laboratory testing confirmed at least one household
member was acutely infected with SARS-CoV-2 and more than a third of reported household members were
enrolled in the study. Three households were excluded because they withdrew before three days of screening, 22
households were excluded because all members were negative for SARS-CoV-2 in all tested specimens, five
households were excluded because of insufficient information about unenrolled household contacts, and one
household was excluded because of inability to determine index case (Figure 8-1B). See Supplemental

Information for details.

For each household, an index case was defined as the first member of the household (enrolled in the study or not)
to test positive for SARS-CoV-2 infection, usually prior to enrollment. In one case where multiple members had
the same first test date, the member with earlier self-reported onset of symptoms was considered the household
index case. In five cases where symptom onset of household members was within one day of each other, we
defined the index case as the individual with a known exposure to a non-household contact with laboratory-
confirmed SARS-CoV-2 infection. In three cases with similar timing of exposure to infected, non-household
contacts, the index case was defined as the individual whose viral load peaked first. All other members of the
household who tested positive for SARS-CoV-2 prior to or during household enrollment in the study were
considered secondary cases. Household members who never tested positive for SARS-CoV-2 prior to or while
the household was enrolled in the study were considered uninfected. 143 of 149 (96%) participants classified as
uninfected were enrolled and screened for at least five days; most (53%) were enrolled for at least nine days.

The test type of the household index case was interpreted as a “nasal-swab rapid test” when the household index
case self-reported “shallow nasal swab (anterior nares or mid turbinate nasal swab)” as the specimen type and a
result turnaround time of “within an hour” or “same day.” Participants were not asked to report the specific test
name, laboratory platform, or viral target (e.g., molecular, antigen), due to concerns that laypersons would not be
aware of these terms (especially if the test was run by a clinic rather than direct-to-consumer). However, rapid
tests (both antigen and molecular) have characteristically low analytical sensitivity because they forego the time-
consuming and technically challenging extraction steps to purify and concentrate viral targets. Because our
hypothesis was related to low-analytical-sensitivity rapid tests performed on specimens from nasal swabs, we
simply distinguish rapid tests from those with longer turnaround times and presumably higher analytical

sensitivity (Figure 8-1D).

We calculated unadjusted odds ratios (ORs) for a priori confounders,> infection-control practices, the use of

nasal-swab rapid tests by index cases, and the risk of SARS-CoV-2 transmission to household contacts using
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mixed-effect logistic regression (Figure 8-2, Supplemental Table 8-S2). We also used a two-level mixed-effects

logistic regression model with random intercepts by household to account for clustering of individuals within
households and including all covariables to estimate adjusted odds ratios (aOR) (Figure 8-2, Supplemental
Table 8-S3). This type of model®” was chosen to estimate the effects of predictors at both individual and
household levels. The model adjusted for a sufficient set of the following potentially confounding variables:
household size,!%12 age 6151 race/ethnicity,'*® and vaccination status.'®2??> We also accounted for infecting
SARS-CoV-2 viral variant.18-20.283233 Qpservations with missing data were omitted from respective analyses.

We used this model to assess the effect of household prevention practices and the COVID-19 test type used to
first identify the household index case. An aOR >1.0 was associated with increased likelihood of household
transmission, and deemed statistically significant if its associated P-value was <0.05 by Wald and likelihood ratio

tests.

Predictive margins based on the results of the regression models were used to estimate unadjusted and adjusted
secondary attack rates (SAR and aSAR). Binomial confidence intervals (Cls) were calculated as recommended
by the Clinical Laboratory Standards Institute EP12-A guidance.®® Differences among SARs and aSARs were

assessed across strata.>®

We separately assessed the conditional direct effects of viral variant and test type used to identify the household
index case by modifying the model with or without each of these covariables (Figure 8-3). Calculations were
performed in STATA/BE 17.0.
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Figure 8-1. Overview of study design and analysis. (A) Study design beginning with recording the COVID-19 test type
first used to identify index cases at study enroliment, enroliment of household contacts for daily, high-analytical-sensitivity
laboratory screening, and analysis of potential factors modulating transmission. (B) CONSORT diagram for study
enrollment. (C) Timeline of participant enrollment in study Phase | (September 2020—June 2021) and Phase 11 (November
2021—March 2022). Date is listed as numeric month over year. (D) Breakdown of self-reported COVID-19 test types
(specimen type, and rapid or not) utilized to first identify household index cases. Test type was not reported by 10 of 85
index cases.

1. Individuals were ineligible for enrollment if they resided outside study jurisdiction, lived alone, or were more than seven days from
positive result or symptom onset. 2. Participants in Phase | collected either saliva only, or paired saliva and nasal swabs; participants
in Phase 1 collected paired saliva, nasal swabs, and throat swabs. 3. Households were considered not at risk if no member including
the suspected index case had detectable SARS-CoV-2 in any sample tested upon enrollment. 4. Households in which a majority of
unenrolled household members were considered to have insufficient information. 5. Households in which a single household index case
could not be assigned. 6. Information about unenrolled household members was reported by enrolled participants. 7. Test type was
defined as “Rapid " if the participant reported receiving results either within an hour or on the same day as the specimen was collected.
Longer turnaround times were classified as “Not Rapid ” tests. 8. Oral/oropharyngeal specimen type category included participants
who self-reported that saliva, buccal swabs, or oropharyngeal swabs were collected for testing.
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Results
We analyzed data from 370 individuals (enrolled and unenrolled participants) of which 85 were defined as

household index cases (Table 8-1). Among index cases, nasal-swab rapid test use more than tripled from the first
to second study phase (Figure 8-1D). Only three of 16 index cases first identified by a rapid nasal-swab rapid
tests had a prior negative rapid nasal-test within three days of their positive result, suggesting repeat rapid nasal
testing.®® Across both study phases, we observed an overall, unadjusted SAR of 34.4% (95% CI 28.9%—40.2%,
98 of 285 household contacts) in this population.

Without accounting for index case testing, we observed several covariables associated with SARS-CoV-2
transmission in households (Figure 8-2). Household size greater than four members was associated with nearly
a five-fold increase in the odds of infection (aOR=4.78, 95% CI 1.80-12.70). Whether a household contact had
received at least one dose of a COVID-19 vaccine was found to reduce the odds of infection by 70% (aOR=0.30,
95% CI 0.08-1.17). Most infection-control practices were associated with reduced risk, such as not sharing a
bedroom with (aOR=0.25, 95% CI1 0.10-0.62) and wearing masks around (aOR=0.33, 95% CI 0.12-0.88) infected

individuals.

Our results were also consistent with previous observations that infection with the Omicron variant is associated
with greater transmission than ancestral variants.®181931-3 |ncreased transmissibility of the Omicron variant
compared to ancestral variants was observed in our study by both aOR (3.64, 95% CI 0.88-15.07), as well as
aSAR stratified by whether the index case was infected with the Omicron variant (46.9%, 95% CI 32.3%-61.6%)
or an ancestral variant (27.3%, 95% CI 17.7%-36.9%). Increased transmissibility of the Omicron variant was not
observed in the univariable model (Supplemental Table 8-S2), likely because this model does not correct for a
compensating, protective effect of vaccination, which was more prevalent among individuals from households

infected with the Omicron variant (76.7%) than ancestral variants (17.5%, Supplemental Table 8-S1).

Identification of index cases by nasal-swab rapid tests was associated with higher transmission to household
contacts than other test types, both when aggregated (Figure 8-2C) and for all other test type subgroups
(Supplemental Table 8-S3), and in both univariable (OR=2.64, 95% CI 1.41-4.95, P=0.003, Supplemental
Table 8-S2) and multivariable models (aOR=4.93, 95% CI 1.65-14.69, P=0.004, Figure 8-2). The multivariable
model suggests that nasal-swab rapid test use by index cases increased the odds of transmission relative to other
test types by almost five-fold (though both smaller and larger increases are also compatible with the data). Index
cases who used nasal-swab rapid tests also had a higher aSAR of 53.5% (95% CI 38.7%-68.3%) compared to
other test types (27.0%, 95% CI 19.3%-34.8%).

Because the use of nasal-swab rapid test use has increased in parallel with SARS-CoV-2 variants shown to have

increased transmissibility, we examined the relationship of these two covariables on risk of transmission to
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household contacts. The use of a nasal-swab rapid test to identify the index case was associated with a similar

increased risk of transmission to household contacts) as infection with the Omicron variant (Figure 8-3).
Introducing adjustment in the model for nasal-swab rapid test use by the index case decreased the aOR for
infection with the Omicron variant from 3.63 (95% CI 0.88-15.0) to 2.40 (95% CI 0.63-9.22) (Figure 8-3A). The
aOR of rapid nasal-swab test use also decreased from 5.50 (95% CI 1.78-17.04) to 4.90 (95% CI 1.65-14.59)
without or with adjustment for viral variant, but nasal-swab rapid tests remained associated with at least a 1.5-

fold increase in the odds of household contact infection (Figure 8-3B).
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Table 8-1. Demographics, COVID-19 Vaccination Status, Viral Variant, and Smoking History of the 85-Household Cohort

Used for Analyses.

Index Case |Secondary Case| Uninfected Total
N= 85 N= 98 N= 187 N= 370
Self-Reported Gender Identity* n (%) n (%) n (%) n (%)
Male 31 36.5 50 51.0 91 48.7 | 172 465
Female 52 61.2 45 459 96 513 | 193 52.2
Non-Binary/Other 0 0.0 0 0.0 0 0.0 0 0.0
Unknown 2.4 3.1 0 0.0 5 1.4
[Age Category (years) %) (%) (%) (%)
<10 4 4.7 19 194 33 176 | 56 15.1
10 to 60 78 91.8 75 765 133 711 286 773
>60 2.4 2 2.0 21 11.2 | 25 6.8
Unknown 1 1.2 2.0 0 0.0 0.8
Self-Reported Race/Ethnicity** n (%) (%) (%) n (%)
Asian or Pacific Islander 14 16.5 10 10.2 23 123 | 47 127
Biracial 4 4.7 4 4.1 8 4.3 16 4.3
Black/African American 2 2.4 3.1 11 5.9 16 4.3
Native American/Alaska Native 4 4.7 1 1.0 7 3.7 12 3.2
Unknown 20 235 39 39.8 68 364 | 127 343
White, Hispanic 22 259 20 204 26 139 | 68 18.4
White, Non-Hispanic 19 224 21 214 44 235 | 84 22.7
Vaccination Status*** n (%) n (%) n (%) n (%)
Unvaccinated 43 50.6 40 40.8 65 34.8 | 148 400
Partial 0 0.0 2 2.0 3 1.6 5 1.4
Complete 19 22.4 23 235 36 19.3 78 20.6
Boosted 17 20.0 17 17.3 45 24.1 79 21.4
Unknown 6 7.1 16 16.3 38 20.3 60 16.2
Household Viral Variant n (%) n (%) n (%) n (%)
Ancestral 39 459 37 37.8 79 422 ] 155 419
Delta 12 14.1 14 14.3 22 11.8 | 48 13.0
Omicron 28 329 45 459 64 34.2 | 137 37.0
Unknown 7.1 2.0 22 11.8 | 30 8.1
|Smok'|ngNaping History History (%) (%) n (%) n (%)
Never 60 70.6 58 59.2 | 105 56.1| 223 603
Former 13 15.3 14 14.3 24 12.8 51 13.8
Current 5 59 4 4.1 6 3.2 15 4.1
Unknown 7 8.2 22 22.4 52 27.8 81 219

*Both sex assigned at birth and current gender identity were self-reported by participants. One participant reported male assignment
at birth and current gender identity of woman. Reported gender is listed.

**63 individuals currently listed as “Unknown ” did not select a race category but wrote-in “Latino”’/”’Latina”/”Latinx.’

***Participants reported date and manufacturer of each vaccine dose received; vaccination status was defined only by doses received
at least seven days prior to enrollment in the study. Unvaccinated was defined as having received no COVID-19 vaccine doses. Partial
vaccination was defined as receiving one dose of a multiple-dose series (e.g., Pfizer-BioNTech, Moderna). Complete vaccination was
defined as receiving all doses of an initial COVID-19 vaccine series. Boosted was defined as the participant receiving any dose beyond
an initial COVID-19 vaccine series. Vaccination and viral variant distributions varied by Study Phase; demographics by Study Phase

are shown in Supplemental

Table 8-1.



218

(A) Uninfected Se?a':iaw Multivariable Model
Pairwise Wald Likelihood :
Exposure N (%) N (%) [aSAR 95%Cl Comparison | aOR 95% CI Tast Ratio Protective : Risk
Test Test .
| Age Category 149 82 I
<10 17 114 | 12 146 | 42.6 24.6-60.7 1.44 0.47-4.45 P=0.52 ——i
10 to 60 119 799 | 69 841|366 288444 NA 1.00 {Reference) P=0.02 ’
>60 13 8.7 1 1.2 7.6 0.0-213 0.08 0.01-0.80 P=0.03 |_'_|
[ Race/Ethnicity 149 82 I
Asian/PI 23 154 | 10 122|281 10.645.6 0.75 0.18-3.14 P=0.70 ——
Biracial 8 5.4 4 49 | 31.7 6.656.8 0.96 0.16-5.73 P=0.97 I—.—|
Black 11 7.4 3 3.7 | 265 1.0-519 0.67 0.10-4.66 P=0.69 I—.—|
Native American 7 4.7 1 1.2 [ 180 0.0476 NA 034 0.02-540 P=045 P=0.70 k g |
Unknown 30 201 | 23 280|420 27.356.7 1.82 0.53-6.25 P=0.34 ——e—
White Hispanic 26 175 | 20 244|443 235.0-58.6 2.08 0.61-7.04 P=0.24 —e—i
White Non-Hispanic 44 295 | 21 256323 195-45.1 1.00 (Reference) ¢
[ viral variant 149 82 I I
Ancestral 85 57.0]| 45 549|275 17.8-37.1 P=0.06 1.00 {Reference) P=0.07 o
Omicron 64 430 | 37 451|471 325616 ’ 3.63 0.88-14.98 P=0.08 ) ——
I Vaccination Status 149 82 L ”"m! rrrmem
Not Vaccinated 64 430 | 40 488|462 31.8-60.7 P-0.07 1.00 {Reference) P-0.08 L ]
Vaccinated® 85 570 | 42 512|278 181-376 ’ 0.30 0.08-1.17 P=0.08 ) ——
[ Household Size 149 82 L
<4 85 57.0| 27 329|226 14.2-31.1 _ 1.00 (Reference) _ [ ]
>4 64 430 | 55 671|478 36.4-59.2 P=0.001 4.78 1.80-12.70 P=0.002 LR v |||\||\|E m __|
(B) 0.01 01 1 10
[ Infection Control Practice** 141 82 |
Not sharing food 61 433 | 39 476|414 30.9-51.8 P=0.20 1.71 0.73-4.00 P=0.22 ——
Not eating meals together | 99 70.2 | 44 53.7 | 31.9 23.5-40.2 P=0.05 0.45 0.21-1.00 P=0.05 —e—
Not sharing a bedroom 120 851 | 52 634|311 23.4-388 P=0.002 0.25 0.10-0.62 P=0.003 —e—i
Not sharing a bathroom 71 504 | 26 31.7 | 30.0 19.9-40.1 P=0.08 0.49 0.22-1.11 P=0.09 NA I—.—-|
Not share personal items 92 65.2 | 47 573|344 258-43.1 P=0.36 0.70 0.32-1.51 P=0.36 e
Avoid contact with clothes | 95 67.4 | 50 61.0 | 34.7 26.3-43.2 P=0.40 071 0.32-1.57 P=0.39 —e
Social distancing 8 61.0 |39 476|312 222-40.3 P=0.07 0.47 0.20-1.08 P=0.08 H—:'
Mask use 90 638 |43 524|300 212388 P=0.01 0.33 0.12-0.88 P=0.03 —e—
DAL BB LLL B L LLL B
{C) 0.01 0.1 1 10
| Index Case Diagnostic Test 134 71 |
Rapid Nasal Test 28 209 | 29 408|536 38.8-68.3 P=0.003 4.90 1.65-14.56 P=0.004 P=0.006 —e—i
Other Test Type*** 106 79.1 | 42 58.2 | 27.2 19.5-35.0 ) 1.00 {Reference) ) A ‘....f ——
0.01 10

0.1 1
Adjusted Odds Ratio

Figure 8-2. Results of Modeled Risk of Transmission to Household Contacts. Counts (N) of enrolled individuals who did
not become infected during enroliment (uninfected) or became infected after the index case (secondary case) are provided
for each covariable included in the multivariable model (Figure 8-1C). The adjusted secondary attack rate (aSAR) and
adjusted odds ratio (aOR) point estimates with 95% confidence intervals from multivariable analysis are listed for each
covariable and visualized to the right. Results of univariable analysis are provided in Supplemental Table 8-2. The Wald
test P-values for the analyses likelihood ratio test is shown. Covariates with an aOR 95% CI >1 are shown in red, and those
<1 are shown in blue. Reference groups are shown as a grey point. (A) Data for the five covariables included in the sufficient
set. (B) Covariables related to infection-control practices controlling for the sufficient set. The aOR represents the
conditional effect of the covariable in the model. (C) Association between COVID-19 test type used to identify the
household index case, and subsequent transmission to household contacts. Unenrolled household index cases’ test type was
unknown, resulting in a lower total count for this category.

*Vaccinated is defined as having received at least one dose of a COVID-19 vaccine at least seven days prior to enrollment.
**Participants were asked to respond whether or not they performed each action during interactions data coded. Data on infection
control practices was not available for some participants. Observations with missing data were omitted, resulting in a lower total count
for this category of covariables.

***Analysis by Other Test Type subgroups is shown in Supplemental Table 8-3.
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(B) Use of Rapid Nasal Swab Test to First Identify Index Case
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Figure 8-3. Effect Size Interactions of COVID-19 Test Type and Viral Variant on Transmission to Household Contacts.
(A) The adjusted odds ratios (aOR) for infection with the Omicron variant (with ancestral SARS-CoV-2 variants as
reference). Analysis was performed while controlling for the sufficient set of covariables in the model (grey box), as well
as when additionally controlling for whether the index case was first identified using a nasal-swab rapid test or other
COVID-109 test type. (B) The aOR for the use of nasal-swab rapid tests to first identify index cases, as opposed to other
COVID-19 test type. Analysis was performed while controlling for the sufficient set of covariables in the model (shown in
grey box), and with all covariables in the sufficient set except for viral variant. Wald test P-values are shown for each
estimate of effect size. All error bars are 95% CI. Vertical dotted black line indicates an aOR of 1.0.

Discussion
Household contacts of index cases who used nasal-swab rapid antigen COVID-19 tests for primary infection

detection had an increased risk of becoming infected compared with household contacts of index cases who used
other test types. Greater transmission of SARS-CoV-2 to household contacts by individuals first identified by
nasal-swab rapid tests is supported mechanistically by studies of SARS-CoV-2 viral load and nasal swab rapid
test performance. First, a gradual rise in viral loads, as we*3#45061 and others®>%2-%* have observed, often creates
a several-day delay between when an individual likely becomes infectious and when viral loads reach levels
detectable by low-analytical-sensitivity, rapid tests. Second, a delay in the rise of nasal viral loads relative to oral
specimen types, as we “344%0 and others*>*® have observed, renders nasal-swab rapid tests less able to detect
individuals during the early phase of the infection.*®*° During this early period of low nasal viral loads, we**°
and others* find that individuals exhibited high, presumably infectious viral loads in oral specimens. Relatedly,
among data from a SARS-CoV-2 human challenge study,*® we see that the majority of infected participants had

replication-competent virus present in throat swabs at least one day prior to nasal-swabs. Therefore, nasal-swab
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rapid tests may only yield positive results after exposure and transmission to contacts has occurred. These results

together suggest that nasal-swab rapid tests are not as effective at identifying index cases to limit subsequent
transmission as other test types.

Several additional findings from our model and dataset were consistent with prior studies. Household size was a
significant risk factor for household transmission,®*? whereas vaccination®'®22 and infection-control
practices'#1823-25 were protective. The overall SAR (34.4%) we observed was similar to what others have
reported.>1218:31.6566 Relatedly, in one of those studies,® household transmission was monitored by daily high-
analytical-sensitivity screening testing and the SAR calculated using only nasal-swab test data was lower than
when both saliva and nasal-swab test data were used, which supports that even high-analytical-sensitivity nasal-
swab testing may miss some infected individuals, and that the specimen type used for evaluation can impact

estimates of transmission.

We also observed, as other epidemiological studies have,381931-33 that infection with the Omicron variant was
associated with increased transmission compared with ancestral viral variants. However, the use of rapid nasal-
swab tests (as opposed to other test types) to detect index cases had a similar conditional direct effect on
transmission to household contacts as infection with the Omicron variant. Because the effect size of the Omicron
variant association with transmission to household contacts decreased when controlling for nasal-swab rapid test
use in our study, we speculate that a portion of the increased transmissibility attributed to the Omicron variant in
published epidemiological studies may be partially attributable to the increased use of rapid nasal-swab tests in
the USA that coincided with the predominance of this variant.’®” Although our results do not invalidate studies
that conclude an increased transmissibility of the Omicron variant, they emphasize the potential impact of

COVID-19 test type on estimates of transmissibility from epidemiological data.

Our findings are subject to limitations. First, vaccination status, demographic information, and infection-control
practices are self-reported and may be subject to recall bias. Second, although questionnaires were written in
simple terms (e.g., “shallow nasal swab” and “deep nasal swab”), participants could have misinterpreted test type.
Third, age, gender, and infection status of each unenrolled household member was independently reported by
each enrolled household member, which could lead to inaccurate reporting. Fourth, our potential misclassification
of which household member was the index case may impact the analysis,* although in almost all (79 of 85)
households, the index case was confirmed by timing of self-reported positive tests. Fifth, in our transmission
model, we did not analyze ordinal levels of contact among household members (all household members were
assumed to have equal contact). Instead, mitigating factors, including infection-control practices, were assessed
for protective effects against transmission. Sixth, it is possible that high-analytical-sensitivity tests could have

turnaround times which we classify as rapid. However, such misclassification would bias toward the null. Finally,
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evidence suggests®?®® and the CDC® recommends repeating rapid antigen tests over several days to improve

clinical sensitivity. Although some index cases reported a negative test result in the days prior to their first positive
result, most participants in our study did not use repeated rapid testing.

Conclusion

Rapid COVID-19 tests, such as antigen tests, are less expensive, portable, and offer faster results than high-
analytical-sensitivity molecular tests. However, results from this observational study suggest that the use of nasal-
swab rapid COVID-19 tests to first identify infection do not limit household transmission as well as other test
types. The use of tests with low analytical sensitivity by an infected individual can have two effects on
transmission: (i) a true-positive result can change behavior to increase infection-control practices in a timely
manner, thus reducing transmission, or (ii) a false-negative result can result in a health certificate effect,%® where
individuals falsely assume they are not infected/infectious and reduce precautions, thereby increasing
transmission. While imperfect testing may be better than no testing, understanding the optimal use and limitations
of rapid tests is important not only for SARS-CoV-2, but other pathogens for which timely infection control

and/or early treatment is critical.

Data Sharing Statement
Raw data is available at CaltechDATA: https://doi.org/10.22002/csh5w-rf132.
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Supplemental Information
Supplemental Table 8-S1. Participant Demographics by (A) Study Phase and (B) Infecting SARS-CoV-2 Variant
Demographics, vaccination status, and index case testing type of the 85-household cohort divided by (A) study phase and
(B) infecting viral variant.

(A) Study Phase (B) Viral Variant
Phase | Phase Il Omicron Ancestral Variants
N= 155 N= 215 N= 163 N= 207
|Se|f-Reported Gender Identity* n (%) n (%) n (%) n (%)
Man 70 45.2 104 48.4 78 47.9 96 46.4
Woman 85 54.8 111 51.6 85 52.1 111 53.6
Third Gender 0 0.0 0 0.0 0 0.0 0 0.0
|§e Category n (%) n (%) n (%) n (%)
<10 29 18.7 28 13.0 20 12.3 37 17.9
10 to 60 115 74.2 173 80.5 | 129 79.1 159 76.8
>60 11 7.1 14 6.5 14 8.6 11 5.3
|Se|f-Reported Race/Ethnicity** n (%) n (%) n (%) n (%)
Asian or Pacific Islander 11 7.1 36 16.7 31 19.0 16 7.7
Biracial 8 5.2 8 3.7 6 3.7 10 4.8
Black/African American 9 5.8 7 33 7 4.3 9 4.3
Native American/Alaska 0 0.0 12 5.6 8 4.9 4 1.9
Unknown 61 39.4 66 30.7 44 27.0 83 40.1
White, Hispanic 38 24.5 30 14.0 22 13.5 46 22.2
White, Non-Hispanic 28 18.1 56 26.0 45 27.6 39 18.8
|Vaccination Status*** n (%) n (%) n (%) n (%)
Unvaccinated 133 85.8 15 7.0 4 2.5 144 69.6
Partial 3 1.9 2 0.9 2 1.2 3 1.4
Complete 1 0.6 77 35.8 52 31.9 26 12.6
Boosted 0 0.0 79 36.7 71 43.6 8 3.9
Unknown 18 11.6 42 19.5 34 20.9 26 12.6
|Household Size n (%) n (%) n (%) n (%)
<=4 97 62.6 85 39.5 65 39.9 117 56.5
>4 58 37.4 130 60.5 98 60.1 90 43.5
|Index Case Test Type n (%) n (%) n (%) n (%)
Rapid Nasal 17 11.0 72 335 62 38.0 27 13.0
Not Rapid Nasal 134 86.5 111 51.6 73 44.8 172 83.1
Unknown 4 2.6 32 14.9 28 17.2 8 3.9

*Both sex assigned at birth and current gender identity were self-reported by participants. One participant reported male
assignment at birth and current gender identity of woman. Reported gender is listed.

**63 individuals currently listed as “Unknown ” did not select a race category but wrote-in “Latino”/”Latina’’/”Latinx.”

***Participants reported date and manufacturer of each vaccine dose received; vaccination status was defined only by doses
received at least seven days prior to enrollment in the study. Unvaccinated was defined as having received no COVID-19 vaccine
doses. Partial vaccination was defined as receiving one dose of a multiple-dose series (e.g., Pfizer-BioNTech, Moderna).
Complete vaccination was defined as receiving all doses of an initial COVID-19 vaccine series. Boosted was defined as the
participant receiving any dose beyond an initial COVID-19 vaccine series.
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Supplemental Table 8-S2. Univariable Model. Simple Odds Ratios (OR) for covariables included in the models in Figure

8-2.

Univariable Model

Exposure SAR (%)| 95% i (%) | Pairwise OR 95% Cl Wald Test
Comparison Test

| Age category
<10 41.4 | 23.5-59.3 1.22 0.55-2.70 P=0.63
10to 60 36.7 | 29.8-43.6 1.00 (Reference)
>60 7.1 0.0-20.6 NA 0.13 0.02-1.04 P=0.05

[ Race/Ethnicity
Asian/PI 30.3 14.6-46.0 0.91 0.37-2.25 P=0.84
Biracial 33.3 | 6.66-60.0 1.05 0.28-3.87 P=0.94
Black 21.4 0.0-42.9 0.57 0.14-2.27 P=0.43
Native American 12.5 0.0-35.4 0.30 0.03-2.59 P=0.27
Unknown 43.4 | 30.1-56.7 1.61 0.76-3.41 P=0.22
White Hispanic 43.5 29.2-57.8 1.61 0.74-3.52 P=0.23
White Non-Hispanic 32.3 | 20.9-43.7 NA 1.00 (Reference)

[ viral variant
Ancestral 34.6 | 26.4-42.8 1.00 (Reference)
Omicron 36.6 27.2-46.0 P=0.75 1.09 0.63-1.88 P=0.75

[ vaccination Status
Not Vaccinated 38.5 | 29.1-47.8 1.00 (Reference)
Vaccinated* 33.1 24.9-41.3 P=0.40 0.79 0.46-1.36 P=0.40

[ Household Density
<4 24.1 | 16.2-32.0 1.00 (Reference)

>4 46.2 | 37.3-55.2 P<0.001 2,71 1.54-4.75 P=0.001

[ Infection Control Practice**
Not sharing food 39.0 29.4-48.6 P=0.53 1.19 0.69-2.05 P=0.53
Not eating meals together 30.8 | 23.2-38.3 P=0.01 0.49 0.28-0.86 P=0.01
Not sharing a bedroom 30.2 | 23.4-37.1 P<0.001 0.30 0.16-0.58 P<0.001
Not sharing a bathroom 26.8 | 18.0-35.6 P=0.005 0.46 0.26-0.81 P=0.007
Not share personal items 33.8 | 25.9-41.7 P=0.24 0.72 0.41-1.25 P=0.24
Avoid contact with clothes 345 | 26.7-42.2 P=0.34 0.76 0.43-1.33 P=0.33
Social distancing 31.2 | 23.1-39.3 P=0.05 0.58 0.33-1.01 P=0.05
Mask use 32.3 24.4-40.3 P=0.10 0.62 0.36-1.09 P=0.10

| Index Case Diagnostic Test
Rapid Nasal Test 50.9 37.9-63.9 2.61 1.39-4.91 P=0.003
Other Test Type 28.4 | 21.1-35.6 P=0.003 1.00 (Reference)

Supplemental Table 8-S3. Association of Test Type Subcategories with SARS-CoV-2 Transmission Among Household
Contacts. Provides data and Odds Ratios (OR) on the association between COVID-19 test type used to identify the

household index case and subsequent transmission to household contacts.

Uninfected Sl Multivariable Model
Case
Wald Likelihood
Exposure N (%) N (%) [aSAR 95%ClI aOR 95% ClI Test Ratio
Test
[ Test Type 149 82

Nasal Rapid 28 188 [ 31 378|481 32.6-635| 1.00 (Reference)
Nasal Not Rapid 37 248 7 8.5 | 16.2 459-27.8 | 0.13 0.03-0.51 P=0.003
Nasopharyngeal Rapid 17 114 4 49 | 195 0.25-38.7 | 0.17 0.03-1.06 P=0.06
Nasopharyngeal Not Rapid 31 208 | 15 183 (331 18.0-48.2 | 0.43 0.11-1.61 P=0.21 P=0.05
Oral Rapid 1 0.7 3 3.7 1439 0.0984 | 0.80 0.04-18.01 P=0.89
Oral Not Rapid 17 114 | 10 12.2|43.4 20.7-66.1 | 0.78 0.15-3.88 P=0.76
Unknown 18 121 | 12 146|459 26.9-649 | 0.89 0.24-3.28 P=0.86
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Supplemental Methods
Participants

Individuals fluent in English or Spanish aged six years and older from households of two or more persons
were eligible for participation if at least one household member had tested positive, developed COVID-
19-like symptoms,* or had a known exposure with a SARS-CoV-2 infected individual within seven days,
and at least one other household member had either negative or unknown infection status during screening.

Upon enrollment, participants completed a questionnaire to provide information about demographics
(based on the 2019 California Health Interview Survey tool)?, medical information, and COVID-19 history
(e.9., COVID-19-like symptoms?!, positive and negative test results, and COVID-19 vaccination
information). For participants enrolled prior to February 22, 2021, vaccination was not asked, but
unvaccinated status was inferred based on local vaccine availability.® Vaccination status was defined only
by doses received at least seven days prior to enrollment. The questionnaire also asked about household
size, the age and gender of other household members and their SARS-CoV-2 infection status, as well as
current and anticipated infection-control practices (e.g., shared items and spaces, disinfection, distancing,
and masking).

Sample collection

In Phase | of the study, participants self-collected either saliva or paired saliva and anterior-nares nasal
swabs every morning upon waking and in the evening before bed in Spectrum SDNA 1000 devices.* In
Phase 11, participants self-collected paired saliva, anterior-nares nasal swabs, and oropharyngeal swabs in
Zymo Research’s SafeCollect devices>® once daily (upon enrollment and thereafter each morning upon
waking).

Supplemental References
1. CDC. Symptoms of Coronavirus. 2020:https://www.cdc.gov/coronavirus/2019-ncov/symptoms-
testing/symptoms.html.

2. UCLA. California Health Interview Survey: 2019 Adult CAWI Questionnaire 2019.

3. LA County Public Health. Los Angeles County Public Health COVID-19 Vaccine Dashboard.
2022; http://publichealth.lacounty.gov/media/coronavirus/vaccine/vaccine-dashboard.htm.

4. FDA. Emergency use authorization (EUA) review memorandum sdna-1000 saliva collection
device. 2021; https://www.fda.gov/media/142907/download.
5. Zymo Research. SafeCollect Saliva Collection Kit User Instruction Manual. 2021;

https://files.zymoresearch.com/protocols/r1211e-
dna rna shield safecollect saliva collection kit user instructions.pdf.

6. Zymo Research. SafeCollect Swab Collection Kit User Instruction Manual. 2021,
https://files.zymoresearch.com/protocols/r1160 r1161-
dna rna shield safecollect swab collection kit user Instructions.pdf.
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Chapter 9

VALIDATING COMBINATION THROAT-NASAL SWAB SPECIMENS
FOR CORONAVIRUS DISEASE 2019 TESTS WOULD IMPROVE
EARLY DETECTION, ESPECIALLY FOR THE MOST VULNERABLE

This chapter was originally published in Viloria Winnett A, Stenzel T, Ismagilov RF. Validating
Combination Throat-Nasal Swab Specimens for Coronavirus Disease 2019 Tests Would Improve Early
Detection, Especially for the Most Vulnerable (July 2024). Clinical Infectious Diseases.
https://doi.org/10.1093/cid/ciae381.



https://doi.org/10.1093/cid/ciae381

234
Abstract
Early detection of severe acute respiratory syndrome coronavirus 2 infection by diagnostic tests can prompt
actions to reduce transmission and improve treatment efficacy, especially for vulnerable groups such as
immunocompromised individuals. Recent evidence suggests that sampling the throat in addition to the nose
improves clinical sensitivity during early infection for both antigen and molecular coronavirus disease 2019

tests. We urge test manufacturers to validate tests for use with throat swab, in combination with nasal swabs.

Main Text

Individuals with immunocompromise and other vulnerable groups at high risk for severe disease continue
to rely heavily on COVID-19 testing. This reliance often includes screening contacts prior to in-person
interactions, to prevent the risk of exposure to individuals with presymptomatic or asymptomatic
infections. Even in the absence of symptoms or known exposure, individuals with immunocompromise
may also test themselves regularly to identify early infection and quickly initiate treatment. For this
population—approximately seven million people in the U.S. with primary immunodeficiencies or
immunosuppressive treatment for cancer, transplants, or autoimmune disorders’—tests that detect early

infection with high sensitivity are essential.

Among COVID-19 tests, the low cost, direct-to-consumer sale, and rapid results of at-home antigen rapid
diagnostic tests (Ag-RDTs) make them an attractive and increasingly used diagnostic modality both for
high-risk individuals and the general population.?3 While the United States Food and Drug Administration
(FDA) has long been open to throat swab specimens for COVID-19 testing, all at-home Ag-RDTs are
currently only authorized for use with self-collected nasal swabs.* However, nasal-swab Ag-RDTs have
been demonstrated to have low to moderate (~50-80%) clinical sensitivity to detect infected individuals,
especially when those individuals are asymptomatic and/or in the early stage of infection,® when

transmission of SARS-CoV-2 often occurs.®

Several cross-sectional studies have demonstrated that Ag-RDTSs exhibit higher clinical sensitivity when
a combination of nasal (anterior nares) and throat (posterior oropharynx plus palatine tonsils) swabbing is
used, compared with nasal-swab-only (Figure 9-1A). A small study in Nova Scotia evaluated the use of
combined nasal and throat swabbing for two separate Ag-RDTs (Panbio COVID-19 Ag Rapid Test
Device, BTNX Rapid Response COVID-19 Antigen Rapid Test) among asymptomatic individuals.’
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Among 62 and 40 infected individuals respectively, a 24% (Panbio) and 18% (BTNX) improvement in

clinical sensitivity was observed by combining nasal-swab and throat-swab Ag-RDT results over nasal-
swab-only Ag-RDT results. This study also demonstrated a 13% increase in clinical sensitivity by testing
a single combined throat-nasal swab compared with nasal swab alone among 38 infected individuals. A
separate, large study of 827 infected individuals in Copenhagen recently demonstrated that combined
nasal-swab and throat-swab Ag-RDT results improved clinical sensitivity by upwards of 16% over nasal-
swab Ag-RDT results alone.®

Longitudinal viral load data suggests that infection stage influences the magnitude of the benefit of
combined throat-nasal swab Ag-RDT compared with nasal-swab-only Ag-RDT. Daily viral loads
quantified from prospectively collected nasal and throat swabs by individuals with incident SARS-CoV-
2 infection revealed that virus often presents in the throat days before the nose.’ A simplified
representation based on available data®!° for the typical presentation of viral loads in the throat and the
nose during early infection illustrates how the benefit of adding throat swabs to nasal swab Ag-RDTSs is
expected to be greatest during the first few days of infection (Figure 9-1B). Indeed, based on quantitative
viral-load measurements in the throat and nose during the first four days of incident infection, we
predicted® that a combined throat-nasal swab Ag-RDT would have approximately 25% greater clinical
sensitivity than a nasal-swab-only Ag-RDT (Figure 9-1C). This prediction was similar to the benefits
observed in the later studies performed in Nova Scotia’ and Copenhagen.® Additionally, supplemental
data from Copenhagen shows that the benefit of combined throat-nasal swab Ag-RDT results over nasal-
swab-only Ag-RDT decreased with time from symptom onset among individuals for whom healthcare

workers collected specimens, from 32% on the first day of symptoms to 13% thereafter.?

The benefit of combined throat-nasal sampling extends to molecular COVID-19 tests as well. Among 14
individuals with naturally acquired incident SARS-CoV-2 infection, 10 (71%) had viral loads above 1000
copies/mL in throat swabs for at least a day before viral loads in the nose rose to over 1000 copies/mL.°
For many individuals, the delay was longer: over a third of participants (five of 14) had virus in the throat
at least three days before the nose, and up to seven days for one individual.® In a separate study of
individuals who underwent intranasal inoculation with SARS-CoV-2, 10 of 18 (55%) participants with
sustained infection had detectable virus in the throat for at least one day before virus was detectable in the

nose by PCR.1° Notably, replication-competent (infectious) virus was successfully cultured from throat
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swabs prior to nasal swabs in 12 of these 18 individuals (67%). These data suggest if nasal swabs alone

are used, even molecular COVID-19 tests with high analytical sensitivity (low limits of detection down
to 1000 copies/mL) could yield false negative results for individuals who may be capable of transmitting
SARS-CoV-2.* Analyses of paired viral load dynamics from the cohort with naturally acquired infection
suggested that using combined throat-nasal swabs rather than a nasal-swab-only swab with a high
analytical sensitivity molecular COVID-19 tests would result improve clinical sensitivity by over 40%
during the first days of SARS-CoV-2 infection.® However, because a subset of individuals may present
with rising viral loads in the nose before the throat, combination throat-nasal swab tests are likely to yield
higher clinical sensitivity than throat swabs alone. Indeed, the current Infectious Diseases Society of
America Guidelines on the Diagnosis of COVID-19'2 recommend against the use of throat swabs alone

for both molecular diagnostic tests'® and Ag-RDTs.*

Cross-sectional analyses of participant populations later in infection (after the first few days) are unlikely
to observe the benefit of combining throat-nasal swabbing on Ag-RDT clinical sensitivity. For example,
reanalyzing viral loads between days 0 and 12 of infection from our study® cross-sectionally predicted
only a marginal benefit (6%) for combined throat-nasal swab Ag-RDT over the observed clinical
sensitivity of a nasal-swab-only Ag-RDT (43%). This small, predicted benefit is similar to that observed
in a later cross-sectional study of 96 infected individuals in San Francisco.™® In that study, a combined
throat-nasal swab Ag-RDT increased clinical sensitivity from 54% (nasal-swab only Ag-RDT) to 59%.%°
We note that the high PCR-positivity rate (83%) among the 115 participants screened may suggest a study
population skewed towards later infection. The clinical sensitivity of a combined throat-nasal swab Ag-
RDT may also be influenced by throat swab specimen collection technique,® or if a test designed for use

with nasal swabs exhibits lower analytical sensitivity when used with throat swabs.21’

Maximizing the clinical sensitivity of COVID-19 tests—both Ag-RDTs and molecular diagnostic tests—
for early detection is paramount, particularly given surges in emerging variants with potential for evasion
of humoral immunity.*® To improve performance, Ag-RDTs and molecular COVID-19 tests need to be
analytically and clinically validated by manufacturers for use with combination throat-nasal swab
specimens, including clinical-validation studies on (at least) symptomatic patient specimens. This
combination throat-nasal swab test could use a single swab sampling both the throat and the nose, or (to
address consumer hesitancy) separately collected swabs from the nose and throat which could be placed
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into the same elution media. Based on past FDA flexibilities offered for the validation of COVID-19 tests

for Emergency Use Authorizations (EUAS) (Supplemental Table 9-S1), the FDA is likely to accept non-
inferiority studies, perhaps even only on symptomatic patients (historically ~30 positives and 30 negatives
required for the EUA). For clearance, the FDA may accept evaluation of the combined throat-nasal swab
against a standard single swab, and showing in at least symptomatic patients that the combination swab is
not inferior (has equivalent or better sensitivity) on the requisite number of positive patients, usually 120
positive patients and 500 negative patients for an over-the-counter test. The best way for developers to
determine what the FDA expects is through the Q-Submission process,'® which is a no-charge FDA
submission. The developers can ask their questions of the FDA and receive a response within 70 calendar
days.® Although it may not be required for test validations, it would be particularly useful for studies to
include populations for whom early detection is most impactful, such as the immunocompromised and
those residing in congregate settings (e.g., skilled nursing facilities, dormitories). These populations would
demonstrate just how useful combination throat-nasal swabs are for populations at high risk of
transmission or severe disease. We also suggest studies to investigate whether the use of combined throat-
nasal swabs provide similar benefit for diagnostic testing of other upper respiratory viral infections, such

as influenza and respiratory syncytial virus.
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Figure 9-1. (A) Summary of studies reporting the clinical sensitivity of combined throat-nasal swab antigen rapid diagnostic tests
(Ag-RDTs) compared with nasal-swab-only Ag-RDTs. The difference between clinical sensitivity of combined throat-nasal swab
Ag-RDT results over nasal-swab-only Ag-RDT results alone is shown in purple. Data are reproduced from cross-sectional field
evaluations in Nova Scotia,” Copenhagen,® and San Francisco.'® These field evaluations had slight differences in design, which
we highlight: “HCW-collected” refers to nasal and throat swabs specimen collection performed by a by a healthcare worker,
whereas “Self-collected” refers to collection by the study participant. “Separate Swabs” refers to designs where test results
represent the composite outcome of testing a nasal swab and a throat swab, separately, whereas “Combination Swab” refers to
designs where the test result was determined by directly testing a single swab that had sampled both the nose and throat. (B)
Conceptual schematic depicting the typical presentation of longitudinal SARS-CoV-2 viral loads in nasal and throat swab
specimens from the incidence of infection, based on data from a study of individuals with naturally acquired infection in Los
Angeles® and individuals inoculated with SARS-CoV-2 in London.!® The hypothetical nasal, throat, and combined throat-nasal
swab Ag-RDT results are expected based on this typical presentation of viral loads, to illustrate why the increased clinical
sensitivity of a combined throat-nasal swab Ag-RDT over a nasal-swab-only Ag-RDT would be greatest during early in infection
and wane during later infection. The horizontal line indicates the limit of detection for Ag-RDTs. (C) Clinical sensitivity of
combined throat-nasal swab Ag-RDT (inferred from viral loads) and nasal-swab Ag-RDT results (participant reported) during
different periods of infection, based on data from a nasal-swab Ag-RDT field evaluation with paired viral load quantification in
Los Angeles.® Blue shading in panels A and C highlight how cross-sectional evaluations that include timepoints late in the infection
may underestimate the benefit of a combined throat-nasal swab Ag-RDT over nasal-swab-only Ag-RDT.
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Supplementary Information

Supplemental Table 9-S1. Demonstration of flexibilities exhibited by the U.S. Food and Drug Administration
(FDA) in the emergency use authorization (EUA) of COVID-19 tests.

Title

Description of flexibility

Reference

Authority  for
Emergency Use
Authorization
(EUA)

Under law, the EUA authorities allow a lower
bar for test development and validation. The
FDA made full use of this flexibility during
the COVID-19 pandemic, as well as in other
emergencies.

https://www.fda.gov/requlatory-

information/search-fda-guidance-

documents/emergency-use-authorization-

medical-products-and-related-authorities

Validation
specimen type

With few patient specimens available early in
the COVID-19 pandemic, contrived positive
specimens were used for clinical evaluation.

https://www.fda.gov/media/136112/downlo

ad?attachment

(See Clinical evaluation)

Scaling of
manufacturing

To accommodate emergency response needs
in the production of COVID-19 EUA tests, the
FDA is permitted to waive otherwise-
applicable current good manufacturing
practice (CGMP) requirements (e.g., storage
or handling).

https://www.fda.gov/requlatory-
information/search-fda-quidance-
documents/emergency-use-authorization-
medical-products-and-related-authorities
(See Section IV.C)

Specimen
Pooling

To increase capacity, pooling of specimens
for testing by a previously authorized test was
allowed without FDA review of pooled
specimen performance, if single specimen
validation data supported compatibility.

https://www.fda.gov/medical-devices/covid-
19-emergency-use-authorizations-medical-
devices/in-vitro-diagnostics-euas-molecular-
diagnostic-tests-sars-cov-2#amendment
(See Pooling and Serial Testing Amendment
for Certain Molecular Diagnostic Tests for
SARS-CoV-2)

Extension of test
expiration dates

Expiration dates for at-home, over-the-
counter (OTC) COVID-19 tests were
extended when test manufacturers provided
data demonstrating a longer shelf-life than
was known when the test was first authorized.

https://www.fda.gov/medical-
devices/coronavirus-covid-19-and-medical-
devices/home-otc-covid-19-diagnostic-tests
(See Authorized At-Home OTC COVID-19
Diagnostic Tests and Expiration Dates)
https://www.fda.gov/requlatory-
information/search-fda-guidance-
documents/emergency-use-authorization-
medical-products-and-related-
authorities#texpdate

(See Section IV.B)

Multi-analyte
tests

Multi-analyte (multi-pathogen) tests were
authorized under COVID-19 EUA.

https://www.fda.gov/media/176728/downlo
ad?attachment
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7 | Performance Positive Percent Agreement during clinical | https://www.fda.gov/media/157544/downlo
accounting  for | evaluation was modeled to adjust for the viral | ad?attachment
study population | load of participants in the study population. | (See Section 2.6)
8 | At-home testing | Simulated home test environments for over- | https://www.fda.gov/media/157544/downlo
the-counter (OTC) test validation were | ad?attachment
considered. (See Section 2.6)
9 | Asymptomatic | Screening of  asymptomatic  patients | https://www.fda.gov/medical-devices/covid-
screening using tests were allowable for tests that did | 19-emergency-use-authorizations-medical-
not initially include asymptomatic claims. devices/in-vitro-diagnostics-euas-antigen-
diagnostic-tests-sars-cov-2#Serial Testing
(See Antigen EUA Revisions for Serial
(Repeat) Testing)
10 | Serial testing The FDA exhibited flexibility to allow | https://www.fda.gov/medical-
asymptomatic claims with serial testing. devices/covid-19-emergency-use-
authorizations-medical-devices/in-vitro-
diagnostics-euas
(See Umbrella EUA for SARS-CoV-2
Molecular Diagnostic Tests for Serial
Testing and Antigen EUA  Revisions for
Serial (Repeat) Testing)
11 | Performance Cumulative Positive Percent Agreement | https://thehill.com/opinion/healthcare/51562
with serial | through serial testing, rather than one-time | 8-fda-were-constantly-working-on-covid-
testing testing, was considered in the review of test | testing-options/

performance for EUA.

https://www.fda.gov/medical-devices/covid-
19-emergency-use-authorizations-medical-
devices/in-vitro-diagnostics-euas-antigen-
diagnostic-tests-sars-cov-2#Serial Testing
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Chapter 10

INTERFERON STIMULATION IS SYNCHRONIZED ACROSS
MULTIPLE UPPER RESPIRATORY MUCOSAL SURFACES DURING
EARLY SARS-COV-2 INFECTION

Introduction

Interferons play a key role in the human immune response to viral pathogens. Following their initial discovery in
1957, interferons have been classified into three groups: Type | interferons (including IFN-a, IFN-B, IFN-¢, IFN-
K, and IFN-w), Type II interferon (IFN-y)?, and Type Il interferons (IFN-A1, IFN-A2, IFN-A3, IFN-A4).2 Interferons
bind to cell surface receptors, activating the JAK-STAT signaling pathway, which leads to the transcriptional
activation of interferon-stimulated genes (1SGs).* ISGs coordinate various functions to directly and indirectly restrict
viral infection, influencing both individual cells and cell populations.® For example, IFNs enhance the expression
of MHC molecules for antigen presentation, induce the expression of interferon-induced proteins with
tetratricopeptide repeats (IFITs) that bind viral mMRNAs to block their translation, and activate macrophages to
increase Fc and complement receptors, thereby enhancing phagocytosis of viral particles. IFNs also stimulate the

production of chemokines to recruit leukocytes to the site of infection.

Recognition of viral components by cellular sensing mechanisms initiates the production of interferons. Pattern
recognition receptors (PRRs) such as Toll-like receptors (TLRs), retinoic acid-inducible gene 1 (RIG-I)-like
receptors (RLRs), cyclic GMP-AMP synthase (cCGAS), and IFI16, as well as NOD-like receptors (NLRs), recognize
viral pathogen-associated molecular patterns (PAMPs). TLRs detect viral nucleic acids on the cell surface or in
endosomes, while RLRs, cGAS and IFI16 sense viral nucleic acids in the cytosol. Recognition prompts engagement
with adaptor proteins, such as mitochondrial antiviral signaling protein (MAVS) for RLRs, TIR-domain-containing
adapter-inducing interferon-beta (TRIF) and myeloid differentiation primary response 88 (MyD88) for TLRs, and
stimulator of interferon genes (STING) for cGAS/IFI116. Engagement of these adaptor proteins activate transcription

factors such as IRF3, IRF7, and NF-«xB, leading to the production of interferons.

The human upper respiratory mucosa uses interferon signaling to initiate and amplify a protective antiviral response,

though the spatial dynamics of this process in vivo have not been thoroughly studied. It is well established that cells



244
within the mucosa will produce interferons that stimulate the production of ISGs in both an autocrine manner, and

a paracrine manner among neighboring cells.®” This paracrine signaling induces a local antiviral state, which
decreases the susceptibility of surrounding cells to infection.®® Current models for this paracrine interferon function
suggest that interferon signaling is localized,*!* forming a declining gradient with distance from the infected cell.*?
This localization has been metaphorically described as “ring vaccination” and ““contact tracing,” public health
strategies that focus resources on infected individuals and their immediate contacts.®* However, the length scale of
this feed-forward interferon signaling in response to viral infection of the upper respiratory mucosa has not been
explored.

The length scale of the early interferon response in the upper respiratory mucosa is a key component of mucosal
immunity, with important implications for the design and delivery of mucosal vaccines. Mucosal vaccines are
intended to immunize the mucosal sites of primary infection to induce sterilizing immunity that effectively blocks
infection.!* In contrast to systemic vaccines, where neutralizing antibody titers in the blood serve as correlates of
protection, the correlates for evaluating mucosal vaccine candidates remain uncertain.® Moreover, since respiratory
viruses can infect various anatomical areas of the respiratory mucosa, the clinically meaningful markers of a
protective response may vary between these sites. Since interferon stimulation is a well-studied mechanism that is
known to restrict viral proliferation and has been implicated in SARS-CoV-2 disease severity,'® it may serve as a
meaningful correlate of protection for mucosal vaccine responses. However, for the interferon response to be useful
in the evaluation of mucosal vaccine candidates, we must first understand the localization of this interferon response.
However, as Maurice et al. comment, while “studying acute localized infections is easily accomplished in the mouse

model system, studying a defined localized primary infection is much more challenging in human cohorts”.%’

In previous chapters of this thesis, | have shown that SARS-CoV-2 can exhibit extreme differences in viral load
dynamics among different upper respiratory anatomical sites, particularly during early infection when the interferon
response is typically initiated. Given that viral components stimulate interferon production and that current models
describe paracrine interferon signaling to nearby cells, 1 hypothesized that early interferon stimulation is
restricted to upper respiratory sites with detectable viral proliferation and absent from sites without
detectable SARS-CoV-2 RNA. To test this hypothesis, we developed a method to sequence human mRNA
molecules from paired upper respiratory specimens collected daily or twice-daily by individuals who initially tested
negative for SARS-CoV-2 RNA when they began collecting specimens, but later exhibited sustained infection.

Additionally, human mRNA was sequenced from longitudinal specimens collected by individuals who did not
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exhibit evidence of SARS-CoV-2. Human mRNA sequences from each specimen were then processed to quantify

gene expression. Gene expression data from different specimen types collected throughout acute SARS-CoV-2
infection were combined with quantitative viral load measurements. This approach assessed whether the interferon

response is localized to anatomical sites of active viral proliferation.

Materials and Methods

Participant Cohort and Specimen Collection

Among 370 participants enrolled in the Caltech COVID-19 Study (see prior Chapter VI11), 16 who collected paired
specimen types were identified as having Sustained Incident Infection (SII). Infection was defined as sustained if
the participant had at least two timepoints in one specimen type with viral loads above 10,000 copies/mL. Infection
was defined as incident if the participant had either undetectable or very low (below 1000 copies/mL) viral loads in
all specimen types for at least one timepoint preceding sustained infection. Seven participants from Phase | and nine
participants from Phase 1l met SlI criteria (Table 10-1). Participants in Phase | collected saliva and nasal swabs
twice per day (in the morning immediately upon waking, and in the evening prior to performing dental hygiene at
bedtime), while participants in Phase Il collected saliva, nasal swabs, and throat swabs daily (in the morning
immediately upon waking). All specimens were collected in guanidinium thiocyanate RNA-preservation buffer
(Spectrum SDNA 1000 in Phase | [Spectrum Inc], and DNA/RNA Shield in Phase 1l [Zymo Research Corp.]). A
cohort of 16 participants without sustained infection was identified based on matching Study Phase, age, sex,
COVID-19 vaccination status, and medical comorbidities to the 16 participants with SII. These individuals were in
households where at least one person had sustained infection with SARS-CoV-2 and therefore may have been
exposed. This cohort is referred to as Test Negative (TN), to acknowledge the potential for exposure resulting in
subclinical, undetected, or abortive infections. For individuals with Sll, all specimens with sufficient volume were
selected for processing, while for TN individuals, at least five specimens of each type were selected for processing.
This yielded a total of 567 saliva, 565 nasal swab, and 236 throat swab specimens to undergo processing. All
specimens from individuals in the SII cohort and a subset of specimens from individuals in the TN cohort underwent
SARS-CoV-2 viral load quantification (Figure 10-1) as described in Chapters 111 and V.
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Specimen Processing for Human mRNA Sequencing

Selected specimens were thawed from -80° C to room temperature, and 300uL of primary specimen volume was
aliquoted into designated 96-deep-well plates compatible with automated processing on a KingFisher Flex 96
(ThermoFisher Scientific Cat# 95040450). Each plate contained specimens of a given specimen type (e.g., all nasal
swab, or all saliva, or all throat swab) from the same study phase (e.g., all Phase | specimens, or all Phase Il
specimens). Additionally, each plate contained 300uL of nuclease-free water as a negative control, 300uL volume
from a single-stock of HeLa cell culture lysate in DNA/RNA Shield as a positive control, and 300uL volume from
a single-stock of saliva in DNA/RNA Shield pooled from 10 unique participants (not within the SII or TN cohorts)

as a positive control in a relevant, challenging clinical specimen matrix.

Specimens underwent RNA extraction and purification via the Quick-DNA/RNA HT kit (Zymo Research Corp,
Cat R2150) including a DNase digestion on the KingFisher Flex 96. RNA was eluted in a 50uL volume. 2uL of
elution volume was used to ensure successful DNA digestion (Qubit™ dsDNA Quantification Assay, Cat Q32851)
and 5uL of elution volume underwent RT-gPCR (TagMan™ Fast Virus 1-Step Master Mix for gPCR, ThermoFisher
Scientific Cat# 4444434) for two human mRNA-specific targets in the MYH9 and ACTB genes (ThermoFisher
Scientific, Hs01066381_m1 with FAM fluorophore, and ThermoFisher Scientific Hs99999903 m1 with VIC
fluorophore). For specimens with Ct values below 35 for both human mRNA targets, 8.5uL of elution volume
underwent library preparation (Illumina RNA Prep with Enrichment (L) Tagmentation, Illumina Cat 20040537)
with 17 amplification cycles. cDNA libraries concentration were quantified (Qubit™ dsDNA Quantification Assay,
Cat Q32853) as well as library fragment size distribution (Agilent Agilent D1000 ScreenTape on Agilent
TapeStation 2200, Cat 50675582). Triplex pools for human exome enrichment were created by pooling 200ng of
cDNA from each constituent libraries, originating from specimens collected by the same participant when possible.
7.5uL of select cDNA libraries with concentrations incompatible with triplex pooling (ie. <30ng/uL) were
underwent singeplex enrichment. Enrichment (Illumina RNA Prep with Enrichment (L) Tagmentation, lllumina Cat
20040537) was performed using the Twist Exome 2.0 Plus panel (lllumina Cat 20077595) with 17 amplification
cycles. Human exome enriched libraries were then pooled for 150 base pair, paired end sequencing on a NovaSeq
6000, targeting 40 million reads per sample for saliva specimens, and 25 million reads per sample for nasal swab

and throat swab specimens.
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Mapping and Gene Expression Quantification

Sequencing reads were mapped to the full human genome primary assembly (GRCh38.p14, Gencode V46) using
STAR v2.7.10b with default parameters. Read and mapping quality was assessed using Qualimap v2.2.2, and gene
counts were quantified using FeatureCounts v2.0.1. Raw gene counts were normalized using the trimmed mean of
m-values with singleton pairing implemented in edgeR v4.2.1.

Statistical Analysis

Interferon Stimulation Module Scores (ISMS) were generated for each sample as described in Yoshida et al. Nature
2021.8 Briefly, the arithmetic mean loglp transformed expression values for 26 genes (BST2, CMPK2, EIF2AK?2,
EPSTI1, HERCS, IFI35, IFI44L, IFI6, IFIT3, ISG15, LY6E, MX1, MX2, OAS1, OAS2, PARPY, PLSCR1,
SAMDY9, SAMDOL, SP110, STAT1, TRIM22, UBE2L6, XAF1, and IRF7) and for a random set of 1,000 control
genes was calculated, and the difference between mean expression of these genes in each sample was defined as the
module score. ISMS for each specimen could then be plotted over time for each specimen type from each participant
to observe changes in interferon stimulation throughout SARS-CoV-2 infection. Spearman correlation coefficients
were calculated to assess a monotonic correlation between log10-transformed viral load and interferon stimulation
over time within specimens of a given type (e.g., saliva, nasal swab, throat swab) from each participant.
Nonparametric distributions of paired observations were compared using Wilcoxon Signed Rank Test, with or

without Bonferroni correction. Statistical testing was implemented in Python 3.12.4 using SciPy v1.14.1.
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Table 10-1. Cohort of Participants from the Caltech COVID-19 Study for whom specimens underwent human
MRNA sequencing. Participants with Participant ID (PID) values that begin with “P”” were enrolled in Phase I while
those that begin with “Z” were enrolled in Phase II of the study. Participants with Status of “Case” indicate that the
participant had Sustained Incident Infection, while the subsequent demographically-matched “Control” was Test
Negative (see Methods). COVID Vaccination status was determined by participant self-report, and classified as
Complete if they reported receipt of the full series as authorized for a given vaccine (“Moderna” being authorized
under the name “Spikevax” and prior investigations under the name “mRNA-1273,” “Pfizer” being the Pfizer-
BioNTech mRNA COVID-19 vaccine authorized under the name “Comirnaty” and prior investigations under the
name “BNT162b2,” and “Janssen” being the Johnson & Johnson COVID-19 vaccine authorized under the name
“Jcovden” and prior investigations under the name “Ad26.COV2.S”). Saliva, Nasal, and Throat samples refer to
the number of specimens of each type for which mRNA sequencing was attempted. Active medications, medical
comorbidities (“Comorb”), smoking history (“SmokingHx™) and health status were self-reported by participants
upon enrollment in the study.

P088 Case 7 Female None 31 36 NA Vitamin None Never Excellent
P165 Control 7 Female None 13 13 NA Vitamin None Never Very Good
P099 Case 55 Male None 37 38 NA Vitamin None Prior Fair
P138 Control [55] Male None 10 11 NA Vitamin None Never Very Good
P163 Case 57 Female None 38 35 NA Aspirin, Vitamin None Never Very Good
P065 Control 51 Female None 11 11 NA Unspecified antihypertensive, vitamin HTN Never Fair
P179 Case 13 Female None 43 42 NA Vitamin None Never Good
P123 Control 13 Female None 10 10 NA None None Never Excellent
P177 Case 34 Female Incomplete (T-15d) 36 38 NA OCP, Vitamin None Never Good
P086 Control 38 Female None 12 14 NA Vitamin None Never Very Good
P161 Case 30 Male None 29 28 NA None DBM Never Fair
P178 Control 34 Male None 6 7 NA Vitamin None Prior Very Good
P083 Case 51 Male None 27 28 NA cetaminophen, Fluticasone propionat{ Obesity Prior (curr. vape) Good
P068 Control 56 Male None 11 11 NA Vitamin None Never Very Good
2187 Case 40 Female Boosted (3-Moderna) 21 21 21 Vitamin None Never Excellent
2167 Control 45 Female Boosted (3-Pfizer) 11 11 10 None None Never Very Good
2106 Case 33 Male Boosted (3-Moderna) 27 27 27 None None Prior Very Good
2197 Control 34 Male Boosted (3-Moderna) 9 9 9 None None Never Excellent
2072 Case 45 Male Boosted (3-Moderna) 21 21 22 None None Never Excellent
2122 Control 42 Male Boosted (3-Moderna) 8 8 9 Vitamin None Prior Very Good
Z144 Case 33 Female Boosted (1-Janssen, 1-Moderna 22 22 22 Vitamin Anxiety Never Good
2015 Control 36 Female | Boosted (1-Janssen, 1-Pfizer) 6 7 6 None None Prior Good
2086 Case 7 Male Incomplete (1-Pfizer, T-16d) 14 14 14 Acetaminophen None Never Excellent
Z014 Control 11 Male None 8 10 8 None None Never Good
7196 Case 37 Female Boosted (3-Pfizer) 18 18 18 Unspecified allergy None Never Fair
Z091 Control 32 Female Boosted (3-Moderna) 6 6 6 None None Never Fair
7115 Case 20 Female Complete (2-Pfizer) 11 11 11 OCP, Vitamin None Never Good
2002 Control 27 Female Complete (2-Pfizer) 7 6 6 Acetaminophen, Ibuprofen None Never Good
2073 Case 8 Male Complete (2-Pfizer) 28 27 27 None None Never Excellent
Z134 Control 6 Male Complete (2-Pfizer) 8 8 8 None None Never Excellent
7114 Case 20 Male Complete (2-Pfizer) 8 7 8 Unspecified antibiotic ear drops None Never Fair
2047 Control 27 Male Complete (2-Pfizer) 5 5 5 None None Never Fair
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Figure 10-1 Viral load timecourses in paired specimen types from individuals with incident SARS-CoV-2 infection.
Participants with Participant ID (PID) values that begin with “P”” were enrolled in Phase I while those that begin with “Z”
were enrolled in Phase II of the study. Participants with Status of “Case” indicate that the participant had Sustained Incident
Infection. Each panel (A-P) shows data from specimens collected by a single participant with sustained incident infection,
for all available specimen types. Panels are ordered by Participant ID, and the panel label is held consistent for each
participant in Figures 10-1, 10-5, 10-6, and 10-7. SARS-CoV-2 viral loads are plotted over time relative to the day that
SARS-CoV-2 RNA was first detected in any specimen type (x-axis). Saliva (oral cavity) viral loads are shown in blue, nasal
swab (anterior nares) in green, and throat swab (oropharynx) in orange. The horizontal grey line indicates the Limit of
Detection (LoD) of the assay used for SARS-CoV-2 detection; in Phase | the LoD was 1,000 copies/mL of specimen, and
in Phase 1l the LoD was 250 copies/mL of specimen.
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Results

High quality gene expression data was obtained from 1,177 human upper respiratory clinical specimens

It is notoriously challenging to generate high quality human gene expression data from self-collected upper
respiratory clinical specimens. Challenges arise in the purification of nucleic acids due to the presence of cellular
and environmental (e.g., food) debris, and viscosity due to the high mucus content of the samples. These
characteristics can reduce the efficiency DNA digestion, leading to the persistence of genomic DNA which is carried
through to sequencing but does not reflect gene expression. Relatedly, RNA collected at mucosal surfaces may be
fragmented due to enzymatic or chemical degradation, which can limit the efficiency of their capture or
amplification by some specimen preparation methods. Additionally, mucosal surfaces harbor high loads of bacteria,
such that RNA present within clinical specimens may be dominated by bacterial rRNA. For this reason, a large
portion of reads from metatranscriptomic sequencing of upper respiratory clinical specimens map to bacterial
genomes, and relatively few reads mapping to the human genome; analysis of human gene expression is routinely
performed on only 1 million human reads per sample,'*?° though it has been established that robust analyses of
human gene expression typically require tens of millions of human reads.??> We evaluated several methods for
RNA purification and sequencing library preparation to overcome these challenges and optimized a workflow to

generate high quality human gene expression data.

Ten million human-mapping reads per sample was determined by empirical analysis to be sufficient for robust gene
expression analyses. Twenty-one samples which generated over 66 million human-mapping reads per sample were
used to evaluate the impact of lower sequencing depth. For each sample, 40 million, 20 million, 10 million, 5 million,
and 1 million human-mapping reads were randomly selected, and gene expression in each computationally down
selected subset was compared. Each sample clustered with itself, regardless of sequencing depth, and separate from
other samples when Principal Component Analysis was applied and visualized for Principal Components 1 to 5
(which represented >95% of variance explained). Clustering by PCA would be dominated by genes with high levels
of expression that vary among the different samples, indicating that major features of gene expression do not change
in this range of sequencing depth. However, genes with lower expression may be both relevant and important for
the analysis of mucosal immune function. To assess the impact of sequencing depth on lower-abundance genes, |
assessed at what sequencing depth genes with fewer than 0.1 copies per million began to exhibit 0 counts per million

(or dropout). I observed dropout of genes with fewer than 0.1 copies per million when the sample had five million
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human-mapping reads or less, but consistent detection of these genes when greater than five million human-mapping

reads were available. Analyses of gene expression typically rely not only on the presence of genes, but the gene
expression quantification, to identify differential expression. To assess the impact of sequencing depth on gene
expression values, | assessed what portion of genes exhibited significant differential expression when five million
human-mapping reads per sample were available, compared to when 10 million human-mapping reads per sample
were available. Only 2.7% of genes (1700 of 63420 genes) exhibited significant differences (Punagj<0.05, Wilcoxon
Signed Rank Test) when comparing five million human-mapping reads to 10 million human mapping reads for each
sample. Unadjusted P-values were used for this analysis, to provide a more liberal estimate of the number of genes
with significantly different expression; with P-value adjustment for multiple hypothesis testing correction, even
fewer genes would exhibit differential expression between sequencing depths of five million and 10 million human-
mapping reads per sample. These results supported that samples which generated at least 10 million human mapping
reads per sample were likely to yield robust representation of gene expression, including for genes which may have

low abundance but high biological consequence—including interferon stimulated genes.

Data obtained from our optimized workflow provided high quality measurements of human gene expression with
low technical noise. Of 1,368 clinical specimens for which preparation was attempted, 86% yielded more than 10
million human-mapping reads per sample, and an average of 22 million human-mapping reads per sample (Figure
10-2A). For each sample, the fraction of reads mapping to non-intronic (exonic, intergenic) regions was calculated
in order to assess the potential for genomic DNA contamination of the sequencing data. Some reads mapping to
intronic regions are also expected, given that some reads may originate from nascent pre-mRNA molecules which
have not undergone splicing, and that SARS-CoV-2 is known to interfere with splicing and promote intron retention
(Banerjee et al. Cell 2020). For 85% of samples reads were predominantly exonic (Figure 10-2B), and average of
60.5% (Standard Deviation 15%) of reads from each sample mapped to known exonic regions. These data supported
that reads obtained are likely to be reflective of gene expression. The workflow for specimen processing was
designed for compatibility with automated instrumentation, in order to decrease operator-dependent variability, and
in each batch of specimens that were processed, a positive control consisting of pooled human saliva from a single-
stock was included. Gene expression data from this positive control in each batch represents technical replicates,
and was analyzed to assess technical noise from processing. As expected, variation (attributable to technical noise)
among replicate gene expression measurements was dependent on the level of expression, with lower variability

among genes with higher expression. However, for over 95% of genes with abundances as low as 10 copies per
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million, standard deviation was only 0.2; this corresponds to less than 1.5-fold changes due to technical noise among

replicate measurements of genes at low abundance (Figure 10-2C). Technical noise was lower for genes with
greater expression values. For genes with mean abundances below two copies per million, the gene was not detected
(zero counts) in one or more technical replicates, resulting in the striped pattern observed in the top left quadrant
when mean log10 copies per million is plotted against standard deviation; individual stripes occur due to an
increasing prevalence of zero counts for that gene (for example, the first stripe contains genes which had a zero
count in one of 17 replicates, and the second stripe contains genes which had a zero count in two of 17 replicates,

etc).
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Figure 10-2 Human-exome enriched sequencing of upper respiratory clinical specimens generates gene expression data of
high technical quality. (A) Histogram of log10 human-mapped reads per sample. Red line indicates 10 million human-
mapped reads per sample. Red text shows the fraction of samples with more than 10 million human-mapped reads per
sample. (B) Histogram visualizing the fraction (percent) of reads from each sample which mapped to non-intronic (exonic,
intergenic) regions. Red line indicates 50% non-intronic mapped reads. Red text shows the fraction of samples which had
more than 50% of reads mapping to non-intronic regions. (C) Specimens were processed in 17 independent batches, which
each contained volume from a single-stock of human saliva pooled from 10 unique saliva specimens. Measurements from
this pooled saliva control therefore represent technical replicates. Raw counts per gene for each pooled saliva replicate were
normalized by library size to represent gene expression in copies per million reads. For each gene, the average of log10-
transformed expression values among the replicates was calculated (x-axis) and plotted against the standard deviation of
log10-transformed expression values (y-axis) among the 17 pooled saliva technical replicates. Vertical red line indicates an
expression value of 10 copies per million. Technical replicate expression values for 95.1% of genes at or above this level
of abundance had a standard deviation less than 0.2 (horizontal red line).
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Longitudinal gene expression data demonstrates substantial upregulation of interferon stimulated genes during

acute viral infection

In order to ascertain the magnitude of change in expression observed for interferon stimulated genes (1SGs) during
acute viral infection, | visualized the expression of canonical interferon stimulated genes (STAT1, MX1, OAS1)
and quantitative viral load data from each specimen type from each participant over time. Most participants
exhibited large changes in 1ISG expression that closely followed the progression of SARS-CoV-2 proliferation. A
subset of four participants with representative changes in gene expression are shown in Figure 10-3. Baseline
expression of these canonical 1SGs (prior to observed upregulation) varied by participant and specimen type and
was fairly stable, changing by than one order of magnitude before becoming upregulated by several orders of
magnitude. This upregulation was observed in all specimen types for these individuals. In some individuals with
low viral loads, the expression changes of 1ISGs were notably smaller (data not shown). For several individuals,
including the participant shown in Figure 10-3D, expression of these ISGs appear to be upregulated in a relatively
synchronized fashion among all specimen types despite low or undetectable viral loads in one or more specimen
types during early infection. This result suggests that early interferon stimulation is not restricted to upper respiratory
sites with detectable viral proliferation and can be present in sites without detectable SARS-CoV-2 RNA.
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Figure 10-3. Canonical interferon stimulated genes exhibit massive upregulation during the early phase of SARS-CoV-2
infection in all specimen types. For a representative set of four participants (A-D) with Sustained Incident Infection, SARS-
CoV-2 viral load (left y-axis) is plotted over time in each specimen type collected (saliva in blue, nasal swab in green, and
throat swab in orange). Additionally, the observed gene expression values (TMMwsp normalized and log10 transformed,
right y-axis) for STATL (purple), MX1 (pink), and OAS1 (black) are overlayed.
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Interferon stimulation is conserved and specific to individuals with sustained infection

While individual gene expression may suggest interferon stimulation, expression changes among sets of genes more
robustly demonstrate this response. Additionally, analysis methods that consider the expression of interferon-
stimulated gene sets relative to the expression of randomly selected genes provide a more rigorous and unbiased

evaluation of interferon stimulation.

I implemented a method to calculate an Interferon Stimulation Model Score (ISMS) for each sample.® This method
uses a validated list of 26 known interferon stimulated genes, and compares the arithmetic mean of their expression
to that of a randomly selected set of 100 “control” genes, which serves as a baseline to account for random gene

expression variation.

I compared whether the ISMS differentiated participants in the Sustained Incident Infection (SII) cohort (Figure
10-4A) from those in the Test Negative (TN) cohort (Figure 10-4B). Increases in ISMS were highly specific to
individuals with sustained infection, with marked differences between SIl and TN cohorts across specimen types.
Among individuals with SII, ISMSs rose to values greater than one before gradually declining over time. ISMSs
remained low and stable among TN individuals. To quantify specificity, | considered threshold of minimum ISMS
in a minimum number of timepoints for each individual (Figure 10-4C,D). Among saliva samples, 14 of 16 (88%)
individuals in the S1I cohort had at least two samples with an ISMS greater than 0.75, while this was the case for
zero of 16 (0%) individuals in the TN cohort. ISMSs of 0.5 in at least two saliva samples were observed for 100%
of Sl participants and 19% of TN participants. Similarly, among nasal swab samples, 14 of 16 (88%) individuals
in the Sl cohort and two of 16 (13%) individuals in the TN cohort had at least two samples with an ISMS greater
than 0.25. ISMS scores were systematically lower in throat swabs compared to other specimen types, which may
reflect differential 1SG upregulation between specimen types. Among throat swab samples, eight of nine (89%)
individuals in the SII cohort and 1 of 9 (11%) individuals in the TN cohort had at least two samples with an ISMS
greater than 0.25. Notably, a single Test Negative participant exhibited a consistently high ISMS in throat swabs
(Figure 10-4B), which highlights the variability in baseline mucosal immune function across individuals and

underscores the value of longitudinal measurements to detect changes from baseline.

Visualization of ISMS dynamics among individuals with SII suggest that interferon stimulation is initiated in all

upper respiratory mucosal sites shortly after the first SARS-CoV-2 positive result in any specimen type. Given that
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viral load dynamics are asynchronous among upper respiratory mucosal sites for most participants in this cohort

(Figure 10-1), the synchronicity of interferon stimulation among specimen types suggests that early interferon
stimulation is not restricted to upper respiratory sites with detectable viral proliferation but can indeed be present in
sites without detectable SARS-CoV-2 RNA.
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Figure 10-4. Interferon Stimulation Module Scores distinguish participants with Sustained Incident Infection from Test
Negative participants. (A) shows Interferon Stimulation Module Scores in each specimen type, for participants with Sustained
Incident Infection over time relative to the day of first SARS-CoV-2 positive result in any specimen type. Vertical black lines
indicate time 0. (B) shows Interferon Stimulation Module Scores in each specimen type, for demographically-matched participants
in the Test Negative cohort, over time relative to the day of enrollment. Thin grey lines indicate data from individual participants,
while thick lines with shading indicate the daily median ISMS with interquartile range. N indicates the number of individual
participants from whom data is shown. (C) Heatmap visualizing the percent of participants with Sustained Incident Infection who
had ISMS values above a minimum threshold (x-axis) in a minimum number of timepoints throughout their enroliment (y-axis),
for each specimen type. (D) Heatmap visualizing the percent of participants in the Test Negative cohort who had ISMS values
above a minimum threshold (x-axis) in a minimum number of timepoints throughout their enrollment (y-axis), for each specimen
type. Magenta boxes indicate specific comparisons described in Results.
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Interferon stimulation is synchronized across anatomical sites in the upper respiratory mucosa independently of

local SARS-CoV-2 viral load

Prior analyses demonstrated that select ISGs in an upper respiratory mucosal site can be upregulated prior to the rise
of viral load in that site (Figure 10-3D) and that on a population level, the Interferon Stimulation Module Score
exhibits a synchronized rise in all upper respiratory mucosal sites immediately after viral RNA is detected in any
specimen type (Figure 10-4A). These results are inconsistent with the hypothesis that early interferon stimulation
IS restricted to upper respiratory sites with detectable viral proliferation and absent from sites without detectable
SARS-CoV-2 RNA. However, to rigorously test this hypothesis, | next assessed ISMS dynamics at each anatomical

site in individuals with Sustained Incident Infection, in relation to local viral load dynamics..

In most Sl participants, nasal viral load rose later than viral load in saliva or throat swabs. Among 16 individuals
in the SlI cohort, 11 exhibited a delay in the rise of viral load in the nose, compared to saliva or throat swabs, four
had detectable viral RNA in the nose at the same time as saliva or throat swabs, and one individual had detectable
virus in the nose prior to saliva (Figure 10-1). If interferon stimulation during early infection is absent from upper
respiratory mucosal sites without detectable SARS-CoV-2 RNA, then ISMSs in the nose should remain low prior
to the rise of SARS-CoV-2 viral load in the nose.

In 81% (13 of 16) of individuals with SlI, interferon stimulation in the nose (ISMS > 0.25) occurred before viral
loads in the nose exceeded 1,000 copies/mL (Figure 10-5A,B,C,E,F,G,H,1,J,K,N,O,P). One participant (Figure
10-5M) exhibited a high ISMS of 2.07 on the same day that SARS-CoV-2 viral load in the nose was above 1,000
copies/mL, which was one day after SARS-CoV-2 was first detected in any specimen type. For two participants
(Figure 10-5D,L), the rise in nasal swab viral load occurred prior to the rise in ISMS; one of these participants
(Figure 10-5D) was the only participant for whom the rise in nasal swab viral load preceded the rise in saliva viral
load. These findings challenge the hypothesis that early interferon stimulation is confined to sites with detectable

viral proliferation, indicating that ISMS can rise even in locations without detectable viral RNA.

In contrast to the nose, interferon stimulation in the mouth and throat generally followed detectable viral load. Seven
of 9 (78%) participants had viral loads above 1,000 copies/mL in the throat prior to ISMSs of 0.25 (Figure 10-6H-
N). For one participant (Z187, Figure 10-60), these thresholds were met on the same day, and for the other

participant (2196, Figure 10-6P) an ISMSs of 0.25 was observed several days prior to throat swab viral loads above
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1,000 copies/mL. In the latter participant, throat swab viral loads never exceeded 10° copies/mL. Test Negative

participants had higher ISMSs in saliva than in nose or throat samples (Figure 10-4B), and therefore an ISMS of
0.25 in saliva had lower specificity for sustained infection than this value in nasal or throat swabs (Figure 10-4D).
To achieve a similar level of specificity for sustained infection, I set an ISMS threshold of 0.5 to assess the timing
of interferon stimulation relative to the rise of viral load in saliva. Fifty percent (eight of 16) of participants had
saliva viral loads exceeding 1,000 copies/mL prior to ISMS reaching 0.5 (Figure 10-7B,C,G,H,1,K,N,0), while in
19% (3 of 16) participants, these events occurred at the same timepoint (Figure 10-7D,L,M). For 31% (five of 16)
participants, interferon stimulation preceded the rise in saliva viral load (Figure 10-7A,E,F,J,P), with three of these
five participants exhibiting ISMS > 0.5 before viral RNA was detected in any specimen type (Figure 10-7AE,F).

For one participant (Z196, Figure 10-7P), salivary viral load never exceeded 1,000 copies/mL.
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Figure 10-5. Interferon Stimulation in the nose frequently occurs prior to detectable viral proliferation in the nose
of individuals with sustained incident infection. Each panel (A-P) shows data from nasal swab specimens collected by a
single participant with sustained incident infection. Panels are ordered by Participant ID, and the panel label is held
consistent for each participant in Figures 10-1, 10-4, 10-5, and 10-6. Interferon Stimulation Module Scores in the nose are
plotted in black (left y-axis), and SARS-CoV-2 viral loads are plotted in green (right y-axis), over time relative to the day
that SARS-CoV-2 RNA was first detected in any specimen type (x-axis). The horizontal grey line indicates an ISMS
threshold of 0.25, and the horizontal light green line indicates a nasal viral load threshold of 1,000 copies/mL. The earliest
datapoint with values above each threshold are indicated by a magenta circle.
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Figure 10-6. The timing of detectable viral proliferation and interferon stimulation in the oropharynx of individuals
with sustained incident infection. Each panel (H-P) shows data from throat swab (oropharyngeal) specimens collected by
a single participant with sustained incident infection. Panels are ordered by Participant 1D, and the panel label is held
consistent for each participant in Figures 10-1, 10-5, 10-6, and 10-7. Interferon Stimulation Module Scores in the nose are
plotted in black (left y-axis), and SARS-CoV-2 viral loads are plotted in orange (right y-axis), over time relative to the day
that SARS-CoV-2 RNA was first detected in any specimen type (x-axis). The horizontal grey line indicates an ISMS
threshold of 0.25, and the horizontal light orange line indicates a oropharyngeal viral load threshold of 1,000 copies/mL.
The earliest datapoint with values above each threshold are indicated by a magenta circle.
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Figure 10-7. The timing of detectable viral proliferation and interferon stimulation in the oral cavity of individuals
with sustained incident infection. Each panel (A-P) shows data from saliva specimens collected by a single participant
with sustained incident infection. Panels are ordered by Participant ID, and the panel label is held consistent for each
participant in Figures 10-1, 10-5, 10-6, and 10-7. Interferon Stimulation Module Scores in the nose are plotted in black
(left y-axis), and SARS-CoV-2 viral loads are plotted in blue (right y-axis), over time relative to the day that SARS-CoV-2
RNA was first detected in any specimen type (x-axis). The horizontal grey line indicates an ISMS threshold of 0.5, and the
horizontal light blue line indicates a saliva load threshold of 1,000 copies/mL. The earliest datapoint with values above each
threshold are indicated by a magenta circle.
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To determine whether interferon stimulation during early infection was synchronized across upper respiratory

mucosal sites, | compared the timing of interferon stimulation (ISMS above 0.25 in the nose and throat, and above
0.5 in the oral cavity) with the onset of detectable viral proliferation (SARS-CoV-2 >1000 copies/mL) at the same
site or any site. Interferon stimulation in the nose occurred closer to the timepoint of detectable viral proliferation in
any site than in the nose itself (Padj=0.003, Wilcoxon Signed Rank Test with Bonferroni Correction, Figure 10-
8A), suggesting that nasal interferon response is more influenced by viral proliferation at any upper respiratory site
than by local proliferation. Since viral proliferation was typically first observed in the oropharynx (Figure 10-8B)
and oral cavity (Figure 10-8C), interferon stimulation in these sites coincided with the earliest detectable viral load
at any site. In addition to the initiation of interferon stimulation, | also assessed the correlation of longitudinal ISMSs
among specimen type pairs from each participant. For all specimen type pairs (nasal and saliva in Figure 10-8D,
nasal and throat in Figure 10-8E, saliva and throat in Figure 10-8F), ISMS values correlated significantly better
than those in a null model where values were shuffled randomly across time (Padj=0.009, Padj=0.035, Padj=0.012
for each pairwise comparison, Wilcoxon Signed Rank Test with Bonferroni Correction). These correlations between
ISMS across specimen type pairs further support that interferon stimulation is synchronized across multiple

anatomical sites in the upper respiratory mucosa during acute viral infection.



262

*% ns ns
(A) — (B) — (©) —
L]
6 L 6 6
o
w4 w4 w4 ™
m m m
=] =] =]
g g g *
24 24 24
o q o o -
a : a a :
0 — 0 r 3 0
1] L) [:T] aQ e S
£ : g —1= | £ -
[ | [ - [ '
o0 I )
-2 -~ -2 1 .I. -2 ) .
N=16 N=9 N=18
-4 T T -4 T T -4 T T
Nasal ISMS ws.  Nasal ISMS vs. Throat ISMS vs. Throat ISMS vs. Saliva ISMS vs.  Saliva ISMS vs.
Nasal Viral Load First Viral Load Throat Viral Load First Viral Load Saliva Viral Load First Viral Load
Category Category Category
*k * *
(D) 10 — (E) 10- — (F) 104 O
[
0.8 4 0.8 4 0.8 4
L . L P
5 5 &
2 0.6 2 0.6 2 06
= = e =
8 e . 8 8
= 044 c 0.4 = 0.4 4
=] =] =]
= ¢ = @ =
g 02 g 02 £ 02
S oo g S
g oo 2 5 00 T 00 :
i oge i E
o [ ] © ]
2 ¢ 2 2
2 0.2+ 2 0.2+ 2 0.2
041 N-16 049 N=g 049 N=o
Nasal ISMS vs. Nasal ISMS vs, Nasal ISMS vs.  Nasal ISMS vs. Saliva ISMS vs.  Saliva ISMS vs.
Saliva ISMS Shuffled Saliva ISMS Throat ISMS  Shuffled Throat ISMS Throat ISMS  Shuffled Throat ISMS
Comparison Comparison Comparison

Figure 10-8. Interferon Stimulation is synchronized across anatomical sites in the upper respiratory mucosa. (A) For
each participant, the time difference between the initiation of interferon stimulation in the nose (first timepoint with
Interferon Stimulation Module Score [ISMS] > 0.25 in nasal swabs) and first detectable viral proliferation in the nose
(SARS-CoV-2 viral load >1000 copies/mL) was calculated. The time difference between the initiation of interferon
stimulation in the nose (first timepoint with Interferon Stimulation Module Score [ISMS] > 0.25 in nasal swabs) and first
detectable viral proliferation in any upper respiratory sampling site (SARS-CoV-2 viral load >1000 copies/mL) was also
calculated. The distribution of time differences in each group was then compared using Wilcoxon Signed Rank Test with
Bonferroni correction. Similar analyses were performed on data from the (B) oropharynx (throat) and the (C) oral cavity
(saliva). N indicates the number of participants assessed in each plot. ISMS: Interferon Stimulation Module Score. *
indicates adjusted P value <0.05, ** indicates adjusted P value < 0.01, while ns indicates non-significant.
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Discussion
High quality, longitudinal human transcriptomic data from paired specimen types starting prior to acute viral
infection is extraordinarily rare. To our knowledge, the only other dataset with similar features that exists
was obtained following intentional inoculation of an early SARS-CoV-2 variant strain (SARS-CoV-
2/human/GBR/484861/2020, a D614G-containing pre-alpha wild-type virus) into young (age 18-29 years)
and healthy volunteers in the United Kingdom.?>-2° While this human challenge study has provided valuable
insight into the mechanisms of infection and defense against SARS-CoV-2, the study is limited by the
experimental infection route, the demographic diversity of participants, the viral variant used, and the lack
of prior COVID-19 exposure or vaccination. In contrast, our dataset includes individuals age seven to 57,
infected with a variety of viral variants (including both ancestral and the currently predominant Omicron
variant), and individuals with prior COVID-19 vaccination. Additionally, gene expression analyses from the
human challenge study have only been reported for paired nasopharyngeal swabs and blood, while our
dataset includes three paired upper respiratory specimen types—saliva (oral cavity), nasal swab (anterior

nares), and throat swab (oropharynx).

The localization of interferon stimulation across the upper respiratory tract during the early phase of acute
viral infection has important implications for our understanding of mucosal immunology and for mucosal
vaccine design. Current models of interferon stimulation propose that interferon production is concentrated
at the site of viral infection and decreases with distance, inducing an antiviral state in nearby cells.®® While
this localized response limits excess inflammation, it may leave more distant mucosal cells vulnerable to
viral infection. If viral spread is primarily diffusion-limited, a localized interferon response could effectively
contain the infection. However, if viral spread involves additional mechanisms, such as virus-induced cell
migration,? localized interferon production may be insufficient to prevent sustained infection. Sterilizing
immunity, or the ability to prevent sustained viral infection, would limit viral transmission not only among
cells within an individual, but prevent among individuals. For this reason, induction of sterilizing immunity
is a central objective of mucosal vaccines.**> Understanding the localization of interferon and other immune
responses across anatomically distinct mucosal sites is necessary to develop mucosal vaccines that

effectively induce sterilizing immunity.
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Our findings challenge the hypothesis that interferon stimulation is restricted to upper respiratory sites with

detectable viral RNA. Instead, we observed synchronized interferon stimulation across multiple sites—
specifically, the oropharynx, oral cavity, and nasal passages—following viral proliferation in any one of
these sites. This synchronization was evident through both ISG expression patterns and ISMS analysis, and
through analysis of both aggregate and individual-level data. Synchronization of interferon stimulation
during early viral infection was demonstrated by the timing of initiation of the interferon response relative
to detectable viral proliferation, as well as through longitudinal correlation over the course of acute viral

infection.

There are two potential explanations for the observed interferon stimulation in sites without detectable viral
proliferation during early acute infection. First, viral infection may have occurred nearly simultaneously at
multiple mucosal sites, triggering independent, localized interferon responses, with viral proliferation
remaining below detectable thresholds in some sites. Alternatively, the mucosal immune system may have
coordinated a broad-range interferon response across sites, even in the absence of local viral proliferation.
Either explanation advances our understanding of respiratory viral infection and the host mucosal immune

response.

Current models of respiratory virus transmission typically assume a single initial site of cellular infection,
followed by viral spread to adjacent tissues.*?"2® However, our first explanation challenges this model,
suggesting that initial infection can occur simultaneously at multiple upper respiratory sites. Moreover, the
ability to maintain viral proliferation below detectable limits in some sites, but not others, suggests the
presence of specific immune mechanisms that more effectively suppress viral replication in certain areas.
Identification of these features can inform correlates of protection for mucosal vaccines. Interestingly, that
nasal viral loads eventually rose indicates that effective viral suppression only lasted for a few days. This
begs us to ask what occurs at that transition point. It is notable that among the thirteen individuals who
exhibited interferon stimulation prior to viral proliferation in the nose, in eight individuals (62%) the rise in
nasal viral load was immediately preceded by a relative decline in ISMS (Figure 10-5A,B,G,1,J,N,O,P).
This could indicate a lack of immune effector cell recruitment to the nose due to high viral loads in the mouth

or throat, or potentially viral-mediated perturbation of interferon-mediated antiviral mechanisms.?®
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Alternatively, interferon stimulation may be coordinated across the upper respiratory mucosa, independent

of local viral proliferation. This challenges models of short-distance, compartmentalized paracrine interferon
signaling, which is assumed to be diffusion-limited. Instead, interferon stimulation may function as a feed-
forward mechanism, inducing an antiviral state across multiple at-risk sites. Signal amplification over long
distances (e.g., from the throat to the nose) may be mediated by epithelial cells,'® although tissue-resident
leukocytes, such as plasmacytoid dendritic cells (pDCs), likely play a central role. In this way, networks of
cells can serve as beacon towers that light “signal fires” to communicate over longer distances, as human

societies have done for at least 3,000 years.*®

While neutralizing antibodies have long been recognized as a key defense against sustained viral infection,
recent studies highlight the crucial role of cell-mediated immunity, particularly the bystander activation of
CD8+ T cells. Interferon signaling can induce a bystander activation state in CD8+ T cells, enabling them
to exhibit cytotoxic functions without the need for direct antigen recognition. Early research suggested that
prolonged exposure to high-dose antigen was required to activate cytotoxic T lymphocytes.3! However,
Tough et al.®2 demonstrated that brief proliferation of CD8+ T cells could be stimulated by Type I IFN in
the absence of antigen, a phenomenon termed “bystander proliferation,” which was initially thought to be
of limited biological importance.®*3 Later studies revealed that antigen-independent cytokine stimulation
of CD8+ T cells primed them for rapid effector functions, including the secretion of IFNy and granzyme B
upon subsequent antigen encounter.®>3¢ This “bystander activation” state also promotes the recruitment and
activation of innate immune cells*” and modulates the balance between memory and effector T cell

responses.” 3

The importance of bystander activation has been demonstrated in several models. For instance, inhibition of
bystander activation during early Listeria monocytogenes infection in mice resulted in worsened disease
outcomes,® and bystander activation of lung-resident memory T (Tmem) cells was shown to enhance
neutrophil recruitment, helping to mitigate bacterial pneumonia.®® Similar patterns have been observed in
viral infections: early induction of bystander activation in CD8+ T cells was detected in the spleen following
reovirus infection in mice.*® In humans, a lack of bystander-activated CD8+ T cells during the first week of
symptomatic SARS-CoV-2 infection has been linked to more severe disease.** These studies suggest that

bystander-activated CD8+ Tmem play a critical role in orchestrating the immune response during the early
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stages of acute viral infection,'’? preventing superinfection,*® as well as maintaining Tmem cell

populations.® Recent evaluations of mucosal vaccines have further highlighted the role of Tmem cells in

suppressing early viral proliferation, which is critical for achieving sterilizing immunity.*

Three limitations of this study must be noted. First, this study is observational in nature. Experimental animal
models will be necessary to confirm the synchronization of mucosal immune responses observed here.
Second, although over one thousand specimens were analyzed, they were collected from a relatively small
number of participants due to the logistical challenges of obtaining daily paired upper respiratory samples
from individuals with sustained infection. The cohort is diverse in age, sex, vaccination status, and infecting
viral variant, but insufficient in size to control for these differences. However, the findings presented were
highly conserved across this group of participants. Third, it was only possible to generate this unique dataset
through the self-collection of non-invasive specimen types, but these specimen types may not fully capture
or reflect intra-mucosal gene expression. Advancements in technologies to non-invasively sample intra-

mucosal dynamics are necessary to enable a more precise understanding of human mucosal immunobiology.
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CONCLUSIONS

Synthesis and Implications of Findings

The quantitative, longitudinal measurements of SARS-CoV-2 viral load from individuals with sustained
incident infection suggest that the proliferation of virus within a single human follows distinct dynamics at
different anatomical sites in the upper respiratory mucosa (Chapter I11). These distinct dynamics result in
extreme differences in viral load among specimen types from the same person (Chapter 1V), which in turn,
substantially impacts the clinical sensitivity of COVID-19 diagnostic tests in a manner that depends on the
specimen type tested and the analytical sensitivity of the test (Chapter 111, Chapter VI). For both pre-Delta
and Omicron variants of SARS-CoV-2, we observed that viral loads in the nose generally increased several
days after viral loads in saliva and the throat. This delay contributed to the poor clinical sensitivity of nasal
swab specimens, particularly with Ag-RDTs and molecular tests during early infection, when individuals
are typically asymptomatic but infectious. Cell culture experiments and cross-sectional human specimen
analyses suggested that the relationship between SARS-CoV-2 viral RNA concentration and concentration
of replication-competent virus was static, and a high viral load was requisite for infectiousness. However, in
humans with a dynamic mucosal immune response, this relationship is dynamic: SARS-CoV-2 viral load
appears to be more indicative of replication-competent virus in early infection than later infection (Chapter
V), presumably due to increasing production of antibodies that effectively neutralize replication competent
virus but do not affect viral RNA. The poor performance of nasal swab rapid tests in detecting early infection
(compared to other specimen types) was associated with higher levels of household transmission (Chapter
VI1). However, Testing both nasal and throat specimens with validated molecular or Ag-RDT tests is likely
to improve the detection of early infection, allowing for timely isolation and reduced transmission (Chapter
1X).

Unlike the asynchronous viral load dynamics, gene expression data indicate that mucosal interferon
stimulation is synchronized across the upper respiratory tract, independent of detectable viral proliferation
at specific sites (Chapter X). A synchronous mucosal immune response could indicate either (1) primary
infection with SARS-CoV-2 does not occur at a single site in the upper respiratory mucosa and then spread

to other areas, but rather that inoculation occurs near-simultaneously at multiple sites during naturally
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acquired SARS-CoV-2 infection or (2) that there is rapid initiation of a global antiviral response coordinated

across upper respiratory mucosal surfaces. Either explanation advances our mechanistic understanding of
respiratory viral infection in humans. The former explanation contrasts with current models of respiratory
viral transmission, which assume a single site of initial infection, while the latter explanation would contrast
with current models of interferon signaling, which assume paracrine function that induces a localized

antiviral state among close by, neighboring cells.
Future Work

Daily gene expression human transcriptomic data from paired upper respiratory specimen types starting
prior to acute viral infection is extraordinarily rare. Generation of this precious dataset was only made
possible by four key intersecting factors: advances in nucleic acid purification and sequencing technologies
for challenging respiratory specimens, the high prevalence of COVID-19 during the pandemic, increased
public health resources for testing and rapid contact tracing, and the willingness of individuals to isolate
after exposure and to participate in research. Below, | outline several promising analyses that can be

conducted using this valuable dataset:
Matrix Factorization to Identify Gene Program Sequence, and Novel Human Interferon Stimulated Genes

Cellular and tissue function are dependent on a regulated network of gene expression. As such, identification
of gene programs—sets of genes with a functional relationship and interrelated expression patterns—and
the sequence by which different gene programs are activated can shed light on the tissue level response to
acute viral infection in humans. The sequence of stimulation of these gene programs likely plays an
important role in coordination of the mucosal immune response. For example, early interferon stimulation
activates gene programs comprised of ISGs, which recruit additional leukocytes and initiate an adaptive
immune response. Many 1SGs known to date are cell-type specific, and thus studies of different cell types
or anatomical compartments are likely to identify previously unrecognized, putative ISGs, especially in the
upper respiratory mucosa. ISGs which are rapidly upregulated in humans upon viral infection are unlikely
to have been observed in studies that only analyze gene expression at later stages of infection. | anticipate
that identifying early mucosal immune response programs containing known ISGs will uncover new early-

response 1SGs or suggest putative functions for genes currently lacking annotation. To identify latent
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features (interpreted as gene programs) within this transcriptomic dataset, | will employ a signal processing

technique known as Orthogonal Non-negative Matrix Factorization (ONMF).34
Very Early Biomarkers of Respiratory Viral Infection to Improve Diagnostics for Early Detection

Features of the early mucosal immune response to SARS-CoV-2 are discernable even before viral RNA
rises to levels detectable by some of the highest analytical sensitivity diagnostic assays available. Conserved
changes in gene expression that occur during the early mucosal immune response to viral infection can serve
as candidate biomarker for diagnostic assays that enable earlier detection of infected individuals than
currently available diagnostics. Earlier detection can prompt earlier isolation that reduces viral transmission,
and earlier initiation of antiviral treatment to maximize treatment efficacy | will apply computational
methods—including differential expression, cross-correlation, and impulse modeling®—to identify genes
that change expression during the early stages of infection, before viral RNA becomes detectable. 1 will
prioritize candidate biomarkers that exhibit large, conserved expression changes across individuals and are
compatible with RT-qPCR assays. To increase the diagnostic utility, 1 will also assess biomarkers for
conservation during human infection with other respiratory viruses, such as influenza and RSV, using

publicly available datasets.
Conservation and Migration of Leukocyte Populations Across Upper Respiratory Mucosal Sites

The mucosal immune response to viral infection results from the function of cells present within, recruited
to, or emigrating from the mucosa. Since SARS-CoV-2 can proliferate to high levels (>108 copies/mL) in
multiple anatomical sites of the upper respiratory mucosa simultaneously, the mucosal immune system must
balance recruitment of leukocytes across these anatomical sites to combat infection. How leukocyte
populations change in different areas of the upper respiratory mucosa during different phases of acute viral
infection, and the impact of those populations on viral clearance in the mucosa has not been established. By
deconvoluting cell type abundance estimates® from bulk gene expression data from annotated single-cell
gene expression data, | will monitor changes in the cell populations in different areas of the upper respiratory

mucosal throughout acute SARS-CoV-2 infection.
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Re-activation of Latent Viral Elements in the Respiratory Mucosa During Acute Viral Infection

Re-activation of latent viral elements (e.g., human endogenous retroviruses, and latent exogenous viruses)
within human cells has important health implications, but the mechanistic knowledge of what prompts re-
activation and where re-activation occurs in humans is lacking. Re-activation of viral elements is more
frequent with age’ and known to have oncogenic potential.®® More recently, viral re-activation has been
linked to immunopathologies including systemic lupus erythematosus, Crohn’s disease, and potentially long
COVID. Acute infection by a variety of pathogens (including other viruses) has been associated with re-
activation of latent viral elements,° likely due to perturbation of immune regulation.! This re-activation can
amplify the innate immune response, with either beneficial or detrimental effects.2'® Vaccination against
viral infection can induce re-activation of viral elements,** which may cause rare but debilitating post-
vaccine syndromes (e.g., Guillon-Barré). However, it is not known what specific cellular changes precede
the re-activation of these elements in humans during acute viral infection, and whether re-activation is
localized to the anatomical site of infection or if infection prompts re-activation across multiple sites. Such
mechanistic understanding of re-activations is critical to elucidating their true impact on human health. With
this knowledge, researchers can tailor vaccine design for improved safety and efficacy and identify novel

mechanisms to prevent viral element re-activation or limit their negative sequelae.

Longitudinal specimens from paired anatomical sites collected by humans throughout the full course of an
acute viral infection are necessary to answer these questions, but such samples are incredibly challenging to
obtain. Instead, most studies of re-activation of viral elements use cell culture or animal models, and those
that use human samples are limited by cross-sectional sampling and/or single specimen types (typically
peripheral blood mononuclear cells). Single specimen types cannot answer whether re-activation is

localized, or global, and cross-sectional sampling cannot reveal what occurred prior to re-activation.

Using the unique sample set described in Chapter X and advanced viral mapping tools,? I will map and
estimate the abundance of genomic viral elements® in our human RNA-seq data to assess whether viral
element re-activation is localized during acute viral infection and identify transcriptional and infection-

related events preceding re-activation of viral elements.
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Regulation of non-coding RNAs During Acute Viral Infection

Beyond coding RNA sequences, there is an increasing appreciation for the role of non-coding RNA
molecules in the regulation of cellular function. These include species such as microRNAs, long non-coding
RNAs, small interfering RNAs, and small nucleolar RNAs. Changes in non-coding RNA expression during
acute viral infection could uncover novel intracellular antiviral mechanisms, or mechanisms by which viral
infection interferes with cellular function.’® I will attempt to study perturbations in non-coding RNA

expression associated with acute SARS-CoV-2 infection, and their impact on cellular regulatory networks.

Closing Thoughts

Homo sapiens have always been, and for the foreseeable future will be, at risk of infection. Subsequently,
we will be at risk of outbreaks, epidemics, and pandemics. At this moment, an epidemic of a poxvirus
(Mpox) is expanding’ and conjuring memories of the battle against smallpox,® and vector borne diseases
are expanding their geographic distribution.’® We must learn from and improve upon our response to the
microbial neighbors that threaten our health to reduce the tragedy of future pandemics. | hope that my work
adds a small, but solid brick to the foundation laid by numerous scientists before me, including those who
developed technologies for studying nucleic acid sequences to enhance the detail with which we can study

our world.



276
References
1. van Boxel-Dezaire AHH, Rani MRS, Stark GR. Complex modulation of cell type-specific
signaling in response to type I interferons. [Immunity. 2006;25(3):361-372.
doi:10.1016/j.immuni.2006.08.014

2. Mostafavi S, Yoshida H, Moodley D, et al. Parsing the interferon transcriptional network and its
disease associations. Cell. 2016;164(3):564-578. doi:10.1016/j.cell.2015.12.032

3. Lee DD, Seung HS. Learning the parts of objects by non-negative matrix factorization. Nature.
1999;401(6755):788-791. doi:10.1038/44565

4.Liu Y, Wen Z, Li M. The Power of Matrix Factorization: Methods for Deconvoluting Genetic
Heterogeneous  Data  at  Expression  Level. Curr  Bioinforma.  2020;15(8).
doi:10.2174/1574893615666200120110205

5. Sander J, Schultze JL, Yosef N. ImpulseDE: detection of differentially expressed genes in time
series data using impulse models. Bioinformatics. 2017;33(5):757-759.
doi:10.1093/bioinformatics/btw665

6. Newman AM, Steen CB, Liu CL, et al. Determining cell type abundance and expression from
bulk tissues with digital cytometry. Nat Biotechnol.2019;37(7):773-782. doi:10.1038/s41587-019-
0114-2

7. Hurme M. Viruses and immunosenescence - more players in the game. Immun Ageing A.
2019;16:13. doi:10.1186/512979-019-0152-0

8. Chen J, Foroozesh M, Qin Z. Transactivation of human endogenous retroviruses by tumor
viruses and their functions in virus-associated malignancies. Oncogenesis. 2019;8(1):6.
doi:10.1038/s41389-018-0114-y

9. Donzel M, Bonjour M, Combes JD, et al. Lymphomas associated with Epstein-Barr virus
infection in 2020: Results from a large, unselected case series in France. EClinicalMedicine.
2022;54:101674. doi:10.1016/j.eclinm.2022.101674

10. Ansari S, Gupta N, Verma R, et al. Antiviral activity of the human endogenous retrovirus-R
envelope protein against SARS-CoV-2. EMBO Rep. 2023;24(7):¢55900.
doi:10.15252/embr.202255900

11. Reese TA, Wakeman BS, Choi HS, et al. Helminth infection reactivates latent y-herpesvirus
via cytokine competition at a viral promoter. Science. 2014;345(6196):573-577.
doi:10.1126/science.1254517



277
12. Grandi N, Tramontano E. Human Endogenous Retroviruses Are Ancient Acquired Elements

Still Shaping Innate Immune Responses. Front  Immunol. 2018;9:2039.
doi:10.3389/fimmu.2018.02039

13. Balestrieri E, Minutolo A, Petrone V, et al. Evidence of the pathogenic HERV-W envelope
expression in T lymphocytes in association with the respiratory outcome of COVID-19 patients.
EBioMedicine. 2021;66:103341. doi:10.1016/j.ebiom.2021.103341

14. Daouk SK, Kamau E, Adachi K, Aldrovandi GM. Zoster Meningitis in an Immunocompetent
Child after COVID-19 Vaccination, California, USA. Emerg Infect Dis. 2022;28(7):1523-1524.
doi:10.3201/e1d2807.220600

15. Luebbert L, Sullivan DK, Carilli M, et al. Efficient and accurate detection of viral sequences
at single-cell resolution reveals putative novel viruses perturbing host gene expression. bioRxiv.
Published online May 4, 2024:2023.12.11.571168. doi:10.1101/2023.12.11.571168

16. Ziegler CGK, Miao VN, Owings AH, et al. Impaired local intrinsic immunity to SARS-CoV-
2 infection in severe COVID-19. Cell. 2021;184(18):4713-4733.e22.
do0i:10.1016/j.cell.2021.07.023

17. Kozlov M. Growing mpox outbreak prompts WHO to declare global health emergency. Nature.
2024;632(8026):718-719. doi:10.1038/d41586-024-02607-y

18. Adetifa I, Muyembe JJ, Bausch DG, Heymann DL. Mpox neglect and the smallpox niche: a
problem for Africa, a problem for the world. Lancet Lond Engl. 2023;401(10390):1822-1824.
doi:10.1016/S0140-6736(23)00588-3

19. Paz S. Climate change: A driver of increasing vector-borne disease transmission in non-
endemic areas. PLOS Med. 2024;21(4):¢1004382. doi:10.1371/journal.pmed.1004382

20. Laura L, Sullivan DK, Carilli M, Hjorleifsson KE, Viloria Winnett A, Chari T, Pachter L.
bioRxiv;2023. doi: https://doi.org/10.1101/2023.12.11.571168



278

END



