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ABSTRACT 

Engineered Living Materials(ELMs) is a newly emerging field of biotechnology at the 

interface of synthetic biology and traditional material science. Over the past few years, 

several kinds of novel ELMs were developed. These materials, derived from organisms 

including bacteria, fungi and plants, have potential applications in therapeutics, electronics, 

constructions and environmental remediation. We invented an novel method that enables 

bacteria to from cohesive thin films through cell surface display of associative proteins.  In 

this thesis, we will first demonstrate that we can genetically encode the mechanical 

properties of living bacterial films by controlling amino acid sequences of artificial proteins 

displayed at cell surface. Later, we will show that we can generate bacterial-matrix 

composite by displaying enzymes and peptides at the cell surface. 

 

In Chapter 1, we review the development of ELMs and existing examples of ELMs. The 

fundamental definition of ELMs and trends in ELMs development will be presented. 

Bacterial based ELMs, created either by encapsulating bacteria of interests into a synthetic 

polymeric matrix or by boosting the natural biosynthetic pathways of biopolymers and 

mineralization in bacteria will be the major part of discussion. The goal of this chapter is 

to provide context and background of ELMs research.  

 

In Chapter 2, we discuss the design and preparation method of our own ELM. The process 

of how we come up with growing bacterial films on perforated polycarbonate membranes 

and development of suction coating method will be presented. By using model SpyTag-

SpyCatcher bacterial assembly system, we unraveled the principles behind making 

cohesive bacterial films from a single bacterial colony. 

 



vi 
In Chapter 3, we discuss controlling bacterial films’ mechanical properties through genetic 

manipulation. Engineered bacteria displaying artificial unstructured Elastin-like-peptides 

(ELPs) at cell surface can form cohesive, soft and yielding films with tens of  kPa value of 

Young’s moduli. By merely adding a cysteine at the N-terminal part of the ELP, the 

engineered bacteria can form relative tough, non-yielding films with 3 times higher 

Young’s moduli due to formation of intercellular covalent disulfide bond. Apart from 

having enhanced  mechanical strength, such films containing covalent intercellular 

interactions have abilities to self-heal within 24 hours after being cut into halves.  

In chapter 4, we discuss a strategy based on stimulated Raman scattering microscopy to 

monitor phosphatase-catalyzed mineralization of engineered living bacterial films in situ. 

Real-time label-free imaging elucidates the mineralization process, quantifies both the 

organic and inorganic components of the material as functions of time, and reveals spatial 

heterogeneity at multiple scales. In addition, we correlate the mechanical performance of 

films with the extent of mineralization. 

In chapter 5, we discuss the ability of bacterial protein surface display system to catalyze 

artificial extracellular matrix formation. We demonstrated that heme-containing peroxidase 

Apex2 can be fused with autotransporter protein previous described in Chapter 2, 3 and 4, 

successfully displayed at cell surface and remain functional at catalyzing formation of 

polymer polyaniline (PANI) in the presence of hydrogen peroxide and aniline monomers 

at physiological pH. Similarly, by displaying multiple kinds peptide known to mediate 

silica deposition, we can coat bacteria with silica of different morphologies without 

reducing the viabilities of bacteria.  



vii 
In Chapter 6, we discuss the future directions of engineered living materials developed in 

previous chapters. We propose methods to further improve the mechanical strength of 

bacterial films, to find “sweet-spot” of biomineralization, and to develop artificial 

hydrophobin. 
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Chapter 1 

 

Introduction to Engineered Living Materials 

 
1. Abstract 

Engineered living materials is an emerging field that sits at the border of synthetic 

biology and materials science and engineering. These materials, which contain living 

components, possess attributes of living systems including autonomous behavior, 

environmental adaptiveness, self-healing capability and genetic programmability. In 

the past decade, several kinds of engineered living materials made from genetically 

modified microorganisms were reported and multiple manufacturing strategies of 

engineered living materials were proposed. In this chapter, I will provide a brief 

overview of existing systems of engineered living materials.  I will divide them into 

four major kinds. 

(1) Synthetic polymer & microorganism composites 

(2) Secreted biopolymer & microorganism composites 

(3) Biomineral & microorganism composites 

(4) Living particle assemblies 

I will also discuss how these strategies of building living materials are related to our 

protein-mediated bacterial assembly-based engineered living materials. 
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2. Introduction 

2.1 Engineered living material: the real treasure bowl  

Growing up in Nanjing, China, the ancient capital city with the longest (22 miles) city 

wall in the whole world, I’ve heard many mysterious stories about this 600 year old 

city wall since childhood. The most fascinating story I can still remember was called 

the “treasure bowl”. According to this folklore, the city wall of Nanjing was made 

resilient to earthquakes, typhoons and even wars not because of ingenious designs by 

architects, nor the hard labor done by the workers, but a “treasure bowl” that was buried 

at the very bottom of the largest city gate “Treasure Gate” (now called “ China Gate”).  

At the time when the Ming Empire was founded at Nanjing, the emperor Hongwu 

encountered a problem that he didn’t have enough labor and money to build the city 

wall. He heard that the richest people in China had a “treasure bowl” that can copy 

anything thrown into it and produce an extra copy. The emperor forced the rich 

merchant to give him the “treasure bowl” and buried it underneath the city gate and the 

city wall built itself overnight and can self-repair whenever destruction happens.  

 

For sure, this folklore only reflects part of real history and that rich merchant was truly 

banished by the emperor in the end. If you do believe this folklore, then the city wall is 

no longer just a dull historic relic but a living structure made of materials that have 

infinite healing capacity. The very first kind of “Engineered Living Materials”. 

 

Since the beginning of civilization, people started to use materials derived from living 

systems. For example, wood is derived from living trees. Wood will deteriorate over 

the time. For a tree, however, as long as it is alive, new branches made of new wood 

will grow and scars caused by weather or animals can healed. Due to the lack of 
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understanding about principles that govern life, for a long time human civilization has 

been limited to manufacturing materials with physical and chemical methods or using 

materials derived from living systems without the capability to engineer desired 

properties at the biological level.    

 

Since last century, the discovery of the central dogma1 of molecular biology and 

inventions of multiple gene editing tools2–5 made engineering and programming 

properties of biological materials at the genetic level plausible. Genetic engineering of 

biofilms6,7 is especially alluring because bacteria are easier to engineer and raise less 

ethical issues8 compared to complex multicellular eukaryotic systems. Biofilms9 are 

composed of living bacterial cells and extracellular polymeric matrix (EPS).10,11In such 

composites, bacterial cells can sense environmental stress12 and turn on different 

metabolic pathways13–15 to survive. The bacterial biofilm can automatically form and 

dissociate when environmental conditions change.16,17 The EPS can act as a protective 

layer18, help bacteria to anchor to surfaces19 and even assist bacterial communication.20 

If a defect is created in a biofilm, the bacterial film can self-heal either through 

reproduction or through matrix secretion to fill the defect with cells or polymeric matrix. 

The autonomous, adaptive and self-healing attributes of biofilms are listed in Fig 1.1. 
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Figure 1.1 Autonomous, adaptive and self-healing properties of biofilms. 

 

 

It is worthwhile to note at the end of this section that most human architecture will be 

gone over the time, but bacteria will always generate new biofilms. It seems that these 

biofilms are the real “treasure bowl” as they can regenerate forever. I believe through 

engineering biofilms into controllable living materials, we will get our own “treasure 

bowl” sometime in the future. 

 

2.2 Synthetic polymer & microorganism composite 

 

Figure 1.2 Schematic of bacteria encapsulated in synthetic polymer matrix. 
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In this approach, the bacteria act as the living component of the material and the 

synthetic polymer acts as the matrix that protects bacteria from environmental stress 

but allows nutrition and moisture to have access to the bacterium. One concern about 

this method is that the synthetic polymer used might not be from sustainable resources. 

To become more sustainable, polymers that are biocompatible, coming from renewable 

resources and recyclable are receiving attention.21 Another concern is that the synthetic 

polymeric matrix will deteriorate over the time and bacteria encapsulated are unable to 

heal it. One approach to address this concern is that the material is originally cast using 

synthetic polymer or biologically derived polymers, later, the bacteria can secrete their 

own polymer matrix such that the old scaffold is replaced by bacterial polymers.22 This 

approach is especially useful in the case of probiotic delivery,21,23,23 as probiotics are 

sensitive and require function at specific locations. Encapsulation of resilient B subtilis 

spores was also reported.24,25 B subtilis spores can survive extreme environments and 

rejuvenate when environmental conditions improve26. By trapping engineered B 

subtilis spores in a matrix, B subtilis can convert to functional (vegetative) cell form 

when needed, carrying out useful catalytic functions for several cycles without danger 

of leaking genetically modified bacteria into the environment. 
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2.3 Secreted biopolymer & microorganism composite 

 

Figure 1.3 Schematic of bacteria with secreted polymeric matrix surrounding them. 

 

 

In this approach, the bacterium is encapsulated by polymers it secretes and material 

properties are determined mainly by these secreted polymers. Since biopolymers are 

genetically encoded and regulated, genetic programmability of these secreted 

biopolymers is possible.  

 

Two classes of secreted biopolymers have been investigated extensively as model 

engineered living materials. One is curli fibril, which is an amyloid like protein fiber.27 

Another is bacterial cellulose, which is a polysaccharide fiber.28 Curli fibril proteins 

can be engineered directly through genetic manipulation and several curli fibril based 

materials were demonstrated to have potential applications in bioelectronics29, 

environmental remediation30 and therapeutics.31,32 Other than E. coli, B. subtilis33 and 

many other bacterial species have the capability to synthesize curli fibrils. 

 

Compared to curli fibril, bacterial cellulose as a polysaccharide can’t be directly 

genetically modified and gene manipulation at the level of metabolic pathways is 
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required. On the other hand, bacterial cellulose has better mechanical properties28,34 

compared to plant cellulose, making it a good candidate for fabrics35. Bacterial cellulose 

can be produced at a massive scale. For example, nata de coco is bacterial cellulose 

pellicles from fermented coconut juice. In Vietnam, annual production of nata de coco 

is estimated to be around 15,000 tons per year,36 a value curli fibrils cannot reach so 

far. Furthermore, bacterial cellulose expressing bacteria are commonly used in the food 

industry36–38 and generally considered safe. For example, pellicles in Kombucha are 

made of bacterial cellulose pellicles produced acetobacter.39 
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2.4 Biomineral & microorganism composite  

 

Figure 1.4 Schematic of biomineral microorganism composite.  

 

 

Biomineralization40 is a commonly used strategy to enhance mechanical strength of soft 

biological materials. In the case of bacterial based living materials, three major 

strategies can be achieve efficient biomineralization. 

 

First, some bacteria are known to have biomineralization capability. Cyanobacteria, 

apart from capable of doing photosynthesis, can increase carbonate concentration in the 

environment forcing calcium carbonate precipitation.41 Researchers at Colorado State 

University successfully utilized cyanobacteria’s biomineralization ability to produce 

engineered living building materials.42 

 

Secondly, model organisms like E. coli can be engineered to express recombinant 

enzymes that can catalyze biomineralization. Two commonly used enzymes are 

urease43,44 and carbonic anhydrase45,46. Urease converts urea into ammonia and carbon 

dioxide, effectively increases the carbonate concentration, and causes calcium 

carbonate precipitation. Carbonic anhydrase can capture and convert carbon dioxide in 
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the environment into bicarbonate, causing calcium carbonate precipitation. Enzyme 

catalyzed mineralization is fast, and can be completed within a few hours.44 

 

The last strategy uses proteins that are known to mediate nucleation of minerals. A 

paper published by Wang et al.47 serves as an example. The authors grew a living 

material based on engineered curli fibrils. By fusing a peptide that can mediate 

nucleation of calcium phosphate to curli fibrils, the curli fibrils can mediate 

hydroxyapatite biomineralization. The drawback of this approach is that it takes several 

days to achieve full mineralization. 

 

2.5 Living particle assemblies 

 

Figure 1.5 Schematic of strategies for living particle assembly. a. Antigen-nanobody interaction. Antibodies in 

magenta color are displayed on the surface of cell on the top while antigens in green are displayed on the surface of 

cell at bottom. b. High density expression of unstructured proteins. Unstructured peptide in green color are displayed 

on the cell surface and causing adhesion between cells. 

 

In some natural biofilms, instead of secreting matrix, bacteria aggregate by expressing 

adhesins48,49 at the cell surface. Adhesins are proteins displayed at cell surface, 

facilitating bacteria adhesion to surface and other cells, playing important roles in 

biofilm formation50 and infection51. These surface-display systems52 have been studied 
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extensively and engineered to express recombinant proteins at cell surfaces, including 

enzymes53 and epitopes for vaccines.54 Some groups were able to display antigen and 

antibody pairs at the cell surface to achieve cell specific aggregation.55 Using these 

antigen-nanobody pairs, a class of matrix-free living materials56 that can be 3D printed 

was created, in which antigen-displaying E. coli and nanobody-expressing E. coli cells 

were harvested from liquid culture and then mixed together. Another approach used C. 

crescentus,57 in which unstructured elastin-like-peptides were displayed at a high 

density of 14,000 proteins per µm2.58 This high density of surface display caused cell 

aggregation and material of cm length scale was generated in liquid culture. Bacterial 

aggregates in planktonic culture was collected and packed into a syringe and later 

extruded out of the syringe and casted into different shapes. Rheological measurement 

showed that these C. crescentus aggregates are soft material with storage moduli at 

orders of magnitude around 10 kPa. 

 

3. Conclusion 

 

In this chapter, the notion of “Engineered Living Materials” (ELMs) was introduced 

and existing examples of ELMs and their manufacture methods were discussed briefly. 

From these examples we found that current ELMs still has several drawbacks, including 

usage of synthetic polymers, limitations of secretion systems, relative long growth time 

and consumption of large amount of liquid media. These disadvantages encouraged us 

to develop a novel living material based on protein-mediated bacterial assembly that is 

autonomously formed without help of synthetic polymers and has its properties and 

functions encoded genetically. Details about this kind of living materials will be 

discussed in the following chapters. 
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Chapter 2 

 

Growing Cohesive Bacterial Films on Perforated Scaffolds  

 

 
1. Abstract 

In this chapter, I describe a suction-coating method that allows one to grow bacterial 

films on perforated scaffolds. Polycarbonate membrane filters with 0.2 µm pore size 

were found to be ideal perforated scaffolds for growing bacterial films on agar plates. 

Using an E. coli strain that displays SpyTag-SpyCatcher chemistry on the cell surface, 

we explored the factors that affect cohesiveness of bacterial films. Separation between 

SpyTag and SpyCatcher expressing cells were observed in films made of mixed cells 

and flow cytometry data confirmed that surface display proteins were constitutively 

expressed in these films. To determine whether the displayed protein was crucial for 

making bacterial films cohesive, erosion tests were performed for films containing only 

SpyTag and SpyCatcher expressing cells. Erosion test results revealed that SpyTag 

expressing cells alone can form cohesive bacterial films while SpyCatcher expressing 

cells cannot. These results encouraged us to develop a double-plasmid strain that 

constitutively expresses SpyTag and expresses SpyCatcher only under L-arabinose 

induction. Films grown from this strain were cohesive and contained SpyTag-

SpyCatcher covalent interactions. Knowing the SpyTag peptide was tethered to an 

elastin-like-peptide (ELP) linker when surface-displayed, we engineered an E. coli 

strain that displays only the unstructured ELP at the cell surface and discovered that 

films formed by this strain remained cohesive against erosion. To test the hypothesis 

that unstructured peptide surface display is the major contributor to bacterial film 

cohesion, we devised a construct that expresses another unstructured peptide called 

Xten. Erosion test results showed that Xten expressing films are also cohesive against 
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erosion. In the end, we concluded that unstructured peptides displayed at the cell 

surface play an essential role in intercellular adhesion; films formed by cells 

overexpressing these unstructured peptides are cohesive and remain stable against 

erosion. These results prompted us to develop a single-plasmid system that enables 

constitutive expression of unstructured peptides at the cell surface and can form 

covalent intercellular interactions as described in Chapter 3.  
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2. Introduction 

In the last decade, the field of engineered living materials has emerged at the interface 

between synthetic biology and materials science. Engineered living materials are 

genetically programmable materials with attributes of living systems.1–3 Inspired by 

natural biofilms,4,5 several research groups have published work on either engineering 

bacterial matrix secretion systems6–8 or bacterial aggregation systems9,10 to generate 

living materials with multiple functions. The materials have been collected mostly 

under liquid culture conditions and must be harvested from liquid media before analysis. 

Other approaches use synthetic polymer matrices to encapsulate bacteria of interest.11,12 

In such systems, the material is not self-assembled by living organisms and requires the 

introduction of synthetic polymers to provide material cohesion and integrity. 

 

In this report, we envisioned a material that is autonomously assembled from a single 

living bacterium. Such engineered bacteria display associative proteins at the cell 

surface so that a single bacterium can proliferate and then aggregate into a bulk material 

without secreted or synthetic polymeric matrices. We also aimed to use solid state 

culture methods in which the material can be grown on a perforated solid support, 

exposed directly to the air. Such perforated scaffolds allow nutrients and water to 

support growth of the living material while preventing cells to pass through. By 

controlling the number of bacteria coated on the perforated scaffold, we can prepare 

cm-scale materials without the need for separate collection and casting steps. 
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3. Results and Discussion 

3.1 Finding suitable materials and methods for growing living bacterial films  

Traditionally, researchers grow bacteria directly on agar plates. For our purposes, 

however, agar plates are not sufficient. We must replenish the nutrition and moisture to 

our bacterial films, and be able to detach them for analysis as materials. To address 

these requirements, we envisioned a 3-layer structure (Fig 2.1a) for bacterial film 

growth. The top layer is a living bacterial film, separated from a bottom nutrition layer 

(agar plate) by a perforated middle layer. Ideally, this perforated layer would allow 

moisture and nutrition to pass through and feed the bacteria on top while preventing 

bacteria from passing through and contaminating the bottom layer. For this purpose, 

we modified the “colony biofilm” culture method,13 which met our requirements (Fig 

2.1b). In this method, the biofilm is separated from agar medium by a polycarbonate 

filter. Biofilms grown on polycarbonate filters can be transferred to  multiple agar plates 

containing different antibiotics and different levels of nutrition. This method allows 

extended growth of biofilms on the solid support with replenished media and controlled 

induction of protein expression by transferring the bacterial film to a plate containing a 

chemical inducer.  

 

Figure 2.1. Schematic of growing bacterial film on perforated scaffolds. a, Schematics of a 3-layer living 

material. b, Colony biofilm culture method. 
 

The first task was to select polycarbonate filters with pore size that would prevent 

bacteria from contaminating the agar medium. Polycarbonate filters (nuclepore, 



 

 

21 

Whatman) with pore size ranging from 0.1 µm to 0.8 µm were placed on LB14 agar 

plates. Aliquots (5 µl ) of overnight cultures of MG1655 E. coli cells in LB media 

(diluted to OD600 < 0.05) were dropped onto the polycarbonate filters. The bacterial 

colonies were left in a 37 ºC incubator for 2 days and examined for bacterial 

contamination on the agar. We found that bacteria can pass through filters with pore 

sizes of  0.6 µm and 0.8 µm (Fig 2.2a). Similar experiments were performed with 

polycarbonate filters with pore sizes of 0.1, 0.2 and 0.4 µm. After 2 days of incubation, 

the polycarbonate filters with bacteria grown on top were removed and the agar plates 

beneath were left in the 37 ºC incubator for another day. As shown in Fig 2.2b, plates 

in contact with 0.1 and 0.2 µm pore-sized polycarbonate filters had no colony formation 

while 0.4 µm did. This result suggests that only polycarbonate filters with pore size ≤ 

0.2 µm can effectively block bacteria from accessing the underlying agar plate. As 

shown in Fig 2.3, the pores of 0.2 µm polycarbonate filters are much smaller than 

MG1655 E. coli cells. To ensure the  flow of nutrient and water is sufficient to the 

bacterial film growth, we used 0.2 µm pore-sized polycarbonate membrane filters for 

all future experiments.  I think you can cite prior papers that use 0.2 micron filters. 
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Figure 2.2. Polycarbonate filters with pore size ≤ 0.2 µm can effectively block bacterium from contaminating 

the agar. a, Images of 2 days old bacterial colonies grown on polycarbonate filters. The diameter of each filter is 

2.5 cm. The pore size of each kind of polycarbonate filter is shown above the image. b, Plates left in 37 ºC incubator 

for 1 day after polycarbonate filter with bacterial colonies growing on top was removed. The pore size of membrane 

filters were shown below.  I wouldn’t show these images.  They are hard to see, and if I’m understanding things 

correctly, your reflection shows in part b.  I believe we talked about the quality of images of this kind when you first 

acquired them.  I also think it has been established previously that 0.2 micron filters are needed to retain bacteria, so 

this doesn’t require extended discussion. 

 

 

 

Figure 2.3. ESEM image of 0.2 µm pore-sized polycarbonate filter and bacterial cells grow on top a, 

Environmental scanning electron microscopy (ESEM) image of polycarbonate filer claimed to have pore size around 

0.2 µm. Scale bar, 1 µm. b, ESEM image of MG1655 E. coli grown on top of 0.2 µm pore-sized polycarbonate filter. 
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2.2 Suction coating to form cohesive bacterial films using SpyTag-SpyCatcher 

chemistry 

We developed a method called “suction coating” (Fig 2.4a) to efficiently coat 

polycarbonate filters with bacteria. Individual colonies harvested from LB plates were 

grown overnight to stationary phase in liquid LB medium supplemented with 100 mg/L 

ampicillin to maintain plasmid stability. The resulting cultures were then diluted to an 

optical density at 600 nm (OD600) of approximately 0.8. Diluted cultures were loaded 

on UV-sterilized track-etched polycarbonate filters (Nuclepore Whatman, 0.2 µm pore 

size) mounted in vacuum filter units (Nalgene Rapid-flow Thermo-Fisher). For 2.5 cm 

diameter polycarbonate filters, 200 µL culture volumes were loaded and vacuum 

filtered to produce roughly circular bacterial layers with diameters around 2 cm.  After 

filtration was complete, filters were transferred to fresh LB plates. Bacterial films were 

grown in a 37 ºC incubator.  Filters were moved to fresh LB agar plates containing 100 

mg/ml ampicillin every day for 7 days to allow film maturation and mechanical testing. 

 

In order to “glue” cells together to form cohesive bacterial films, we started with 

SpyTag-SpyCatcher surface display constructs previously used by our laboratory to 

generate aggregates in planktonic culture.15 SpyTag and SpyCatcher are derived from 

the fibronectin-binding protein FbaB of Staphylococcus pyogenes, as first reported by 

Howarth and coworkers.16,17 After splitting the full length protein into two polypeptide 

chains, the resulting SpyTag and SpyCatcher fragments undergo spontaneous reaction 

via formation of an isopeptide bond between lysine residue K31 in SpyCatcher and 

aspartic acid residue D117 in SpyTag. By fusing SpyTag to a 125-amino acid elastin-

like-peptide linker (designated E6) previously used by our laboratory for making 

hydrogels18–20 and SpyCatcher to an EhaA autotransporter (AT) domain,21 we were able 
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to display SpyTag and SpyCatcher peptides at the E coli cell surface and generate 

aggregates in planktonic culture.15 Sequences encoding SpyTagE6-AT (plasmid name: 

pAT-ST) and SpyCatcher-AT (plasmid name: pAT-SC) proteins were introduced into 

pQE80 plasmids under control of a T5-lac promoter. The plasmids encoding 

SpyTagE6-AT and SpyCatcher-AT proteins were transformed into DH10B E. coli cells. 

We grew overnight cultures of SpyTagE6-AT and SpyCatcher-AT DH10B, then 

diluted both cultures to OD600 ca. 0.8. We mixed SpyTagE6-AT and SpyCatcher-AT 

expressing cells at a 1:1 ratio (Fig 2.4 b) and coated 200 µl of mixed culture onto 

polycarbonate filters. Bacterial films were grown at 37 ºC for 3 days on LB agar plates 

containing 100 mg/ml ampicilin but no IPTG (LB agar plates were changed on a daily 

basis to ensure fresh nutrition was supplied to bacterial films). Surprisingly, we found 

that mixed SpyTag-SpyCatcher films, without IPTG induction, were already cohesive 

and could be peeled intact from the polycarbonate filter as shown in Fig 2.4c. 

 

Figure 2.4. Scheme of suction coating method and SpyTag-SpyCatcher expressing bacteria a, Scheme of 

suction coating method. b, Schematic of cells expressing SpyTagE6-AT proteins and SpyCatcher-AT proteins. 

SpyTag and SpyCatcher react with each other covalently. c, Image of a 7 day old bacterial film made of SpyTag & 

SpyCatcher expressing cells starting with 1:1 ratio. The film stays cohesive in water, and can be peeled from 

polycarbonate. Scale bar,1 cm. 

 

To test our hypothesis that the cohesiveness of mixed SpyTag-SpyCatcher films comes 

from intercellular adhesion caused by SpyTag-SpyCatcher isopeptide bond formation 
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and homogeneous mixing of SpyTagE6-AT cells and SpyCatcher-AT cells, we ran flow 

cytometry on SpyTagE6-AT films and SpyCatcher-AT films and grew a mixed film 

made of mCherry-expressing SpyTagE6-AT cells and mWasabi-expressing 

SpyCatcher-AT cells at 1:1 ratio (Fig 2.5a). The flow-cytometry data are shown in Fig 

S2.1. Surprisingly, without IPTG induction, SpyTagE6-AT proteins showed high 

expression compared to the negative control, indicating that the promoter is leaky in 

the DH10b strain. SpyCatcher-AT cultures, on the other hand, contain a small 

population characterized by high expression levels but most of the cells exhibit labeling 

intensity similar to that of the negative control. These results called into question the 

hypothesis that SpyTag-SpyCatcher covalent bonds were the major source of cohesion 

in the mixed films, since the SpyCatcher-AT expression level was much lower than that 

of SpyTagE6-AT. Since SpyTag and SpyCatcher form a strong covalent interaction, it 

is still possible that a small amount of SpyTag-SpyCatcher covalent crosslinking can 

contribute to the cohesion of the film. The results from mixed fluorescent cell 

experiments, however, disprove this hypothesis. As shown in the low magnification 

microscopy image in Fig 2.5b, mWasabi-expressing SpyCatcher-AT cells (Green) 

spread out everywhere in the film while mCherry-expressing SpyTagE6-AT cells (Red) 

form islands and patches in the green lawn of SpyCatcher-AT cells. Under higher 

magnification (Fig 2.5c), we observed that mCherry-expressing SpyTagE6-AT formed 

densely packed aggregates with mWasabi-expressing SpyCatcher-AT cells distributed 

around them. This result suggests that SpyTagE6-AT cells tend to self-aggregate and 

that mixing of SpyTag and SpyCatcher cells isn’t homogeneous. To further understand 

the mechanism behind SpyTagE6-AT self-association and to rule out the possibility 

that low expression of SpyCatcher was the cause of separation between SpyTag and 

SpyCatcher expressing cells, we transferred SpyTagE6-AT and SpyCatcher-AT to a 
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pBAD33 plasmid to ensure that protein would be expressed only upon addition of L-

arabinose. Work15 done by previous group members had already shown that 

SpyCatcher-AT when induced by L-arabinose expresses at levels similar to that of 

SpyTagE6-AT. We transformed the pBAD33 plasmid containing protein of interest 

into DH10B cells with chromosomally encoded fluorescent protein expression (Fig 

2.5d) and prepared 1:1 mixed films using protocols similar to that described earlier. 

One film was placed on an LB agar plate without L-arabinose while the other was 

placed on an LB agar plate containing 0.1% L-arabinose. After 3 days of incubation at 

37 ºC, the films were imaged on a ChemiDoc Gel imager; the resulting images are 

shown in Fig 2.5e,f. In Fig 2.5e, cells without surface protein expression are 

homogeneously mixed as shown by the red and green colors of the marker proteins 

mixed into yellow. In Fig 2.5f, however, separation between mCherry SpyTagE6-AT 

expressing cells and mWasabi SpyCatcher-AT expressing cells is observed. The 

SpyTagE6-AT-expressing red cells formed small aggregates hundreds of microns in 

diameter, which can be seen by naked eye. Green SpyCatcher-AT expressing cells 

behaved similarly as in Fig 2.5b&c with cells growing everywhere. These results 

suggested that SpyTagE6-AT expressing cells can self-associate and might play the 

major role in generating cohesive behavior in the mixed SpyTag-SpyCatcher film.  
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Figure 2.5. Scheme of growing mixed SpyTag-SpyCatcher films with fluorescent protein tags a, Scheme of 

mixing mCherry SpyTag expressing cells and mWasabi SpyCatcher expressing cells. b, Low magnification 

microscopy image of mixed film with fluorescence. Green corresponds to mWasabi SpyCatcher cells and Red 

corresponds to mCherry SpyTag cells. Scale bar, 100 µm. c, High magnification microscopy image of mixed film 

with fluorescence. Green corresponds to mWasabi SpyCatcher cells and Red corresponds to mCherry SpyTag cells. 

Scale bar, 5 µm. d, Scheme of mixing mCherry SpyTag expressing cells and mWasabi SpyCatcher expressing cells 

under control of an araBAD promoter. SpyTag and SpyCatcher are expressed only in the presence of 0.1% arabinose. 

e, Gel imager image of 3 days old mixed SpyTag-SpyCatcher film without arabinose in the medium. Green 

corresponds to mWasabi SpyCatcher cells and Red corresponds to mCherry SpyTag cells. Scale bar, 1 cm. f, Gel 

imager image of 3 day-old mixed SpyTag-SpyCatcher film with 0.1% arabinose in the medium. Green corresponds 

to mWasabi SpyCatcher cells and Red corresponds to mCherry SpyTag cells. Scale bar, 1 cm. 

 

 

 

2.3 Surface-display of elastin-like-peptide contributes to bacterial film cohesiveness 

To quantitatively characterize the degree of cohesiveness of bacterial films with surface 

protein expression, we used an erosion assay. A 7-day-old bacterial film grown on a 

membrane filter was immersed in 7 mL of 1x PBS buffer at pH 7.4 in a well of a 6-well 

plate (Corning, Thermofisher). The 6-well plate was then placed on a rocking platform 

(Bio-Rad) set at 15 º tilt angle and 15 rpm frequency. The OD600 of PBS in contact with 

the bacterial film was measured 1 h and 24 h after rocking started. If the bacterial film 

was cohesive enough to withstand erosion from shaking PBS buffer, few cells would 
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be released and the OD600 value of the PBS buffer would remain low. If a bacterial film 

was not cohesive, many more cells would be washed off and the OD600 value of the 

PBS buffer would increase more substantially.  

The erosion assay results are presented in Fig 2.6 with all engineered proteins encoded 

in pQE80 plasmids. First, the control group, which is film formed by DH10B cells 

carrying empty pQE80 plasmid was examined. Flow cytometry data in Fig S2.2 (QH 

group), indicated minimal protein expression at the surface. The OD600 value of PBS in 

contact with the control increased to 0.1 after 1 h of erosion and the buffer was turbid 

when viewed with the naked eye. After 24 h of erosion, the OD600 increased to roughly 

0.3 and the films were disintegrating. This behavior can be used as the standard for a 

non-cohesive bacterial film. Erosion assay results for STE6-AT (ST = SpyTag) and SC-

AT (SC = SpyCatcher) were consistent with the results reported in the previous section. 

After 1 h of erosion, OD600 of STE6-AT is only 0.001 and after 24 h remained around 

0.01, an order of magnitude lower than that of the control. SC-AT on the other hand is 

even less cohesive compared to the control. These results are consistent with the 

hypothesis that surface-display of STE6-AT plays a major role making mixed films 

cohesive.  

What’s causing the STE6-AT film to be cohesive? Is it the SpyTag peptide displayed 

at the end of the protein or the unstructured elastin-like-peptide that connects SpyTag 

with the autotransporter? We cloned a construct with only E6 displayed at the surface 

and designated it E6-AT. As shown in Fig S2.2, flow cytometry confirmed that E6-AT 

was expressed at a level similar to that of STE6-AT in the bacterial film. The erosion 

assay results showed that E6-AT and STE6-AT were both cohesive with similar OD600 

values at both 1 h and 24 h. This result suggests that surface display of the unstructured 

elastin-like peptide is sufficient to stick cells together and form cohesive films. We 



 

 

29 

wondered whether similar results would be observed with other unstructured peptides. 

To address this question, we cloned another unstructured peptide Xten22 to be displayed 

on the E. coli surface. Xten is an unstructured hydrophilic peptide made of amino acids 

A, G, E, P, S, and T and can be used to increase protein solubility23 and extend half-life 

of biological active biomolecules24. We cloned an Xten variant 144 amino acids long 

to make it comparable to E6 (152 aa) and ran flow cytometry to confirm expression at 

similar levels. The results were consistent with our expection that Xten-AT would 

enhance film cohesion, though after 24 h of erosion, more Xten-AT cells were washed 

off compared to E6-AT(Fig 2.6).  

 

Understanding that display of unstructured peptides can cause cell aggregation and 

make cohesive bacterial films, we sought to incorporate moieties that are known to self-

associate through more well-defined interactions. We cloned the “A” coiled-coil 

peptide25 previously used in our laboratory to control the mechanical behavior of 

protein hydrogels.19,20,26 The “A” coiled-coil peptides form tetrameric α-helical 

bundles.26 We hoped that introducing coiled-coil proteins would generate more 

cohesive bacterial films with greater mechanical strength. Although we saw AE6-AT 

proteins could be expressed at levels similar to those of other constructs, the erosion 

assay results implied that AE6-AT film is not as cohesive as E6-AT film alone. This 

result prompted us to develop a cysteine-based strategy to enhance mechanical 

properties of bacterial films as described in Chapter 3. 
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Figure 2.6. Erosion assay data of different films. STE6-AT stands for SpyTagE6-AT and SC-AT stands for 

SpyCatcher-AT. AE6-AT, A is a self-associative coiled-coil protein. All groups except SC-AT were run in triplicate. 

SC-AT was run in duplicate. 
 

2.4 Using a double plasmid system to generate cohesive films with SpyTag-

SpyCatcher covalent crosslinks 

Knowing that STE6-AT protein is self-associative while SC-AT is not, we explored a 

different strategy to generate cohesive bacterial films containing SpyTag-SpyCatcher 

covalent crosslinks. Inspired by work using antigen-nanobody interaction to generate 

E. coli assembly,27 we developed a double plasmid strategy (Fig 2.7a) to generate a 

film containing SpyTag-SpyCatcher covalent bonds. In the double plasmid system, 

DH10B cells were transformed with a pQE80 plasmid encoding the STE6-AT protein 

and a pBAD33 plasmid encoding the SC-AT protein. When encoded in the pQE80 

plasmid, STE6-AT are constitutively expressed to give films cohesive properties. When 

0.1% L-arabinose is present in the agar, expression of SC-AT is turned on and 

individual E. coli cells express both STE6-AT and SC-AT, allowing isopeptide bond 

formation either intracellularly or intercellularly. In order to detect expression of both 

STE6-AT and SC-AT in western blot, we replaced the 6 x His tag in SC-AT with a 

FLAG tag. We also engineered a series of STEx-AT proteins in pQE80 plasmids, with 
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x = 3, 6, 9, 12 and transferred these plasmids into cells containing pBAD33 encoding a 

SpyCacther-AT protein with FLAG tag instead of 6 x His tag (plasmid name: pBAD-

SpyCatcher). We grew a series of these films under 0.1% arabinose induction for a 

week and lysed them in 100ºC 4% SDS buffer for 0.5 h. The high temperature was 

required because of the high thermostability of autotransporter proteins.28 We stained 

the western blot with Dylight 488 anti-His tag antibody and Dylight 647 anti-FLAG tag 

antibody to visualize the proteins of interest. As shown in Fig 2.7b, the STEx-AT 

proteins were labeled by green fluorescence, forming a beautiful molecular ladder, 

while (FLAG)SC-AT was labeled by red fluorescence at the same mass across all lanes. 

It’s exciting that the SpyTag-SpyCathcer reacted protein bands were also visible above > 

100 kDa mass range with mass directly proportional to the length of elastin linker. The 

reacted product band was labeled both by anti-His tag antibody and anti-FLAG tag 

antibody, confirming its identity as the reaction product. Erosion assays were 

performed on pQE80 STE6-AT & pBAD33 SC-AT with and without arabinose 

induction. Interestingly, though induced films could be picked up more easily using 

tweezers compared to the uninduced films, the erosion assay suggested that induced 

films containing SpyTag-SpyCatcher crosslinks are less cohesive against erosion 

compared to uninduced films as shown in Fig 2.7c. It’s likely that induction caused 

stress in the film and reduced the number of viable cells (Fig S2.3). These results 

prompted us to find a single plasmid, induction-free system that contains covalent 

crosslinks to enhance mechanical strength of bacterial films. Such a system, using 

disulfide crosslinks, will be discussed in chapter 3. 
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Figure 2.7. Double plasmid system of SpyTag-SpyCatcher film. a. Schematic of dual plasmid system. b. Western 

blot image of SpyTag-SpyCatcher films with different linker length of elastin. c. Erosion assay result of pQE80 

STE6-AT & pBAD33 SC-AT with or without arabinose induction.  Make panel c larger and move key inside. 
 

4. Conclusion 

An efficient suction-coating method was developed to grow bacterial films on 

perforated polycarbonate membrane filter with 0.2 µm pore size, with nutrition supplied 

by LB agar plates. Using the SpyTag-SpyCatcher model system, we explored a series 

of related strategies for growing cohesive bacterial films using protein surface-display 

methods. Unexpectedly, display of unstructured peptides, specifically elastin-like-

peptides and Xten, is sufficient to generate cohesive bacterial films. Using a double 

plasmid system, we managed to grow cohesive bacterial films containing SpyTag-

SpyCatcher covalent crosslinks, but erosion assay results revealed that they are not as 

cohesive as SpyTag expressing films alone. These results build foundations for our next 

steps of making cohesive bacterial films with enhanced mechanical strength from 

covalent crosslinks between the cells. We envisioned an engineered E. coli strain 

carrying single plasmid that drives constitutive expression of unstructured elastin at 

surface and a cysteine addition at the exposed end of elastin would cause disulfide bond 

formation between cells. The results of such system will be discussed in Chapter 3. 
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5. Materials and Methods 

 

Bacterial Strains. Most experiments were conducted in E. coli strain DH10B 

(Invitrogen, Carlsbad, CA). Only in experiments used to determine the ideal pore size 

of polycarbonate filters was the MG1655 strain of E. coli used. Details of reagents, 

cloning and protein expression experiments can be found in Table S2.1 and 

Supplementary Notes 2.1-2. 

 

Preparation of Bacterial Films. Individual colonies harvested from LB plates were 

grown overnight to stationary phase in liquid LB medium supplemented with 100 mg/L 

ampicillin to maintain plasmid stability. The resulting cultures were then diluted to an 

optical density at 600 nm (OD600) of approximately 0.8. Diluted cultures were loaded 

on UV-sterilized track-etched polycarbonate filters (Nuclepore Whatman, 0.2 µm pore 

size) mounted in vacuum filter units (Nalgene Rapid-flow Thermo-Fisher). For 2.5 cm 

diameter polycarbonate filters, 200 µL culture volumes were loaded and vacuum 

filtered. After filtration was complete, filters were transferred to fresh LB plates. 

Bacterial films were grown in a 37 ºC incubator.  Filters were moved to fresh LB agar 

plates containing suitable antibiotics every day for 7 days to allow film maturation and 

mechanical testing. 

 

Erosion Assay. A 7 day old bacterial film grown on membrane filters was immersed 

in 7 mL of 1x PBS buffer at pH 7.4 in a well of 6-well plate (Corning, Thermofisher). 

The 6-well plate was then placed on a rocking platform (Bio-Rad) set at 15 º tilt angle 

and 15 rpm frequency. The OD600 of PBS in contact with the bacterial film was 

measured at 1 h and 24 h after rocking started. 
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Imaging Bacterial Films and Western Blots. Bacterial films grown on polycarbonate 

filters on agar plate were placed in the chamber of a ChemiDoc XRS+ Imager (Bio-

Rad) and the appropriate channel – either bright field or fluorescence – was selected. 

The Imager automatically imaged the film. The same method was applied to Western 

Blot imaging. 

 

Sample Mounting and ESEM Imaging. Bacterial films grown on polycarbonate 

filters were stuck to a conductive copper tape on a metal sample platform. The platform 

was then placed in the chamber of a Quanta 200 F (FEI, now Thermo Fisher) scanning 

electron microscope (SEM). The SEM was turned to environmental SEM (ESEM) 

mode with 0.2 mBar pressure in the chamber. Voltage applied to the sample is tuned 

between 3 kV and 5 kV.  

 

Flow Cytometry. Bacterial films were scraped from their filters and transferred to 

Eppendorf tubes, blocked for 30 min with agitation (3% BSA in PBS). Cells were then 

centrifuged and resuspended in staining solution [5 μg/mL Anti-His conjugated Dylight 

488 Antibody (HIS.H8 Thermofisher), 1% BSA in PBS]. The suspension was agitated 

for 1 h, after which the cells were washed three times in PBS. Cells were strained 

through a 40 μm filter to remove aggregates and run on a MoFlo XDP cell sorter 

equipped with a 488 nm laser. Flow cytometry data were analyzed using MatLab. 

 

Fluorescence Imaging. Fluorescence images of processed samples with fluorescent 

labels were obtained with a 63X, 1.518 N.A. oil-immersion objective on a Zeiss LSM 

880 confocal microscope (Carl Zeiss AG, Oberkochen, Germany)  at the Caltech 
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Biological Imaging Facility. Single-photon confocal laser scanning imaging was 

performed with 488-nm and 591-nm lasers with read-out in the mWasabi (λex/λem: 

493/509 nm) and mCherry Channels (λex/λem: 587/610 nm). Images were visualized 

and analyzed with Fiji or Imaris Viewer. (Oxford Instruments, Abingdon, UK) 
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7. Supporting Information 

 

Supplementary Note 2.1: Reagents and suppliers 

Restriction enzymes, ligase, and Q5 DNA polymerase were purchased from New 

England Biolabs (Beverly, MA). DNA oligos and G-blocks were purchased from 

Integrated DNA Technologies (Coralville, IA).  

 



 

 

36 

Supplementary Note 2.2: Plasmid subcloning  

Recombinant fusion proteins were produced by standard recombinant DNA technology. 

E. coli strain DH10B was used for all cloning steps and material preparation. 

Genes encoding the autotransporter protein along with elastin solubility/stability tags 

have been previously cloned by our group into modified pQE-80L plasmids.  

pBAD-SpyCatcher(FLAG) was made by site directed mutagenesis from pBAD-

SpyCatcher with primers designed on the NEB base changer website29 and 6 x His tag 

was mutated into FLAG Tag using PCR. 

pX-E6 plasmid containing 6 elastin-like-peptide repeat reported in previous 

works15,20,30  with 5’ BamHI and 3’ XhoI was digested by corresponding enzymes and 

inserted into BamHI and XhoI digested pAT-ST vector to make pAT-E6 plasmid. 

pAT-Xten plasmid was created by ordering a G-Block containing 144 aa Xten sequence 

containing 5’ BamHI and 3’ XhoI restriction sites. The G-Block was digested by 

BamHI and XhoI restriction enzymes and ligated with a BamHI and XhoI digested 

pAT-ST vector to make pAT-E6 plasmid. 

pAT was made by first digesting pAT-ST vector with SalI and XhoI restriction enzymes 

and then ligate the vector. (SalI and XhoI sites can be ligated together). 

pAT-ST(E3), pAT-ST(E9) and pAT-ST(E12) was made by digesting pX-E3, pX-E9, 

pX-E12 plasmid with SalI and HindIII restriction enzyme and the insert DNA encoding 

elastin-like-peptide was purified. pX-ST plasmid was digested by XhoI and HindIII 

restriction enzyme and vector was purified. By ligating insert with elastin-like-peptide 

sequence and vector containing Spytag sequence, pX-ST(E3), pX-ST(E9) and pX-

ST(E12) was made. , pX-ST(E3), pX-ST(E9) and pX-ST(E12) were then digested by 
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BamHI and XhoI restriction enzymes and ligated with a BamHI and XhoI digested 

pAT-ST vectors to make pAT-ST(E3), pAT-ST(E9) and pAT-ST(E12) plasmid. The 

sequence of all constructs were sequenced and confirmed by Laragen Inc. (Culver City, 

CA). 

Supplementary Note 3.3: Buffer recipe 

The 1x PBS buffers used in this work was purchased from ThermoFisher Scientific 

containing 155 mM NaCl, 1 mM KH2PO4 and 3 mM Na2HPO4 buffered at pH 7.4.  

Table S2.1: Plasmids used in this study 

Name Backbone/origin/promoter Purpose 

pQE-Empty 

pQE80l/colE1/T5 Empty plasmid for cloning and 

providing ampicillin resistance 

pAT-E6 

pQE80l/colE1/T5 Constitutive expression of E6-AT 

protein on cell surface 

pAT-ST 

pQE80l/colE1/T5 Constitutive expression of SpyTagE6-

AT protein on cell surface 

pX-E3 pQE80l/colE1/T5 Cloning of pAT-ST(E3) 

pX-E6 pQE80l/colE1/T5 Cloning of pAT-E6  

pX-E9 pQE80l/colE1/T5 Cloning of pAT-ST(E9) 

pX-E12 pQE80l/colE1/T5 Cloning of pAT-ST(E12) 

pX-ST(E3) pQE80l/colE1/T5 Cloning of pAT-ST(E3) 

pX-ST(E9) pQE80l/colE1/T5 Cloning of pAT-ST(E9) 

pX-ST(E12) pQE80l/colE1/T5 Cloning of pAT-ST(E12) 
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pAT-ST(E3) 

pQE80l/colE1/T5 Constitutive expression of SpyTagE3-

AT protein on cell surface 

pAT-ST(E9) 

pQE80l/colE1/T5 Constitutive expression of SpyTagE9-

AT protein on cell surface 

pAT-

ST(E12) 

pQE80l/colE1/T5 Constitutive expression of SpyTagE12-

AT protein on cell surface 

pAT-

SpyCatcher 

pQE80l/colE1/T5 Constitutive expression of SpyCatcher-

AT protein on cell surface 

pBAD-

SpyCatcher 

pBAD33/p15a/pJ23100  

 

Arabinose inducible expression of 

SpyCatcher-AT protein with 6x His tag 

pBAD-

SpyCatcher(

FLAG) 

pBAD33/p15a/pJ23100  

 

Arabinose inducible expression of 

SpyCatcher-AT protein with FLAG tag 

pKPY680 

pBAD33/p15a/pJ23100  

 

Constitutive expression of mWasabi  

 

pKPY681  

pBAD33/p15a/pJ23100  

 

Constitutive expression of mCherry  
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Table S2.2: Protein sequences 

Protein Sequence 

E6-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVDVPGAGVPGAGVPGEGVPGAGVPGAGVPGA

GVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVP

GEGVPGAGVPGAGLDVPGAGVPGAGVPGEGVPG

AGVPGAGVPGAGVPGAGVPGEGVPGAGVPGAGV

PGAGVPGAGVPGEGVPGAGVPGAGLETPTPGPDL

NVDNDLRPEAGSYIANLAAANTMFTTRLHERLGN

TYYTDMVTGEQKQTTMWMRHEGGHNKWRDGS

GQLKTQSNRYVLQLGGDVAQWSQNGSDRWHVG

VMAGYGNSDSKTISSRTGYRAKASVNGYSTGLYA

TWYADDESRNGAYLDSWAQYSWFDNTVKGDDL

QSESYKSKGFTASLEAGYKHKLAEFNGSQGTRNE

WYVQPQAQVTWMGVKADKHRESNGTLVHSNGD

GNVQTRLGVKTWLKSHHKMDDGKSREFQPFVEV

NWLHNSKDFSTSMDGVSVTQDGARNIAEIKTGVE

GQLNANLNVWGNVGVQVADRGYNDTSAMVGIK

WQF 

STE3-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVDAHIVMVDAYKPTKLDVPGAGVPGAGVPGE

GVPGAGVPGAGVPGAGVPGAGVPGEGVPGAGVP

GAGVPGAGVPGAGVPGEGVPGAGVPGAGLETPT

PGPDLNVDNDLRPEAGSYIANLAAANTMFTTRLH

ERLGNTYYTDMVTGEQKQTTMWMRHEGGHNK

WRDGSGQLKTQSNRYVLQLGGDVAQWSQNGSD

RWHVGVMAGYGNSDSKTISSRTGYRAKASVNGY

STGLYATWYADDESRNGAYLDSWAQYSWFDNT

VKGDDLQSESYKSKGFTASLEAGYKHKLAEFNGS

QGTRNEWYVQPQAQVTWMGVKADKHRESNGTL

VHSNGDGNVQTRLGVKTWLKSHHKMDDGKSRE

FQPFVEVNWLHNSKDFSTSMDGVSVTQDGARNIA

EIKTGVEGQLNANLNVWGNVGVQVADRGYNDTS

AMVGIKWQF 

STE6-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVDAHIVMVDAYKPTKLDVPGAGVPGAGVPGE

GVPGAGVPGAGVPGAGVPGAGVPGEGVPGAGVP

GAGVPGAGVPGAGVPGEGVPGAGVPGAGLDVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGV

PGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPGA

GVPGAGLETPTPGPDLNVDNDLRPEAGSYIANLA

AANTMFTTRLHERLGNTYYTDMVTGEQKQTTM

WMRHEGGHNKWRDGSGQLKTQSNRYVLQLGGD

VAQWSQNGSDRWHVGVMAGYGNSDSKTISSRTG

YRAKASVNGYSTGLYATWYADDESRNGAYLDS

WAQYSWFDNTVKGDDLQSESYKSKGFTASLEAG

YKHKLAEFNGSQGTRNEWYVQPQAQVTWMGVK

ADKHRESNGTLVHSNGDGNVQTRLGVKTWLKSH

HKMDDGKSREFQPFVEVNWLHNSKDFSTSMDGV
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SVTQDGARNIAEIKTGVEGQLNANLNVWGNVGV

QVADRGYNDTSAMVGIKWQF 

STE9-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVDAHIVMVDAYKPTKLDVPGAGVPGAGVPGE

GVPGAGVPGAGVPGAGVPGAGVPGEGVPGAGVP

GAGVPGAGVPGAGVPGEGVPGAGVPGAGLDVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGV

PGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPGA

GVPGAGLDVPGAGVPGAGVPGEGVPGAGVPGAG

VPGAGVPGAGVPGEGVPGAGVPGAGVPGAGVPG

AGVPGEGVPGAGVPGAGLETPTPGPDLNVDNDLR

PEAGSYIANLAAANTMFTTRLHERLGNTYYTDMV

TGEQKQTTMWMRHEGGHNKWRDGSGQLKTQSN

RYVLQLGGDVAQWSQNGSDRWHVGVMAGYGN

SDSKTISSRTGYRAKASVNGYSTGLYATWYADDE

SRNGAYLDSWAQYSWFDNTVKGDDLQSESYKSK

GFTASLEAGYKHKLAEFNGSQGTRNEWYVQPQA

QVTWMGVKADKHRESNGTLVHSNGDGNVQTRL

GVKTWLKSHHKMDDGKSREFQPFVEVNWLHNS

KDFSTSMDGVSVTQDGARNIAEIKTGVEGQLNAN

LNVWGNVGVQVADRGYNDTSAMVGIKWQF 

STE12-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVDAHIVMVDAYKPTKLDVPGAGVPGAGVPGE

GVPGAGVPGAGVPGAGVPGAGVPGEGVPGAGVP

GAGVPGAGVPGAGVPGEGVPGAGVPGAGLDVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGV

PGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPGA

GVPGAGLDVPGAGVPGAGVPGEGVPGAGVPGAG

VPGAGVPGAGVPGEGVPGAGVPGAGVPGAGVPG

AGVPGEGVPGAGVPGAGLDVPGAGVPGAGVPGE

GVPGAGVPGAGVPGAGVPGAGVPGEGVPGAGVP

GAGVPGAGVPGAGVPGEGVPGAGVPGAGLETPT

PGPDLNVDNDLRPEAGSYIANLAAANTMFTTRLH

ERLGNTYYTDMVTGEQKQTTMWMRHEGGHNK

WRDGSGQLKTQSNRYVLQLGGDVAQWSQNGSD

RWHVGVMAGYGNSDSKTISSRTGYRAKASVNGY

STGLYATWYADDESRNGAYLDSWAQYSWFDNT

VKGDDLQSESYKSKGFTASLEAGYKHKLAEFNGS

QGTRNEWYVQPQAQVTWMGVKADKHRESNGTL

VHSNGDGNVQTRLGVKTWLKSHHKMDDGKSRE

FQPFVEVNWLHNSKDFSTSMDGVSVTQDGARNIA

EIKTGVEGQLNANLNVWGNVGVQVADRGYNDTS

AMVGIKWQF 

SpyCatcher-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVDGAMVDTLSGLSSEQGQSGDMTIEEDSATHI

KFSKRDEDGKELAGATMELRDSSGKTISTWISDG

QVKDFYLYPGKYTFVETAAPDGYEVATAITFTVN

EQGQVTVNGKATKGDAHIDLETPTPGPDLNVDND

LRPEAGSYIANLAAANTMFTTRLHERLGNTYYTD

MVTGEQKQTTMWMRHEGGHNKWRDGSGQLKT
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QSNRYVLQLGGDVAQWSQNGSDRWHVGVMAG

YGNSDSKTISSRTGYRAKASVNGYSTGLYATWYA

DDESRNGAYLDSWAQYSWFDNTVKGDDLQSESY

KSKGFTASLEAGYKHKLAEFNGSQGTRNEWYVQ

PQAQVTWMGVKADKHRESNGTLVHSNGDGNVQ

TRLGVKTWLKSHHKMDDGKSREFQPFVEVNWLH

NSKDFSTSMDGVSVTQDGARNIAEIKTGVEGQLN

ANLNVWGNVGVQVADRGYNDTSAMVGIKWQF 

(FLAG)SpyCatcher-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSDYKDDD

DKGSVDGAMVDTLSGLSSEQGQSGDMTIEEDSAT

HIKFSKRDEDGKELAGATMELRDSSGKTISTWISD

GQVKDFYLYPGKYTFVETAAPDGYEVATAITFTV

NEQGQVTVNGKATKGDAHIDLETPTPGPDLNVDN

DLRPEAGSYIANLAAANTMFTTRLHERLGNTYYT

DMVTGEQKQTTMWMRHEGGHNKWRDGSGQLK

TQSNRYVLQLGGDVAQWSQNGSDRWHVGVMAG

YGNSDSKTISSRTGYRAKASVNGYSTGLYATWYA

DDESRNGAYLDSWAQYSWFDNTVKGDDLQSESY

KSKGFTASLEAGYKHKLAEFNGSQGTRNEWYVQ

PQAQVTWMGVKADKHRESNGTLVHSNGDGNVQ

TRLGVKTWLKSHHKMDDGKSREFQPFVEVNWLH

NSKDFSTSMDGVSVTQDGARNIAEIKTGVEGQLN

ANLNVWGNVGVQVADRGYNDTSAMVGIKWQF 

AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVETPTPGPDLNVDNDLRPEAGSYIANLAAANT

MFTTRLHERLGNTYYTDMVTGEQKQTTMWMRH

EGGHNKWRDGSGQLKTQSNRYVLQLGGDVAQW

SQNGSDRWHVGVMAGYGNSDSKTISSRTGYRAK

ASVNGYSTGLYATWYADDESRNGAYLDSWAQY

SWFDNTVKGDDLQSESYKSKGFTASLEAGYKHK

LAEFNGSQGTRNEWYVQPQAQVTWMGVKADKH

RESNGTLVHSNGDGNVQTRLGVKTWLKSHHKM

DDGKSREFQPFVEVNWLHNSKDFSTSMDGVSVT

QDGARNIAEIKTGVEGQLNANLNVWGNVGVQVA

DRGYNDTSAMVGIKWQF 

Xten-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVDGSPAGSPTSTEEGTSESATPESGPGTSTEPSE

GSAPGSPAGSPTSTEEGTSTEPSEGSAPGTSTEPSE

GSAPGTSESATPESGPGSEPATSGSETPGSEPATSG

SETPGSPAGSPTSTEEGTSESATPESGPGTSTEPSEG

SAPLETPTPGPDLNVDNDLRPEAGSYIANLAAANT

MFTTRLHERLGNTYYTDMVTGEQKQTTMWMRH

EGGHNKWRDGSGQLKTQSNRYVLQLGGDVAQW

SQNGSDRWHVGVMAGYGNSDSKTISSRTGYRAK

ASVNGYSTGLYATWYADDESRNGAYLDSWAQY

SWFDNTVKGDDLQSESYKSKGFTASLEAGYKHK

LAEFNGSQGTRNEWYVQPQAQVTWMGVKADKH

RESNGTLVHSNGDGNVQTRLGVKTWLKSHHKM

DDGKSREFQPFVEVNWLHNSKDFSTSMDGVSVT
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QDGARNIAEIKTGVEGQLNANLNVWGNVGVQVA

DRGYNDTSAMVGIKWQF 

AE6-AT 

MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHH

GSVDGSGSGSGSGSGASGDLENEVAQLEREVRSL

EDEAAELEQKVSRLKNEIEDLKAEGSGSGSGSGSG

ALDVPGAGVPGAGVPGEGVPGAGVPGAGVPGAG

VPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPG

EGVPGAGVPGAGLDVPGAGVPGAGVPGEGVPGA

GVPGAGVPGAGVPGAGVPGEGVPGAGVPGAGVP

GAGVPGAGVPGEGVPGAGVPGAGLETPTPGPDLN

VDNDLRPEAGSYIANLAAANTMFTTRLHERLGNT

YYTDMVTGEQKQTTMWMRHEGGHNKWRDGSG

QLKTQSNRYVLQLGGDVAQWSQNGSDRWHVGV

MAGYGNSDSKTISSRTGYRAKASVNGYSTGLYAT

WYADDESRNGAYLDSWAQYSWFDNTVKGDDLQ

SESYKSKGFTASLEAGYKHKLAEFNGSQGTRNEW

YVQPQAQVTWMGVKADKHRESNGTLVHSNGDG

NVQTRLGVKTWLKSHHKMDDGKSREFQPFVEVN

WLHNSKDFSTSMDGVSVTQDGARNIAEIKTGVEG

QLNANLNVWGNVGVQVADRGYNDTSAMVGIKW

QF 

 

 

 
Figure S2.1, Flow cytometry data illustrating expression level of SpyTagE6-AT and SpyCatcher-AT in 

bacterial films. The DH10B biofilm is the negative control that should not have surface protein expression. From 

this diagram, we can tell that SpyTagE6-AT proteins encoded in pQE80 plasmids are constitutively expressed when 

grown in bacterial films. SpyCatcher-AT on the other hand is not expressing as strongly as SpyTagE6-AT but has 

higher expression compared to control as there is a small population with high protein expression. 
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Figure S2.2, Flow cytometry data showing constitutive expression of multiple kinds of proteins. Q stands for 

empty pQE80 plasmid, which is the negative control group in this diagram. H stands for anti-6x His tag antibody. 

This diagram showed that apart from SpyTagE6-AT (STE6), AE6-AT, E6-AT and E3-AT are constitutively 

expressed when encoded in pQE80 plasmid in a cell in bacterial film. The expression levels of these proteins are 

similar. 

 

 
Figure S2.3, Colony forming units (CFU) per unit mass, pQE80 STE6-AT & pBAD33 SC-AT films with or 

without 0.1 % arabinose induction. 
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 Chapter 3 

 

Cohesive Living Bacterial Films with Tunable Mechanical Properties 

from Cell Surface Protein Display 

 

 

 
1. Abstract 

Engineered living materials constitute a novel class of functional materials made from 

living organisms whose properties and functions can be programmed genetically. In 

this chapter, we discuss the use of a protein surface display system to engineer bacterial 

cells into particles bearing adhesive coatings made of artificial unstructured proteins. 

Engineered bacteria can grow into cohesive thin films on perforated solid supports that 

provide access to nutrition as cells proliferate. Mechanical properties of such bacterial 

films were measured using hydraulic bulge tests with “ramp” and “oscillatory” pressure 

profiles. From ramp bulge tests, we found that bacterial films displaying an elastin-like-

peptide with a single cysteine were non-yielding under our test conditions and had 

Young’s moduli around 44 kPa, while films displaying only the elastin-like peptide 

yield at a strain around 0.11 and had Young’s moduli around 14 kPa. Disulfide bond 

formation and its crucial role in enhancing mechanical strength of cysteine-expressing 

bacterial films were confirmed by treating films with the reducing agent TCEP. 

Oscillatory bulge tests revealed viscoplasticity of elastin expressing films and 

viscoelasticity of elastin expressing films with terminal cysteines. These bacterial films 

can also self-heal in a day after defect creation with their Young’s moduli fully restored 

and toughness partly restored. This work established an approach to produce genetically 

programmable, self-healable bacterial-based living materials that have potential in 

biomanufacturing, construction and bioremediation.  
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2.Introduction 

In nature, microorganisms including bacteria can autonomously assemble into 

hierarchical structures called biofilms,1 composed in part of living cells that can sense 

environmental stress2 and catalyze reactions,3,4 and in part of extracellular polymeric 

matrices (EPS)5 that are secreted by cells and composed of proteins, lipids, 

polysaccharides and nucleic acids.6 These polymeric matrices protect bacteria and 

create microenvironments that help bacteria survive.7 Inspired by natural biofilms, the 

field of engineered living materials lies at the interface between materials science and 

synthetic biology. Through manipulation of genetic information, organisms can be 

directed to assemble into materials that possess desirable characteristics of living 

systems, such as autonomous assembly, adaptiveness to environmental stimuli and self-

healing. 8–12 Recently, several biofilm-inspired living materials have reported, in which 

researchers either rewired the original biopolymer synthetic pathways like curli 

fibrils13,14 or cellulose15,16, or encapsulated living bacteria in synthetic polymeric 

matrix.17,18 These approaches have certain limits. For example, the curli secretion 

system is sensitive to the size of proteins and peptides fused with curli protein 

monomers which limits the size of functional moieties that decorate the curli fibrils,19,20 

and cellulose producing bacteria require an oxygen-rich air-water interface for efficient 

cellulose synthesis.21,22 Encapsulating bacteria in synthetic polymer networks has 

drawbacks with respect to sustainability, as synthetic polymers are not produced by 

bacteria.  These systems thus cannot self-heal through secretion from living cells. 

 

Matrix-free approaches to living materials utilizing cell-cell adhesion have recently 

received much attention. In such systems, modified bacteria express associative 

proteins at the cell surface, forming cell aggregates. This approach requires neither 
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matrix secretion nor synthetic polymers, and living materials in principle can be 

generated from a single cell. One reported cell adhesion mediated living material 

utilizes “nanobody-antigen” interactions in E. coli;23,24 another is based on engineering 

C. crescentus rsaA protein25. These two methods, however, still have limitations. For 

“nanobody-antigen” method, two kinds of cells, one expressing nanobodies and one 

expressing antigen are required, and only when the two kinds of cells are mixed 

together at 1:1 ratio does the material have desirable mechanical properties. 

Furthermore, the proteins used in this work are natural antibodies and antigens with 

complex protein structures. In the C. crescentus system, the rsaA protein is not 

anchored in the cell membrane but binds to the saccharide coating on the surface of C. 

crescentus.26 This means that the protein must be secreted from the cell and then bind 

to the glyco-coating of bacterium. Both methods both require the material to be grown 

in liquid culture media and then collected and assembled into cm-scale structures.  

Here we describe a novel method to grow cm-scale bacterial films on perforated 

membrane filters. Using a previously developed protein surface display system, we 

engineered E. coli to surface display unstructured elastin-like-peptides of 150 amino 

acid in length. We found that these peptides were adhesive enough to generate cohesive 

bacterial films that can be tested for mechanical properties measurements. Furthermore, 

we placed a single cysteine at the exposed N-terminal end of elastin and introduction 

of this single cysteine drastically improved the mechanical performance of bacterial 

films by forming intercellular disulfide bonds covalent crosslinks. The bacterial films 

with disulfide covalent intercellular interactions behaves non-yielding upon 

deformation, endure multiple pressure loading cycles without permanent deformation 

and can self-heal rapidly within a day with Young’s modulus fully recovered.  

 



 

 

50 

3.Results and Discussion 

3.1 Design of surface displayed protein and growing of bacterial films 

To make cohesive bacterial films, we expressed two different kinds of associative 

proteins on the E. coli surface using an “autodisplay system” previously reported to 

display a wide variety of proteins including enzymes and vaccine epitopes27–30  and 

used by our laboratory to generate bacterial aggregates in planktonic culture.31 We used 

the autotransporter system to display unstructured elastin-like-peptides with or without 

N-terminal cysteines at the cell surface to control the mechanical properties of bacterial 

films.  

 

Illustrations of the cells used in this work to generate bacterial films, sequences of the 

surface-displayed proteins, and the types of intercellular adhesion are shown in Fig 3.1a. 

The expression constructs are shown in Fig S3.1. In each construct, the target 

associative domain is fused to a 6xHis tag (for immunostaining) and inserted between 

a PelB secretion sequence and the autotransporter. The elastin-like-peptide (E) domain 

was previously used in our laboratory to prepare protein based hydrogels32–34 and as a 

spacer in surface-displayed proteins that drive formation of cellular aggregates.31 Since 

we use 6 repeats of a 25-amino acid elastin-like peptide, we refer to this construct as 

E6-AT (with AT representing the autotransporter). The CE6-AT construct differs from 

E6-AT by a single amino acid, with cysteine placed between the 6xHis tag and the 

elastin-like-peptide. The goal of introducing cysteine into the displayed protein was to 

generate intercellular covalent disulfide bonds as crosslinks and thus enhance the 

mechanical strength of the bacterial films generated. These surface-displayed proteins 

were encoded in a pQE80 plasmid backbone under control of a T5-lac promoter. In the 
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DH10B cells used in this work, the T5-lac promoter drives constitutive expression of 

surface displayed protein; no IPTG inducer is required.  

 

The method of coating and growing bacterial films is shown in Fig 3.1b. As described 

in Chapter 2, 200 µL of an overnight bacterial culture grown from a single colony on 

an agar plate was pipetted onto a 2.5 cm diameter polycarbonate membrane filter with 

0.2 µm pore size. Vacuum filtration was applied to remove the liquid media and leave 

bacteria as a coating on top of the membrane filter. The filter was then transferred onto 

an LB agar plate, which provides nutrition for bacterial film growth and antibiotics to 

maintain the plasmid. Nutrition was replenished by transferring the filter to a fresh LB 

agar plate every day. After 7 days of growth, bacterial films were ready to be tested.  

To ensure that films would remain cohesive in the buffer used for mechanical testing, 

we applied the erosion assay described in Chapter 2. A 7 day-old bacterial film was 

immersed in 7 ml of PBS buffer and placed on a rocking platform with shaking. The 

optical density (OD600) of the buffer was measured at 1 h and 24 h. After 1 h of erosion 

in PBS, control films without surface protein expression reached an OD600 value above 

0.1 while for both E6-AT and CE6-AT OD600 remained below 0.001. After 24 h of 

erosion, the OD600 of the control increased to values greater than 0.3 and the film 

disintegrated.  In contrast, E6-AT and CE6-AT films remained intact and OD600 of the 

buffer was still below 0.01 (Fig S3.2). These results suggested that films made from 

cells with E6 and CE6 surface display were cohesive and could be tested for mechanical 

properties.  

 

To understand the structure of these bacterial films at microscale, we introduced 

another plasmid that drove constitutive expression of fluorescent proteins in the cell. 
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Fig 3.1c shows a the microtome cross-sectional view of a 7 day-old CE6-AT film that 

expresses the fluorescent protein mWasabi. From the image, it is clear that 7 day-old 

CE6 films have reached a thickness of approximately 70 µm and contain densely 

packed bacterial particles . To ensure that proteins are in fact displayed at the bacterial 

surface in these films, we stained microtome sections of CE6-AT films with anti-His 

tag antibody conjugated to Dylight-488 fluorophore; the resulting image is shown in 

Fig 3.1d. The film shows evidence of staining across the full thickness. The 

reconstructed 3D image of the antibody-stained microtome section also showed 

reasonably uniform expression of protein throughout the sample  (Fig S3.3). In the 

enlarged view of cells in the lower left corner of the image, we see evidence of 

antibodies surrounding the cell body and forming a ring. These images suggest that we 

have expression of His-tagged protein at the cell surface, consistent with the expected 

surface display of CE6-AT in the bacterial films. Similar experiments and flow 

cytometry using anti-His tag fluorescent antibody staining were applied to E6-AT films, 

with results shown in Fig S3.4&5. We also used live/dead staining to determine if there 

significant numbers of dead cells in the interior of the film where oxygen diffusion 

might be limited. The results showed that living cells and dead cells are distributed 

relative uniformly across the full thickness for E6-AT films. In CE6-AT films we 

detected a thin layer with more evidence of dead cells about 60 µm below the film 

surface  (Fig S3.6). From these results, we are confident that E6-AT and CE6-AT 

bacterial films are characterized by expression across the full film thickness are 

cohesive thin films made of cells packed with each other densely. 
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Figure 3.1. Cohesive living bacterial film made of engineered bacterium. a, Schematics of engineered E. coli 

cells used as building blocks of living materials in this work. Schemes of engineered bacteria, protein sequences and 

types of intercellular adhesions. b, Schematics of suction coating method of bacterial film preparation. Overnight 

planktonic culture of bacteria of interest was pipetted onto a perforated polycarbonate filter with 0.2 µm diameter 

pore size. Vacuum filtration was applied to remove liquid media and retain bacteria on top of the filter. The filter 

with bacteria coating was then transferred to an agar plate and allowed to grow for 7 days. A image of 7 day old 

mature CE6-AT bacterial film on polycarbonate filter on LB agar plate. Scale bar, 1 cm. c, Microscopy image of 

mWasabi expressing 7 day old CE6-AT film microtome cross-section. Scale bar, 10 µm. d, Microscopy image of 7 

day old CE6-AT film microtome cross-section immunostained by anti-His-tag antibody conjugated to Dylight-488 

fluorophore. Scale bar, 10 µm. The image shown in the upper left corner is an enlargement of the dashed-square 

portion of the image in the lower left corner.   
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3.2 Measuring mechanical properties of bacterial films using ramp bulge tests 

In order to measure the mechanical properties of bacterial films with different surface 

displayed proteins, we constructed a custom millifluidic device suitable for imposing 

Pa-kPa pressure differences across freely suspended bacterial film samples, equipped 

with an optical coherence tomography (OCT) system to quantify the resulting changes 

in the shape of the biofilm (Fig 3.2 a&b).35 A 3 mm diameter bacterial film sample, 

punched from a 7 day old bacterial film, was sandwiched between two transmission 

electron microscopy (TEM) disks with 1.5 mm diameter aperture, and placed in the 

central chamber of the bulge test device. One vertical cylindrical hole and horizontal 

channel allowed “Reservoir 1” to be connected the top face of the device and control 

the pressure on the top face of the sample (p1 in Fig 3.2b); another vertical cylindrical 

hole passed through the top part and connected to the horizontal channel in the lower 

part, allowing “Reservoir 2” to control the pressure below the sample (p2 in Fig 3.2b). 

When the liquid level in “Reservoir 2” is higher than that in “Reservoir 1”, p2 > p1, a 

net pressure from below the sample will be applied and the sample will bulge upward. 

The deformation of the sample is imaged by optical coherence tomography (OCT) (Fig 

S3.7).  

 

A syringe pump was used to impose a “Ramp” pressure-time profile (Fig 3.2c), in 

which PBS buffer was added at a flow rate of 70 ml/min, with a final target volume of 

55 ml. The rate of pressure increase in this pressure-time profile is 20.4 Pa/s. Since we 

know the rate of pressure increment over the time, the pressure applied to the sample 

at any given point is known and through image analysis, the strain developed in the 

sample can be acquired. The relationship between stress and strain can then be 

calculated. The calculation method for stress developed in the material is discussed in 
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the Materials and Methods section and Supporting Information. Material properties can 

be revealed by plotting stress versus strain curves. In Fig 3.2d, three stress versus strain 

curves for CE6-AT films and three curves for E6-AT films (each curve comes from a 

different biological replicate) are shown. All E6-AT films were tested until failure, 

while the CE6-AT films didn’t fail even at the maximum pressure of 960 Pa. The slopes 

of the stress-strain curves for CE6-AT samples are larger than those for E6-AT films, 

indicating that CE6-AT films have larger Young’s moduli. In Fig 3.2e, the Young’s 

modulus values calculated using the slopes of the stress- strain curves below strain = 

0.05 are shown. The average Young’s modulus of CE6-AT films is around 44.0 ± 5.6 

kPa, approximatley three times that of E6-AT films, which is 14 ± 2.1 kPa. Furthermore, 

we observe that E6-AT films yield when they reach a strain around 0.11, transitioning 

from elastic behavior to plastic behavior and eventually failing, while CE6-AT films 

showed no evidence of yielding, even when the maximum pressure was applied. The 

difference in the yielding behavior of E6-AT films CE6-AT films was also observed 

when we tried to peel films from their filter membrane supports using tweezers; E6-AT 

films stretch and then break like soft dough, while CE6-AT films can be peeled from 

the filter intact with little deformation. The only one time we observed a CE6-AT film 

failure was from a film accidentally left in 1xPBS buffer for 4 hours, and the failure 

happened abruptly when the film was still undergoing elastic deformation. Videos of 

OCT scanned “Ramp” bulge tests of E6-AT and CE6-AT films, peeling experiments 

and the only failure of an CE6-AT film (Figure S3.8) are shown in the attached 

Supporting slide of chapter 3.  
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Figure 3.2. Mechanical strength of engineered bacterial films measured by ramp bulge test . a, Schematic of 

bulge test device, fabricated as two parts that are separated to load a sample in the central chamber at the center of 

the device; the top and bottom parts seal with vacuum grease. When loaded and sealed, port 1 connects to a reservoir 

of fluid that is used to control pressure on the top face of the sample (not shown); similarly, port 2 permits control 

of the pressure on the bottom face of the sample. Gray layers are acrylic; blue layer indicates etched channel; green 

thin layer is cover slip glass; layers are bonded using epoxy. Horizontal channels are longer than shown. b, Schematic 

of loading bacterial film sample onto the bulge test device and imaging of deformed film by optical coherence 

tomography (OCT). Punched bacterial film sample (3 mm diameter) supported by two washer-shaped disks was 

transferred to the central chamber of the device. A thin O-ring sealed this “sandwich” to the top half of the device. 

When pressure in reservoir 2 was larger than that in reservoir 1, a net pressure upward was applied to bacterial film 

and film bulged upward and was imaged by OCT. c, Pressure profile of ramp bulge test. In ramp bulge test, the 

pressure applied to the material increased linearly at a rate of 20.4 Pa/s. d, Stress versus strain curves of CE6-AT 

and E6-AT films. Number of curves shown for CE6-AT films: 3. Number of curves shown for E6-AT films: 3. e, 

Young’s modulus values of CE6-AT and E6-AT films. Number of replicates for CE6-AT: 7. Number of Replicates 

for E6-AT films: 4. Error bar is 1 standard deviation. 

 

3.3 Disulfide bonds play an essential role in enhancing the moduli of CE6-AT films 

Bulge test results showing that CE6-AT films exhibit larger Young’s moduli compared 

to E6-AT films support with our hypothesis that covalent disulfide bonds between cells 

should enhance film strength. However, measuring mechanical properties alone cannot 

confirm the presence or role of disulfide bonds in CE6-AT films. To probe the 

possibility that factors other than protein sequence caused the differences in mechanical 

properties between E6-AT and CE6-AT films, the water content (Fig S3.9), CFU per 

unit mass of film (Fig S3.10) and protein expression level (Fig S3.11) were all 

measured. These results showed that E6-AT and CE6-AT films are physiologically 

similar and that there is not a large difference between the expression levels of E6-AT 

and CE6-AT proteins.  
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Disulfide bonds can be reduced by multiple reducing reagents. We chose the odorless 

TCEP (tris(2-carboxyethyl)phosphine) to reduce and count disulfide bonds in bacterial 

films.  Free thiols before and after reduction can react with a maleimide-fluorophore 

(Fig 3.3a). If CE6-AT forms disulfide bonds, CE6-AT films treated with TCEP should 

exhibit higher fluorophore labeling than either CE6-AT without TCEP treatment or E6-

AT films irrespective of TCEP treatment. We used 50 mM TCEP in 20 mM HEPES 

buffered at pH 7.0 to react with pre-weighed films for 1 h (TCEP + group). Control 

films were not treated with TCEP but immersed in 20 mM HEPES buffered at pH 7.0 

for 1 h (TCEP – group). TCEP-supplemented buffer was then removed and films of 

were treated with 50 µM Dylight 633-maleimide in HEPES buffer at pH 7.0 for 30 min. 

Films were then lysed and the absorbance of the lysate at 633 nm was measured and 

normalized by the treated film mass. As shown in Fig 3.3b, CE6-AT films treated with 

TCEP have the highest labeling intensity among the four groups, suggesting that CE6-

AT films contain the largest concentration of free thiols after reduction. Interestingly, 

CE6-AT and E6-AT films without TCEP treatment have similar labeling intensity. This 

result suggests that thiols in CE6-AT films are mostly in the oxidized (disulfide) form. 

However, the percentage of intercellular disulfide bonds cannot be determined by this 

method.  

 

Using this assay, we can estimate the number of CE6-AT proteins per cell by assuming 

that the difference in labeling intensity between the CE6 TCEP+ group and the E6 

TCEP- group is caused entirely by reduced CE6-AT proteins. The calculation method 

is discussed in Supplementary Note 3.4 and Fig S3.12 and yields an estimate of 2.5 * 

105 CE6-AT proteins per cell. This result agrees with those of quantitative Western 

blotting (Supplementary Note 3.5 and Fig S3.13), which also gives values around 2.5 
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* 105 E6-AT and CE6-AT protein per cell. Assuming the surface area of a single E. coli 

cell is 6 µm2, 36 the density of protein expressed is around 4 * 105 proteins per µm2. 

Comparing this value to the literature, we find that a C. crescentus based living 

material25 with RsaA protein fused with elastin-like-peptide displayed at a density 

around 1.4*105 protein per µm2.37–39 This material has storage a modulus of ~ 14 kPa, 

similar to that of E6-AT films. This result suggests that the surface display density 

estimated for E6-AT and CE6-AT films is reasonable. 

 

Next we addressed the question of whether disulfide bonds are responsible for the 

mechanical enhancement of CE6-AT films. We treated CE6-AT and E6-AT films with 

50 mM TCEP for 30 min in 20 mM HEPES buffered at pH 7.0 (TCEP +) and control 

films (TCEP -) in 20 mM HEPES buffered at pH 7.0 for 30 min. Ramp bulge tests were 

then performed on both the TCEP + and TCEP – groups in 20 mM HEPES buffered at 

pH 7.0. As shown in Fig 3.3c, the stress-strain curves of E6-AT films overlapped well 

irrespective of TCEP treatment, suggesting that TCEP has minimal effect on 

mechanical properties on E6-AT films. The Young’s modulus values presented in Fig 

3.3d also suggest that the mechanical properties of E6-AT films aren’t affected by 

TCEP. CE6-AT films, however, are very sensitive to TCEP treatment. As shown in Fig 

3.3c, the stress versus strain curves of TCEP-treated CE6-AT films lie far below those 

of the control group. As shown in Fig 3.3d, after treatment of CE6-AT films with 50 

mM TCEP for 30 min, Young’s modulus dropped from above 70 kPa to just slightly 

above 40 kPa. If we leave CE6-AT films in 50 mM TCEP for 1 h, they become so brittle 

that they can’t be loaded onto the bulge test device and mechanical property 

characterization becomes impossible. Interestingly, even after TCEP treatment, CE6-

AT films still showed no evidence of yielding or failure under the conditions used for 
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bulge testing. This phenomenon is consistent with the hypothesis that disulfide bond 

crosslinks are essential to the non-yielding behavior of CE6-AT films, and suggests that 

TCEP reduction is incomplete. Incomplete reduction appears to reduce the Young’s 

modulus but as long as there are some covalent crosslinks in the bacterial film, the film 

remains non-yielding.  

 

Figure 3.3. Disulfide bond plays essential role in enhanced mechanical strength of CE6-AT films. a, Schematic 

of TCEP reduction of disulfide bond and fluorophore-maleimide labeling of reduced free thiol. b, Labeling intensity 

of fluorophore-maleimide to CE6-AT and E6-AT films treated with or without TCEP. Number of replicates for each 

group: 3. Error bar is one standard deviation. c, Stress versus strain curves of E6-AT and CE6 AT films treated with 

or without TCEP. Number of curves shown for each group: 2. d, Young’s modulus values of E6-AT and CE6-AT 

films treated with or without TCEP. Number of replicates for E6-AT TCEP + is 4 while all other groups have 3. 

Error bar is 1 standard deviation. 
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3.4 Viscoelastic behavior of bacterial films revealed by oscillatory bulge test  

We investigated elasticity and changes in properties over multiple loading cycles using 

an oscillatory bulge test. Using the syringe pump, we were able to apply a “sawtooth” 

loading pattern (Fig 3.4a) and observe the biofilm response using OCT. 

 

Elasticity is the ability of a material to return to its original size and shape upon removal 

of applied loads. A perfectly elastic material would return to its original size and shape, 

with either a linear or nonlinear stress-strain response that is independent of loading 

rate with superimposable stress-strain curves during loading and unloading. In a cyclic 

loading experiment, there is no phase lag between the applied stress and measured 

response (Fig 3.4b Left). A viscoelastic material, on the other hand, has both the 

characteristics of a solid and a fluid: properties are dependent on loading rate, with 

steeper response curves at faster loading rates. For a particular loading rate, the stress-

strain response does not follow the same path for loading and unloading, and the area 

between the curves signifies energy dissipated during the process (Fig 3.4b Middle). 

Within limits, viscoelastic materials can completely regain their properties, while in 

(visco)plastic deformation, there is permanent deformation indicated by a non-zero x-

intercept (Fig 3.4b Right). In a cyclic loading experiment, a perfectly viscous material 

would have a phase lag of 90°, while a viscoelastic material would have a phase lag 

between 0 and 90° (Fig S3.14). 

 

The bulge test was performed with a protocol similar to that of the “ramp” method, but 

using a sawtooth profile (Fig 3.4 a). The loading rate (slope) was 70 ml/min (maximum 

allowable by the syringe pump), to a maximum volume of 2 ml. The acquisition time 

was consistent at 19 ms. OCT images were processed with MATLAB with the protocol 
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described in the Materials and Methods section. Inflection points were automatically 

detected in pressure vs. time (piecewise) plots and strain vs. time plots by identifying 

points with maximum change in mean and slope relative to surrounding data points, 

and then used to separate data points and plot information for each loading cycle. 

Fig 3.4c shows strain versus time and the pressure profile for an E6-AT film. It is clear 

that there exists a phase lag in the very first cycle. We plott cycle 1 and cycle 3 of 

loading and unloading curves in the right panel. From the first loading and unloading 

cycle, it is apparent that E6-AT films are viscoplastic with permanent deformation 

observed after the first cycle. In the third cycle, the phase lag was so large that we saw 

strain decreasing in the beginning of pressure loading and strain increase during 

pressure unloading. The permanent strain deformation also increased in the third cycle 

compared to the first cycle. The phase lag for E6-AT is plotted in Fig S3.15 and the 

first 8 cycles of loading and unloading are plotted in Fig S.3.16. 

 

In Fig 3.4d, we show strain versus time and the pressure profile together for a CE6-AT 

film. The phase lag was not evident in the first cycle but became apparent in later cycles. 

We plott cycle 1 and cycle 3 of loading and unloading curves on the right panel. In the 

first loading and unloading cycle, CE6-AT films behave almost like an elastic material. 

However, the loading and unloading cycles did not overlapp perfectly, suggesting CE6-

AT is viscoelastic. After the first cycle, the strain returns to 0, implying no permanent 

deformation. In the third cycle, the phase lag became observable and the area enclosed 

by the loading and unloading curves increased. This suggests that energy dissipated in 

the loading and unloading cycle increased, implying CE6-AT films gradually becomes 

more viscous when undergoing repetitive deformation. Permanent deformation was 

still not observed in the third cycle but became apparent in later cycles. The permanent 
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deformation of CE6-AT films after 8 cycles (= 0.0008) is still smaller  than that of E6-

AT films (= 0.003) after first cycle. CE6-AT films are viscoelastic and the phase lag 

increased almost linearly with increasing cycle number. The phase lag for CE6-AT is 

plotted in Fig S3.17 and the first 8 cycles of loading and unloading are plotted in Fig 

S.3.18. 

 

Figure 3.4. Viscoelastic behavior of bacterial films revealed by oscillatory bulge test. a, Pressure profile of 

oscillatory bulge test. b, Response of elastic, viscoelastic and (visco)plastic materials upon loading and unloading. 

c, Mechanical behavior of E6-AT film in oscillatory bulge test. Left: Strain versus time curve superimposed with 

pressure versus time curve. Cycle 1 and cycle 3 of loading were labeled by double headed arrows. Middle: Loading 

and unloading stress versus strain curves in the first cycle. Right: Loading and unloading stress versus strain curves 

in the third cycle. d, Mechanical behaviors of E6-AT film in oscillatory bulge test. Left: Strain versus time curve 

superimposed with pressure versus time curve. Cycle 1 and cycle 3 of loading were labeled by double headed arrows. 

Middle: Loading and unloading stress versus strain curves in the first cycle. Right: Loading and unloading stress 

versus strain curves in the third cycle. 

 

3.5 CE6-AT films can heal within a day 

For self-healing experiments, multiple 3 mm punches from CE6-AT films were 

separated from the polycarbonate as described above and then placed on a fresh 2YT 

plate for healing. A 25 µm thick TEM grid was used to make a cut through films. 

Control films were placed on fresh plates as well, without injury, for comparison. Films 
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were allowed to grow on the new plate at 37°C and monitored to assess the healing 

process. OCT imaging of the cut and control biofilms was performed at 3, 6, and 16 h 

(Fig 3.5a). In order to image comparable regions each time, we 3D printed a petri dish 

holder (Fig S3.19) and secured it to the OCT base plate, with a cavity that provided a 

snug fit for a single 60 mm diameter petri dish. The holder was at roughly a 10° slant 

to avoid noise from reflections in the OCT image at the air-biofilm interface. Only one 

biofilm punch was placed at the center of each petri dish, and permanent marks on both 

the petri dish and holder enabled alignment of the petri dishes each time they were 

removed from the incubator for imaging. Although the vertical focus of the OCT could 

necessarily not be kept constant, we reproduced the scan settings in XY using the 

ThorImage OCT software to ensure that the scanned region was consistent for a given 

punch. Alignment was further confirmed using the camera images from the ThorImage 

OCT software, which provided an overall view of the sample as well as the specific 

scan box (Fig 3.5b, camera image insets with red rectangular boundaries). The OCT 

images of healing (Fig 3.5b) provided a baseline for our bulge test time points. From 

the OCT images, the injured region showed clear healing in as little as 3 h; however the 

timescale of recovery of mechanical properties could only be assessed by the bulge test. 

Images were exported either as 3D renders at the same viewing angle and contrast (Fig 

3.5b, top), or as 2D cross sections at the same XZ plane in each image (Fig 3.5b, 

bottom).   The OCT scanned image of control films is presented in Fig S3.20.  

 

We attempted to perform bulge tests at 6, 12, 16, and 24 h time points. Statistics are 

reported in Table S3.3, describing the number of samples tested at each time point 

along with major points of failure. We discovered that healed biofilms could easily be 

separated from the nutrient plate by gently flooding the plate with PBS. After 
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approximately 1-2 min, the punches freely separated from the agar underneath. Despite 

the gentle nature of this step, a few samples failed when peeled from the agar, with the 

previous injury reopening (second column, Table S3.1). The next major point of failure 

was during the initial pressure equilibration step (third column, Table S3.1). The final 

column in Table S3.1 detailed whether films failed during the bulge test itself. 

Properties of the immediately cut biofilm are not reported, since cut films could not 

sustain a pressure difference (Fig S3.20). Fluid simply flowed through to the other side. 

This feature was also directly used in our experiments to determine the moment when 

the film failed, also visible by OCT. In comparing the various time points, we 

discovered that films healed for 6 h could be peeled from the agar and placed in the 

bulge-testing device; however the small differences in pressure resulting from filling of 

the device were sufficient to break the film once again. Films healed for 12 and 16 h 

could be readily tested. Surprisingly, none of the films tested after 24 h of healing could 

withstand loading, suggesting that there is an optimal time frame for recovery of 

mechanical properties.  

 

Next, we assessed the extent of recovery of mechanical properties using the 16 h mark 

as our time point, comparing the original uncut film on day 0, the control (uninjured 

film grown on the healing plate), and healed films (Fig 3.5c-e). It is worth noting that 

due to the increased thickness of the control and healed films relative to the original 

film (123 ± 2.78 and 120 ± 15.0 vs 103 ± 11.1 µm respectively, only considering films 

that were successfully tested), the range of stresses that could be imposed by our device 

(inversely proportional to the thickness of the film) was not directly comparable. 

However, we did observe a few clear differences among the films tested: first, the 

original (uninjured, day 7) films did not fail at the maximum pressure limits imposed 
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by our device. The actual stress this corresponded to depended on the sample thickness 

and properties, but the highest observed stress tested on a CE6-AT sample of 89 µm 

thickness was 7.21 kPa. While there was some variation in the range of applied stresses 

and observed strains during our test, we observed that CE6-AT films on day 7 

consistently tolerated stresses greater than 6.5 kPa (Fig S3.20A). In contrast, two out 

of four of the control films (16 h) failed during the experiment. One failed at a stress of 

4.68 kPa, while the other film failed at a stress of 3.65 kPa (Fig S3.20C). All of the 

healed films that could be loaded and tested failed within the range of stresses applied 

in the test (Fig S3.20D). To probe the extent of healing of the defect, we used CE6-AT 

films expressing the fluorescent protein mWasabi, and observed the healing process 

using confocal microscopy (which has higher resolution than OCT). Confocal 

microscopy images (Fig S3.21) revealed visible defects until 16 h of healing.  

 

As shown in Fig 3.5c, we observed that Young’s modulus was similar across all three 

sets of films. Comparing bacterial films healed for 12 vs. 16 h, we found that the elastic 

moduli did not show a clear difference (12 h: 52.7 ± 11.4; 16 h: 41.4 ± 2.31 kPa). 

However, based on the observation that every healed biofilm that could be tested failed 

before the end of the test, we hypothesized that toughness might increase with healing 

time. We estimated toughness by calculating the area under the stress-strain plots (in 

Fig 3.5d, the shaded area represents the toughness), and discovered that the healing 

time did indeed influence toughness – despite substantial variability in the 16 h samples, 

there was a clear increase in toughness of the healed films at the latter time point (Fig 

3.5e). Because the original films (free of defects) cannot be tested to failure, we do not 

know the toughness of the original films and thus cannot estimate the extent of recovery 

using toughness values.  
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Similar self-healing experiments were applied to E6-AT films; however, E6-AT films 

that appeared healed by OCT were too fragile for bulge-testing. 

 

Figure 3.5. Self-healing capability of CE6-AT films. a, Schematic of bacterial film healing experiment. b, OCT 

scans of CE6-AT films healing on 2YT plate show rapid healing of injured bacterial film. Top row exported as 3D 

renders. Scale: top, 4 x 4 mm scan box; bottom, 1 x 1 x 1 mm scan box. Insets are OCT camera images, manually 

cropped to region being scanned. Red rectangular outline represents scan box. c, Young’s modulus values of original, 

healed (12 h), healed (16 h) and control. Number of replicates for each group: 4, 3, 3, 4, respectively. Error bar is 1 

standard deviation d, Stress versus strain curves of 12 h healed CE6-AT films and 16 h healed CE6-AT films. 

Number of curves shown for both time points is 3. e, Toughness value of 0, 12 and 16 h healed films. Number of 

replicates for each group is 3. Error bar is one standard deviation. 
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4.Conclusion 

 

In this report, we demonstrated the bacteria with surface-displayed associative proteins 

can assemble and grow into matrix-free cohesive films on perforated solid supports. 

When unstructured elastin-like-peptides (ELPs) were displayed at the cell surface, the 

bacterial film were soft and viscoplastic with Young’s modulus in the range of tens of 

kPa.  They yield easily and fail at 300-400 Pa of pressure. By adding a cysteine in the 

N-terminal region of the elastin-like-peptide, the Young’s modulus increases three-fold 

and films no longer yield or fail under our testing conditions. We reduced the cysteine-

containing films with TCEP and observed reduced mechanical strength,  supporting the 

hypothesis that covalent disulfide bond crosslinks are crucial to the enhanced 

mechanical properties. These results imply that the mechanical properties of films made 

of protein-mediated bacterial assembly can be manipulated genetically and small 

mutations in protein sequence can markedly change mechanical properties. These 

living bacterial films can also self-heal within a day after injury. In summary, we 

created a living material system made of engineered bacteria that can autonomously 

assemble, with genetically encoded mechanical properties that can recover after 

damage.  
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5.Materials and Methods 

 

Bacterial Strains. All experiments were conducted in E. coli strain DH10B (Invitrogen, 

Carlsbad, CA). Details of reagents, cloning and protein expression experiments can be 

found in Table S3.1 and Supplementary Notes 3.1-2. 

 

Preparation of Bacterial Films. Individual colonies harvested from LB plates were 

grown overnight to stationary phase in liquid LB medium supplemented with 100 mg/L 

ampicillin to maintain plasmid stability. The resulting cultures were then diluted to an 

optical density at 600 nm (OD600) of approximately 0.8. Diluted cultures were loaded 

on UV-sterilized track-etched polycarbonate filters (Nuclepore Whatman, 0.2 µm pore 

size) mounted in vacuum filter units (Nalgene Rapid-flow Thermo-Fisher). For 2.5 cm 

diameter polycarbonate filters, 200 µL culture volumes were loaded and vacuum 

filtered. After filtration was complete, filters were transferred to fresh LB plates. 

Bacterial films were grown in a 37 ºC incubator.  Filters were moved to fresh LB agar 

plates containing suitable antibiotics every day for 7 days to allow film maturation and 

mechanical testing. 

 

Erosion Assay. 7-day old bacterial films grown on membrane filters were immersed in 

7 mL of 1x PBS buffer at pH 7.4 in the wells of 6-well plate (Corning, Thermofisher). 

The 6-well plate was then placed on a rocking platform (Bio-Rad) set at 15 º tilt angle 

and 15 rpm frequency. The OD600 of PBS in contact with the bacterial film was 

measured at 1 h and 24 h after rocking started. 
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Microtomy of Bacterial Films. 7-day old bacterial films on polycarbonate filters were 

cut with a 6 mm diameter biopsy punch (Miltex). The circular section of film was 

embedded in Tissue-Tek® resin (Sakura) and frozen at - 20 ºC overnight. The frozen 

piece was microtomed at – 20 ºC with each section of 50 µm thickness. Microtomed 

sections were placed on glass slides for staining and imaging.  

 

Flow Cytometry. E6-AT films were scraped and transferred to an Eppendorf tube, 

blocked for 30 min with agitation (3% BSA in PBS). Cells were then centrifuged and 

resuspended in staining solution (5 μg/mL Anti-His conjugated Dylight 488 Antibody 

(HIS.H8 Thermofisher), 1% BSA in PBS). This solution was then agitated for 1 h, after 

which the cells were washed three times in PBS. Cells were strained through a 40 μm 

filter to remove aggregates and run on a MoFlo XDP cell sorter equipped with a 488 

nm laser. Flow cytometry data were analyzed using MatLab. 

 

Microtome staining. For antibody staining, microtome sections on glass coverslips 

were blocked with 3% BSA in PBS for 0.5 h under static conditions. The blocking 

buffers were then removed with a Kimwipes paper tissue. A staining solution (5 μg/mL 

Anti-His conjugated Dylight 488 Antibody (HIS.H8 Thermofisher), 1% BSA in PBS) 

was dropped on the coverslip and stained for 1 h in a dark chamber. The residual 

staining solution was removed with Kimwipes and microtome sections were washed 

with three times with 1% BSA in PBS before imaging. The microtome section on 

coverslip were then placed between coverslip and slide by a 120-µm spacer 

(SecureSealtm, VWR). 
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Bacterial Film Lysis. Bacterial films were scraped from the polycarbonate filter and 

lysed in 4% SDS 1xPBS pH 7.4 at 100 ºC for 30 min on a thermo shaker (VWR 

Scientific) at 900 rpm in an Eppendoff tube. For 3-6 mg of bacterial films, 500 µL of 

lysis buffer was added. 

 

Quantification of Colony Forming Units. The bacterial film was scraped from the 

polycarbonate filter and weighed in an Eppendoff tube. 500 µL of 1xPBS buffer pH 7.4 

was added to the tube. The film was first agitated by pipetting up and down until broken 

into small pieces and vortexed at least three times until no large fragments (mm sized) 

could be observed and the suspension became turbid. The suspension was then serially 

diluted 10 to 106-fold in a 96 well plate. Three 10 µL drops of each kind of serial dilution 

was dropped on LB agar plates and incubated overnight. A plate with 10 to 100 colonies 

was selected, and the number of colonies on the plate was counted to allow calculation 

of the number of colony forming units (CFU) in the original bacterial film. 

 

Bulge Test Device Assembly. Clear acrylic sheets (1/16” thickness, McMaster-Carr) 

were used as the base of the millifluidic device. Two sets of channels were etched or 

cut into the acrylic using a laser cutter (Industrial Laser ILS 9.75), and the individual 

pieces were assembled with epoxy adhesive to form the device in two parts that could 

be assembled reversibly. One vertical cylindrical hole and horizontal channel allowed 

“Reservoir 1” to be connected the top face of the device and control the pressure on the 

top face of the sample; another vertical cylindrical hole passed through the top part and 

connected to the horizontal channel in the lower part, allowing “Reservoir 2” to control 

the pressure below the sample. The channel above the sample was sealed with a glass 

cover slip to enable imaging.  For the connections to the top face, thicker acrylic slabs 
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with through holes threaded to accept quick-tube coupling fittings (51525K442, 

McMaster-Carr) were bonded to the top surface. The reservoirs themselves were 

syringes of known internal diameters.   

 

Sample Loading Protocol for the Bulge Test.  A polycarbonate filter with a bacterial 

film grown on top was placed in a petri dish containing the sterile buffer used for bulge 

testing. A 3 mm diameter biopsy punch (Integra Biosciences) was used to gently make 

a circular cut through the bacterial film but not the polycarbonate. A sample support 

disk (copper TEM disk, 1.5 mm diameter circular aperture, 3.05 mm outer diameter, 

thickness 25 µm, Ted Pella) was then slid in between the bacterial film and 

polycarbonate from the outer edge of the film and used to gently separate the film from 

the polycarbonate. Once the edge of the film was freed, the cut 3 mm bacterial film disk 

freely floated away from its polycarbonate support, and could be lifted out of the buffer 

using the support disk and placed into the bottom chamber of the device (pre-filled with 

buffer). A second support disk was placed on top to sandwich the bacterial film, 

followed by an o-ring (Precision Associates, Inc). Prior to sealing the two halves of the 

device together, a 5 ml syringe was filled with buffer and capped with a 30G needle 

connected to thin silicone tubing (0.31 mm ID, 0.64 mm OD, HelixMark). The tubing 

was threaded through into the Luer socket on the top half of the device and placed along 

the top channel using forceps, such that the tube terminated in the viewing window of 

the chamber that would eventually be directly above the sample. Following this, the 

two chamber halves were sealed using a thin layer of vacuum grease. The two chambers 

were then filled simultaneously with buffer solution: the upper channel using the tubing 

connected to the syringe filled with buffer, and the lower channel by way of the 

associated Luer slip connector, drop by drop, until both connectors were filled, 
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following which the tubing was gently extracted and two reservoirs were attached to 

the Luer slip connectors on either side. Syringes used as reservoirs in the collected 

datasets were 60 ml syringes (BD Scientific) with ID = 26.72 mm. The apparatus was 

rinsed with soap and DI water and allowed to dry between uses; separate reservoirs and 

syringes were used for different buffers. 

 

Bulge Test Pressure Profile Control. A syringe pump was used to impose various 

pressure-time profiles in these experiments. “Ramp” and “sawtooth” profiles involved 

PBS addition at a flow rate of 70 ml/min, with a final target volume of 55 ml in one 

ramp bulge test and 2 ml in each cycle of an oscillatory bulge test unless otherwise 

specified. The flow rate was chosen to be the maximum accommodated by the syringe 

pump in order to minimize perfusion through the biofilm for the duration of the 

experiment.  

 

OCT Imaging. All OCT imaging was performed with a Thorlabs OCT (GAN210 base 

unit: 930 nm central wavelength, 6/4.5 µm axial resolution in air/water, 2.9/2.2 mm 

imaging depth (air/water), OCTP-900 scan head, OCT-LK3-BB scan lens: 36 mm FL, 

8 µm lateral resolution). A-Scan/Line Rate was 36 kHz for all measurements 

(acquisition time = 19 ms). Biofilm thicknesses were calculated estimating a refractive 

index of 1.4. This value was based on both the manufacturer’s recommendation as well 

as prior literature on E. coli.40 

 

Image and Mechanical Property Analysis. The typical loading and imaging process 

generated over 2500 images showing the evolution of a biofilm cross section 

throughout the experiment (for some snapshots, see Fig S3.22, numbered images). The 
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features that could be captured were only limited by i) perfusion, which in most cases 

was negligible, ii) maximum fluid held by the reservoir, which was 70 ml, and iii) the 

thickness of the samples tested. Thicker samples would experience less stress at a given 

hydrostatic pressure, which meant the failure of a particular sample could not always 

be captured. A typical analysis protocol resulted in the stress-strain curve shown in Fig 

S3.22. The analysis protocol followed the assumptions of membrane theory, that: i) the 

thickness of the membrane is small in comparison to the in-plane dimensions ii) the 

bending stiffness is negligible and iii) due to (i) and (ii), in-plane stresses are assumed 

to be constant throughout the thickness of a membrane. Additionally, we assumed i) 

that there is an idealized equibiaxial deformation throughout the entire inflated 

membrane. In practice this is only true at the pole, and the deformation transitions to a 

constant width elongation at the clamped edge; also ii) that stress could be estimated 

using a spherical cap assumption, and strain could be estimated by changes in arc length 

of the deformed biofilm (Fig 3.3A). 

Following the assumptions outlined above, the stress and strain states are as follows:  

𝜎𝑖𝑗 = (
𝜎1 0 0
0 𝜎2 0
0 0 0

) 

𝜖𝑖𝑗 = (

𝜖1 0 0
0 𝜖2 0
0 0 𝜖3

) 

We assume here that 𝜎1 = 𝜎2 = 𝜎 and 𝜖1 = 𝜖2 = 𝜖 across the entire membrane. 

Applying Hooke’s law, the relationship between 𝜎 and 𝜖 is: 

𝜎 =
𝐸

1 − 𝜈
𝜖  

Where 
𝐸

1−𝜈
 is the biaxial modulus of the material, referred to as the “modulus” in 

further text, and evaluated from the linear regions of each plot. We do not report the 



 

 

74 

two quantities 𝐸 and 𝜈 independently since they cannot be deconvolved using only 

one measurement method.  

2D datasets were exported as tiff files and cropped using ImageJ. The resulting images 

were processed with in-house MATLAB scripts: the images were binarized; the top and 

bottom surfaces of the film were detected based on changes in pixel intensity and fit to 

fourth degree polynomials which were then used to estimate arc lengths of the top and 

bottom surfaces of the film (Fig S3.23). Engineering strain 𝜖 was calculated as change 

in arc length divided by the original arc lengths of the top and bottom surfaces 

respectively.  

Nominal stress was calculated with the equation for stress in a thin-walled spherical 

pressure vessel: 

𝜎 =
𝑃𝑅

2𝑡
 

Where 𝜎 is film stress, 𝑃 is the applied pressure, 𝑅 is bulge radius of curvature, and 𝑡 

is film thickness. Further, 𝑅 = √𝑎2 + ℎ2 where 𝑎 is radius of aperture of the support 

disk and ℎ is deflected height of the center of the film, directly measurable by OCT. 

For 2D datasets, the plotted data were averaged (top and bottom surfaces of the biofilm). 

True stress and strain were used for some films where indicated. The ratio of aperture 

diameter 2𝑎 to film thickness 𝑡 ranged from 16.6 – 25. Although the ideal ratio for the 

membrane assumption would be > 20, variations of stresses and strains through the 

thickness were neglected in our calculations based on the fact that the top and bottom 

surfaces of the biofilm did not show a significant difference in their stress-strain data 

(Fig S3.24). 

 

Image Processing and Data Analysis. Image color-coding was done by ImageJ. 

Intensity normalization of the z-stacks was done in ImageJ. 3D rendering of z-stacks 
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was done in either ImageJ or Zeiss Zen Blue. Data plotting and analysis, were 

performed in MatLab and Prism (GraphPad). 

 

Fluorescence Imaging. The fluorescence images of processed samples with 

fluorescent labels were obtained with a 63X, 1.518 N.A. oil-immersion objective on a 

Zeiss LSM 880 confocal microscope (Carl Zeiss AG, Oberkochen, Germany)  at the 

Caltech Biological Imaging Facility. Single-photon confocal laser scanning imaging 

was performed with 488-nm and 591-nm lasers and in the mWasabi (λex/λem: 493/509 

nm), mCherry (λex/λem: 587/610 nm), and Dylight 488 channels (λex/λem: 493/518 

nm). The images were visualized and analyzed with Fiji or Imaris Viewer. (Oxford 

Instruments, Abingdon, UK) 

 

 

Statistics and Reproducibility. For most experiments creating the micrographs 

reported herein, the data generated were done in triplicates. The number of replicates 

for experiments are specified in figures and supporting information. 
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7. Supporting Information. 

Supplementary Note 3.1: Reagents and suppliers 

Restriction enzymes, ligase, and Q5 DNA polymerase were purchased from New 

England Biolabs (Beverly, MA). DNA oligos and G-blocks were purchased from 

Integrated DNA Technologies (Coralville, IA).  

Supplementary Note 3.2: Plasmid subcloning  

Recombinant fusion proteins were produced by standard recombinant DNA technology. 

DH10B E. coli were used for all cloning steps and material preparation. 

Genes encoding the autotransporter protein along with elastin solubility/stability tags 

have been previously cloned by our group into modified pQE-80L plasmids.31  

pX-E6 plasmid containing 6 elastin-like-peptide repeat reported in previous works 

31,33,34 with 5’ BamHI and 3’ XhoI was digested by corresponding enzymes and inserted 

into a similarly digested pAT-ST vector to make pAT-E6 plasmid. The T5 promoter of 

the plasmid drives constitutive expression of protein E6-AT. 

pAT-ST plasmid encoding a SpyTag peptide fused with autotransporter was mutated 

to have a cysteine after 6xHis tag and before SpyTag peptide. pX-E6 plasmid 

containing 6 elastin-like-peptide with 5’ BamHI and 3’ XhoI was digested by 

corresponding enzymes and inserted into a similarly digested pAT-ST vector with 

cysteine mutation to make pAT-CE6 plasmid. The T5 promoter of the plasmid drives 

constitutive expression of protein CE6-AT. The sequence of all constructs were 

sequenced and confirmed by Laragen Inc. (Culver City, CA) 
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Supplementary Note 3.3: Buffer recipe 

The 20 mM HEPES buffer in this work doesn’t contain any PO4
3-. The buffer contains 

20 mM HEPES, 115 mM NaCl, and 1.2 mM MgCl2 buffered at pH 7.0.  

The 1x PBS buffers used in this work was purchased from ThermoFisher Scientific 

containing 155 mM NaCl, 1 mM KH2PO4 and 3 mM Na2HPO4 buffered at pH 7.4.  
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Table S3.1: Plasmids used in this study 

 

 

 

 

 

 

 

 

Name Backbone/origin/promoter Purpose 

pQE-Empty pQE80l/colE1/T5 Empty plasmid for cloning and 

providing ampicillin resistance 

pAT-E6 pQE80l/colE1/T5 Constitutive expression of E6-AT 

protein on cell surface 

pAT-CE6 pQE80l/colE1/T5 Constitutive expression of CE6-AT 

protein on cell surface  

pX-E6 pQE80l/colE1/T5 Cloning of pAT-E6 and pAT-CE6 

pAT-ST pQE80l/colE1/T5 Cloning of pAT-E6 and pAT-CE6 

pKPY680  

 

pBAD33/p15a/pJ23100  

 

Constitutive expression of mWasabi  

 

pKPY681   pBAD33/p15a/pJ23100   Constitutive expression of mCherry   
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Table S3.2: Protein sequences 

Protein: Sequence 

E6-AT MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHHGSVDVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPG

AGVPGAGVPGAGVPGAGVPGEGVPGAGVPGAGLDVPGAG

VPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPGAG

VPGAGVPGAGVPGAGVPGEGVPGAGVPGAGLETPTPGPDL

NVDNDLRPEAGSYIANLAAANTMFTTRLHERLGNTYYTDM

VTGEQKQTTMWMRHEGGHNKWRDGSGQLKTQSNRYVLQ

LGGDVAQWSQNGSDRWHVGVMAGYGNSDSKTISSRTGYR

AKASVNGYSTGLYATWYADDESRNGAYLDSWAQYSWFDN

TVKGDDLQSESYKSKGFTASLEAGYKHKLAEFNGSQGTRNE

WYVQPQAQVTWMGVKADKHRESNGTLVHSNGDGNVQTR

LGVKTWLKSHHKMDDGKSREFQPFVEVNWLHNSKDFSTSM

DGVSVTQDGARNIAEIKTGVEGQLNANLNVWGNVGVQVA

DRGYNDTSAMVGIKWQF 

CE6-AT MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHHCGSVDVP

GAGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVP

GAGVPGAGVPGAGVPGAGVPGEGVPGAGVPGAGLDVPGA

GVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPGA

GVPGAGVPGAGVPGAGVPGEGVPGAGVPGAGLETPTPGPD

LNVDNDLRPEAGSYIANLAAANTMFTTRLHERLGNTYYTD

MVTGEQKQTTMWMRHEGGHNKWRDGSGQLKTQSNRYVL

QLGGDVAQWSQNGSDRWHVGVMAGYGNSDSKTISSRTGY

RAKASVNGYSTGLYATWYADDESRNGAYLDSWAQYSWFD

NTVKGDDLQSESYKSKGFTASLEAGYKHKLAEFNGSQGTR

NEWYVQPQAQVTWMGVKADKHRESNGTLVHSNGDGNVQ

TRLGVKTWLKSHHKMDDGKSREFQPFVEVNWLHNSKDFST

SMDGVSVTQDGARNIAEIKTGVEGQLNANLNVWGNVGVQ

VADRGYNDTSAMVGIKWQF 

 

 

Figure S3.1. Expression construct for surface displayed adhesive proteins. 
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Figure S3.2. Erosion assay results for control, CE6-AT and E6-AT. OD600 of PBS buffer was measured at 1 

hour and 24 hours after erosion started. 

 

 

Figure S3.3. Cross sectional view of CE6-AT microtome section stained with fluorescent antibody. The bottom 

of the original bacterial films is on the left and top of the film on the right. The bottom green line is the cut made by 

the microtome machine and later stained by fluorescent antibody. Since the film is made of densely packed bacteria 

and relative large molecular weight of antibody, the antibody only effectively stains around 5 µm deep into the film. 

From the stained part at the cut site, we can see protein expression (antibody staining) across all thickness in the 

film. Scale bar 20 µm. 
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Figure S3.4. Fluorescent antibody staining of E6-AT films. a, Microtome sections of E6-AT films were stained 

with anti-His tag antibody conjugated with Dylight 488 dye. Expression of E6-AT proteins across all thickness was 

shown. Scale bar, 100 µm. b, A E6-AT film was engineered to constitutively express mCherry and stained by anti-

His tag antibody conjugated with Dylight 488. mCherry channel showed cells packed in the bacterial film and 

Dylight 488 channel showed expression of E6-AT protein at cell surface. Scale bar, 2 µm. 

 
Figure S3.5. Flow cytometry data of E6-AT films. Flow cytometry enables relative quantification of protein 

expression level. Both control and E6-AT films were sampled and stained with anti-His tag antibody conjugated to 

Dylight 488 and run through the flow cytometer. X-axis  values correspond to labeling intensity of antibody to a 

single bacterium and Y-axis values corresponds to percentage of population. From this diagram, we can clearly see 

that E6-AT has stronger labeling intensity compared to the control, meaning relative high expression level of protein 

at surface. CE6-AT can’t be analyzed using flow cytometry due to the concern of giant cell clusters clogging the 

flow cytometer. 
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Figure S3.6. Live-dead staining images of CE6-AT and E6-AT films’ microtome cross section. a. Microtome 

sections of CE6-AT films stained by Live-dead stains. Green SYTO-9 channel corresponds to distribution of living 

cells and red PI channel corresponds to dead cells. We find that there are living and dead cells across all thickness. 

From the merged channel, we find a thin layer about 60 µm to have more dead cells compared to rest of the film. 

Scale bar, 100 µm. b, Microtome sections of CE6-AT films stained by Live-dead stains. Interestingly for E6, both 

live and dead cells are distributed homogeneously across all thickness. Scale bar, 100 µm. 

 
Figure S3.7. Schematic of bulge test process. As fluid height increases in the reservoir connected to the chamber 

underneath the film, the film “inflates” through central aperture (gray box). 
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Figure S3.8. Failure of CE6-AT film. This CE6-AT film was accidentally soaked in PBS for 4 hours. The failure 

happened abruptly. Failure and yielding happened around the same time. The part that failed, detached from the 

main sample immediately like a stone shot by a slingshot. Video of failure is in the slide attached. 
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Figure S3.9. Mass percentage of water in the E6-AT and CE6-AT films. Both kinds have about 75% of mass 

being water. According to literature 1 E. coli cell has 74% mass being water.41 Number of replicates: 3. 

 

 
 

Figure S3.10. Colony forming units of  E6-AT and CE6-AT films per unit mass. Both films has CFU around 

3*107 viable cells per mg of film. Number of replicates: 3. 

 

 

 
 

Figure S3.11. Expression level of E6-AT and CE6-AT films per unit mass. Int refers to intensity of band of 

protein in Western blot image. The intensity of protein band was normalized by mass of films loaded for gel analysis. 

Number of replicates: 3. 
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Supplementary Note 3.4: Calculation of CE6-AT numbers per cell using TCEP 

Reduction. 

 

Using Beer’s law,42  we measured the absorbance versus concentration for Dylight 633-

maleimide at 633 nm as calibration curve. 

A = εlc 

 

A is absorbance; ε is molar extinction coefficient of the molecule; l is light path 

length; c is concentration of the molecule. 

In this case the l is same for all test and the extinction coefficient we get from 

calibration is Ε = εl 
 

 
Figure S3.12. Calibration curve for Dylight 633-maleimide at 633 nm. 

 

From this calibration curve, we can get molar extinction coefficient ε of Dylight 633 

maleimide dye equals to 0.1627 µM-1*cm-1. We assume the labeling intensity 

difference Δ between CE6-AT TCEP + and E6-AT TCEP + groups is a result of CE6-

AT protein that is reduced by TCEP and labeled by Dylight 633 maleimide dye. By 

plugging Δ into the calibration curve, we can get the concentration of CE6-AT protein. 

We then times the dilution times of lysate and assuming the mass of one E. coli cell to 

be 1 pg (109 cells per mg of bacterial film) to get number of proteins per cell43. 

# of proteins per cell = (Δ/E)*(Dilution times)/109 

The value we got for CE6-AT per cell was around 2.5 * 105 proteins per cell. 

y = 0.1627x - 0.0049
R² = 0.9998
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Supplementary Note 3.5: Calculation of CE6-AT and E6-AT numbers per cell 

using Quantitative Western Blot. 

 

First we scraped off CE6-AT and E6-AT films of known mass. We then lysed the films 

in 4% SDS 1xPBS pH 7.4 at 100 ºC for 30 min on a thermo shaker (VWR Scientific) 

at 900 rpm. E6-AT protein were previously purified under denaturing conditions (8 M 

urea) and using an Anti-His tag resin (Qiagen) and eluted with 20 mM imidazole. A 

BCA assay kit (Thermo Fisher) was used to measure the concentration of purified E6-

AT proteins in 8 M urea, Tris buffer at pH 8.0. The concentration of protein was 

measured to be 0.76 mg/ml. Buffer exchange for denatured, purified E6-AT to a 10 mM 

ammonium acetate solution was accomplished with Amicon Ultra diafiltration units (3 kDa 

MWCO) by repeat centrifugation and wash steps. This protein solution was mixed 1:1 with 

super-DHB matrix and analyzed by MALDI-TOF to be 54181.59. We then ran a gel with E6-

AT proteins with known concentration and 10-fold diluted lysate of E6-AT and CE6-AT films 

together. The gel was then transferred to iBlot protein transfer apparatus (Invitrogen) and 

blocked with 5% milk in 0.1% tween-20 in 1x PBS for 1.5 h. Dylight 650 anti-6x His tag 

antibody at a concentration of 0.1 µg/ml was used to stain the protein band on blot. The blot 

was imaged by Typhoon Gel Scanner (General Electrics). The image was analyzed by ImageJ 

software with intensity for bands of E6-AT for calibration. The calibration curve was shown in 

Figure S3.13b. Intensity of bands for E6-AT and CE6-AT lysate was also quantified by 

ImageJ and the value was plugged back into the calibration curve and protein number 

per cell can be back calculated. For CE6-AT, we got 2.5*105 ± 2.6*104 proteins per cell; 

E6-AT has 2.6*105 ± 1.3*104 proteins per cell. 
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™ 

Figure S3.13. Quantitative Western blot analysis. a, Western Blot gel image of 3 replicates of E6-AT, 3 replicates 

of CE6-AT films and calibration loading of purified E6-AT films with known concentration. b, Mass spec data of 

purified E6-AT films using MALDI. c, Calibration curve of E6-AT protein with known loading amount. d, Number 

of proteins per cell estimation for CE6-AT and E6-AT proteins. 
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Figure S3.14. Phase relations for elastic, viscous and viscoelastic materials.  

 

 

Figure S3.15. Phase lag of E6-AT films.  
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Figure S3.16. First 8 cycles loading and unloading curves of E6-AT films. E6 displays a viscoplastic response 

at pressures comparable to those used for CE6. The permanent deformation is mostly in the first two cycles; after 

which the response is viscoelastic. 

 

Figure S3.17. Phase lag of CE6-AT films. 
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Figure S3.18. First 8 cycles loading and unloading curves of CE6-AT films. CE6 displays an initially almost 

elastic response (top left), transitioning to a more viscoelastic response indicated by the increasing area between the 

loading and unloading curves.  Engineering strain axes are scaled by 103 for clarity. 

 

 

 
Figure S3.19. Sample holder for in situ tracking of bacterial film self-healing. 
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Figure S3.19. OCT scans of CE6-AT control on 2YT plate. Top row – patterned artifact due to software, not 

biofilm. Scale: top, 4 x 4 mm scan box; bottom, 1 x 1 x 1 mm scan box. Insets are OCT camera images, manually 

cropped to region being scanned. Red rectangular outline represents scan box (automatic, from ThorImage OCT 

software). 

 

 

Table S3.3. Sample statistics for healed biofilms 

 Total 

number 

of 

samples 

Successfully 

peeled from 

agar and loaded 

(% of total) 

Survived initial 

filling/pressure 

equilibration 

(% of total) 

Failed within 

imposed 

pressures during 

bulge test 

(% of tested) 

Original 

(Day 0) 

4 4 (100) 4 (100) 0 (0) 

Controls 

(16 hours) 

4 4 (100) 4 (100) 2 (50) 

Healed 

(6 hours) 

4 3 (75) 0 (0) - 

Healed 

(12 hours) 

6 5 (83) 4 (66) 4 (100) 

Healed 

(16 hours) 

7 6 (86) 3 (43) 3 (100) 

Healed 

(24 hours) 

10 8 (80) 0 (0) - 
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Figure S3.20. OCT scans of CE6-AT films with defect and healed. Original, day 7 CE6-AT films (A) do not fail 

within the limits of our test. Pictured maximum stress tested: 6.68 kPa. Cut films (B) immediately after injury cannot 

be tested, as the fluid freely flows through the tear (right). *50% of control films failed; pictured film (C) showed 

failure at stress: 4.68 kPa. All healed films failed (D); pictured maximum stress tolerated 3.32 kPa. Scale 200 µm. 

 

 
Figure S3.21. Confocal microscopy scanning of mWasabi CE6-AT films during healing process. Time recorded 

at 0, 3, 6, 18 and 24 hours. Dimensions of 3D rendering: 1000 µm x 1000 µm x 170 µm 

 

Supplementary Note 3.6.A millifluidic device to apply the bulge test to biofilms 

Literature on the bulge test has typically focused on its application to metal sheets, 

polymer films, and biological skin tissue44–55. The delicate nature of biofilms, however, 

requires a device that applies much smaller pressure differences than these previous use 

cases.  To adapt the bulge test to biofilms, we constructed a custom millifluidic device 

suitable for imposing Pa-kPa pressure differences across a freely suspended biofilm, 

equipped with an optical coherence tomography system to quantify the resulting 

changes in the shape of the biofilm. 
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Figure S3.22. Cross sectional OCT images (top, numbered) acquired during the bulge test of a CE6-AT film with 

subsequent 2D processing and stress-strain curve displayed below. Numbers with asterisks indicate data points 

corresponding to the images. Scale bar 500 µm. Bacterial film did not fail during experiment. 

 
Figure S3.23, A) Spherical cap approximation for stress assumes that deformed film is part of a larger spherical 

pressure vessel and the stress in the walls of the film balances the applied pressure. Strain is estimated as a difference 

in the arc length (red arrow) compared to the original (flat) length of the biofilm. B) Image processing scripts binarize 

and clean up OCT images and detect the top and bottom surfaces of the film over thousands of images (bottom right). 
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Figure S3.24, We observed minimal discrepancy between stress-strain curves from the top vs. bottom surfaces of 

the bacterial film. 
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Chapter 4 

 
Quantitative Real-Time Analysis of Living Materials by Stimulated 

Raman Scattering Microscopy 

 

 

 
1. Abstract 

Composite materials built in part from living organisms have the potential to exhibit 

useful autonomous, adaptive, and self-healing behavior. The physicochemical, 

biological, and mechanical properties of such materials can be engineered through 

genetic manipulation of their living components. Successful development of living 

materials will require not only new methods for design and preparation, but also new 

analytical tools that are capable of real-time noninvasive mapping of chemical 

compositions. Here we establish a strategy based on stimulated Raman scattering 

microscopy to monitor phosphatase-catalyzed mineralization of engineered bacterial 

films in situ. Real-time label-free imaging elucidates the mineralization process, 

quantifies both the organic and inorganic components of the material as functions of 

time, and reveals spatial heterogeneity at multiple scales. In addition, we correlate the 

mechanical performance of films with the extent of mineralization. This work 

introduces a promising strategy for quantitatively analyzing living materials, which 

should contribute to accelerated development of such materials in the future. 
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2. Introduction 

In nature, bacterial cells are often found in complex biofilms, where they interact 

through cell adhesion, matrix secretion and quorum sensing. Biofilms provide excellent 

examples of “living materials” in which bacterial survival is enhanced under conditions 

of environmental stress. Inspired by natural biofilms, several laboratories have reported 

the development of engineered living materials (ELMs) that contain live cells and 

polymeric matrices.1 Genetic manipulation of the constituent cells in ELMs allows 

control of composition, structure, growth dynamics, and cellular interactions, and 

provides a powerful tool for design of materials with potential applications in robotics, 

tissue engineering, drug delivery, etc. 1-5 

 

To date, our understanding of ELMs has been limited by a dearth of non-destructive 

analytical methods that can be applied in situ.3 Traditional methods such as 

thermogravimetric analysis (TGA) 4 lack spatial and temporal resolution. Imaging based 

on Fourier-transform infrared spectroscopy (FTIR)5 has low resolution and sensitivity, 

and high water background. Secondary ion mass spectrometry (SIMS)6,7 and electron 

microscopy (TEM and SEM)8,9 are intrusive, cannot be applied in situ, and have low 

throughput. Fluorescence microscopy offers substantial advantages, but requires labels 

or stains that can alter sample behavior.9,10 

 

To address these challenges, Raman spectro-microscopy has emerged to target specific 

vibrational modes and visualize the distribution of selected molecules and structures 

within living cells and macromolecular scaffolds.11 In particular, nonlinear stimulated 

Raman scattering (SRS) microscopy (Fig. 4.1a) retains the advantages of conventional 

spontaneous Raman imaging while achieving improved spatial and temporal resolution, 
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significantly higher sensitivity (below millimolar), faster imaging throughput (up to 

video rate), and deeper sample penetration (up to ~102 μm).12-14 The spectral 

resolvability of SRS microscopy allows fine structural analysis of target materials, and 

can reveal changing compositions, bonding conditions, conformations, and details of 

the extracellular microenvironment.15  The linear dependence of SRS intensity on target 

concentration enables highly desirable quantitative analysis.16 Therefore, SRS imaging 

presents an ideal combination of features for non-intrusively and quantitatively 

analyzing the components of ELMs, allowing real-time observation of ELM growth 

and the investigation of functional connections between the properties of materials and 

their chemical, structural and morphological characteristics, paving the way for high-

throughput materials screening. The fast feedback provided by SRS microscopy also 

helps form and test hypotheses that can inspire and accelerate imaging-guided design 

of new ELMs. 

 

Here, we report the use of SRS microscopy to track and quantify phosphatase-catalyzed 

mineralization of engineered bacterial systems in situ. We first established SRS 

spectral-imaging as an effective tool to benchmark bacterial mineralization levels in 

both single cells and bacterial films. Applying this tool to ELM design, we tested the 

hypothesis that the mechanical performance of mineralized biofilms is determined by 

two factors: (1) the concentration of the inorganic component; and (2) the spatial 

distribution of the organic (living cells) and inorganic (scaffolds or matrices) 

components. By combining SRS imaging-analysis and hydraulic bulge tests, we 

successfully correlated the mechanical performance of the mineralized biofilms with 

their inorganic-to-organic ratios. We observed that the biofilms exhibit Young’s moduli 

of tens of kPa and can endure relatively large strains (≥ 0.1) at early mineralization 
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stages, and that moduli and elongation behavior can be tuned through control of the 

inorganic-to-organic ratio. All these changes were observed within minutes of initiating 

mineralization. This study illustrates the value of in situ SRS imaging in accelerating 

ELM analysis, design and development. 

 

3. Results and Discussions 

3.1 Analysis of alkaline phosphatase (PhoA)-catalyzed calcium phosphate formation 

by in situ SRS imaging 

 
Scaffolds based on bioceramics such as calcium phosphates are preferred candidates 

for medical implants.17 To explore the integration of bioceramics into ELMs, we 

employed a bacterial mineralization system based on a modified version of the well-

known phosphatase PhoA.18 Three engineered variants of Escherichia coli strain 

DH10B were examined: PhoA, E6/PhoA and Triblock/PhoA. All of them contain a 

plasmid that carries a gene encoding PhoA under control of an arabinose-inducible 

promoter, with an N-terminal leader peptide that guides the enzyme to the periplasm 

(Fig. 4.1a, sequence design in Fig. S4.1). Two of the variants have an additional 

plasmid that encodes constitutive expression of a surface display protein (Fig. 4.1a, 

sequence design in Fig. S4.1). E6/PhoA’s surface protein has six repeats of an Elastin-

like peptide (E, 25-aa). Triblock/PhoA’s surface protein has three E3 domains spaced 

by two copies of a 16-aa peptide sequences known to mediate calcium phosphate 

mineralization.19  Upon induction, all three variants gain periplasmic phosphatase 

activity,  which converts organic phosphates into inorganic phosphate (Fig. 4.1b). 

When the cells are cultured in buffer supplemented with calcium glycerophosphate 

(CGP), PhoA converts glycerophosphate to phosphate anion and thereby initiates 

formation of calcium phosphate minerals (which we designate bio-calcium phosphate, 
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BCP) (Fig. 4.1b). Because PhoA resides in the periplasm, we expect mineralization to 

be confined primarily to the periplasm and cell surface.  

 

In a typical in situ SRS imaging setup for probing PhoA-catalyzed calcium phosphate 

formation, two spatially and temporally overlapped pulsed laser beams, pump and 

Stokes, are sent into a confocal-type microscope and focused on the sample (Fig. 4.1a, 

left). When the energy difference between the pump and Stokes laser photons matches 

the vibrational frequency of target chemical bonds (e.g. the phosphate bonds from BCP, 

Fig. 4.1c), those bonds are efficiently driven from the vibrational ground state to the 

corresponding vibrational excited state, creating stimulated Raman loss in the pump 

beam, which is subsequently detected by a photodiode (Fig. 4.1a, c). Series of chemical 

maps can then be efficiently generated by raster-scanning the laser focus throughout 

the samples in 3D.  
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Figure 4.1. Label-free tracking of the engineered E. coli bacterial mineralization. a, Schematics of the 

stimulated Raman scattering (SRS) imaging setup and an engineered E. coli cell for biomineralization. The E. coli 

cell was engineered to carry two kinds of plasmids. One plasmid carries a gene encoding bacterial phosphatase pho 

A, an enzyme naturally expressed in periplasm of E. coli, that converts organic phosphate into inorganic phosphate 

anion. The other plasmid carries a gene encoding surface-expressing bacterial protein, which are rich in acidic amino 

acid residue glutamic acid and peptide sequence known to mediate calcium phosphate mineralization. When the cell 

was treated with calcium glycerophosphate, the pho A in the periplasm would convert glycerophosphate into 

phosphate anion and thus initiate mineralization of calcium phosphate. Since surface of the bacterium has protein 

that binds to calcium cation and calcium diffusion into the cytosol is limited, the mineralization would be spatially 

controlled at periplasm and cell surface. b, Enzyme pho A catalyzed conversion of calcium glycerophosphate (CGP) 

into bio- calcium phosphate (BCP). Enzyme pho A hydrolyzes the phosphoester bond between the organic group 

and phosphate, releasing an alcohol and an inorganic phosphate anion. The catalytic nature of pho A ensures rapid 

generation of phosphate and fast mineralization. c, Energy scheme of the phosphate vibrational modes probed by 

SRS microscopy. The SRS signal is detected when the energy difference between the pump photons and the Stokes 

photons matches the frequency of the vibrational mode of phosphate (ω). 

 

 

 

3.2. Raman characterization and SRS imaging of E. coli mineralization 

 

Because the phosphate vibrational frequency varies among common forms of calcium 

phosphate, we first used spontaneous Raman spectroscopy to identify the Raman 

signals characteristic of BCP (Fig. 4.2a, blue): the most distinctive band is at 961 cm-

1, which we assign to the ν1 symmetric stretching mode of PO4
3- (BCP-ν1-PO4

3-).20,21 

This band is also observed for hydroxyapatite (HA, Fig. 4.2a, green), suggesting 

structural similarity between BCP and HA. In contrast, β-tricalcium phosphate (β-TCP, 
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Fig. 4.2a, magenta), another form of calcium phosphate widely used in bioceramic 

implants, presents its own unique spectrum with clear splitting in the frequency region 

of the PO4
3- symmetric stretching. The peaks at 949 cm-1 and 970 cm-1 reflect 

significant differences in the intratetrahedral P-O bond lengths for different 

nonequivalent PO4
3- ions of the β-TCP structure.21 These results indicate that the 

mineral precipitated through the action of PhoA is a carbonate-free non-stoichiometric 

HA rather than β-TCP, consistent with previous reports.18 The fact that the ν1 symmetric 

stretching mode of PO4
3- is absent from the spectrum of the substrate CGP (CGP, Fig. 

4.2a, red) enables clear distinction between substrate (CGP) and product (BCP) in the 

course of SRS imaging and tracking of the mineralization process.  

 

We next obtained the SRS hyper-spectrum from a BCP sample (Fig. 4.2b) and verified 

that the characteristic SRS band at 961 cm-1 could be detected. We then employed SRS 

microscopy to capture the spatial distribution of BCP-ν1-PO4
3- (denoted as phosphate, 

961 cm-1) in live E. coli cells subjected to mineralization conditions (Fig. 4.2c). 

Consistent with our expectation that mineralization should occur near the periplasm and 

cell surface, SRS images of mineralized bacteria revealed clear core-shell structures 

associated with individual cells, indicating that each cell is wrapped in a mesh of 

calcium phosphate (Fig. 4.2c). These results are consistent with scanning electron 

microscopy (SEM) and transmission electron microscopy (TEM) images of the 

corresponding samples (Fig. 4.2d-e). Notably fluorescence microscopy images (Fig. 

S4.2) of calcein-stained samples suffer from high background and non-specific staining, 

which precluded quantitative analysis. 
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Once a standard workflow for SRS imaging of mineralized bacterial films was 

established, we undertook in situ time-lapse tracking of the E. coli mineralization 

process. We first demonstrated tracking at the single cell level by analysis of E. coli 

liquid cultures. Cells were suspended in a nutrient-free HEPES buffer (pH=7.4) 

containing CGP as substrate and diluted to an appropriate optical density (details in 

Materials and Methods). Time-lapse images of single cells over the course of 2 h of 

mineralization showed an increase in the phosphate-channel SRS intensity (Fig. 4.2f) 

with cell-to-cell heterogeneity in the extent of mineralization (Fig. 4.2g), showing a 

difference up to 50% at early stages. By taking advantage of the proportionality 

between the SRS signal intensity and the concentration of BCP, we determined that the 

amount of phosphate deposited could triple or quadruple between 30 and 120 min of 

mineralization (Fig. 4.2g). After 2 h, the mineralization process slows, indicating that 

it is close to completion. To our knowledge, this is the first report of visualization of 

such rapid mineralization in a label-free and non-destructive way in a bacterial system. 
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Figure 4.2. SRS imaging and real-time tracking of pho A catalyzed mineralization in E. coli cells. a, 

Spontaneous Raman spectra of the various forms of phosphates: the organic precursor calcium glycerophosphate 

(CGP, red), β-tricalcium phosphate (β-TCP, purple), hydroxyapatite (HA, green), and bio- calcium phosphate 

formed by bacterial mineralization (BCP, blue). The spectra indicated that structurally the mineralization product 

BCP resembled HA among all common forms of inorganic phosphates. b, The SRS spectrum of BCP showing the 

characteristic phosphate peak at 961 cm-1. c, an SRS image showing the phosphate formed on the surface of 

mineralized bacterial cells, exhibiting similar hollow structures seen in the TEM image. Scale bar, 5 µm. d-e, SEM 

(d) and TEM (e) images showing mineralized bacterial cells expressing pho A in the periplasm are enwrapped in a 

mesh of calcium phosphate minerals. Scale bars, 2 µm (d) and 1 µm (e). f, In-situ phosphate-channel SRS images 

of a liquid culture of E. coli cells during mineralization within 2 hours, showing the real-time accumulation of 

inorganic phosphate at single-cell level. Scale bar: 5 µm. g, Phosphate-channel SRS intensity of arbitrarily selected 

four E. coli cells (as circled in f) showing an increasing trend with cell-to-cell heterogeneity.   

 

3.3. Real-time SRS imaging of mineralization in bacterial films 

 

To prepare bacterial films for mineralization, overnight E. coli cultures in Luria-Bertani 

(LB) media were dropped on polycarbonate membrane filters with 0.2 µm diameter 

pores and vacuum filtered. Filters were transferred to fresh LB agar plates containing 

suitable antibiotics daily for six days to allow proliferation and constitutive expression 

of surface-displayed proteins and then moved to LB agar plates with suitable antibiotics 

and 0.1% L-arabinose for one day to induce expression of PhoA.  The bacterial films 

and supporting filters were then immersed in mineralization buffer containing CGP for 

periods of a few hours to 24 h. Detailed procedures used for bacterial film growth and 

mineralization can be found in Materials and Methods. After 24 h, mineralized films 
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were stiff and tough enough to be peeled off their filter supports for imaging and 

analysis (Fig. 4.3a, Fig. S4.3).  

 

SRS images of mineralized bacterial films recorded at 961 cm-1 (phosphate, Fig. 4.3c) 

and at 2940 cm-1 (CH3, Fig. 4.3d), and fluorescence images of calcein-stained films 

(Fig. 4.3b) showed co-localization of phosphate ions, E. coli cells and calcium ions, 

respectively, confirming the utility of SRS imaging of mineralized samples. It is worth 

noting that 961 cm-1 signals in SRS images of calcein-stained samples were much 

weaker than those derived from unstained samples (Fig. 4.3c vs Fig. 4.3e at 105 min). 

This difference was due to a competing reaction during fluorescence staining: 

dissolution of inorganic phosphate occurs as the calcein-AM dye chelates calcium 

cations and replaces the phosphate anions. This effect was also evident in images of 

isolated cells (Fig. S4.4), illustrating the value of imaging methods that do not rely on 

stains. 

 

To visualize the dynamics of mineralization in bacterial films by SRS, E. coli films 

were grown and induced as above, then transferred to a sealed imaging chamber and 

immersed in mineralization buffer (Fig. 4.3a(3)). Time-lapse SRS images were 

recorded every 10 min with an acquisition time of 8.6 s/frame in the phosphate channel 

(961 cm-1) (Fig. 4.3e). A clear increase in the phosphate intensity indicated a rapid rise 

in the mineralization level over the course of 105 min (Fig. 4.3f, intensities recorded 

from the areas circled in yellow in Fig. 4.3e to avoid intensity heterogeneity from the 

edge to the center of the film). The rate of mineralization is remarkably high in 

comparison to previous reports in which mineral deposition occurred over periods 

ranging from days to weeks. (10, 18, 19) 
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Figure 4.3. SRS imaging and real-time tracking of E. coli bacterial film mineralization. a, Preparation of a 

typical bacterial film (growth and mineralization). (1) Overnight E. coli culture inoculated in LB media was dropped 

on polycarbonate membrane filter with 0.2 µm diameter pores and vacuum filtrated. (2) The membrane filter 

carrying bacteria was transferred to LB agar plate containing suitable antibiotics and inducer and grew for several 

days to allow surface-display protein and pho A to express. (3) The mature film on polycarbonate filter would be 

immersed in mineralization buffer containing calcium glycerophosphate from few hours to one day. (4) The 

mineralized film, being hard and self-standing, can be peeled from polycarbonate filter for imaging and analysis. b-

d, Microscopy images of a typical mineralized E. coli biofilm:  fluorescence image, calcein stained (b), SRS image, 

phosphate channel (c), and SRS image, CH3 channel (d). Scale bar, 25 μm. e, In-situ phosphate-channel SRS images 

of a typical E. coli biofilm during mineralization within 105 minutes, showing the real-time accumulation of 

inorganic phosphate in films. Scale bar, 20 μm. f, Phosphate-channel SRS intensity of an arbitrarily selected region 

during mineralization in the E. coli biofilm. 

 

 

3.4. Morphology of mineralized biofilms  

 

SRS microscopy allows the recording of time-lapse images of phosphate deposition 

even in the early stages of bacterial mineralization, owing to its high sensitivity and 

good temporal resolution. In addition, the fine spatial resolution of SRS microscopy 

provides insight into the morphological characteristics of mineralized films and the 

relations between structure and properties. With that objective in mind, we first 

benchmarked the morphology of unmineralized films by label-free imaging in the 

organic channel (Fig. 4.4a-b, CH3, different cross-section views). We then prepared 

mineralized films based on E. coli strains that displayed different cell-surface proteins 

that we anticipated would modulate mineral deposition and mechanical properties. 
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Inspired by previous work of Prieto et al (19), we examined the role of cell-surface 

polypeptides in controlling the structures and properties of mineralized bacterial films. 

We prepared three types of E. coli cells (shown schematically in Fig. 4.4c): (i) one free 

of surface-displayed polypeptides (PhoA, described above), (ii) a second that displays 

E6 peptides (E6/PhoA), and (iii) a third with surface expressed triblock peptides 

(triblock/PhoA). The E6 peptide contains six 25-residue elastin-like repeats (Table 

S4.2) (5) and facilitates intercellular adhesion. When bacterial cells display E6 at the 

surface, they aggregate, forming clusters and precipitating out of the culture medium. 

They also form cohesive soft films due to intercellular adhesion. The E6 peptides 

contain glutamic acid residues that can bind to Ca2+ and serve as potential nucleation 

sites for calcium phosphate. The triblock peptide also contains nucleation sequences 

known to facilitate calcium phosphate mineralization (19). Compared with E6, the 

triblock peptide appears to cause weaker intercellular adhesion. Films grown from 

bacterial cells that displayed the triblock peptide exhibited reduced mechanical strength 

and were less cohesive than E6 films since triblock peptide doesn’t tend to self-

associate compared to E6 and doesn’t generate aggregates as strongly as E6 in 

planktonic culture. (Fig. S4.5). Parallel 3D volume SRS images of both the organic 

component (cells, CH3 channel, Fig. 4.4d/g/j) and the inorganic component (calcium 

phosphate, phosphate channel, Fig. 4.4e/h/k) were acquired for bacterial film samples 

from all three constructs. Excellent spatial co-localization was seen for cells and 

deposited phosphate materials. Cross-sectional views are presented in Fig. 4.4f/i/l.  

 

We found clear differences in film morphology among the three engineered strains. The 

PhoA strain (Fig. 4.4d-f) yielded sparse distributions of both cells and phosphate 

materials, with spatially detached cells arrayed across the film. The triblock/PhoA 
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construct (Fig. 4.4j-l) exhibited a different type of heterogeneity. Larger blocks of 

materials, apparently formed by small aggregates of cell/phosphate hybrid structures, 

made the film heterogeneous and coarse in texture, especially near the surface, where 

roughness was observed ubiquitously. In contrast, in the E6/PhoA (Fig. 4.4g-i) 

construct, cells and phosphate were distributed more homogeneously. We believe that 

in this case E6 proteins displayed at the cell surface act as intercellular adhesives that 

bind the cells, forming a compact and dense structure, which was maintained during 

the mineralization process. SEM images (Fig. S4.6) and calcium-dependent 

fluorescence images (Fig. S4.7) yielded similar results, confirming the morphological 

differences among the three types of films. We also found that the surface protein 

influenced cell viability within the film during late-stage mineralization (Fig. S4.8, 

characterized as colony forming units (CFUs) per unit area). Unmineralized films of 

PhoA, E6/PhoA and triblock/PhoA started at 106 CFU/mm2; this value remained nearly 

unchanged during the first hour of mineralization. After 1 h, however, the CFU per unit 

area started to decline slowly for all three types of films. After 2 h, E6/PhoA samples 

contained roughly 105 CFU/mm2 with a minor decrease of cell viability, while 

triblock/PhoA samples dropped to 104 CFU/mm2, signaling a more substantial loss of 

viability.  
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Figure 4.4. SRS images of E. coli biofilms with different surface protein constructions. a-b, Cross-sectional 

views of a typical unmineralized E. coli biofilm at different magnifications. c, Three types of engineered E. coli cells 

with different surface constructions: bare surface type (PhoA), with surface expressed E6 peptides (E6/PhoA) and 

with surface expressed Triblock peptides (Triblock/PhoA). Detailed sequence information of E6 and Triblock 

peptides are included in supplementary data. d-f, SRS images of a PhoA-type E. coli biofilm: CH3 channel, axial-

view of 3D volume image (d), phosphate channel, axial-view of 3D volume image (e) and phosphate channel, cross-

sectional view (f). The PhoA-type E. coli biofilms exhibit heterogeneous spatial distribution of organic and inorganic 

materials, showing individual cells clearly. g-i, SRS images of a E6/PhoA-type E. coli biofilm: CH3 channel (g), 

phosphate channel (h) and phosphate channel, cross-sectional view (i). The E6/PhoA-type E. coli biofilms exhibit 

more homogeneous spatial distribution of phosphate. j-l, SRS images of a Triblock/PhoA-type E. coli biofilm: CH3 

channel (j), phosphate channel (k) and phosphate channel, cross-sectional view (l). The Triblock/PhoA-type E. coli 

biofilms exhibit heterogeneous spatial distribution of organic and inorganic components with clear surface roughness. 

Scale bars: a, 100 μm; b, d-l, 10 μm. 
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3.5 Correlating biofilm mechanical properties with phosphate levels quantified by 

SRS 

 

A central objective of this work was to explore the role of mineralization in increasing 

the stiffness of engineered bacterial films. The morphological differences observed by 

SRS microscopy led us to anticipate a range of mechanical properties in the three 

bacterial strains described in the preceding section.  We noticed immediately, when 

handling biofilms at different stages of mineralization, that there were readily 

discernible differences in mechanical properties among the strains. We then undertook 

a systematic study of mechanical behavior as a function of the extent of mineralization, 

in which we performed parallel SRS imaging and hydraulic bulge testing experiments 

on film samples exposed to mineralization conditions for periods of time ranging from 

20 to 120 min. 

 

We used the molar phosphate/CH ratio in each sample determined by SRS imaging to 

characterize the extent of mineralization. These molar ratios could be achieved by 

calculations based on the SRS intensities in the phosphate and CH channels, and the 

known Raman cross sections of phosphate P-O bond and C-H bond vibrations (details 

in Supplementary Note 4.4 and Table S4.3). 

 

Films were mounted in a fluidic device and subjected to a bulge/inflation test; 

deformation was recorded by optical coherence tomography (OCT) imaging (Fig. S4.9, 

details in Supplementary Note 4.4). True stress- true strain curves were constructed 

for each film assuming membrane deformation. Young’s modulus was calculated using 

the initial linear portion of each curve (Fig. 4.5a-c, middle column, and Fig. S4.10). 
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Notably, the E6/PhoA construct (Fig. 4.5b) exhibited marked increases in stiffness as 

mineralization proceeded; unmineralized E6/PhoA films were soft, exhibiting Young’s 

moduli of tens of kilopascals (kPa). Upon initial mineralization (20-30 min) the 

Young’s modulus increased by as much as to two orders of magnitude.  Films exposed 

to mineralization conditions for less than 40 min exhibited yielding behavior and 

eventual film failure, behavior that was absent at longer mineralization times within the 

limits of stress imposed by our tests. Compared to the free PhoA (Fig. 4.5a) and the 

triblock/PhoA constructs (Fig. 4.5c), E6/PhoA biofilms (Fig. 4.5b) exhibited a 4- to 5-

fold enhancement in Young’s modulus (Fig. 4.5a-c, right column). Notably, SRS 

quantification showed that marked changes in the mechanical behavior of E6/PhoA 

films required only modest levels of mineralization.  For example, after only 20 min of 

mineralization, the molar ratio of phosphate/CH was less than 10% for biofilms with 

the PhoA and E6/PhoA constructs; nevertheless, the Young’s moduli of the films 

increased from the kPa level to the MPa level, indicating at least a 100-fold increase in 

stiffness. The result suggests that even a relatively small change in the inorganic matrix 

content can change the mechanical properties of biofilms dramatically (Fig. 4.5d).   
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Figure 4.5. Inorganic phosphate levels and mechanical properties of E. coli biofilms during mineralization. a-

c, Parallel studies on three types of biofilms, based on PhoA (a), E6/PhoA (b), and the Triblock/PhoA (c) constructs, 

during 2-hour mineralization, showing increasing molar ratios of phosphate/CH (left column), clear transitions in 

stress-strain relations (center column), and moduli calculated from the stress-strain data (right column). PhoA and 

Triblock/PhoA films transitioned from non-cohesive at 0 min to cohesive during the mineralization process, while 

E6/PhoA films transitioned from cohesive soft yielding films into stiff non-yielding films in the end. After 2 hrs of 

mineralization E6/PhoA films became stiff and brittle, which cannot be picked up. Therefore, the data point at 120 

min was not achievable. Moduli of the biofilms during mineralization increased while exhibiting larger variances. 

d, Proposed schematics showing the relations between phosphate level and mechanical properties of the biofilms 

according to the observations from handling the films. 
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4. Conclusions 

In this report, we demonstrate the utility of SRS microscopy for quantitative 

investigation of engineered living materials, specifically for in situ tracking of rapid 

mineralization of bacterial systems. By correlating quantitative SRS imaging and 

mechanical testing data, we have gained new insight into the structural origins of the 

mechanical behavior of mineralized bacterial films, exhibiting a imaging-guided design 

strategy of engineered living materials. In quest of an optimally performing E. coli - 

calcium phosphate hybrid film, we found especially striking increases in the moduli of 

films bearing the E6 surface protein even at modest levels of mineralization (less than 

10% in terms of the phosphate-to-CH molar ratio). This molar ratio of around 10% 

represents a sweet spot of mineralization level that led to a mechanically superior 

hybrid biomaterial. We also discovered that different surface proteins yielded different 

mineralization morphologies, which exhibited different mechanical behaviors at 

comparable mineralization levels. More generally, we illustrate the value of combining 

microscale morphological information, quantitative chemical imaging, and mechanical 

testing in the analysis and design of engineered living materials.  
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5. Materials and Methods 

Bacterial Strains. All mineralization experiments were conducted in E. coli strain 

DH10B (Invitrogen, Carlsbard, CA). Details of reagents, cloning and protein 

expression experiments can be found in Table S4.1 and Supplementary Notes 4.1-2. 

 

Preparation of Bacterial Films. Individual colonies harvested from LB plates were 

grown overnight to stationary phase in liquid LB medium supplemented with 100 mg/L 

ampicillin and 25 mg/L chloramphenicol to maintain plasmid stability. The resulting 

cultures were then diluted to an optical density at 600 nm (OD600) of approximately 0.8. 

Diluted cultures were loaded on UV-sterilized track-etched polycarbonate filters 

(Nuclepore Whatman, 0.2 µm pore size) mounted in vacuum filter units (Nalgene 

Rapid-flow Thermo-Fisher). For 2.5 cm diameter polycarbonate filters, 200 µL culture 

volumes were loaded; 2 mL volumes were loaded on 4.7 cm diameter filters. After 

filtration was complete, filters were transferred to fresh LB plates. Bacterial films were 

grown in a 37 ºC incubator.  Filters were moved to fresh LB agar plates containing 

suitable antibiotics every day for 6 days. On the seventh day the filters (and supported 

biofilms) were moved to a special LB plate containing 100 mg/L L-arabinose (Sigma-

Aldrich) for 1 day to induce expression of PhoA. 

 

Mineralization of Planktonic Bacterial Cultures. Overnight E. coli cultures were 

diluted 100-fold and grown to OD600 of 0.4–0.6 prior to induction with 0.1% L-

arabinose. Expression was allowed to proceed for 90 min, after which the culture was 

centrifuged and resuspended in 20 mM HEPES buffer (pH 7.4) containing 10 mM 

calcium glycerophosphate. The detailed buffer recipe is documented in 

Supplementary Note 4.3. Mineralization was allowed to proceed for at least 1 h under 
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shaking at 250 rpm until cells precipitated as white clusters. Clusters were resuspended 

and a 3 µL aliquot of resuspended mineralized cells was transferred to a plastic chamber 

(120 µm depth, Thermo-Fisher) sandwiched between a glass slide and a cover slip for 

Raman microscopy. 

 

In situ imaging of Mineralization of Planktonic Bacterial Cultures. Overnight 

cultures of E. coli were diluted 100-fold and grown to OD600 of 0.4–0.6 prior to 

induction with 0.1% L-arabinose. Expression was allowed to proceed for 90 min, after 

which the culture was centrifuged and resuspended in 20 mM HEPES buffer (pH 7.4) 

containing 40 mM calcium glycerophosphate. A 3 µL volume of resuspended cells was 

immediately pipetted into a 120 µm thick plastic chamber (Thermo-Fisher) sandwiched 

between a glass slide and a cover slip coated with poly-l-lysine (Neuvitro Corporation) 

for Raman microscopy. No shaking was involved in this mineralization experiment. 

The experiments were performed under static conditions. 

 

Full Mineralization of Bacterial Films. Bacterial films were prepared as described in 

the above sections and transferred on their polycarbonate filters to a 6-well plate 

(Falcon) with each well filled with 5 mL of 20 mM HEPES buffer (pH 7.4) containing 

10 mM calcium glycerophosphate. Four 3 mm diameter glass beads were placed at the 

edge of each polycarbonate filter to keep the films flat during the mineralization process. 

To achieve full mineralization, films remained in mineralization buffer for 24 h.  

 

Microtomy of Fully-Mineralized Bacterial Films. Fully-mineralized films were 

removed from the mineralization buffer, washed with 5 mL of 20 mM HEPES buffer 

for 5 min and then cut with a 6 mm diameter biopsy punch (Miltex). The circular section 
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of film was embedded in Tissue-Tek® resin (Sakura) and frozen at - 20 ºC overnight. 

The frozen piece was microtomed at – 20 ºC with each section of 50 µm thickness. 

Microtomed sections were placed either on glass slides (for Raman microscopy) or on 

Al stubs (for SEM imaging). 

 

Time-Dependent Mineralization of Bacterial Films. Bacterial films were prepared 

as described in the above sections. Films prepared on 4.7 cm diameter polycarbonate 

filters were cut with a razor blade into seven pieces of nearly identical size. One piece 

was used as an unmineralized control sample. Other pieces were transferred to 6-well 

plates (Falcon) with each well filled with 5 mL of 20 mM HEPES buffer (pH 7.4) 

containing 30 mM calcium glycerophosphate. At time points of 20, 30, 40, 60, 90 and 

120 mins, pieces of film were removed from mineralization buffer and placed in another 

6-well plate with each well containing 5 mL 20 mM HEPES buffer to stop 

mineralization. These samples were used to determine mechanical properties and extent 

of mineralization by bulge testing and quantitative Raman microscopy, respectively. 

 

Spontaneous Raman Spectroscopy Spontaneous Raman spectra were acquired using 

an upright confocal Raman spectrometer (Horiba Raman microscope; Xplora plus). A 

532 nm YAG laser is used to illuminate the sample with a power of 12 mW on sample 

through a 100×, N.A. 0.9 objective (MPLAN N; Olympus). Raman shift ranges from 

690 to 1300 cm−1 was acquired to cover the Raman peaks of interest (characteristic of 

Phosphate species). Data acquisition was performed with 10 s integration by the 

LabSpec6 software. Spontaneous Raman spectra were organized and presented by 

Excel and GraphPad, respectively.  
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Stimulated Raman Scattering (SRS) Spectroscopy and Microscopy. A picoEmerald 

laser system (Applied Physics & Electronics) was used as the light source for SRS 

microscopy. This system produces 1.8 ps pump (tunable from 770 nm – 990 nm, 

bandwidth 0.5 nm, spectral bandwidth ~ 7 cm-1) and Stokes (1031.2 nm, spectral 

bandwidth 10 cm-1) beams with 80 MHz repetition rate. The Stokes beam is modulated 

at 20 MHz by an internal electro-optic modulator. The spatially and temporally 

overlapped pump and Stokes beams are introduced into an inverted multiphoton laser 

scanning microscope (FV3000, Olympus), and then focused onto the sample by a 25X 

water objective (XLPLN25XWMP, 1.05 N.A., Olympus) for imaging. Transmitted 

pump and Stokes beams are collected by a high N.A. condenser lens (oil immersion, 

1.4 N.A., Olympus) and pass through a bandpass filter (893/209 BrightLine, 25 mm, 

Semrock) to filter out the Stokes beam. A large area (10×10 mm) Si photodiode (S3590-

09, Hamamatsu) is used to measure the pump beam intensity. A 64 V reverse-bias DC 

voltage is applied on the photodiode to increase saturation threshold and reduce 

response time. The output current is terminated by a 50-Ω terminator and pre-filtered 

by a 19.2-23.6-MHz bandpass filter (BBP-21.4+, Mini-Circuits) to reduce laser and 

scanning noise. The signal is then demodulated by a lock-in amplifier (SR844, Stanford 

Research Systems) at the modulation frequency. The in-phase X output is fed back to 

the Olympus IO interface box (FV30-ANALOG) of the microscope. Image acquisition 

speed is limited by the 30 µs time constant set for the lock-in amplifier. 

Correspondingly, we use an 80 µs pixel dwell time, which gives a speed of 21s per 

frame for a 512-by-512-pixel field of view. The pump laser is tuned to 938.3 nm for 

imaging the phosphate vibrational mode at 961 cm-1. Laser powers on sample are 

measured to be 30 mW for the pump beam and 200 mW for modulated Stokes beam. 

16-bit grey scale images are acquired by Olympus Fluoview 3000 software. Volumetric 
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images were acquired by collecting a z-stack with a step size of 1 micron in the z-

direction. SRS spectra were acquired by fixing the stokes beam at 1031.2 nm and 

scanning the pump beam through the designated wavelength range point by point. SRS 

spectra were processed and presented by Excel and GraphPad.   

 

Sample Mounting and Imaging. Cell or biofilm samples were kept in HEPES buffer 

for imaging. Grace Bio-Labs SecureSeal™ spacers with appropriate opening sizes were 

used as spacers between microscope slides (1 mm, VWR) and coverslips (12 mm, #1.5, 

Fisher). Confocal images were obtained by the Olympus FluoView™ FV3000 confocal 

microscope with the SRS setup described above. 

 

Bulge Test and Mechanical Characterization. A millifluidic device was constructed 

using laser cut acrylic sheets to adapt the bulge test to the Pa-kPa pressures needed to 

deform the biofilms. The final device construct consisted of a sealed central chamber 

housing the biofilm sample as a 3 mm diameter disk, sandwiched between two washer-

shaped supports. Each face of the sample was exposed to a chamber filled with HEPES 

buffer whose hydrostatic pressure could be independently controlled. Thus, by applying 

different hydrostatic pressures to the top and bottom faces of the biofilm, the film could 

be “inflated” through the washer aperture into a dome-like shape. Hydrostatic pressures 

were applied across the film by varying the height of HEPES in two separate reservoirs 

connected to external ports in the device. The reservoirs themselves were 60 ml 

syringes of known internal diameter (BD Scientific, ID = 26.72 mm, cross sectional 

area 5.61 cm2). Thus, the addition of 858 µl of HEPES buffer increased the reservoir 

level by 1.53 mm, which increased the hydrostatic pressure on the corresponding face 

of the sample by 15.0 Pa (density assumed constant at 1 g/ml). Prior to mechanical 
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testing, a bacterial film with its polycarbonate support was submerged in HEPES buffer 

and a 3 mm dia. biopsy punch (Integra Biosciences) was used to gently make a circular 

cut through the bacterial film but not the polycarbonate. The sample support disk 

(copper TEM disk, 1.5 mm diameter circular aperture, 3.05 mm outer diameter, 

thickness 25 µm, Ted Pella) was then slid in between the bacterial film and 

polycarbonate and used to gently separate the film from the polycarbonate. Once the 

edge of the film was freed, the film freely floated away from the polycarbonate and 

could be loaded into the device. The device channels were then filled with HEPES and 

the syringe reservoirs attached via luer slip connectors threaded into the device ports. 

A syringe pump (KD Scientific) was used to add HEPES buffer to the reservoir 

connected to the bottom face of the biofilm at a flow rate of 70 ml/min with a final 

volume of 55 ml. The biofilm deformation was imaged using optical coherence 

tomography (OCT, Thorlabs, GAN210 base unit: 930 nm central wavelength, 6 µm 

axial resolution. OCTP-900 scan head, OCT-LK3-BB scan lens: 36 mm FL, 8 µm 

lateral resolution). A-Scan/Line Rate was 36 kHz (acquisition time = 19 ms). Diagram 

illustration of the bulge test device and mechanical properties analysis are included in 

Figure S4.9 and Supplementary Note 4.5. 

 

Image Processing and Data Analysis. Image color-coding, intensity profiling and 

intensity normalizations of the z-stacks were done by ImageJ. Intensity normalization 

of the z-stacks was done in ImageJ. 3D rendering of z-stacks was done in either ImageJ 

or Olympus cellSens. Data plotting and analysis, including spectral plots and Gaussian 

fitting were performed in OriginLab and Prism (GraphPad). 
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Fluorescence Imaging. The fluorescence images of processed samples with 

fluorescent labels were obtained with a 25X, 1.05 N.A. water-immersion objective with 

the Olympus Fluoview system. Single-photon confocal laser scanning imaging was 

performed with a 488-nm laser (Coherent OBIS), and in Calcein-AM Channel 

(λex/λem: 495/515 nm). The images were visualized and analyzed with Fiji or Imaris 

Viewer.  

 

Statistics and Reproducibility. For all imaging experiments yielding the micrographs 

reported herein, at least three independent experiments were repeated with similar 

results.  
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7. Supporting Information. 

Supplementary Note 4.1: Reagents and suppliers 

Restriction enzymes, ligase, and Q5 DNA polymerase were purchased from New 

England Biolabs (Beverly, MA). DNA oligos and G-blocks were purchased from 

Integrated DNA Technologies (Coralville, IA).  

Supplementary Note 4.2: Plasmid subcloning  

Recombinant fusion proteins were produced by standard recombinant DNA technology. 

E. coli strain DH10B was used for all cloning steps and material preparation. 

Genes encoding the autotransporter protein along with elastin solubility/stability tags 

have been previously cloned by our group into modified pQE-80L plasmids.22 

G-blocks encoding PhoA without its natural leader peptide were ordered with 5’ BamHI 

and 3’ HindIII sites. G-blocks were digested with BamHI and HindIII and inserted into 

a similarly digested pQE-Empty plasmid containing pelB leader peptide described in 

previous work22 to make a pelB-PhoA construct that directs PhoA to the periplasm. 

Using Gibson assembly, the pelB-PhoA construct was placed under control of the 

araBAD promoter in pBAD33. 

pX-E6 containing six 25-residue elastin-like-peptide repeats reported in previous 

work22 was digested with BamHI and XhoI and inserted into a similarly digested pAT-

Empty vector to make pAT-E6. The T5 promoter of the plasmid drives constitutive 

expression of protein E6-AT. 
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pX-ST encoding the SpyTag peptide was mutated into pX-N encoding nucleation 

peptide SN15 (N)23 by PCR. Recursive ligation24 was used to assemble pX-triblock 

peptide from pX-N and pX-E3. pX-triblock was digested with BamHI and XhoI and 

inserted into a similarly digested pAT-Empty vector to make pAT-triblock. The T5 

promoter of the plasmid drives constitutive expression of protein triblock-AT. 

The sequence of all constructs were sequenced and confirmed by Laragen Inc. (Culver 

City, CA) 

 

Supplementary Note 4.3: Buffer recipe 

The 20 mM HEPES buffer used in this work doesn’t contain any PO4
3-. The buffer 

contains 20 mM HEPES, 115 mM NaCl, and 1.2 mM MgCl2 buffered at pH 7.4. The 

mineralization buffer contains calcium glycerophosphate at concentrations ranging 

from 10 mM to 60 mM. 
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Table S4.1: Plasmids used in this study 

 

 

Name Backbone/origin/promoter Purpose 

pQE-

Empty 

pQE80l/colE1/T5 Empty plasmid for cloning and 

ampicillin resistance 

pelB-PhoA pQE80l/colE1/T5 Constitutive expression of PhoA in 

periplasm 

pBAD-

PhoA 

pBAD33/p15a/araBAD Arabinose-inducible expression of 

PhoA in periplasm 

pAT-E6 pQE80l/colE1/T5 Constitutive expression of E6-AT 

protein on cell surface 

pAT-

Triblock 

pQE80l/colE1/T5 Constitutive expression of triblock-AT 

surface displayed nucleation peptide 

pAT-

Empty 

pQE80l/colE1/T5 Cloning of autotransporter fusion 

proteins 

pX-E6 pQE80l/colE1/T5 Cloning of pAT-E6 

pX-E3 pQE80l/colE1/T5 Cloning of pAT-triblock 

pX-ST pQE80l/colE1/T5 Cloning of pAT-triblock 

pX-N pQE80l/colE1/T5 Cloning of pAT-triblock 
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Table S4.2: Protein sequences 

Protein: Sequence 

pelB-PhoA MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHHGSVDRTP

EMPVLENRAAQGDITAPGGARRLTGDQTAALRDSLSDKPAK

NIILLIGDGMGDSEITAARNYAEGAGGFFKGIDALPLTGQYT

HYALNKKTGKPDYVTDSAASATAWSTGVKTYNGALGVDIH

EKDHPTILEMAKAAGLATGNVSTAELQDATPAALVAHVTSR

KCYGPSATSEKCPGNALEKGGKGSITEQLLNARADVTLGGG

AKTFAETATAGEWQGKTLREQAQARGYQLVSDAASLNSVT

EANQQKPLLGLFADGNMPVRWLGPKATYHGNIDKPAVTCT

PNPQRNDSVPTLAQMTDKAIELLSKNEKGFFLQVEGASIDKQ

DHAANPCGQIGETVDLDEAVQRALEFAKKEGNTLVIVTADH

AHASQIVAPDTKAPGLTQALNTKDGAVMVMSYGNSEEDSQ

EHTGSQLRIAAYGPHAANVVGLTDQTDLFYTMKAALGLK 

E6-AT MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHHGSVDVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPG

AGVPGAGVPGAGVPGAGVPGEGVPGAGVPGAGLDVPGAG

VPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPGAG

VPGAGVPGAGVPGAGVPGEGVPGAGVPGAGLETPTPGPDL

NVDNDLRPEAGSYIANLAAANTMFTTRLHERLGNTYYTDM

VTGEQKQTTMWMRHEGGHNKWRDGSGQLKTQSNRYVLQ

LGGDVAQWSQNGSDRWHVGVMAGYGNSDSKTISSRTGYR

AKASVNGYSTGLYATWYADDESRNGAYLDSWAQYSWFDN

TVKGDDLQSESYKSKGFTASLEAGYKHKLAEFNGSQGTRNE

WYVQPQAQVTWMGVKADKHRESNGTLVHSNGDGNVQTR

LGVKTWLKSHHKMDDGKSREFQPFVEVNWLHNSKDFSTSM

DGVSVTQDGARNIAEIKTGVEGQLNANLNVWGNVGVQVA

DRGYNDTSAMVGIKWQF 

Triblock-AT MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHHGSVDVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPG

AGVPGAGVPGAGVPGAGVPGEGVPGAGVPGAGLDDDDEE

KFLRRIGRFGLDVPGAGVPGAGVPGEGVPGAGVPGAGVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPG

AGVPGAGLDDDDEEKFLRRIGRFGLDVPGAGVPGAGVPGE

GVPGAGVPGAGVPGAGVPGAGVPGEGVPGAGVPGAGVPG

AGVPGAGVPGEGVPGAGVPGAGLETPTPGPDLNVDNDLRPE

AGSYIANLAAANTMFTTRLHERLGNTYYTDMVTGEQKQTT

MWMRHEGGHNKWRDGSGQLKTQSNRYVLQLGGDVAQWS

QNGSDRWHVGVMAGYGNSDSKTISSRTGYRAKASVNGYST

GLYATWYADDESRNGAYLDSWAQYSWFDNTVKGDDLQSE

SYKSKGFTASLEAGYKHKLAEFNGSQGTRNEWYVQPQAQV

TWMGVKADKHRESNGTLVHSNGDGNVQTRLGVKTWLKSH

HKMDDGKSREFQPFVEVNWLHNSKDFSTSMDGVSVTQDGA

RNIAEIKTGVEGQLNANLNVWGNVGVQVADRGYNDTSAM

VGIKWQF 
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Fig. S4.1. Protein sequence design of autotransporter fusion protein and periplasmic enzyme. The N-terminal pelB 

leader peptide directs the translated protein into the periplasm of E. coli and is then cleaved from the protein. The 

C-terminal autotransporter sequence is recognized and inserted into the outer membrane of E. coli while the N-

terminal part is displayed at the cell surface. PhoA is transported to the periplasm. (Corresponding color code was 

applied to Table S2.)  
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Fig. S4.2. Fluorescence microscopy image of 7 days old (1 day induction with 0.1% arabinose for PhoA expression) 

PhoA bacterial film expressing periplasmic PhoA after 24 hrs of mineralization in 10 mM CGP, stained by the 

calcium binding dye calcein. The cell interior is not stained by calcein, consistent with mineralization outside the 

inner membrane of bacterium. Calcein binds to calcium cation and becomes fluorescent once binds to calcium, 

meaning that it binds non-specifically and cannot distinguish between BCP and other molecules that contains 

calcium. Scale bar, 5 µm. 
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Fig. S4.3. A Triblock/PhoA bacterial film after 24 hrs of mineralization in 10 mM CGP, stiff and self-standing in a 

20 mL scintillation vial, already removed from its polycarbonate filter for imaging and analysis.  Diameter of the 

film is around 2 cm. 
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Fig. S4.4. E. coli cell liquid culture fully mineralized and stained by calcein (calcium tracker) and imaged by 

fluorescence (a, calcein) and SRS microscopy (b, phosphate channel and c, CH3 channel). The phosphate channel 

showed weak SRS signal compared to unstained samples because phosphate anions were displaced by the calcein-

AM dye which chelates calcium ions. Scale bars, 25 µm. 
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Fig. S4.5. Images of PhoA, E6/PhoA and triblock/PhoA cultures. Left bottom tube contains a PhoA culture. Without 

surface protein expression, the PhoA culture stays turbid and cells are freely floating. The middle tube is an E6/PhoA 

culture. E6 increases intercellular adhesion, causing cells to aggregate and precipitate, settling to the bottom of the 

tube. Top right tube is triblock/PhoA. Many cells are still suspended in the culture, but some precipitate and settle 

to the tube bottom. 
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Fig. S4.6. SEM images of three types of 7 days old (1 day induction with 0.1% arabinose for PhoA expression) 

engineered E. coli films with different surface protein constructs after 24 hrs of mineralization in 10 mM CGP: a, 

no surface-displayed peptide (PhoA); b, with surface-displayed E6 peptides (E6/PhoA); c, with surface-displayed 

triblock peptides (Triblock/PhoA). Scale bars, 2 µm.  
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Fig. S4.7. Calcium-tracking fluorescence images of three types of  7 days old  (1 day induction with 0.1% arabinose 

for PhoA expression) engineered E. coli films with different surface protein constructs after 24 hrs of mineralization 

in 10 mM CGP: a, no surface-displayed peptide (PhoA); b, with surface-displayed E6 peptides (E6/PhoA); c, with 

surface-displayed triblock peptides (Triblock/PhoA). Scale bars, 10 µm. 
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Fig. S4.8. Colony-forming units (CFU) per unit area of the three types of films examined in this work. Little change 

in viability was observed during the first hour of mineralization. Relative large decrease in viability was observed 

after 90 min of mineralization. Triblock/PhoA has least viability across all three constructs after 2 h of mineralization. 
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Supplementary Notes 4.4: Raman cross section data for quantification of 

phosphate/CH (molar ratio) 

 

To get the phosphate/CH ratio in each sample from SRS imaging data, we used the SRS 

intensity of both the phosphate and CH channels, as well as the known Raman cross 

sections of phosphate P-O bond and C-H bond vibrations (Table S4.3).  

𝑃ℎ𝑜𝑠𝑝ℎ𝑎𝑡𝑒

𝐶𝐻
 molar ratio =

𝐼𝑃ℎ𝑜𝑠𝑝ℎ𝑎𝑡𝑒
𝜎𝑃ℎ𝑜𝑠𝑝ℎ𝑎𝑡𝑒

𝐼𝐶𝐻
𝜎𝐶𝐻

 

I: SRS intensity; σ: Raman cross section (Table S4.3) 

 

Table S4.3: Reported Raman cross sections of phosphate and C-H bond 

vibrations25,26 

Target Raman Cross Section (cm-2) 

Phosphate 8.10E-30 

CH 1.00E-29 
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Fig. S4.9. a, Schematic of bulge test device, fabricated as two parts that are separated to load a sample in the central 

chamber at the center of the device. When sealed, each external port connects, via a channel, to a reservoir of fluid 

that is used to control pressure on the top or bottom face of the sample respectively (reservoirs not shown). Gray 

layers are acrylic; green thin layer is cover slip glass; layers are bonded using epoxy. Horizontal channels are longer 

than shown. b, Schematic diagram of central chamber.  Bacterial film sample is supported by two washer-shaped 

disks. A thin O-ring seals this “sandwich” to the top half of the device. c, Schematic showing a disk of bacterial film 

sample clamped between two washer-shaped supports; when the supports and specimen are loaded in the central 

chamber and pbottom face > ptop face, the bacterial film bulges upward (right).  
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Supplementary Notes 4.5: Mechanical property obtained by bulge/inflation tests 

 

Mechanical properties of the biofilms were estimated using a bulge/inflation test, a 

method that has been used extensively in the characterization of sheet metals, polymers, 

and some biological tissues.27-38 A millifluidic device was constructed using laser cut 

acrylic sheets to adapt the bulge test to the Pa-kPa pressures needed to deform the 

biofilms. The final device construct consisted of a sealed central chamber housing the 

biofilm sample as a 3 mm diameter disk, sandwiched between two washer-shaped 

supports (Fig. S4.9a, b).  

 

Analysis 

 

Analysis protocols: Biofilm thickness ranged from 55-120 µm with a majority of films 

under 80 µm in thickness. Thus, the ratio of aperture diameter to film thickness ranged 

from 12.5 to 27.2. Flexural stiffness was neglected and only membrane stresses and 

strains were considered. Analysis of 2D images further required the spherical cap 

assumption: that there is equibiaxial stress and strain everywhere in the film and that 

the bulge radius of curvature is the same in both radial and circumferential directions – 

these assumptions are generally only satisfied at the center of the film and fail near the 

clamped edge where the circumferential strain vanishes. 

 

Analysis of 2D images: 2D OCT datasets were exported as tiff files and cropped using 

ImageJ. The resulting images were processed with in-house MATLAB scripts: the 

images were binarized; the top and bottom surfaces of the film were automatically 

detected and fit to fourth degree polynomials which were then used to estimate arc 
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lengths of the top and bottom surfaces of the film.  The arc lengths were used to 

calculate true strain 𝜖 averaged over the top and bottom surfaces of the biofilm.  

 

True stress was calculated with the equation for stress in a thin-walled spherical 

pressure vessel: 

𝜎 =
𝑃𝑅

2𝑡
 

Where 𝜎 is film stress, 𝑃 is the applied pressure, 𝑅 is bulge radius of curvature, and 𝑡 

is instantaneous film thickness. Further, 𝑅 = √𝑎2 + ℎ2 where 𝑎 is radius of aperture of 

the support disk and ℎ is deflected height of the center of the film, directly measurable 

by OCT. Young’s modulus was estimated using the initial linear regime of each stress-

strain trace. 
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Fig. S4.10. a, True stress vs. true strain curves of all 7 days old PhoA films mineralized at different time points. 

Number of replicates for each time point: 20 min, n = 3; 30 min, n = 3; 40 min, n =3, 60 min n = 3; 90 min, n = 3; 

120 min, n = 2. b, True stress vs. true strain curves of all 7 days old E6/PhoA films mineralized at different time 

points. Number of replicates for each time point: 0 min, n = 3; 20 min, n = 3; 30 min, n =3, 40 min n = 2; 60 min, n 

= 1; 90 min, n = 3. c, True stress vs. true strain curves of all 7 days old Triblock/PhoA films mineralized at different 

time points. Number of replicates for each time point: 20 min, n = 3; 30 min, n = 3; 40 min, n =4, 60 min n = 4; 90 

min, n = 3; 120 min, n = 4.  
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Chapter 5 

 

Matrix Production by Bacterial Enzymes and Peptide Surface Display 

 

 
1. Abstract 

In this chapter, we demonstrate that an engineered ascorbate peroxidase enzyme 

(Apex2) can be fused with the EhaA autotransporter and remain capable of performing 

oxidative polymerization of aniline into polyaniline (PANI) when displayed at the cell 

surface. Apex2 catalyzed formation of PANI was confirmed by UV-Vis spectroscopy 

and transmission electron microscopy (TEM). These results suggested that living 

bacteria can be engineered to catalyze synthetic polymer production. Secondly, a 

peptide known to mediate silica deposition was fused with an elastin-like-peptide linker 

and successfully displayed at the bacterial surface using the EhaA autotransporter 

system. Different peptides expressed at the cell surface induced silica deposition with 

drastically different morphologies as observed by scanning electron microscopy (SEM). 

β-peptide induced formation of wire-like silica while R5 peptide induced formation of 

silica without well-defined morphological features. The viability of the cells was not 

affected greatly by silica deposition, as the colony forming units per mm2 remained on 

the order of 106 before and after biomineralization. These results suggest that we can 

manipulate morphologies of silica by genetically programming bacterial cells to surface 

display multiple kinds of peptides, and that cell viability can be preserved in the 

deposition process. 
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2. Introduction 

In natural biofilms, bacteria secrete polymeric matrices mainly made of proteins or 

polysaccharides to help them attached to surfaces, survive environmental stress and 

gain advantage over other microorganisms.1–5 To produce these polymeric materials, 

bacteria must actively take up the monomers of proteins and polysaccharides (amino 

acids and sugars) from the environment and then, using an energy consuming synthesis 

and secretion pathways, transport the produced polymers into the environment (Fig 

5.1a).6,7 This process requires molecules to diffuse into the cell, and then undergo 

chemical conversion and secretion. It is tempting to consider performing 

polymerization to form matrix directly at the surface of the bacterium. Enzymes or 

peptides with catalytic functions would then be in direct contact with reactive species 

such that active uptake into the cell is no longer needed (Fig 5.2b).  

 

Figure 5.1. Natural and unnatural strategies to synthesize extracellular matrix a, Matrix production process in 

natural biofilm. b, Cell surface matrix synthesis using engineered bacterium. 
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Recently, some research laboratories have utilized the natural bacterial capacity for 

extracellular electron transfer (EET)8–10 to catalyze reactions and produce 

polymers.11,12 Shewanella oneidensis is among the most extensively examined 

organisms; its EET complex structure has been solved13 and because it has the 

capability to reduce heavy metals14 it is a promising candidate for environmental 

remediation.15 Recently, the EET complex of S. oneidensis was engineered into E. coli 

to create systems that can sense multiple environmental contaminants.16 This implies 

that even model organisms like E. coli can tolerate protein complexes containing 

multiple metal-containing heme centers from other species. Decorating E. coli with a 

relative small heme-containing enzyme derived from another organism is plausible. 

Diatoms are unicellular microalgae that have intricate and beautiful cell walls 

composed of silica whose shape, structure and morphologies are strictly controlled 

genetically.17–19 Silica has diverse morphologies and can be tuned to have different 

degrees of porosity20–22 (different surface area). Silica can be used as an antibacterial 

reagent when doped with antibacterial metals like silver.23,24 The porous nature of silica, 

however, also makes it a potential protective coating for bacteria. When coated with 

silica, cells can still contact nutrients in the environment. The genetic tunability and 

vast morphologies as shown in the case of diatoms also suggest that it is possible for us 

to find silica with suitable morphology and porosity as bacterial coating through genetic 

manipulation. 

 

 

 

 

 



 

 

152 

3. Results and discussion 

5.1 Surface displayed Apex2 enzyme can catalyze oxidative formation of polyaniline 

(PANI) 

Apex2 is an engineered ascorbate peroxidase from soy bean cytosol (Fig 5.2).25,26 

Apex2 acts on a wide range of substrates and has many applications in electron 

microscopy27, spatial proteomics28 and transcriptomics. 29 Recently interest in using 

Apex2 in materials research has grown. Liu et.al reported that Apex2 can be used to 

catalyze oxidative deposition of the conductive polymer polyaniline in neural tissues 

and affect neural functions.30 Another article reported that Apex2, when fused with B. 

subtilis spore coating proteins, remained functional and retained 84% of its original 

activity after recycled for 10 times from spores that performed reactions.31 Inspired by 

this work, we attempted to fuse Apex2 to our autotransporter surface display system. 

The specific method and cloning details can be found in Supplementary Note 5.1. A 

construct of Apex2-AT encoded in pQE80 plasmid was made and transformed into 

DH10B cells to drive constitutive expression. An overnight culture was diluted to 

OD600 ~0.9 and 1 ml of the diluted culture was sedimented in a centrifuge at 5000 x g 

for 10 min. The clear supernatant was discarded and 5 ml of monomer solution 

containing 1:1 ratio of aniline and N-phenylenediamine both at 0.5 mM concentration, 

0.1 mM H2O2 in 1xPBS buffer buffered at pH 7.4 was added into the culture tube (Fig 

5.2b). Once the pink monomer solution (Fig 5.2c left) was in contact with the pellet, 

the color immediately changed to green (Fig 5.2c middle). The pellet was resuspended 

by pipetting and the culture tube containing the reaction mixture was placed in a 

shaking incubator at 250 rpm, 37 ºC for 1.5 h. After 30 min, the reaction mixture turned 

purple (Fig 5.2c left). After 1.5 h, cells were spun down to yield a black pellet. The 

supernatant was collected and UV-Vis spectrum was taken by Cary50 UV-Vis 
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Spectrophotometer (Varian) as shown in Fig 5.2d. Comparing with the original 

monomer solution, the supernatant after reaction has a characteristic peak shoulder 

around 570 nm to 590 nm (Fig 5.2 d, arrow). According to previous work using Apex2 

in neuron culture,30 this peak should corresponds to low molecular weight polyaniline 

(PANI). The color change was not observed for cells without Apex2-AT surface 

expression. The pelleted cells for both Apex2-AT expressing and Apex2-AT-free cells 

after reaction were washed three times with 5 ml of water and collected and imaged on 

a TF30ST (FEI, now Thermo Fisher) transmission electron microscope (TEM). As 

shown in Fig 5.2e, there are dark fibrous matrix materials surrounding the Apex2-AT 

expressing cells but not the control (Apex2-AT non-expressing) cells. It’s worth noting 

that control cells appear darker than normal E. coli cells. This might be because there 

are E. coli peroxidases like Ccp32 that can react with hydrogen peroxide and produce a 

small amount of PANI in the cytosol or periplasm. These results suggest that Apex2 

has been successfully fused with the autotransporter and remains functional when 

displayed. More broadly, the Apex2-AT construct is a prototypical system that 

demonstrates polymerization at the bacterial cell surface through engineered enzyme 

display. 
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Figure 5.2. Apex2-AT surface display in E coli catalyzes oxidative deposition of PANI a, Crystal structure of 

ascorbate peroxidase from soy bean cytosol. PDB id: 1OAG  b, Schematic of Apex2-AT-displaying E. coli 

catalyzing oxidative formation of polyaniline. c, Left: Image of original monomer solution. Middle: color of reaction 

mixture when Apex2-AT expressing cell pellet was mixed with monomer solution with H2O2 added. Right: color of 

reaction mixture after 30 min. d, UV-vis spectra of monomer solution and supernatant of reaction mixture 1.5 h after 

reaction. e, Left: TEM images of Apex2-AT expressing cells after treatment with monomer solution and H2O2 for 

0.5 h; Right: TEM images of Apex2-AT free cells (control) after treatment with monomer solution and H2O2 for 0.5 

h.   

 

5.2 Surface displayed peptide can control morphology of deposited silica and silica 

deposition does not affect viability of the film. 

One well studied diatom peptide that can mediate silica precipitation is R5 peptide with 

amino acid sequence of “SSKKSGSYSGSKGSKRRIL”.33 R5 peptide when treated 

with silicic acid or tetramethyl orthosilicate, catalyzes deposition of amorphous silica 

particles.34–36 A recent publication demonstrated that R5 can be fused with engineered 

proteins like curli fibrils and facilitate formation of silica-protein-polysaccharide 

composite materials.34 Another interesting peptide system that can mediate silica 

deposition was reported using lysine-leucine (KL) peptides.37 These peptides contain 

only lysine and leucine, but sequence variation causes secondary structure differences 

in these peptide. Peptides with different secondary structures caused silica deposited 

around them to have different morphologies. Among all secondary structures, β-sheet 

form KL peptide generates wire-like silica, while other forms generates either spherical 
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or rod-shaped silica.37 Inspired by these systems, we placed R5 and β peptides into our 

surface-display system. A spacer of six 25-amino acid elastin-like-peptide repeats (E6) 

was placed between the silica precipitation peptide and the autotransporter domain. We 

placed the resulting R5E6-AT and βE6-AT constructs in pQE80 plasmids and 

transformed these plasmids into DH10B cells for constitutive expression. We used 

previously described suction coating and bacterial film culturing methods in Chapter 2 

to grow R5E6-AT and βE6-AT bacterial films on polycarbonate filters. After bacterial 

films were grown for 7 days, they were immersed in 20 mM Na2SiO3 in 1 x PBS 

buffered at pH 7.4 for 24 h (Fig 5.3a) to allow silica deposition on the bacterial film 

surface. After 24 h, films were removed from the buffer and sampled for CFU per unit 

area by punching a 6-mm diameter circular region. Most bacteria remained viable after 

silica deposition as shown by the observation that CFU per unit area remains at the 

same order of magnitude compared to the original film (before mineralization) as 

shown in Fig 5.3b. Films were frozen at -80 ºC overnight and then lyophilized. The 

lyophilized sample were imaged on a 1550VP (Zeiss) scanning electron microscope. 

SEM images of R5E6-AT films showed that a crust of silica was formed on top of the 

bacterial film (Fig 5.3c). Silica deposited on βE6-AT films, however, forms a fibrous 

network on top of the bacterial film. At higher magnification, we can see what appear 

to be cells entrapped in the wire-like silica (Fig 5.3d). Rich Si elementary contents in 

these materials were confirmed by energy dispersive spectroscopy (EDS), with results 

shown in Fig S5.1&2, Table S5.3&4. These results show that we can genetically 

manipulate the morphology of silica using engineered living bacteria with surface 

peptide display.  
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Figure 5.3. R5 and β peptide surface display in E coli causes deposition of silica with different morphologies 

a, Schematic of peptide displaying E. coli catalyzing silica deposition. b, CFU per unit for R5E6-AT films and βE6-

AT films before and after silica deposition. c, Left: Low magnification SEM image of R5E6-AT films after silica 

deposition. Scale bar. 1 µm; Right: High magnification image of silica deposit in red dashed rectangle of low 

magnification image. Scale bar, 200 nm. d, Left: Low magnification SEM image of βE6-AT films after silica 

deposition. Scale bar. 10 µm; Right: High magnification image of silica deposit in red dashed rectangle of low 

magnification image. Scale bar, 2 µm. 

 

 

 

 

4.Conclusion 

In this work, we showed that the Apex2 peroxidase remains functional when fused with 

EhaA autotransporter and can catalyze oxidative deposition of polyaniline (PANI). This 

result suggests that displaying functional enzymes to catalyze polymeric matrix 

formation at cell surface is plausible. Bacterial films made of cells displaying peptide 

that can catalyze deposition of silica with different morphologies were treated with 

sodium silicate. The resulting silica deposited on the bacterial film surface have 

morphologies that depend on the peptide displayed. The viability of the bacteria was 

not substantially affected by silica deposition. This result implies that silica can be a 

candidate for genetically programmable protective coating for probiotic bacteria. 
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5. Materials and Methods  

Bacterial Strains. All experiments were conducted in E. coli strain DH10B (Invitrogen, 

Carlsbard, CA). Details of reagents, cloning and protein expression experiments can be 

found in Table S5.1 and Supplementary Notes 5.1-2. 

 

Preparation of Bacterial Films. Individual colonies harvested from LB plates were 

grown overnight to stationary phase in liquid LB medium supplemented with 100 mg/L 

ampicillin to maintain plasmid stability. The resulting cultures were then diluted to an 

optical density at 600 nm (OD600) of approximately 0.8. Diluted cultures were loaded 

on UV-sterilized track-etched polycarbonate filters (Nuclepore Whatman, 0.2 µm pore 

size) mounted in vacuum filter units (Nalgene Rapid-flow Thermo-Fisher). For 2.5 cm 

diameter polycarbonate filters, 200 µL culture volumes were loaded and vacuum 

filtered. After filtration was complete, filters were transferred to fresh LB plates. 

Bacterial films were grown in a 37 ºC incubator.  Filters were moved to fresh LB agar 

plates containing suitable antibiotics every day for 7 days to allow film maturation. 
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7. Supporting information 

Supplementary Note 5.1: Reagents and suppliers 

Restriction enzymes, ligase, and Q5 DNA polymerase were purchased from New 

England Biolabs (Beverly, MA). DNA oligos and G-blocks were purchased from 

Integrated DNA Technologies (Coralville, IA).  

Supplementary Note 5.2: Plasmid subcloning  

Recombinant fusion proteins were produced by standard recombinant DNA technology. 

DH10B E. coli were used for all cloning steps and material preparation. 

Genes encoding autotransporter protein along with elastin solubility/stability tags have 

been previously cloned by our group into modified pQE-80L plasmids.38  

The pAT-Apex2 plasmid was created by ordering G-Block containing Apex2 sequence 

containing 5’ BamHI and 3’ XhoI restriction sites. The G-Block was digested by 

BamHI and XhoI restriction enzymes and ligated with a BamHI and XhoI digested 

pAT-E6 vector to make pAT-Apex2 plasmid. 

pAT-R5E6 and pAT-βE6 were made by first mutating pX-ST using site directed 

mutagenesis by using designed primer containing new peptide sequence binding to the 

original plasmid and later PCR amplified.39 pX-ST was converted into pX-R5 and pX-

β. pX-R5 and pX-β were digested with Xho1 and HindIII and an E6 insert cut with Sal1 

and HindIII was ligated with the digested vector. pX-R5E6 and pX-βE6 were then 

digested by BamHI and Xho1 and pasted into a pAT-E6 vector digested by digested by 

BamHI and Xho1to make pAT-R5E6, pAT-βE6.  The sequence of all constructs were 

sequenced and confirmed by Laragen Inc. (Culver City, CA) 
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Supplementary Note 5.3: Buffer recipe 

The 1x PBS buffers used in this work was purchased from ThermoFisher Scientific 

containing 155 mM NaCl, 1 mM KH2PO4 and 3 mM Na2HPO4 buffered at pH 7.4.  
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Table S5.1: Plasmids used in this study 

Name Backbone/origin/promoter Purpose 

pAT-E6 pQE80l/colE1/T5 Cloning of pAT-Apex2, 

pAT-R5E6 and pAT-βE6 

pX-ST pQE80l/colE1/T5 Cloning of pAT-R5E6 and 

pAT-βE6 

pX-E6 pQE80l/colE1/T5 Cloning of pAT-R5E6 and 

pAT-βE6 

pAT-Apex2 pQE80l/colE1/T5 Constitutive expression of 

Apex2-AT protein on cell 

surface 

pX-R5  pQE80l/colE1/T5 Cloning of pAT-R5E6  

pX-β pQE80l/colE1/T5 Cloning of pAT-βE6 

pX-R5E6 pQE80l/colE1/T5 Cloning of pAT-R5E6  

pX- βE6 pQE80l/colE1/T5 Cloning of pAT-βE6 

pAT-R5E6 pQE80l/colE1/T5 Constitutive expression of 

R5E6-AT protein on cell 

surface 

pAT-βE6 pQE80l/colE1/T5 Constitutive expression of 

βE6-AT protein on cell 

surface 
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Table S 5.2: Proteins used in this study 

Protein Sequence 

Apex2-AT MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHHGSVDGKSY

PTVSADYQDAVEKAKKKLRGFIAEKRCAPLMLRLAFHSAGTF

DKGTKTGGPFGTIKHPAELAHSANNGLDIAVRLLEPLKAEFPI

LSYADFYQLAGVVAVEVTGGPKVPFHPGREDKPEPPPEGRLP

DPTKGSDHLRDVFGKAMGLTDQDIVALSGGHTIGAAHKERSG

FEGPWTSNPLIFDNSYFTELLSGEKEGLLQLPSDKALLSDPVFR

PLVDKYAADEDAFFADYAEAHQKLSELGFADALETPTPGPDL

NVDNDLRPEAGSYIANLAAANTMFTTRLHERLGNTYYTDMV

TGEQKQTTMWMRHEGGHNKWRDGSGQLKTQSNRYVLQLG

GDVAQWSQNGSDRWHVGVMAGYGNSDSKTISSRTGYRAKA

SVNGYSTGLYATWYADDESRNGAYLDSWAQYSWFDNTVKG

DDLQSESYKSKGFTASLEAGYKHKLAEFNGSQGTRNEWYVQ

PQAQVTWMGVKADKHRESNGTLVHSNGDGNVQTRLGVKT

WLKSHHKMDDGKSREFQPFVEVNWLHNSKDFSTSMDGVSVT

QDGARNIAEIKTGVEGQLNANLNVWGNVGVQVADRGYNDT

SAMVGIKWQF 

R5E6-AT MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHHGSVDSSKK

SGSYSGSKGSKRRILLDVPGAGVPGAGVPGEGVPGAGVPGAG

VPGAGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEG

VPGAGVPGAGLDVPGAGVPGAGVPGEGVPGAGVPGAGVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPG
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AGVPGAGLETPTPGPDLNVDNDLRPEAGSYIANLAAANTMFT

TRLHERLGNTYYTDMVTGEQKQTTMWMRHEGGHNKWRDG

SGQLKTQSNRYVLQLGGDVAQWSQNGSDRWHVGVMAGYG

NSDSKTISSRTGYRAKASVNGYSTGLYATWYADDESRNGAY

LDSWAQYSWFDNTVKGDDLQSESYKSKGFTASLEAGYKHKL

AEFNGSQGTRNEWYVQPQAQVTWMGVKADKHRESNGTLVH

SNGDGNVQTRLGVKTWLKSHHKMDDGKSREFQPFVEVNWL

HNSKDFSTSMDGVSVTQDGARNIAEIKTGVEGQLNANLNVW

GNVGVQVADRGYNDTSAMVGIKWQF 

βE6-AT MKYLLPTAAAGLLLLAAQPAMAMRGSHHHHHHGSVDLKLK

LKLKLKLKLKLLDVPGAGVPGAGVPGEGVPGAGVPGAGVPG

AGVPGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPG

AGVPGAGLDVPGAGVPGAGVPGEGVPGAGVPGAGVPGAGV

PGAGVPGEGVPGAGVPGAGVPGAGVPGAGVPGEGVPGAGVP

GAGLETPTPGPDLNVDNDLRPEAGSYIANLAAANTMFTTRLH

ERLGNTYYTDMVTGEQKQTTMWMRHEGGHNKWRDGSGQL

KTQSNRYVLQLGGDVAQWSQNGSDRWHVGVMAGYGNSDS

KTISSRTGYRAKASVNGYSTGLYATWYADDESRNGAYLDSW

AQYSWFDNTVKGDDLQSESYKSKGFTASLEAGYKHKLAEFN

GSQGTRNEWYVQPQAQVTWMGVKADKHRESNGTLVHSNG

DGNVQTRLGVKTWLKSHHKMDDGKSREFQPFVEVNWLHNS

KDFSTSMDGVSVTQDGARNIAEIKTGVEGQLNANLNVWGNV

GVQVADRGYNDTSAMVGIKWQF 
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Figure S5.1. R5E6-AT Silica EDS result

 

Table S5.3. R5E6-AT Silica EDS result 

Element Line 

Type 

Apparent 

Concentration 

k Ratio Atomic % Standard 

Label 

Factory 

Standard 
Standard 

Calibration 
Date 

C K 

series 

0.08 0.00081 50.09 C Vit Yes  

O K 

series 

0.30 0.00100 28.78 SiO2 Yes  

Na K 

series 

0.11 0.00045 5.33 Albite Yes  

Si K 

series 

0.18 0.00146 11.41 SiO2 Yes  

Cl K 

series 

0.08 0.00067 4.38 NaCl Yes  

Total:    100.00    
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Figure S5.2. βE6-AT Silica EDS result 

 

Table S5.4. βE6-AT Silica EDS result 

Elemen

t 

Line 

Type 

Apparent 

Concentratio

n 

k Ratio Wt

% 

Wt% 

Sigm

a 

Atomic 

% 

Standar

d Label 

Factory 

Standar

d 

Standard 

Calibratio

n Date 

C K 

serie

s 

0.14 0.0013

6 

0.37 0.09 59.84 C Vit Yes  

O K 

serie

s 

0.27 0.0009

0 

0.23 0.01 27.62 SiO2 Yes  

Na K 

serie

s 

0.07 0.0002

8 

0.04 0.00 3.50 Albite Yes  

Si K 

serie

s 

0.11 0.0008

5 

0.10 0.01 6.96 SiO2 Yes  

Cl K 

serie

s 

0.04 0.0003

1 

0.04 0.01 2.08 NaCl Yes  

Total:    0.77  100.00    
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Chapter 6 

 

Future Directions  

 

 
1. Abstract 

In this chapter we propose future directions for protein-mediated bacterial assembly-

based engineered living materials. Following the work reported in Chapters 2 and 3, we 

propose to improve the mechanical properties of living bacterial films by two means: 

i). introducing multiple cysteine sites into surface-displayed proteins to achieve non-

yielding films or ii). growing E6 and CE6 cells together to form double-network films 

with greater toughness and stretchability. Inspired by the work reported in Chapter 4, 

we propose to optimize mineralization and associated mechanical properties by 

controlling the nature of the surface-displayed protein, the phosphatase expression level, 

the substrate concentration, and the reaction time. One important result not presented 

in the previous chapters of this thesis is the surface hydrophobicity of SpyTag-

displaying bacterial films. This result suggests that we can control the surface properties 

of bacterial films through engineering surface-displayed proteins that behave as 

artificial hydrophobins. 
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2. Future Directions 

6.1. Improving mechanical properties of bacterial films 

In Chapter 3, we demonstrated that putting a single cysteine at the N-terminus of a 

displayed elastin-like protein changed the mechanical properties of the living bacterial 

film drastically, with Young’s modulus increased three-fold and a transition from soft, 

yielding films into stiff, non-yielding materials. However, both E6 and CE6 films are 

difficult to handle as cm-scale samples to be tested for mechanical strength. E6 films 

yield at about 1.1 times their original length and deform plastically, making it hard to 

peel cm-scale pieces of films off their polycarbonate filters. In contrast, CE6 films 

exhibited brittle failure when we tried to peel large pieces off the filter. These problems 

motivate the design of new protein constructs and culture methods that can generate 

resilient, tough, stretchable bacterial films. We aim to generate bacterial films that can 

stretch to at least 2-5 times their original length, return to original length upon 

unloading and exhibit toughness between 100 and 1000 J/m2, which is comparable to 

tough, stretchable hydrogels1. 

 

Covalent crosslinks like disulfide bonds can increase the Young’s modulus of bacterial 

films. CE6 films with cell-surface disulfide bonds have Young’s moduli around 44.0 ± 

5.6 kPa, approximately three times that of E6 films, which is 14 ± 2.1 kPa (Fig 3.2e). 

When the disulfide bonds were reduced by TCEP for 0.5 hr, the Young’s moduli 

decreased drastically to at least 1/3 of the original Young’s moduli without reduction. 

These results imply that the number of covalent crosslinks between the cells determines 

the elasticity of the bacterial film. In the current CE6 system, two CE6 proteins from 

two adjacent cells form one disulfide crosslink. If we can increase the number of 

cysteines per displayed protein, more than one covalent crosslink can be formed and 
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thus increase the strength of intercellular adhesion. Stronger intercellular adhesion 

should cause the bacterial film to exhibit larger Young’s moduli.  

 
Figure 6.1. Schemes of intercellular adhesion with 2 cysteines per displayed protein. a, Schematic of putting 2 

cysteines at the N-terminal end of the displayed protein. Possible crosslinking scenarios are shown. b, Schematic of 

putting one cysteine at the N-terminal end of the protein and putting another in the middle of the displayed protein. 

Possible intercellular crosslinking scenarios are shown. 

 

Two cysteines per displayed protein are shown as an example in Fig 6.1. One approach 

is to put both cysteines at the N-terminus of the displayed protein (Fig 6.1a). In this 

case, when two proteins from adjacent cells react with each other, we can either get one 

crosslink per two proteins (left image) or two crosslinks per two proteins (middle 

image). The more double crosslinks formed the stronger the adhesion between cells 

will be, resulting a stiffer bacterial film. Another approach, inspired by previous work 

in the Tirrell laboratory using SpyTag-SpyCatcher chemistry to generate protein 

hydrogels2, would put one cysteine at the N-terminus of the displayed protein and the 

other cysteine in the middle. As shown in Fig 6.1b, in the left image, two proteins may 

react with one another, forming two disulfide bonds. Since the two cysteines are well 

separated, the N-terminal cysteine can react either with the N-terminal cysteine or the 

internal cysteine. The flexibility of reaction between different sites of cysteines can 

potentially result a crosslinked network of multiple proteins between two cells. Taking 

the middle image in Fig 6.1b as an example, the protein on the top cell can react with 

two proteins from the bottom cell. The exposed cysteines in the middle parts of proteins 
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in the bottom cell can react with other proteins on the top cell, resulting a network of 

crosslinked protein. It would be interesting to explore the relationship between the 

number and location of cysteines in the engineered proteins, and mechanical behavior 

of bacterial films.  

 

The biggest challenge for the approach of putting more than one cysteines in the 

displayed peptide is difficulty of cloning. Site-directed PCR mutagenesis is challenging 

for the surface-display system we are using due to high GC content (> 60%) of the pelB 

leader peptide and elastin-like peptide sequence. Based on calculations from NEB base 

changer website, the annealing temperatures of primers for direct site mutagenesis of 

putting cysteine directly ahead of the elastin-like peptide or directly after the pelB 

peptide are above 72 ºC, which can’t be used for PCR amplification. This is the reason 

why we put the cysteine behind the 6 x His tag (Table S3.2) and mutated the pAT-ST 

(Table S3.3) first to contain a cysteine and then pasted in the E6 insert to make the 

pAT-CE6 construct. To put two cysteines near the N-terminus of the displayed elastin, 

we would follow the same protocol for making CE6-AT but we would put a series of 

“GS” spacers6,7 of different length between the two cysteine residues. The reason for 

doing this is to reduce the chance of disulfide formation between two cysteine residues 

when they are adjacent to each other.  

 

Increasing the density of crosslinks between the cells might have adverse effect on 

stretchability and toughness of the film. Because there are more covalent crosslinks 

between the cells, the cells would adhere more tightly to each other. To make bacterial 

films tough and stretchable, energy dissipation strategies have to be incorporated into 

the bacterial films.  
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To solve this problem, it is wise to look into other fields for inspiration. One good 

example is highly stretchable and tough hydrogel1. In such hydrogels made of double 

networks, a covalently crosslinked polyacrylamide network provides network rigidity, 

while the calcium alginate network can unzip during the stretching process and 

efficiently dissipate the energy, preventing polyacrylamide network from breaking. 

When the load is removed, the calcium alginate ionic crosslink can be reformed, and 

since the polyacrylamide network remains intact during the stretching process, the 

hydrogel goes back to the original shape, making the hydrogel resilient. Interestingly, 

polyacrylamide gels and calcium alginate gels themselves are not resilient and highly 

stretchable. Polyacrylamide gels are non-yielding and brittle3, while calcium alginate 

gels are soft and rupture when stretched to about 1.2 times their original length1,4. 

Interestingly, E6 films yield when bulged to about 1.1 times their original lengths and 

rupture between 1.1 to 1.3 times their original length (Fig 3.2d). It is tempting to 

consider that bacterial films made of mixed CE6 and E6 cells would become tough, 

resilient and stretchable compared to both CE6 and E6 films alone. In order to grow a 

film made of both CE6 and E6 cells, E6 and CE6 culture will be mixed before coating 

onto the polycarbonate filter, with ratio between E6 and CE6 cell numbers controlled 

by both optical density and volume ratio between two kinds of culture. 
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Figure 6.2. Schemes of mixing E6 and CE6 displaying cells to generate tough and resilient bacterial films. a, 

Schematic of different types of adhesion between mWasabi CE6-AT cells and mCherry E6-AT cells. b, Schematics 

of bacterial films’ morphology when of CE6 and E6 expressing cells are mixed together. Left, homogeneous mixing 

of CE6 and E6 cells. Middle, complete separation between CE6 and E6 cells. Right, E6 and CE6 cells mixed in a 

way that CE6 cells from network and E6 cells forms matrix enwrapping CE6 network. c, Schematics of stretching 

tests for CE6 films, E6 films and mixed films.  

 

As shown in Fig 6.2a, when E6 and CE6 displaying cells are mixed together, 3 kinds 

of interactions are possible: strong covalent adhesion between CE6 cells, weak 

adhesion between E6 cells, and interactions between E6 and CE6 cells. We color coded 

CE6 cells green, representing mWasabi expression, and E6 cells red, representing 

mCherry expression. For E6 and CE6 protein interaction, since there is no cysteine in 

the E6 protein to form disulfide bonds, the strength of E6-CE6 protein interaction 

should be similar to that of E6-E6 protein. However, there might be some other proteins 

with exposed cysteine residues5 on the cell surface, which can react with cysteines in 

CE6 proteins and forming intercellular covalent crosslinks. Regarding this possibility, 

the interaction strength between CE6 and E6 cells should be much smaller than that 

between CE6 cells but a bit larger than that between E6 cells. In an ideal situation (Fig 

6.2b left panel), the red-colored E6 and green-colored CE6 cells grow at the same rate 

and mix homogeneously causing the film to look yellow. When E6 and CE6 cells were 

mixed homogeneously, E6-CE6 protein interaction would be the most abundant type 

of intercellular interactions, making the mixed film’s mechanical properties more 
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similar to that of E6 film instead of CE6 film. Such scenario is not likely to happen 

because cells of same kind are still adjacent to each other after each division. There will 

always be a CE6 cell adjacent to another CE6 cell. Another situation we would like to 

avoid is shown in the middle panel of Fig 6.2b, in which complete phase separation 

between CE6 and E6 cells happens, similar to what happened between SpyTag-E6 and 

SpyCatcher displaying cells as shown in Fig 2.5. In the case of the SpyTag-SpyCatcher 

system, SpyTag displaying cells are self-associative while SpyCatcher cells are not, 

resulting in SpyTag displaying cells forming disconnected “islands” in the “sea” of 

SpyCatcher displaying cells. In the case of E6 and CE6, since covalent interactions 

between CE6 cells are stronger than E6-CE6 interactions and E6-E6 interaction, it’s 

likely that CE6 cells might form clumps or islands in the film. However, compared to 

SpyCatcher, E6 is self-associative and can also adhere to CE6 cells through interactions 

between unstructured elastin domains, making complete spatial separation between 

CE6 and E6 cells unlikely. To form a bacterial film with mechanical properties like 

those of a stretchable and tough hydrogel, we propose that CE6 should form an 

interconnected covalent network and E6 cells should be well-dispersed in the film and 

wrapping the CE6 cells as shown in the enlarged region of the right panel of Fig 6.2b. 

We suggest that when such mixed films are stretched, the E6 cells will dissipate energy 

by sliding past one another and the CE6 cells’ covalent network will maintain the shape 

of the film, allowing the bacterial film to stretch upon loading and maintain its shape 

when the stretching force is removed (Fig 6.2c, right panel). In this cell-mixing 

approach, the major challenge is to have bacterial films growing into few hundred 

micrometers of thickness that films can be clamped and loaded onto a material testing 

machine for tensile strength and stretchability measurements.  
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6.2. Finding the “sweet-spot” for bacterial mineralization 

In chapter 4, we discussed using stimulated Raman scattering microscopy in 

characterizing mineralization of living bacterial films in situ. Though we achieved 

quantification of the ratio between organic and inorganic species without destructive or 

intrusive treatment during mineralization, we were not able to determine the optimal 

degree of mineralization that makes mineralized bacterial films both stiff and tough. 

After 2 hours of mineralization as shown in Fig 4.5, all three kinds of films (PhoA, 

E6/PhoA and Triblock/PhoA) had Young’s moduli over 1 MPa, with E6/PhoA reaching 

more than 10 MPa, which is 1000 times larger than the non-mineralized E6/PhoA films. 

However, all these mineralized films were too brittle to be handled and break easily 

once transferred to the bulge test device. When looking into earlier time points, for 

example 20 minutes and 30 minutes, we found that Triblock/E6 films can endure strain 

up to between 0.25 and 0.30 (Fig S4.10), which is even larger than the strains borne by 

the non-mineralized E6/PhoA film (maximum strain 0.15). These results suggest that 

there might be a “sweet-spot” for mineralization where mineralized films would have 

both enhanced stiffness and toughness. 

 

To find this ideal degree of mineralization, we need to control multiple factors. For 

example, although we induced all the films with the same concentration of inducer, 

temperature and time, variability in phosphatase expression from one film to another is 

inevitable. This limitation requires us to quantify the expression level of the 

phosphatase. One way to do this is to lyse the film and measure the expression level by 

Western blot, which is destructive. Since the Raman microscope we are using is also 

capable of doing fluorescence imaging, we can put a fluorescent protein gene 

downstream of the phosphatase gene under the same inducible promoter, such that 
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fluorescence intensity measured by the microscope can be used as an indicator of 

phosphatase expression level. Using this method, we can quantify both phosphatase 

expression level and degree of mineralization non-destructively. We would also like to 

slow down the rate of mineralization so that we characterize more samples with 

different degrees of mineralization.  To achieve this goal, we can either lower the 

concentration of organic phosphate or reduce the inducer concentration and induction 

time. We can also reduce the promoter strength to lower the expression level of the 

phosphatase and eventually slow down the mineralization process. 

 

In Chapter 4, the PhoA enzyme was tethered to a PelB leader peptide and expressed in 

the periplasm such that the conversion of organic phosphate to inorganic phosphate 

would occur in the periplasmic space of E. coli. It would be interesting to explore if the 

location of phosphatase expression would have an effect on mineralization morphology 

of calcium phosphate, mechanical properties of mineralized films, mineralization 

kinetics and cell viability. Currently, we have constructs of PhoA that are expressed in 

the cytosol and in the periplasm. PhoA fused to the autotransporter protein was shown 

to be highly cytotoxic and could not be displayed on the cell surface. This problem 

requires us to identify pairs of phosphatases and surface-display proteins that can result 

in efficient display of phosphatases at the cell surface.  
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6.3. Developing artificial hydrophobin 

 

Figure 6.3. Contact angle data of water droplets on direct bacterial films’ surface. A, Contact angle data of 5 

µl water droplets on different bacterial films’ surface. Number of replicates equals 3. B, Image of a 60 µl water 

droplet on SpyTag-E6 expressing film (left image) and a 60 µl water droplet on SpyTag-E6 and SpyCatcher 

expressing film (right image).  

 

In nature, some bacteria, for example, Bacillus subtilis, can form biofilms with 

hydrophobic surfaces by secreting the hydrophobin BslA.8,9 These hydrophobic 

biofilms are more resistant to antibiotics and can withstand dehydration.10 BslA has 

been studied extensively in the past decade as a model hydrophobin11 and can 

potentially be used as a stabilizer in food industry.12  

 

Interestingly, I noticed that when PBS buffers were dropped onto bacterial films 

expressing SpyTag-E6 proteins, the buffer droplets remained spherical on the surface 

of the bacterial film rather than spreading out as observed on other types of bacterial 

films. This made me wonder if SpyTag expression increased the hydrophobicity of the 

bacterial film surface. To test my hypothesis, I used a goniometer to measure the static 

contact angles of 5 µl volume water droplets on bacterial films with different cell 

surface displayed proteins. Static contact angle is the most popular method to analyze 

a surface’s wettability, with contact angle between 0º and 90º as hydrophilic and greater 

than 90º as hydrophobic13. As shown in Fig 6.3a, the control films without surface 

protein expression had contact angles smaller than 5º on average, meaning the water 

immediately spreads out on the surface and the bacterial film surface is hydrophilic. 

SpyTagE6 expressing films, however, had average contact angle greater than 60º, 
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suggesting the surface is more hydrophobic compared to the control. To rule out the 

possibility that elastin-like-peptide (ELP) linkers are playing the major role in 

increasing surface hydrophobicity, contact angles on E6 expressing films were 

measured to be around 25º, much smaller than that of SpyTagE6. To make sure that 

increased hydrophobicity of bacterial surface is not a coincidence, we tethered SpyTag 

to another unstructured protein linker Xten,14 and the contact angle measurement 

showed similar pattern, in which SpyTagXten expressing films had average contact 

angle close to 90º and Xten-only films had average contact angle of around 25º. We 

also measured contact angle of AE6 (see chapter 2, section 2.3), an alpha-helical coiled-

coil peptide tethered to E6 linker, only to find contact angle to be even smaller than that 

of E6 films. These results suggest that SpyTag plays a crucial role in increasing the 

hydrophobicity of bacterial film’s surface, but the fundamental molecular mechanism 

of such reduced wettability of the surface is not well understood. One hypothesis is that 

SpyTag, a beta-sheet peptide15, can form a hydrophobic peptide surface.16 Evidence for 

this hypothesis is provided by Congo Red staining on SpyTagE6 films, which indicates 

beta sheet amyloid formation.17 However, more detailed investigations are needed to 

prove this hypothesis. Once the mechanism is well understood, routes to design 

artificial hydrophobin might be possible. 

 

We also explored if surface wettability can be changed upon environmental stimuli 

using SpyTagE6-SpyCatcher double plasmids system described in chapter 2. In the left 

image of Fig 6.3b, an advancing contact angle experiment was performed on a 

SpyTagE6 expressing film.  The rate of water addition is 1 µl/s and after 1 minute, a 60 

µl water droplet can stand on the surface with contact angle greater than 90º, showing 

the surface is relative hydrophobic and not easily wettable.  We then transferred the 
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film on an LB agar plate containing 0.1 % l-arabinose for one day to induce the 

expression of SpyCatcher at the surface. The advancing contact angle experiment was 

repeated on the induced film and the contact angle was shown to be smaller than 45º as 

shown in the right image of Fig 6.3b,  indicating reduced hydrophobicity of the 

bacterial film surface, likely caused by reduced SpyTag concentration at the surface 

due to reaction with SpyCatcher. This is a demonstration of controlling surface 

wettability of bacterial films through environmental stimuli.  
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