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ABSTRACT

This thesis is centered around the role that sulfur plays in the cycling of carbon
and in microbial energetics. In the oceans, sulfate is the most important electron
acceptor for the remineralization of organic matter after oxygen has been depleted,
and sulfate reduction is particularly relevant in coastal environments and in marine
and freshwater sediments. The opposite process, reduced sulfur oxidation, allows
autotrophic microorganisms to fix carbon in environments where oxygen is scarce.
Organic sulfur is also a relevant component of the sulfur cycle, since sulfur is the
sixth most abundant element in biomass, it can protect organic matter from degra-
dation, and it is composed of hundreds of molecules that are produced mainly by
microorganisms, with potentially relevant ecological roles.
This work has been divided into two parts. In the first one, we attempt to expand our
understanding on different aspects of the sulfur cycle. In Chapter 2, published in
Limnology and Oceanography, we focus on dimethylsulfoniopropionate (DMSP),
the most abundant organic sulfur compound in the oceans with roles of UV, cryo,
and osmoprotection, and involved in the formation of sulfate aerosols. We propose
a framework to differentiate between the microbial degradation pathways of DMSP
based on the sulfur isotope fractionations imprinted by each one of them. In Chapter
3, we perform a survey of sulfate, sulfide, and reduced sulfur intermediates, as well
as redox-sensitive elements, in porewaters of a 40 cm core from the San Clemente
Basin (California) and three 1.2-2 m cores near Cocos Ridge (Costa Rica). We
correlate these concentrations with the sediment microbial community composition
to unveil the specifics of organic matter and sulfur cycling at these localities. In
Chapter 4, we explore the utility of sulfur isotope fractionations to characterize
different pathways involved in microbial sulfur oxidation (MSO), and examine the
role of nutrient limitation and growth rates on the magnitude of the fractionation.
In the second part of this thesis, we aim at understanding biomineralization by
consortia between anaerobic methanotrophic archaea (ANME) and sulfate-reducing
bacteria (SRB), which comprise more than 90% of the microbial biomass in deep
sea sediments around hydrocarbon seeps. In Chapter 5 (in review at Proceedings
of the National Academy of Sciences) we establish that modern ANME-SRB ag-
gregates precipitate amorphous silica in undersaturated solutions in sediments and
carbonates, often in the form of rims, which pinpoints to a potentially new micro-
bial biomineralization mechanism. In Chapter 6, we posit the use of this proxy,
together with distinctive spectral and isotopic signals, to find potential microfossils
of ANME-SRB aggregates in the rock record of the Earth and other planetary bod-
ies where methane seepage has occurred throughout geologic time. This suite of
tools is used in conjunction to identify ANME-SRB aggregates in the Tepee Buttes
(Colorado, 75 Mya) seep carbonates.
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C h a p t e r 1

INTRODUCTION AND SUMMARY

The wide diversity and flexibility of microbial metabolisms derives from the variety

of environments where life forms can survive on Earth. These environments must

offer a source of energy (from which electrons that power cells can be stripped

off), an electron acceptor (which stores electrons after these have been utilized by

cells), a source of carbon, and availability of macro (such as nitrogen, phosphorus,

and sulfur) and micronutrients (trace elements and vitamins required for cells’ vital

functions) for microorganisms to be able to colonize and multiply in them. The

discipline of geobiology arises from the curiosity to understand the feedback loops

between environments and the organisms that inhabit them. In modern settings, we

can study how different microbes thrive in the environments where they are found,

how they interact with others and form communities which allow them to better

survive on them, and how they modify the environments where they live. In turn,

we can study rocks, sediments, ice, and other ancient records to identify how these

microbe-environment interactions operated in the past, how they are different from

present day ones, and how they contribute to the understanding of each other.

This thesis’ unifying theme is one of the main branches of geobiology: the study of

the sulfur cycle. Sulfur is abundant in Earth’s mantle (Canfield, 2004) and it reaches

the surface mostly through terrestrial (Stoiber et al., 1987) and subaqueous (Von

Damm, 1990) volcanic activity. Early in Earth’s history, anoxic conditions allowed

sulfur to accumulate in pyrite and other reduced sulfur minerals on Earth’s surface

(Farquhar et al., 2000). Between 2.45 and 2.22 Gya (Bekker et al., 2004), at what

is now known as the Great Oxygenation Event (GOE; Holland, 2002), an unprece-

dented raise in atmospheric oxygen levels took place, as evidenced in multiple rock
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and mineral deposits (Olejarz et al., 2021). As a consequence, there was a massive

oxidation of exposed pyrite to sulfate, which is today the main reservoir of sulfur

in the oceans (e.g. Bottrell and Newton, 2006). An abundance of marine sulfate

expanded the geologic record of sulfur containing minerals, leading to the formation

of deposits of evaporitic sulfates (Blättler et al., 2018) after ∼ 2 Gya (Grotzinger,

1989; Grotzinger and James, 2000). Before the Archaean, sulfate concentrations in

the oceans were negligible (< 200μM; Crowe et al., 2014; Habicht et al., 2002) and

sulfate evaporites were absent (Grotzinger, 1989; Grotzinger and Kasting, 1993),

but this changed when oxygen started to be produced by cyanobacteria, and sulfate

reached concentrations of 2.8 to 8.4 mM by 2.3 Gya (Luo et al., 2016).

Sulfur plays an essential role in all living organisms, mainly in the amino acids

cysteine and methionine, but also as a component of oligopeptides, vitamins, and

cofactors (e.g. Saito (2004)), and even as a constituent of secondary metabolites

involved in ecological interactions (Levine, 2016). In addition to these assimilatory

pathways, utilized for the consumption of organic (Moran and Durham, 2019) and

inorganic (e.g. Patron et al. (2008)) sulfur, a variety of microorganisms have evolved

dissimilatory pathways in which sulfur is utilized in energy-generating oxidation-

reduction (redox) reactions. The high versatility of sulfur in redox reactions is given

by the fact that sulfur can vary in valence from -2 (in sulfide) to +6 (in sulfate).

The abiotic or biotic oxidation of sulfide leads to the formation of sulfur species

with intermediate valence states like elemental sulfur (S0), thiosulfate (S2O2–
3 ),

tetrathionate (S4O2–
6 ), and sulfite (SO2–

3 ) (Elsgaard and Jørgensen, 1992), which can

serve as a source of energy (from oxidation), electron acceptors (from reduction;

Jørgensen et al., 2019), or both, in a process known as disproportionation (Jørgensen,

1990; Thamdrup et al., 1993). Despite the fact that reduced sulfur can be oxidized

by oxygen, nitrate, iron, and, manganese (e.g. Schippers and Jørgensen, 2001),

the reduction of oxidized sulfur species in the absence of a catalyst is extremely
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unfavorable. Additionally, the residence time of sulfate in the oceans is in the order

of 107 years (Holland, 1973), whereas that of some organic sulfur molecules (e.g.

DMSP) is as low as days or hours in the upper ocean (Zubkov et al., 2002). For these

reasons, microorganisms have an enormous impact on the diversity and abundance

of sulfur molecules that are found on Earth, and the rates of sulfur turnover between

different reservoirs.

It is thought that sulfur became critical for microbial energetics once sulfate began

to accumulate in the oceans in the Proterozoic, as previously abundant and more

energetically favorable electron acceptors such as iron and manganese began to

precipitate out of the oceans as oxides (e.g. Roy, 2006). Today, sulfate is thought to

be responsible for the remineralization of half of the organic matter that reaches the

sediments in coastal settings (Jørgensen, 1982), as it is the most abundant electron

acceptor after oxygen, at a concentration of 28 mM (Morris and Riley, 1966). It is

thought to play an even more critical role in the near future, as oxygen minimum

zones are and will keep expanding globally as a consequence of climate change (e.g.

Long et al., 2021). Cryptic sulfur cycles (i.e. with no obvious in situ geochemical

expression), in which sulfate-reducing and sulfide-oxidizing bacteria live in close

association and have high turnover rates of both substrates (Canfield et al., 2010),

are also expected to strengthen (Crowe et al., 2018). The sulfur cycle is critical not

only for organisms that depend on it as a source or outlet for electrons, but also for

the cycling of other elements, of which the most notable are carbon and oxygen.

The remineralization of organic matter through sulfate reduction tightly couples the

sulfur and carbon cycles (e.g. Leavitt et al., 2013). Additionally, the long term

burial of reduced (sulfate) vs. oxidized (sulfide) minerals in sediments regulates

atmospheric oxygen levels (Berner and Raiswell, 1983; Garrels and Lerman, 1981),

with implications for the long-term evolution of Earth’s climate and redox state (Fike

et al., 2015; Veizer et al., 1980).
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This thesis has been divided into two parts. The first part focuses on constraining

the microbial cycling of sulfur in the modern ocean with geochemical tools, mainly

quantifications of sulfur (and sulfur-containing molecules) in porewaters and in

microbial cultures, sulfur isotope compositions of multiple sulfur pools, and sulfur

isotope fractionations by different metabolic pathways. The second part explores the

syntrophy between anaerobic methanotrophic archaea (ANME) and sulfate-reducing

bacteria (SRB) in modern settings to identify the characteristics that may enhance

their preservation in the carbonate rock record. The main takeaway from the frame-

work presented here is that the microbial transformations of organic and inorganic

sulfur can be constrained by combining analytical, geochemical, and microbiologi-

cal tools, and by studying modern systems as analogs of ancient environments and

conditions.

PART I: SULFUR ISOTOPES ARE IMPORTANT PROXIES FOR THE MICRO-

BIAL CYCLING OF ORGANIC AND INORGANIC SULFUR

Stable isotopes are an important tool for constraining biogeochemical cycles, be-

cause chemical and enzymatic reactions can have associated kinetic isotope effects,

in which reaction rates are affected by the ratios of the masses and the vibrational

energies of the isotopes (Kendall and Caldwell, 1998). These manifest as fraction-

ations (redistribution of isotopes) between the reactant and the product (Kendall

and Caldwell, 1998). Characterizing these fractionations thus allows to establish

the trajectory that the atoms in a particular material have followed. Sulfur has 4

stable isotopes, 36S, 34S, 33S, and 32S, with natural abundances of 0.0136%, 4.22%,

0.76%, and 95.02% , respectively (Canfield, 2001). Because 34S and 32S are the

most abundant ones, their ratios are the most frequently utilized to characterize

sulfur-containing molecules. Sulfur isotope compositions are usually expressed as

per mil (h) differences relative to the Vienna Cañon Diablo Troillite standard, and
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are presented in standard delta (δ) notation:

δ
34S = [(34S/32S)sample/(34S/32S)standard – 1] · 1000. (1.1)

Similarly, fractionations are expressed with units of h in terms of (Y):

Y(A–B) = 1000 · (α(A–B) – 1), (1.2)

where A is the reactant, B is the product, and α(A–B) is defined as:

α(A–B) = RA/RB, (1.3)

where R is the ratio between the heavy and light isotopes in the reactant (A) or the

product (B).

The microbial cycling of sulfur in the modern ocean is a very broad area of study,

mostly because sulfur is composed of organic and inorganic pools, which are utilized

in different ways by microorganisms. Dissolved organic sulfur (DOS) is 109 less

abundant in the modern oceans than the most abundant form of sulfur, sulfate, at a

concentration of 28 mM (Ksionzek et al., 2016). However, it is fascinating from a

microbial ecology perspective. On one hand, more than 800 DOS chemical formu-

las have been predicted based on mass spectrometry in the ocean, most of which are

unique to the upper ocean (Ksionzek et al., 2016). Most of these molecules haven’t

been characterized yet, but those that have are known to be involved in interac-

tions between organisms, such as chemotaxis (dimethylsulfoniopropionate-DMSP),

quorum sensing (DMSP), and exchange of vitamin B12 for organic carbon be-

tween phototrophs and heterotrophs (dihydroxypropane-1-sulfonate-DHPS; Levine,

2016). Chapter 2 of this thesis focuses on dymethylsulfoniopropionate (DMSP), the

most abundant organic sulfur molecule in the ocean, at a concentration of ∼ 2 nM

in the upper ocean (Levine et al., 2012). It is produced by phytoplankton, mainly

dinoflagellates and coccolithophores, diatoms, corals, green algae, plants, and even
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Alphaproteobacteria, and consumed by Alphaproteobacteria (e.g. Bullock et al.,

2017). It can also be degraded by multiple clades of marine bacteria to dimethyl-

sulfide (DMS; e.g. Reisch et al., 2011). When incorporated, it can be utilized as

carbon and sulfur sources by marine bacteria (e.g. Dixon et al., 2020), and it has also

been hypothesized to have roles as osmoprotectant, cryoprotectant, and to be against

oxidative stress (Kiene et al., 2000). Traditionally, the presence and expression of

DMSP production and consumption related genes has been used to characterize

the distribution of this compound in the ocean (Levine et al., 2012; Varaljay et al.,

2015; Vorobev et al., 2020). Here, we use sulfur isotope fractionations, a geo-

chemical proxy, to better constrain DMSP degradation in the ocean. We determine

the in vitro sulfur isotope fractionations by enzymes involved in DMSP demethyla-

tion (consumption) or cleavage to DMS, finding that the residual DMSP from the

demethylation pathway is 2.7h enriched in 34S relative to the initial DMSP, and that

the fractionation factor (34Y) of the cleavage pathways varies between -1 and -9h.

Despite these values being relatively small and overlapping between them, prevent-

ing a complete discrimination between enzymes or pathways based on this proxy

alone, we incorporated these fractionation factors into mass balance calculations to

model how the relative contributions of the different biological processes that act

on DMSP could account for the δ34S values of DMSP in seawater. We conclude

that the reported fractionation factors provide a way to establish the relevance of

the demethylation and cleavage pathways of DMSP in natural environments which

is complementary to gene abundance and expression data, and thus recommend the

use of both approaches in studies that aim to constrain the cycling of elements in

the environment.

In Chapter 3, we implement a combination of 16S rRNA sequencing and geochemi-

cal characterizations (concentrations and isotopes) to constrain the cycling of sulfur

and other redox sensitive elements in deep ocean sediments from a ∼ 40cm multi-
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core collected at the San Clemente Basin, California, and 3 1.2-2 m gravity cores

collected at separate stations near Cocos Ridge, Costa Rica. Unlike the second

chapter of this thesis, which focuses on organic sulfur, Chapter 3 is centered around

the dynamics of inorganic sulfur oxidation. Our study is the first one to generate

high resolution (3-5 cm) porewater profiles of major ions, redox sensitive elements

and sulfur intermediates through 1.2-2 m depth in the oligotrophic Pacific Ocean.

It is also a pioneer in the generation of similar high resolution 16S rRNA data for

the microbial community composition, which we utilized to explore which microor-

ganisms are the main drivers of sulfur cycling at the study site. We found gradients

of porewater nitrate, manganese, and iron that are consistent with their utilization

as electron acceptors for organic matter remineralization in order of energetic yield

(NO–
3 > MnO2 > Fe2O3; Froelich et al., 1979), and which are similar to previ-

ous reports for the Eastern Equatorial Pacific (Emerson et al., 1980; Klinkhammer,

1980). We also identified a small decrease of ∼ 1mM in sulfate between the top and

the bottom of the sediment cores collected, and the analysis of sulfur and oxygen

isotopes of sulfate at Cocos Ridge provided evidence for microbial sulfate reduc-

tion. We provide the first meter scale depth profiles of porewater sulfite, sulfide,

and thiosulfate for the oligotrophic Equatorial Pacific. These sulfur intermediates

were detected at nanomolar concentrations, which, as expected, are much lower than

those measured in euxinic, high organic matter flux basins like the Black Sea (Zopfi

et al., 2004) and stratified lakes (Findlay and Kamyshny, 2017). We did not find

differences in the 16S rRNA identified microorganisms or their diversity between

localities, although a general abundance of Actinobacteria and Bacilli was estab-

lished at all sampling sites, as well as an increase in dominance of Chloroflexi and

Plactomycetes with depth, which coincides with previous studies on Pacific abyssal

sediment microbial communities (Durbin and Teske, 2011). At Cocos Ridge, we

generally observed an increase in the relative abundance of the sulfur-oxidizers
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Hyphomicrobiales (Alphaproteobacteria), Thiomicrospirales (Gammaproteobacte-

ria), as well as Bacteroidota, and Thermoplasmatota with depth. However, we

could not establish significant correlations between the relative abundance of spe-

cific microbial taxa and the porewater profiles of iron, manganese, sulfate or sulfur

intermediates. Based on 16S rRNA data, we hypothesize that the metabolic flexibil-

ity of microorganisms, as opposed to organic matter fluxes or oxidant availability,

could be the main driver of redox cycling in the pelagic Pacific ocean. This is

consistent with enrichment experiments using methane seep sediments (Eitel et al.,

in prep), and environmental surveys in marine benthic habitats (Krämer and Cypi-

onka, 1989; Lovley, 2006; Pjevac, 2014; Roden and Lovley, 1993) which indicate

that microbial communities can adapt to utilize different forms of sulfur as electron

donors as well as multiple electron acceptors.

Chapter 4 of this thesis focuses on sulfur isotope fractionations during the micro-

bial oxidation of sulfur (MSO). Sulfide, which is mainly a product of microbial

sulfate reduction in modern aquatic environments, and other reduced sulfur species,

serve as electron donors for carbon dioxide fixation by autotrophic microorganisms

(Brune, 1989; Friedrich et al., 2001). The sulfur isotope fractionations associated

with this oxidation process have been studied since the 1960s, and have been found

to be negligible, between -5 and 4h (compiled by Pellerin et al., 2019). Other

microbial transformations of inorganic sulfur, such as sulfur disproportionation and

sulfate reduction (MSR), have large associated sulfur isotope fractionations, down to

∼-70h (Canfield and Thamdrup, 1994) and -75h (Brunner and Bernasconi, 2005),

respectively. During MSR, it has been established that pH, temperature (Hoek et

al., 2006), and supplies of electron donor (Harrison and Thode, 1958; Kaplan and

Rittenberg, 1964) and electron acceptor (Jones and Starkey, 1957) are responsible

for the magnitude of the fractionations, mostly through their impact on growth rates

and specific sulfate reduction rates (Chambers et al., 1975; Habicht and Canfield,
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1997; Kaplan and Rittenberg, 1964) and reaction reversibility (Holler et al., 2011;

Trudinger and Chambers, 1973; Wing and Halevy, 2014). We reviewed the reported

sulfur isotope fractionations for MSO (compiled by Pellerin et al., 2019) and found

that most of these culturing experiments were carried out under high nutrient con-

centrations, which are probably not representative of the natural conditions where

these microorganisms live. We hypothesized that an excess of nutrients could min-

imize the size of sulfur isotope fractionations during MSO, by enhancing growth

rates and sulfide oxidation rates —such that the rate-limiting step becomes diffusion

of sulfide into the cell—. If that is the case, performing culturing experiments

under oligotrophic nutrient concentrations might give more realistic sulfur isotope

fractionations that could be utilized to refine models that seek to constrain the role of

MSO throughout Earth’s history and at different locations by examining the sulfur

isotope compositions of S-bearing minerals. We assessed the impacts of nutrient

limitation on the sulfur isotope fractionations by the Deltaproteobacterium Desul-

furivibrio alkaliphilus and the Chlorobia Chlorobaculum tepidum. We found that

large sulfur isotope fractionations during MSO are only found in D. alkaliphilus,

consistent with a previous report (Pellerin et al., 2019), and that only in this organism

nutrient availability has an impact in the magnitude of the fractionations. D. alka-

liphilus grows only at alkaline pH and utilizes, at least partially, different metabolic

pathways for the oxidation of sulfur than those used by all other microbial sulfur

oxidizers (Thorup et al., 2017). For this reason, we conclude that, pending studying

nutrient limitation impacts on sulfur isotope fractionations by other sulfur oxidizers,

MSO probably does not produce large sulfur isotope fractionations that are relevant

for the interpretation of sulfur isotopic compositions in most environmental samples.

PART II: INSIGHTS ON BIOMINERALIZATION AND MICROBIAL PRESER-

VATION IN ROCKS

Part II of this thesis explores the potential of microorganisms to fossilize in the
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carbonate rock record, specifically in methane seep carbonates. Hydrocarbon seeps

are located along plate boundaries, back-arc basins, and unstable sedimentary basins,

where faulting, diapirism, sediment compaction, or undersea landslides favor the

migration of methane-rich porewaters from the sediments to the water column

(e.g. Campbell, 2006). The anaerobic oxidation of methane (AOM) by anaerobic

methanotrophic archaea (ANME) is a common energy yielding metabolism in these

environments (Hinrichs et al., 1999; Wegener et al., 2008). It is syntrophically

coupled to sulfate reduction (SR) by sulfate-reducing bacteria (SRB; Hoehler et al.,

1994; Michaelis et al., 2002), and is given by the following reaction:

CH4(g) + SO2–
4 (aq) −→ HS– (aq) + HCO–

3 (aq) + H2O(l) (1.4)

More than 90% of the methane produced in the oceans is consumed by AOM-

SR (Hinrichs and Boetius, 2013; Reeburgh, 2007), thus controlling most of the

atmospheric methane efflux from the ocean (< 2% of the global flux; Reeburgh,

2007). AOM-SR occurs at the so-called sulfate-methane transition zone, a re-

gion within marine sediments where sulfate-rich descending waters coexist with

ascending methane, and oxidants stronger than sulfate, such as oxygen and nitrate,

have been depleted (Barnes and Goldberg, 1976; Martens and Berner, 1974). The

production of one mole of bicarbonate (HCO3–) and hydrogen sulfide (HS–) each

by the coupling of AOM and SR increases by two total units the alkalinity of the

surrounding waters (e.g. Knittel and Boetius, 2009). The sulfides combine with

reduced iron to form newly precipitated iron sulfide minerals (e.g. Berner, 1984).

In turn, the alkalinity increase enhances the precipitation of carbonate minerals, as

exemplified here by calcium carbonate:

Ca2+(aq) + 2HCO–
3 (aq) −→ CaCO3(s) + CO2(g) + H2O(l) (1.5)

Methane-derived authigenic carbonates have been observed at seafloor cold seeps

(e.g. Aloisi et al., 2002; Bohrmann et al., 1998; Ritger et al., 1987) and their
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precipitation is thought to be favored by a combination of the increased carbonate

alkalinity and decreased solubility from a pressure decrease when porewater escapes

fractures (Ritger et al., 1987). Seep carbonates have distinctive negative carbon

isotope signatures, which allow for easily fingerprinting them both in modern and

ancient settings (Naehr et al., 2007; Peckmann et al., 2002). Here, and in Chapter

6, we express carbon isotope compositions as per mil (h) differences relative to the

Vienna Pee Dee Belemnite standard, and present them in standard delta (δ) notation:

δ
13C = [(13C/12C)sample/(13C/12C)standard – 1] · 1000 (1.6)

Methane has a wide range of δ13C values, between -110 and -20h (Whiticar, 1999).

When methane is a major source of the carbon in carbonates, they typically have

δ
13C values below -20h (Aloisi et al., 2002), although methane seep carbonates

have been found to span a δ13C range of -69h (Campbell et al., 2002) to 8h in

ancient carbonates, and 25h in modern carbonates (Loyd et al., 2016). ANME-SRB

also have strong depletions in 13C in their biomass, since ANME utilize methane as

a carbon source, and both incorporate carbon from bicarbonate into their biomass

(Wegener et al., 2008). Typical archaeal isoprenoid biomarkers like crocetane and

pentamethylicosane are highly depleted in 13C (δ13C = -124h; Elvert et al., 1999),

and archaeol and sn-2-hydroxyarchaeol are similarly depleted in 13C (-114h and

-133h, respectively; Hinrichs et al., 1999). Iso- and anteiso-C15 fatty acids, which

are abundant in SRB, also have light carbon isotopic compositions (-63h and -

75h, respectively; Orphan et al., 2001). For reference, Thaumarchaeota, abundant

in marine sediments, with auto and mixotrophic metabolisms (Pearson et al., 2016),

and heterotrophic bacteria (e.g. Taipale et al., 2015), have lipid biomarkers with

carbon isotopic compositions between ∼ -22 and -19h.

In the 1970s, methane oxidation with sulfate was predicted to be thermodynamically

favorable (ΔG = –25kJmol–1; Martens and Berner, 1977; Reeburgh, 2007). How-
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ever, it was not until 1994 that a syntrophic association between methanogens and

sulfate-reducing bacteria was predicted in methane-rich coastal sediments (Hoehler

et al., 1994). In 1999, the first 16S rRNA and lipid biomarker signatures of anaerobic

methanotrophic archaea were recognized in methane-oxidizing and sulfate-reducing

consortia (Hinrichs et al., 1999) were found to be the methane-oxidizing microbes in

such consortia. Soon after, it was found that two distinct archaeal lineages (ANME-1

and ANME-2), related to the order Methanosarcinales, are consistently associated

with methane seep marine sediments, and that ANME-2 forms aggregates with

Desulfobacterota (former Deltaproteobacteria) SRB (Orphan et al., 2001). In seep

sediments, these aggregates range from 1 to11 μm in diameter with an average of

3.2 ± 1.5 μm, and may reach abundances of 107 cm–3 (Boetius et al., 2000). Our

observations, as well as other reports (Marlow et al., 2021), show that they can

be much larger in carbonate rocks, reaching sizes up to ∼ 100 μm. These studies

were able to identify the specific archaea and sulfate-reducing bacteria in the con-

sortia thanks to fluorescence in situ hybridization (FISH), a technique that utilizes

fluorescently-labelled oligonucleotide probes based on partial 16S rRNA sequences

to target specific microbes (Amann et al., 1990).

Despite accelerated research on ANME-SRB over the last two and a half decades

since their discovery in methane seep sediments, very little research has focused on

AOM-related microbe-mineral interactions and the potential for the preservation of

their biomass in authigenic carbonates. Chen et al. (2014) noted that ANME-2-SRB

aggregates in sediments, identified with FISH, are often surrounded with a thick

organic matrix, and are associated with silica-rich phases cements and clay minerals.

Marlow et al. (2021) was the first study to visualize FISH-confirmed ANME-2-SRB

aggregates in situ in seep carbonates. Himmler et al. (2022) reported putative

microfossils of AOM-SR mediating microbes in modern seep carbonates, based

uniquely on morphology and isotopic compositions of carbonate. Many reported
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microbial fossils have been identified in chert, which is composed entirely of primary

silica (e.g. Dodd et al., 2017; Schopf et al., 2017; Walsh and Lowe, 1985), and is

thought to be key for the adequate structural and chemical preservation of the fossils

(Alleon et al., 2016). Recent studies have tried to identify the potential of microbes to

induce the precipitation of silica and what is the mechanism behind it (Moore et al.,

2021; Moore et al., 2020). However, the potential of ANME-SRB and specifically, of

ANME-2-SRB aggregates, to actively induce silica biomineralizations has not been

adequately investigated. Chapters 5 and 6 of this thesis focus on exploring whether

ANME-2-SRB aggregates actively precipitate amorphous silica, and whether this

could enhance their preservation as microfossils in seep carbonates, thus allowing

their identification in ancient seep carbonates.

In Chapter 5, we assess the composition of the mineral phases that associate with

ANME-2-SRB aggregates incubated with and without sediments, in media un-

dersaturated with respect to silica. We found that ANME-2-SRB aggregates are

consistently associated with silica, and that the treatments without sediment had

lower Si:Al and Si:Al+Mg than treatments with sediment. Further observation of

this silica phase allowed to establish that it often manifests as rims surrounding

the microbial aggregates, and that it is much more depleted in cations like alu-

minum, iron, and magnesium compared to typical clay mineral compositions. A

similar association with silica was identified in modern methane seep carbonates, in

which ANME-2-SRB aggregates were confirmed with FISH. We thus provide the

first evidence for the production of an amorphous silica precipitate that surrounds

ANME-2-SRB consortia both in AOM enrichments and carbonate rocks. The fact

that this phase 1) forms in the presence of ANME-2-SRB aggregates in media un-

dersaturated with respect to silica, 2) is strongly depleted in cations, and 3) no genes

previously attributed to silica precipitation were found in ANME and SRB genomes,

suggests a different silica precipitation mechanism.
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In Chapter 6, we use the silica proxy in combination with analytical techniques,

such as electron microscopy, energy-dispersive X-ray spectroscopy (EDS), Raman

spectroscopy, and carbon isotope compositions to better characterize ANME-2-SRB

aggregates in modern carbonates and to identify them in ancient seep carbonates. We

utilize Cretaceous seep carbonates from Colorado (Tepee Buttes; Campanian-Lower

Maastrichtian - ∼ 76 Mya-) and California (Panoche Hills; Danian - ∼ 65 Mya-) and

Bear Creek (Valanginian- ∼ 135 Mya-) as search materials for potential fossilized

ANME-SRB aggregates. We found some candidate ANME-SRB aggregates in the

Tepee Buttes seep carbonates, that seem to be entombed in the carbonate matrix

and are associated with silica, have low δ13C values, and have similar Raman and

EDS spectra to modern ANME-2-SRB aggregates confirmed with FISH. To our

knowledge, this constitutes the first report of potential microfossils in carbonates,

in which early silica entombment may have favored morphological and organic

preservation. We recommend the use of comparative approaches between modern

and ancient materials, as well as a combination of the microscopy and analytical

techniques that we utilized here, to find microfossils of ANME-SRB aggregates

in the carbonate rock record, as well as in extraterrestrial bodies where methane

emissions may have occurred.
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Abstract

The rapid turnover of dimethylsulfoniopropionate (DMSP), the most abundant dis-

solved organic sulfur (DOS) compound in the ocean, makes it pivotal to understand

the cycling of organic sulfur. DMSP is mostly synthesized by phytoplankton and it

can be utilized as a carbon and sulfur source by marine bacteria or cleaved by bacteria

or algae to produce the volatile compound dimethylsulfide (DMS), involved in the

formation of sulfate aerosols. The fluxes between the consumption (i.e. demethyla-

tion) and cleavage pathways are thought to depend on community interactions and

the sulfur demand. However, a quantitative assessment on the sulfur partitioning

between each of these pathways is still missing. Here, we report for the first time

the sulfur isotope fractionations by enzymes involved in DMSP degradation with

different catalytic mechanisms. We show that the residual DMSP from the demethy-
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lation pathway is 2.7h enriched in δ34S relative to the initial DMSP, and that the

fractionation factor (34Y) of the cleavage pathways varies between -1 and –9h. The

incorporation of these fractionation factors into mass balance calculations constrains

the biological fates of DMSP in seawater, supports the notion that demethylation

dominates over cleavage in marine environments, and could be used as a proxy for

the switch from demethylation to cleavage in marine microbial communities.

1. INTRODUCTION

Dissolved organic sulfur (DOS) is comprised of 432 identified compounds (Tang,

2020), and up to 800 compounds predicted by mass and structure (Ksionzek et

al., 2016). Dimethylsulfoniopropionate (DMSP) is the most abundant of these DOS

species, contributing 2.3 % of the minimum estimated marine DOS (Ksionzek et al.,

2016) at an average concentration of 16.9± 22.2 nM, with a median of 9.8 nM (Kettle

et al., 1999). DMSP is mainly produced by marine phytoplankton, has a turnover

of hours to days (Levine, 2016; Zubkov et al., 2002), and has been hypothesized

to be involved in different physiological functions, including protection from cold

(Karsten et al., 1996; Kirst et al., 1991), osmotic (Dickson and Kirst, 1987), and

oxidative stresses (Sunda et al., 2002). One of the biological degradation products of

DMSP, dimethylsulfide (DMS), gathered atmospheric chemistry research attention

on volatile DOS more than 30 years ago, when its potential to influence global

climate by means of aerosol formation was first pointed out (Charlson et al., 1987).

The so-called CLAW hypothesis predicted a negative climate feedback where Earth’s

temperature would be regulated by the interaction between sulfur emissions from

phytoplankton and cloud formation. Although DMS emissions might actually not

be significant for global climate regulation under a warming scenario (i.e. Quinn

and Bates, 2011), they are expected to alter the regional formation of sulfate aerosols

(Sanchez et al., 2018), with potential impacts on the weather at high latitudes (S.
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Wang et al., 2018).

Beyond DMS, DOS is usually disregarded by sulfur biogeochemists because its

abundance in seawater is exceeded by six orders of magnitude by that of sulfate

(Ksionzek et al., 2016), which has a concentration of 28 mM (Morris and Riley,

1966). The fact that sulfate is an important electron acceptor, responsible for the

remineralization of up to half of the organic matter in coastal sediments (Jørgensen,

1982), and that it leaves a fingerprint in the rock record as sulfate or sulfide (its

reduction product) minerals, has made it central in the study of the geologic sulfur

cycle (Garrels and Lerman, 1981). Nonetheless, the slow turnover of sulfate, which

has a residence time of ∼ 107 years in the ocean (Holland, 1973), highlights the

relevance of addressing the dynamics of highly labile DOS, such as DMSP and

DMS, toward a comprehensive understanding of the short scale processes that may

affect the sulfur cycle. Reduced sulfur, and in particular DOS, might also be

fundamental to understand the sulfur cycle during the Archaean, where oxygen and

sulfate concentrations were negligible (Fakhraee and Katsev, 2019).

Recently, microbial ecologists have rekindled interest in DMSP as the role of DOS

in ecosystem dynamics has been highlighted (Levine, 2016). DMSP and DMS have

been demonstrated to be strong chemoattractants for marine bacteria and zooplank-

ton (i.e. Seymour et al., 2010). Furthermore, DMSP induces the production of

quorum sensing molecules (Johnson et al., 2016), is a mediator of bacterial viru-

lence towards DMSP-producing algae (Barak-Gavish et al., 2018), and its cleavage

to DMS may generate acrylate as a byproduct, considered to be a potential predator

deterrent (e.g. Wolfe et al., 1997). DMSP has also been proven to satisfy up to

13% of the carbon (Levine, 2016), and 100% of the sulfur demand of marine het-

erotrophic bacteria (Kiene et al., 2000). In fact, the most abundant marine bacteria

(SAR11 clade) are not able to assimilate sulfate and rely exclusively on DMSP and

other reduced sulfur compounds to satisfy their sulfur requirements (Tripp et al.,
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2008). Getting to know the relative routing of DMSP between the demethylation

(i.e. consumption) pathway vs. the cleavage (DMS generating) pathways (Figure

1) is then critical to understand the importance of DMSP and DMS in the marine

trophic webs, both as nutrient sources and as ecologically relevant molecules.
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Figure 1: Biological fates of DMSP (modified from Lei, Alcolombri, et al., 2018).
(A) Demethylation pathway. The first step (shown here) is catalyzed by DmdA,
which uses tetrahydrofolate (THF) as a cofactor (Reisch et al., 2008). This pathway
is utilized for the consumption of DMSP as a carbon and sulfur source by marine
bacteria. (B) Cleavage pathway with production of 3-Hydroxypropionyl CoA,
catalyzed by DddD. This pathway requires acetyl-CoA as cofactor (Alcolombri,
Elias, et al., 2014). (C) Cleavage pathway with production of acrylate, catalyzed by
DMSP lyases other than DddD. Both (B) and (C) produce DMS, a volatile S species
that is usually released to the water column.

Insight into the relative contributions that each of the demethylation and cleavage

genes/pathways may have to the fate of DMSP in seawater has been gained from

studies with 35S-labeled DMSP (Kiene et al., 2000), stable sulfur isotopes, and

ocean expeditions data. The Global Ocean (GOS; Rusch et al., 2007) and Tara

Oceans (Pesant et al., 2015) expeditions have collected both chemical (concentra-

tions and sulfur isotopic compositions) and biological (genomic, transcriptomic,

and proteomic) information relevant to the dynamics of DMSP and DMS. Sulfur
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isotopes are deemed the most direct and precise geochemical proxies to trace the

transformations of sulfur as it moves through different reservoirs (reviewed by Fike

et al., 2015). Sulfur isotope measurements of DMSP and DMS in marine surface

waters (Amrani et al., 2013; Carnat et al., 2018), as well as the fractionation in

the DMS produced from DMSP in marine algae (Oduro et al., 2012) were the first

attempts to identify a S isotopic signature during DMSP transformations. Although

these fractionation factors constitute a proxy for the eukaryotic cleavage pathway,

specific δ34S signatures for the demethylation pathway and the bacterial cleavage

pathways have not been determined.

Here, we constrained for the first time the S isotope fractionations of individual en-

zymes involved in the cleavage (DMSP lyases) and demethylation (DMSP demethy-

lase) pathways of DMSP. We performed mass balance calculations to model how the

relative contributions of the different biological processes that act on DMSP account

for the δ34S values of DMSP in seawater. Our data suggest that the fractionation

imparted by the DMSP degrading enzymes is small, but nonetheless useful as a

proxy for the main biological degradation pathways of DMSP in natural samples.

Thus, the fractionation factors reported here provide a way to establish the relevance

of the demethylation and cleavage pathways of DMSP in natural environments.

2. MATERIALS AND METHODS

Cultures and extraction of cell lysates

We obtained cell lysates from Escherichia coli BL21 cells independently transformed

with DmdA, the only DMSP demethylase described to date (kindly provided by

Will Whitman from the University of Georgia, Athens), and different DMSP lyases

(kindly provided by Dan Tawfik from the Weizmann Institute of Science, Israel),

under control of the lac operator inducer. These clones are listed in Table 1, and the

natural taxonomic distributions of each enzyme are reviewed by Lei, Alcolombri,
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et al. (2018).

Table 1: List of E. coli BL21 clones expressing different genes involved in DMSP
degrading pathways utilized in this study.

Gene Pathway Cloned in E. coli from Reference

dmdA Demethylation Ruegeria pomeroyi DSS-3
(Roseobacter; α-Proteobacteria) Reisch et al. (2008)

alma1 Cleavage
(DMS+acrylate) Emiliania huxleyi (Coccolithophore) Alcolombri et al. (2015)

dddP Cleavage
(DMS+acrylate)

Ruegeria pomeroyi DSS-3
(Roseobacter; α-Proteobacteria) Todd et al. (2011)

dddY Cleavage
(DMS+acrylate)

Desulfovibrio acrylicus
( δ-Proteobacteria) Lei, Cherukuri, et al. (2018)

dddK Cleavage
(DMS+acrylate)

Pelagibacter ubique
(SAR11; α-Proteobacteria) Lei, Cherukuri, et al. (2018)

dddQ Cleavage
(DMS+acrylate)

Ruegeria pomeroyi DSS-3
(Roseobacter; α-Proteobacteria) Todd et al. (2011)

dddD Cleavage
(DMS+3-HP-CoA)

Marinomonas MWYL1
(γ-Proteobacteria) Alcolombri, Elias, et al. (2014)

Each of the E. coli transformants was separately grown in Luria-Bertani (LB) agar

plates incubated overnight at 37°C. Individual colonies retrieved from the solid

media were used to inoculate 5 mL liquid LB medium for overnight incubations

at 37°C, and 1 mL of these cultures was added to flasks with 1 liter of sterile

liquid LB media, that were kept at 37°C until they reached an OD600 of 0.6-0.8

(late exponential phase). Solid and liquid culture media were supplemented with

the corresponding antibiotic (50 μg/mL ampicillin or kanamycin). The enzyme

induction and the extraction of cell lysates were performed following a modification

of a previously described protocol (Lei, Cherukuri, et al., 2018). Briefly, the growth

temperature was reduced to 16°C, and enzyme expression was induced overnight

with 0.1 mM of the lac operator inducer isopropyl β-d-1-thiogalactopyranoside

(IPTG). The cells were harvested by centrifugation at 4°C and resuspended in lysis

buffer (5 mM Tris-HCl pH 8.0, 0.2 g/l lysozyme), followed by sonication (10s on,

10s off for 4 min) and subsequent centrifugation at 10 000 g for 1 hour. Total protein

concentration in the crude extracts was determined using the Bio-Rad Bradford
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reagent with bovine serum albumin as the standard. The approximate concentration

of each heterologous enzyme was calculated following So et al. (2011).

DMSP biodegradation experiments

DMSP degradation by cell lysates with each one of the enzymes in Table 1 was

individually assayed in a similar way as previously described (Lei et al., 2018b).

DMSP stock solution was prepared by mixing solid DMSP (Sigma-Aldrich) with

reaction buffer (5 mM Tris-HCl pH 8.0), utilized to provide a suitable pH buffering

for the enzymatic reactions. Reaction assays were set up by mixing crude cell

extracts, DMSP stock and reaction buffer in plastic vials with a total volume between

1 and 5 mL at 28°C. The cell lysates were added at a total protein concentration of

5.6 mg/mL for DmdA, 1 μg/mL for Alma1, 8.2 mg/mL for DddP, 14 μg/mL for

DddY, 0.9 mg/mL for DddK, 3 mg/mL for DddQ, and 0.6 mg/mL for DddD. The

reaction mixture for the DddD assay was supplemented with 10 μM acetyl-CoA,

which takes the methyl group removed from DMSP, and that for the DmdA assay

was set up in anaerobic conditions with 0.685 mM tetrahydrofolate (THF), required

as cofactor. At definite time intervals, the reaction was quenched by filtering through

Amicon Ultra-4 or Ultra-15 30K (Millipore Sigma) with centrifugation at 5000 g

for 10 min and 4°C for DMSP quantification and S isotope measurements.

DMSP quantification

For DMSP separation and quantification, an AcquityTM ultra-performance liquid

chromatograph (Waters, Milford, MA, USA) coupled to a Xevo G2-S electrospray

ionization quadrupole time-of-flight mass spectrometer (Waters Micromass, Manch-

ester, England) operated in positive ion mode [UPLC/(+) ESI-Q-TOF-MS] was used.

Samples were prepared by diluting the stopped DMSP reactions 1:100 in acetoni-

trile to fall into the linear detection range of 1.5- 30 μM. The UPLC separation was
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carried out with an Aquity UPLCTM BEH HILIC column (1.7μm, 2.1mm x 100mm)

kept at 27 °C, with water (solvent A) and acetonitrile (solvent B) following the same

gradient used by Spielmeyer and Pohnert (2010). The separation started with 10%

A at a flow rate of 0.25 mL/min for 0.4 min. The gradient was linearly increased

to 60% A until 1.7 min. At 1.9 min, the flow rate was increased to 0.6 mL/min.

At 2.7 min, the flow rate and gradient were set back to 0.25 mL/min and 10% A.

Finally, the column was equilibrated for 1.3 min, resulting in a total analysis time

of 4 min. Acetonitrile containing 5% v/v water was used as the working fluid in

the autosampler syringe in order to maintain the low water content of the sample

solution and initial mobile phase concentration that is critical for successful HILIC

chromatography. The mass range from 50 to 300 m/z using a scan rate of 0.3 s was

recorded. The injection volume was 1 μL and the sample was kept at 4 °C. The

optimized ESI parameters used were: 3 kV capillary voltage, 40 V sampling cone,

80 V source offset, 120°C source temperature, 450°C desolvation temperature, and

6 V collision energy.

MS-MS mode data was also acquired to eliminate the possibility of isobaric interfer-

ences. For this measurement the quadrupole was set to pass a range of±1 m/z around

the mass of the parent ion (134 m/z). Collision energy was increased to 30 V and

signal between 50 and 300 m/z was recorded at high resolution in the time-of-flight

analyzer. The product ion at 73 m/z was used for quantitation. Instrumental stabil-

ity (i.e., chromatographic and mass spectral reproducibility) was verified within 5%

using a standard solution of DMSP (Sigma-Aldrich) run periodically (one standard

every ten samples) during routine analysis. Data were acquired and processed using

MassLynx v4.1 software. The enzymatic rates of DMSP consumption over time

were fitted to Michaelis-Menten kinetics using the previously reported Michaelis-

Menten constant (KM) for each heterologously expressed enzyme (same references

as those in Table 1 except for DddP (Kirkwood et al., 2010), DddK (Peng et al.,
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2019), and DddQ (Burkhardt et al., 2017)).

Sulfur isotope analysis

To determine the isotopic composition of DMSP over the course of the enzyme

assays, a volume of supernatant from the quenched reactions containing 3-5 μg of

S was freeze dried, resuspended in distilled water, and allowed to evaporate in tin

capsules heated at 60°C to concentrate DMSP and remove volatile sulfur. Sulfur

was measured as SO2 by EA-IRMS (Carlo Erba NC 2500 Elemental Analyzer

connected to a Delta+ XL, ThermoQuest, via the Thermo Conflo III interface).

We report sulfur isotope ratios using the conventional delta notation relative to the

international standard Vienna-Canyon Diablo Troilite (VCDT):

δ
34S = (34Rsample/

34RVCTD) – 1, (2.1)

where 34R refers to the 34S/32S ratio. The δ34S values of each sample were corrected

by subtracting the blank and using a linear interpolation between two in house

working standards (sulfanilamide and seawater), with an analytical repeatability

better than 0.26 h.

The sulfur isotope fractionation factors for each enzyme (34Yenz) were calculated

from the slope of the linear regression analysis of the most accurate approximate

solution to the Rayleigh distillation equation (Mariotti et al., 1981; Scott et al.,

2004):

ln(1 + δ34SDMSP) = ln(1 + δ34SDMSP,0) –34 Yenz · ln(fR), (2.2)

where enz can be replaced by any of the enzymes studied, fR is the fraction of

remaining DMSP in the assay vials, and δ34SDMSP,0 and δ34SDMSP are the sulfur

isotopic compositions of the initial and remaining DMSP at the time of the mea-

surement, respectively. The details of the corrections performed are included in the

Supplementary Methods.
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Data analysis

For the analysis of the data —both the substrate degradation kinetics and the in-

ference of the fractionation factor— we took a Bayesian analysis approach. A

full description of how this analysis was performed, including both the theoretical

background and the assumptions behind the statistical analysis, can be found in the

Supplementary Materials.

Data and code availability

All data and custom scripts were collected and stored using Git version control.

Code for raw data processing, analysis, modelling, and figure generation is available

in the GitHub repository (https://github.com/daniosro/DMSP).

3. RESULTS

The DMSP concentration in the reaction vials at different timepoints in the enzyme

assays with DmdA (DMSP demethylase) or various DMSP lyases are shown in

Figure 2. Their fits to Michaelis-Menten reaction kinetics were good for DmdA,

Alma1, and DddK, and satisfactory for DddD and DddY (Supp. Figure 1). However,

we noticed that in the case of DddP and DddQ the curves seem to flatten out before

the reactions were completed. This was not surprising, since a low catalytic activity

for both enzymes has been recognized (Alcolombri, Laurino, et al., 2014; P. Wang

et al., 2015). To investigate if a deviation from Michaelis-Menten kinetics in these

enzymes could be explained by a loss of their activity during the course of the

reactions, we repeated the Michaelis-Menten fit incorporating a first order decay

rate for the enzymes. If an enzyme loses activity over the course of the reaction,

its concentration in the assay vial (E), is assumed to decrease following a first order

rate (k):
dE

dt
= –k E. (2.3)
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In turn, the change in the concentration of DMSP over time will be affected by the

decrease in the amount of enzyme:

dDMSP

dt
=
–vmax E DMSP

KM +DMSP
, (2.4)

where KM is the previously reported Michaelis-Menten constant (see the Methods

section) and vmax is the fitted maximum velocity per enzyme (units of nM sub-

strate/min), such that Vmax, the maximum catalytic activity when the enzyme is

saturated, is equal to vmaxE. The results of this modelling show very good agree-

ment with the data (Figure 2). We performed additional enzyme assays for Alma1,

the enzyme with the highest activity, in order to get experimental support for this

hypothesis (Supplementary Methods). When the enzyme is in a very low concen-

tration, the reaction stalls early and when most of the DMSP is still remaining in

the reaction. Adding higher concentrations of enzyme proportionally increases the

fraction of DMSP degraded. Similarly, when additional DMSP is added to reaction

vials where most of it was already consumed, the added DMSP was degraded very

slowly (Supp. Figure 2). Thus, the experimental results validate the modelled

prediction of a loss of enzymatic activity over the course of the DMSP degradation

assays.

Despite reacting DMSP with large concentrations of DddP and DddQ, the enzymes

that seem to exhibit the larger loss of activity, we still could not detect complete

degradation of DMSP by these enzymes. To establish if this could affect the

fractionation factors calculated below from the isotopic compositions of DMSP

over the course of the enzymatic degradation experiments, we performed modelling

for DddP. We integrated Eqs. 2.3 and 2.4 for 34DMSP and 32DMSP (more details

are provided in the Supplementary Methods), and used their values to compute the

δ
34S of DMSP for k = 0 and k = 0.08. We determined the theoretic fractionation

factors (34Y) from the slope of the regression of ln (δ34SDMSP +1) vs. ln f (fraction
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of DMSP remaining) in both cases, as described in the Methods section. We found

that the apparent loss of enzyme activity should not affect the enrichment factors

by more than 0.01 h (Supp. Figure 3 A and B). If the enzyme activity was kept

constant, the δ34S values of DMSP that we measured would be larger, because they

would be driven to a greater extent of reaction (more DMSP degradation) than under

a loss of enzyme activity. In the two cases, there would be a substantial difference

in the ln (δ34SDMSP +1) as a function of time, but not as a function of ln f (Supp.

Figure 3 C).

DmdA (DMSP demethylase) DddD (Bacterial DMSP lyase) Alma1 (Eukaryotic DMSP lyase) DddP (Bacterial DMSP lyase)

DddQ (Bacterial DMSP lyase) DddY (Bacterial DMSP lyase) DddK (Bacterial DMSP lyase)
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vmax/KM= 0.029±0.01 vmax/KM= 0.082±0.01 vmax/KM= 0.125±0.01 vmax/KM= 0.072±0.02

vmax/KM= 0.101±0.03 vmax/KM= 0.084±0.02 vmax/KM= 0.015±0.004

A B C D

E F G

Figure 2: Degradation of DMSP by the enzymes depicted in Figure ??: (A) DmdA,
which catalyzes the demethylation pathway; (B) DddD, which catalyzes the cleavage
pathway with the production of 3-HP-CoA; (C) Alma1, which is the only eukaryotic
DMSP lyase described; (D) DddP, the most abundant and expressed bacterial DMSP
lyase; and (E) DddQ, (F) DddY, and (G)DddK, other DMSP lyases. The points are
combined data from triplicate measurements for each enzyme and the lines represent
a fit of the reaction rate based on the Michaelis-Menten kinetics, assuming that the
enzymes lose activity over time with a first order degradation rate. vmax/KM is the
effective catalytic rate of each enzyme, in min–1. Shaded regions represent the 95%
credible intervals from the Bayesian inference of Michaelis-Menten kinetics with
enzyme degradation.

Since there is no way to discern if the isotope effects of the DMSP degrading

enzymes impact Vmax only, KM only or both, the previous model had to make

assumptions about them for both 34S and 32S, as well as about the rate of loss of
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enzyme activity. To guarantee the reliability of the fractionation factors that we

determined, we performed sensitivity tests to determine how much the fractionation

factors at steady-state would change for different enzyme degradation rates, 32Vmax

and 32Vmax/
32KM. We found that changing 32Vmax (or 34Vmax) would have a

neglibible impact on the fractionation factor, whereas changing 32Vmax/
32KM (or

34Vmax/
34KM) would only change it by 0.02 h (Supp. Figure 4). These analyses

are fully described in the Supplementary Methods and allowed us to further confirm

that the fractionation factors determined from the δ34S values of DMSP that we

measured are reliable.

Having established that a loss of enzyme activity should not affect the measured

δ
34S values, we used them together with the fractions of DMSP remaining in each

enzymatic reaction at each data point to calculate the fractionation factors (34Y,

Figure 3). All of the enzymes evaluated were found to have normal kinetic isotope

effects (i.e. negative fractionation factors), that range between -1.2 and -9.1h.

4. DISCUSSION

The fractionation factors (34Y) determined here are negative (normal isotope effects),

span a range of ∼ 8h, and are not correlated with the effective catalytic rate

(vmax/KM) or the Michaelis-Menten constant (KM) of each enzyme. These 34Y

values are small compared to those of other biological sulfur transformations such

as sulfate reduction (Sim et al., 2011) and sulfur disproportionation (Canfield and

Thamdrup, 1994). The most plausible reason is that the cleavage of the C-S bond

is not the rate-limiting step in the reaction, and therefore, there is little sensitivity

to sulfur isotopes once this step takes place (i.e. Goldstein, 1966). Specifically,

in the case of the DMSP lyases that cleave DMSP to DMS and acrylate, the sulfur

cleavage reaction happens near the end of a cascade that is initiated by removing

the hydrogen from the alpha carbon position (Supp. Figure 5). The larger the
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Figure 3: Evolution of the δ34S values of DMSP as it is degraded by (A) DmdA,
which catalyzes the demethylation pathway; (B) DddD, which catalyzes the cleavage
pathway with the production of 3-HP-CoA; (C) Alma1, which is the only eukaryotic
DMSP lyase described; (D) DddP, the most abundant and expressed bacterial DMSP
lyase, and (E) DddQ, (F) DddY, and (G)DddK, other DMSP lyases. Measurements
were made at the same points as the concentrations depicted in Figure 2. The
points are combined data from triplicate measurements for each enzyme. Values
of ln (δ34SDMSP +1) are plotted against the negative ln of the fraction of DMSP
remaining (fR). The lines represent a linear fit of the Rayleigh distillation equation,
where the slope was taken as a measurement of the fractionation factor, 34Y. Shaded
regions represent the 95% credible intervals from the Bayesian inference of the
linear regression.

reversibility of this H abstraction step, the larger the size of the kinetic isotope on

the S isotopes of the residual DMSP (Kaplan and Rittenberg, 1964). This expected

trend matches our observations, since the magnitude of the fractionation factors

(Alma1<DddP<DddY∼DddQ<DddK) is correlated with the reversibility of the

reactions. Alma1 uses cysteine as a nucleophile (Alcolombri et al., 2015), whereas

DddP uses aspartate and coordination to an Fe atom (P. Wang et al., 2015), DddY

and DddQ have DMSP coordinated to a Zn (sometimes Fe) atom and use tyrosine

as nucleophile (Li et al., 2014), and DddK uses tyrosine as well but coordinates

DMSP to a Mn or Ni atom (Peng et al., 2019; Schnicker et al., 2017, Supp. Figure

5). Thus, the DMSP cleavage reactions with acrylate as a byproduct in which a
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stronger nucleophile is involved (i.e. cysteine) are less reversible than those where

a weaker nucleophile is involved (i.e. tyrosine), and consequently have smaller

isotope effects.

Despite the diversity of DMSP degrading enzymes, the Tara Oceans expedition

found that more than 90% of the expressed bacterial DMSP lyases (fraction <3 μm)

are DddP homologs (Curson et al., 2018; Supp. Figure 6). Thus, we modelled the

expected δ34S values of seawater DMSP assuming that DMSP is either demethy-

lated or cleaved by only Alma1 (eukaryotic DMSP lyase) or DddP, incorporating

our fractionation factors in the calculations. The model is described in detail in

the Supplementary Methods, and the results for different activities of each enzyme

are shown in Figure 4. We considered the ocean as a single box with a constant

inward flux of DMSP from a single process (biosynthesis) and two possible outward

fluxes, cleavage, and demethylation. The mixing ratio between the three possible

consumption pathways for DMSP that our model considers — demethylation, bac-

terial cleavage by DddP, and eukaryotic cleavage by Alma1 — will determine the

δ
34S of seawater DMSP. If the production of DMSP is balanced by consumption (a

reasonable assumption in the ocean due to the rapid turnover of DMSP), mass bal-

ance constrains the isotopic composition of DMSP to be different from the input by

the isotope effect (Hayes, 2001). In other words, the isotopic composition inherited

by DMSP from its biosynthetic pathway is subsequently altered by consumption,

and the enzyme with a higher concentration (due to differences in community com-

position and/or gene expression) or activity (faster reaction rates) will drive the

δ
34S of DMSP towards its fractionation value. As a consequence, when eukaryotic

cleavage is the dominant process (Alma1; 34Y ∼ –1h), DMSP will have the lowest

δ
34S, when demethylation dominates (DmdA; 34Y =∼ –3h), DMSP will have an

intermediate δ34S value, and when bacterial cleavage dominates, DMSP will be able

to reach the heaviest possible δ34S values, assuming that the input of DMSP to the
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ocean has an approximately constant δ34S value.
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Figure 4: Prediction of the δ34S values of DMSP in seawater (SW, colorbars),
assuming that DMSP is degraded only by Alma1 (eukaryotic DMSP lyase), DddP
(most abundant bacterial DMSP lyase), and DmdA (DMSP demethylase). The
isotopic mass balance calculation assumed a δ34S of 17 h for the incoming flux of
DMSP. The ternary plots show the expected S isotopic composition of DMSP when
Alma1, DddP, and DmdA fractionally contribute to DMSP degradation amounting
to a total of 1 (or 100%), when that contribution is considered in terms of (A) the
enzyme concentrations in transcripts per liter or (B) the enzyme catalytic rate for
the light and most abundant isotope of sulfur (32S, 32Vmax/

32KM) of each enzyme.

The value of –1.18 ± 0.06h for the 34Y of Alma1 agrees with an 34Y of -1 to -1.5

h reported for DMSP cleavage in culturing experiments with the macroalgae Ulva

lactuca and Ulva linza (Oduro et al., 2012). To our knowledge, no other absolute

fractionation factors for DMSP degrading enzymes had been reported before. Our

modelling approach demonstrates their usefulness to infer the DMSP degradation

process that dominates over a sample with a particular δ34SDMSP. We predict values

of environmental δ34S of DMSP that range from 18.2 to 21.1h. These values fall

within the range of δ34S of DMSP measured in seawater to date during normal

(non-bloom) conditions (Amrani et al., 2013; Carnat et al., 2018), spanning 17.8

to 20.5h at depths up to 140 m, and 18.9 to 20.3h in surface waters (0 to 5 m).

The model assumed an isotopic composition of 17h for newly synthesized DMSP

(before it is affected by any degradation process) in order to capture the entire
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range of non-bloom seawater δ34SDMSP measurements. This value is lower than

the data of intracellular δ34SDMSP reported by Oduro et al. (2012) in macroalgae

(18.2 ± 0.6h) and phytoplankton (19.6 ± 0.3h), and by Gutierrez-Rodriguez et al.

(2017) in Phaeocystis and foraminifera (∼ 20h). This indicates that there must

be a normal isotope effect in the synthesis of DMSP from marine sulfate (21h),

and that the intracellular δ34SDMSP measured by Oduro et al. (2012) and Gutierrez-

Rodriguez et al. (2017) might already have been affected by cleavage by Alma1,

which would leave the residual DMSP enriched in 34S.

On the other hand, the values measured by Amrani et al. (2013) for the δ34S of DMS

in seawater were found to be consistently higher relative to the δ34S of DMSP in

the same samples by an average of 0.6h throughout the water column. The same

study found a –0.5h fractionation factor associated to the volatilization of DMS.

The fractionation factors for DMSP cleavage reported here and the fractionation

factor for DMS volatilization reported by Amrani et al. (2013) alone would not be

able to explain the seawater δ34SDMS under normal conditions. However, under

non steady-state conditions, such as at the end of a bloom, fast recycling of organic

sulfur compounds might increase the δ34SDMS values. The only other processes that

could cause a fractionation of S isotopes in DMS are consumption by organisms and

photooxidation. If photooxidation was responsible for the enrichment of 34S in DMS

relative to DMSP, Gutierrez-Rodriguez et al. (2017) should have found 34Y values

different than those reported by Oduro et al. (2012), since these studies performed

incubations under light and dark conditions, respectively. Therefore, we propose

that there must be a normal isotope effect of about -2.5 to -7.5 h associated with

microbial DMS consumption, which drives the residual DMS back to a δ34S close

to that of seawater sulfate (Fig. 5). This was previously hypothesized by Amrani

et al. (2013) and it is consistent with the observations from Gutierrez-Rodriguez

et al. (2017) in seawater incubations. Alternatively, the inputs of DMSP to the



42

ocean might have different δ34S values, which would increase the range of possible

δ
34SDMS in seawater samples.
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box are predicted based on the fractionation factors found in this study. The sub-
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The presence of DMSP lyases in marine bacterial genomes is variable. In particular,

DddK is much more abundant in southern high latitudes (Landa et al., 2019). On

the other hand, it has been established that DMSP and DMS productivity is high in

coastal and marine sediments, and that bacteria are important DMSP producers in

these environments (Williams et al., 2019). DMSP lyases that do not have a high

representation in the global ocean metatranscriptomes, such as DddD and DddY

(Supp. Figure 6), have been isolated from coastal and intertidal settings (Curson

et al., 2011; De Souza and Yoch, 1995; Todd et al., 2007), in association with

plant roots and microaerobic environments. These differences could be responsible

for local variability in the δ34S of environmental DMSP. Studies based on the

tracing of 35S-labelled DMSP (Kiene et al., 2000) and the quantification of sulfur
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species (Bates, 1994) determined that usually less than 30% of DMSP is cleaved

in natural waters. This would imply that demethylation is the dominant DMSP-

degrading process over most of the ocean, and is consistent with the presence of

DmdA in 19% of the Tara Oceans’ surveyed bacterial genomes, versus that of all

of the bacterial DMSP lyases combined in only 9% of them (Landa et al., 2019).

The average value of seawater δ34SDMSP from Amrani et al. (2013) (19.6h) and

values of environmental δ34SDMSP of ∼ 19 to 20 h predicted by our model are

reasonable if demethylation is the dominant DMSP degradation process. It has also

been established that the transcripts of DmdA are about one order of magnitude

more abundant than those of DddP in the open ocean (Levine et al., 2012; Varaljay

et al., 2015), and that both increase during algal blooms (Varaljay et al., 2015).

Transcriptomic data for Alma1, the eukaryotic DMSP lyase (Vorobev et al., 2020,

Supp. Figure 6), also indicate higher expression levels of this enzyme in the Southern

Ocean and the North Atlantic Ocean, where high DMSP producers like Phaeocystis,

coccolithophores and diatoms thrive (Yoch, 2002). However, no Alma1 transcripts

were found in most of the stations sampled by the Tara Oceans expedition. This

suggests that the expression of Alma1 is mostly limited to localized spots in the

ocean, possibly associated with blooms. If that was the case, and its expression

dominated over that of bacterial DMSP lyases during blooms, the δ34SDMSP would

be driven closer to that of the source, because of its small normal isotope effect.

Slightly higher values of δ34SDMSP were measured by Amrani et al. (2013) in a

Greenland bloom in samples kept at 25 °C (19.5 to 22.1 h) relative to nonbloom

conditions. These values might reflect a dominant activity of bacterial DMSP lyases

during that bloom, or an enrichment in the 34S enhanced by rapid recycling of organic

sulfur. In the same study, the values of δ34SDMSP of a Mediterranean Sea bloom

were not different from those of non-bloom conditions, which highlights the need

of more studies on ecosystem changes during blooms to address these differences.
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5. CONCLUSIONS

The fractionation factors reported here provide an indication of the biological fates

of DMSP in the ocean. For most of the ocean, the δ34SDMSP values will be the

result of a mixed contribution from demethylation, bacterial cleavage and eukaryotic

cleavage. Our data can be useful to address whether bacterial or eukaryotic DMSP

degrading processes dominate at a local scale. Since the bacterial DMSP lyases have

higher fractionation factors (approx. -4 to -9 h), samples with heavier-than-average

δ
34SDMSP measurements might provide key clues to address why the switch from

demethylation to cleavage happens in bacteria (Simó, 2001). More measurements of

seawater δ34SDMSP, tied to microbial metagenomics and metatranscriptomics, are

needed to fully understand how seawater δ34SDMSP values are affected by ecological

dynamics, and could also be key to understanding the role and evolution of the DMSP

degrading enzymes. Additionally, identifying the S isotope fractionations imparted

by DMSP biosynthesis and biological DMS consumption will be critical to improve

our understanding of relative importance of bacteria and algae in the cycling of DOS

and the implications of these processes for marine microbial communities.
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7. SUPPLEMENTARY METHODS

Bayesian data analysis

In this section we specify the procedure to analyze both the non-linear substrate

kinetics and the linear regression performed to infer the fractionation factor for the

enzymes.

In general, Bayesian analysis is the natural language to quantify the plausibility of a

particular parameterization of models given available data. For example, assume we

have a function f that depends on parameters θ = {θ1,θ2, . . . ,θm}. This function

describes the process that generates some experimental measurements we got to

observe. This data D = {d1, d2, . . . , dN} constrains the values that our parameters θ

can take. But, given the intrinsic limitations of our measurements and the variability

in experiments, we can never determine any particular parameter value with 100%

accuracy. Instead, in the Bayesian framework we assign a probability distribution

for the values that these parameters can take. Such probability P(θ | D) —read as

probability of parameter values θ given the data D— can be computed via Bayes’

theorem as

P(θ | D) = P(D | θ)P(θ)
P(D) . (2.5)

Our objective is then to compute the so-called posterior distributionP(θ | D), which

is the product of the likelihood P(D | θ), i.e., the probability of having observed

the experimental data given some parameterization θ of our model, the prior P(θ),

i.e., the information we have about the value of the parameters before we perform

any measurements, and the so-called marginalized likelihood P(D) that, since it

does not depend on the parameter values we care about, serves as a normalization

constant that we will ignore.
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The objective of any Bayesian inference problem is to select the functional form of

each of these terms and populate them with our domain expertise. In other words,

as with any statistical analysis, we make explicit assumptions about the features of

the data, and choose certain probability functions for each of the terms previously

mentioned.

Here we will apply this general framework to analyze our data and quantify the

uncertainty on relevant parameters such as the enzymes’ fractionation factors.

Inference of fractionation factors via Bayesian linear regression. As men-

tioned before, in Bayesian parameter inference we are concerned with learning the

probability distribution over the quantities that parameterize our models. For the

particular case of the linear regression needed to infer the fractionation factor (see

Section 2.4 in Methods) let us define x ≡ log(fR) and y ≡ ln(1 + δ34SDMSP). Our

simple linear regression model then takes the form of

yi = mxi + b + εi, (2.6)

where m is the slope we are interested in, since it is the enzyme fractionation factor,

b is the y–axis intercept, and εi is a random error associated with the intrinsic

experimental errors. We take these errors to be random, i.e., we can only describe

them probabilistically. As it is commonly done, we will assume that these errors are

normally distributed, i.e.,

εi = yi – (mxi + b) ∼ N (0,σ2), (2.7)

where the symbol ∼ is read as “distributed as”, and N represents the normal (Gaus-

sian distribution), in this case with mean 0 and variance σ2. From this equation, we

would expect the random errors to have a mean of zero (positive and negative errors

are equally likely, canceling each other), and they are characterized by an unknown

variance σ2.
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The objective of this Bayesian regression is to compute the so-called posterior prob-

ability distributionP(m, b,σ2 | D), whereD ≡ {y1, y2, . . . , yN} is the experimental

data. To compute this posterior distribution we can then write Bayes theorem as

P(m, b,σ2 | D) = P(D | m, b,σ2)P(m, b,σ2)
P(D) ∝ P(D | m, b,σ2)P(m, b,σ2).

For the second equality we ignore the denominator P(D) since it does not depend on

the parameter values, and therefore only serves as a normalization constant. Let’s

now analyze the two relevant terms.

The likelihoodP(D | m, b,σ2). The likelihood term is called like this because

it reflects how likely it is to observe the dataD given a particular choice of parameter

values m, b, and σ2. This term captures the imprecision of our experimental mea-

surements. Since we cannot measure things perfectly, we must model the random

deviations from our expectation probabilistically.

The first thing we will assume is that all of our measurements are independent of

each other. This is written mathematically as

P(D | m, b,σ2) =
N∏
i=1

P(yi | m, b,σ2), (2.8)

i.e., the multiplication of the individual likelihoods. We already established what

this term P(yi | m, b,σ2) looks like when we defined that the random errors Yi have

a normal distribution. What this implies is that we have a likelihood of the form

P(D | m, b,σ2) =
N∏
i=1

1
√
2πσ2

exp
[
(yi – ŷi)2

2σ2

]
, (2.9)

where ŷi = mxi + b is the expected value given the linear model.

The prior P(m, b,σ2). The prior, as the name suggests, captures all informa-

tion we have prior to performing any measurement. It is through the prior that we
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can include all of our domain expertise by establishing what is known about the

parameters beforehand.

For our simple linear model we will use the so-called non-informative priors. Al-

though in modern statistical literature there are many reasons to not use such priors,

for such a simple linear model they will allow us to make a lot of progress ana-

lytically. The first thing we will assume is that each of the parameters’ priors are

independent. This is

P(m, b,σ2) = P(m)P(b)P(σ2). (2.10)

For both the slope m and the intercept b we will assume uniform priors, i.e. every

value within a range is equally likely. Mathematically, this is expressed as

P(m) = 1

mmax – mmin
, (2.11)

where mmax and mmin are the maximum and minimum ranges that the slope could

take. An equivalent distribution can be written for the intercept. Finally, for

the observation error σ2 we will assign the so-called Jeffreys’ prior. This is the

maximally non-informative prior for scale parameters such as σ2. The prior takes

the form

P(σ2) ∝ 1

σ2
. (2.12)

The posterior distributionP(m, b,σ2 | D). Having established the likelihood

and the prior, we can write down the posterior distribution. We will ignore all

constant terms -for example both priors for m and b- since they can be absorbed by

the proportionality constant. After some algebra, this results in

P(m, b,σ2 | D) ∝ 1(
σ2

) N+2
2

exp

[
–1

2σ2

N∑︁
i=1

(yi – (b +mxi))2
]
. (2.13)

With this equation in hand we can now focus on integrating away the nuance

parameters we don’t care about.
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Marginal probability distribution of slope P(m | D). In practice we do

not care about the joint distribution of all parameters; what we care about is the

probability distribution of individual parameters. Specifically, we want to compute

the probability of the slope m given the data P(m | D) to obtain the fractionation

factor. In order to compute this we need to integrate (marginalize) the other two

parameters. This is mathematically expressed as

P (m | D) =
∫

db

∫
dσ2 P

(
m, b,σ2 | D

)
. (2.14)

For the most part such integrals do not have analytical solutions and one has to make

use of numerical integration as we will do in the next section. But for the particular

choice of priors and likelihood we have there is a closed-form solution. One can

show that the result of this integral is a student-t distribution. More specifically we

have that

m | y1, · · · , yN ∼ t
(
N – 2, m̂,

σ̂
2

Sxx

)
, (2.15)

where t is a student-t distribution with N – 2 degrees of freedom, m̂ is the most

likely parameter value for the slope,

σ̂
2 ≡

N∑︁
i=1

(
yi – (m̂xi + b̂)

)2
, (2.16)

again having b̂ being the most likely parameter value for the intercept, and

Sxx ≡
N∑︁
i=1

(xi – x̄)2 , x̄ ≡ 1

N

N∑︁
i=1

xi. (2.17)

In accordance with this result, we performed a linear regression of ln(fR) vs.

ln(1+ δ34SDMSP) in order to compute m̂ ≡ ˆ34Yenz and b̂ ≡ ˆln(1 + δ34SDMSP,0). We

then used these numerical parameter values to compute the full distribution of the

fractionation factor, including the uncertainty on the estimates (Figure 3).

Non-linear regression of substrate kinetics. We were interested in the concen-

trations of DMSP as it was degraded by each enzyme in order to utilize the fraction
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of DMSP remaining at each timepoint, together with its δ34S, in the calculation

of the fractionation factors. The first version of this analysis consisted on simple

irreversible kinetics based on Michaelis-Menten. The assumption here is that the

rate at which the DMSP is degraded is given by the rate of product production. This

is given by
dDMSP

dt
= –

Vmax DMSP

KM +DMSP
,

where DMSP is the concentration of DMSP, t is time,Vmax is the maximum catalytic

activity when the enzyme is saturated, and KM is the Michaelis-Menten constant.

The purpose of the Bayesian approach here is to infer the value of both parameters,

Vmax and KM.

To have a more general inference we will include the initial substrate concentration

DMSP0 as a parameter to be determined. This is because there is uncertainty

associated with both the experiment and the initial measurement of this quantity. In

terms of Bayes theorem, this is written as

P(Vmax, KM, DMSP0 | D) ∝ P(D | Vmax, KM, DMSP0)P(Vmax, KM, DMSP0),

where D is the time point at which the substrate concentration was measured. Let’s

look into each of the terms.

Likelihood P(D | Vmax,KM,DMSP0) . The first thing we need to distinguish is

our theoretical expectation of the concentration of DMSP, and the actual experimen-

tal measurement that we will define as ˜DMSP. The differential equation we wrote

before for the substrate concentration is a **deterministic** model. That means

that for any given input DMSP it can only compute one output. Our likelihood func-

tion should then account for the expected deviations that our measurements ˜DMSP

will have with respect to the theoretical expectations DMSP. As is commonly done

in practice, we will define the likelihood to be a Gaussian distribution with mean
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around the theoretical expectation, and standard deviation σ2. This is written as

˜DMSP(t) ∼ N (DMSP(t),σ2),

where DMSP(t) is given by

DMSP(t) =
∫ t

0
dt

dDMSP

dt
= –

∫ t

0
dt

VmaxDMSP

KM +DMSP
.

In other words, we assume that our experimental measurement of the substrate con-

centration at time t, ˜DMSP(t), will depart from the expected theoretical prediction

DMSP(t) with a characteristic distance σ2. This theoretical prediction at time t is

then computed by integrating the differential equation from time zero to the indi-

cated time. Given that we do not have a closed-form solution for this integral, we

will then use numerical integration to compute this expected quantity.

Furthermore, we will assume that each of the measurements in our dataset D =

{ ˜DMSP0, ˜DMSP1, . . . , ˜DMSPN} are independent. This means that our likelihood

then takes the explicit form

P(D | Vmax, KM, DMSP0,σ
2) =

N∏
i=1

P( ˜DMSPi | Vmax, KM, DMSP0,σ
2)

=

N∏
i=1

1
√
2πσ2

exp
[
–
( ˜DMSPi – DMSPi)2

2σ2

]
, (2.18)

where we added the term σ2 to the likelihood since this nuance parameter needs to

be included in the inference.

Prior P(Vmax, KM,σ2). For our prior, we will first assume that all parameters

are independent of each other, i.e.

P(Vmax, KM, DMSP0,σ
2) = P(Vmax)P(KM)P(DMSP0), P(σ2).
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For the maximum catalytic rate Vmax we do not have a specific prior information

of what this value could be since it depends both on the enzyme properties, and

the amount of enzyme in the cell lysate, which we don’t know. We could then use

a maximally uniform prior as we did for the previous section. But for this case

our posterior distribution, even if we were to use a non-informative prior, will not

have an analytical solution. So, the benefits of using such priors are lost because

of how computationally problematic such priors are. We will then assign a weakly

informative prior. These are the kind of priors that help our computation take

place without the numerical problems that non-informative priors can have. More

specifically, we will use a broad Half-normal distribution

Vmax ∼ Half-N(0,σ2Vmax),

where we will choose σ2Vmax
to be broad enough such that the prior has no influence

on the outcome. In other words, we are constraining Vmax to be positive (that’s why

it follows a half-Normal distribution centered at zero), but we are not putting a strict

upper bound on which values this parameter could take.

For the Michaelis-Menten constant we have more prior information. Several papers

have characterized this parameter for the enzymes. We will then use an informative

prior for KM. More specifically, we will assume that KM has a Gaussian prior of

the form

KM ∼ N(μKM
,σ2KM

),

where μKM
and σ2KM

are the values of the mean and variance reported in the

references, respectively. **Note**: Not all enzymes have a reported variance. For

those we will use a rule of thumb assuming ≈ 10% error in the measurements.

In practice, the reported Michaelis-Menten constants for all enzymes are orders of

magnitude higher than the experimental substrate concentrations used in this work.
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This means that we could approximate our original dynamics as

dDMSP

dt
≈ Vmax

KM
DMSP, for KM ≫ DMSP.

Therefore, the only value we should trust is the ratio of Vmax/KM, since the par-

ticular value of Vmax for the experiment will depend on both the amount of initial

enzyme in the lysate, and the KM values reported in the literature.

For the initial concentration DMSP0 we will also assume a Gaussian prior. For

simplicity we will take it to be

DMSP0 ∼ N( ¯DMSP0,σ
2
DMSP0

),

where ¯DMSP0 is the mean initial concentration measured, and σ2DMSP0
is the

experimental variance in this number.

Finally, for the observation error σ2 we will assume a half-Normal prior. This prior

has the advantage compared to the Jeffreys’ prior used in the previous section that it

helps our sampler work properly. We chose a half-Normal distribution to allow the

error to be arbitrarily close to zero without going into the forbidden negative values.

The (untractable) posterior distributionP(Vmax, KM, DMSP0,σ
2 | D). Putting

all terms together gives a quite complicated posterior distribution. As mentioned

before, this distribution cannot be marginalized to obtain the individual parameter

distributions, so we have to make use of numerical methods.

More specifically, we used state-of-the-art Markov Chain Monte Carlo (MCMC) in

order to sample out of this posterior distribution. The advantage of using MCMC is

that, by generating a biased random walk in the 4D parameter space of this particular

inference problem, the amount of time that a particular region in this parameter is

visited by the walker is proportional to the probability of those parameters.

As seen in Supp. Fig. 1, the credible region of the inferences is very large for several

of the enzymes. This suggests that the simple model with irreversible kinetics is not
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sufficient to describe the phenomenology, and the uncertainty of the parameters is

extremely large. For this reason, we performed the experiments to test the loss of the

enzyme activities described in the Supplementary Methods, and we also performed a

new fit to Michaelis-Menten kinetics assuming loss of enzymatic activity (described

in the Results section).

Irreversible enzyme kinetics with enzyme degradation. The Bayesian inference

from before still applies, and we just need to add an extra parameter k (rate of loss

of enzyme activity) to the inference. Just as for the original Vmax, we will assign

a half-Normal prior to both vmax, the maximum catalytic rate per enzyme, and k.

The results of this fit with the corresponding vmax/KM are shown in Fig. 2. This

extended model, in which the enzyme degradation is taken into account, has a much

more satisfactory agreement with the data, and the values of vmax/KM seem all

reasonable. Since Alma1 was already properly fit with the original simpler model

with just irreversible enzyme kinetics and no enzyme degradation, we took this

enzyme to be properly modeled as the simple irreversible kinetics without enzyme

degradation.
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8. SUPPLEMENTARY FIGURES
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Supp. Fig. 1: Degradation of DMSP by the enzymes depicted in Fig. 1: (A) DmdA,
which catalyzes the demethylation pathway; (B) DddD, which catalyzes the cleavage
pathway with the production of 3-HP-CoA; (C) Alma1, which is the only eukaryotic
DMSP lyase described; (D) DddP, the most abundant and expressed bacterial DMSP
lyase; and (E) DddQ, (F) DddY, and (G)DddK, other DMSP lyases. The dots are
combined data from triplicate measurements for each enzyme and the lines represent
a fit of the reaction rate based on the Michaelis-Menten kinetics. Shades represent
the 95% credible regions from the Bayesian inference of Michaelis-Menten kinetics.
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Supp. Fig. 2: DMSP degrading enzymes lose activity over time, as exemplified
here by Alma1, the eukaryotic DMSP lyase. The plots show DMSP degradation over
time at varying conditions. Enzyme assays were set up at an initial concentration of
∼100 μM DMSP. (A) Degradation of DMSP by different concentrations of Alma1.
(B) Degradation of DMSP by Alma1 at a concentration of 1.5X. 5 replicates were
set up at t=0, and at t=38 min (dashed vertical line) further DMSP at different
concentrations was added. (C) Degradation of DMSP by Alma1 at a concentration
of 0.25X. 5 replicates were set up at t=0, and at t=38 min (dashed vertical line)
further Alma1 at different concentrations was added.
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Supp. Fig. 3: The measured δ34S values of DMSP (and the 34Y calculated from
them) are not greatly affected by loss of enzymatic activity. The plots correspond
to modelling results for DddP. (A) Expected Rayleigh plot of ln (δ34S+1) values of
remaining DMSP vs. negative ln of the fraction of DMSP remaining in the reaction,
under a scenario where the enzymatic activity is constant (the degradation rate k
is 0). (B) Expected Rayleigh plot of ln (δ34S+1) values of remaining DMSP vs.
negative natural log. of the fraction of DMSP remaining in the reaction, under a
scenario of loss of enzymatic activity throughout the course of the enzyme assay
(k=0.08). (C) Measured ln (δ34S+1) values of remaining DMSP vs. time for 3
replicates of the enzyme assay (same as in Figure 3). The model predictions when
there is loss (red curve) and no loss (blue line) of enzymatic activity are plotted on
top.
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DddK acts as the catalytic base (Peng et al., 2019; P. Wang et al., 2015).
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Supp. Fig. 6: Transcriptomic data for the expression of DMSP lyases from the
Tara Oceans expedition (Pesant et al., 2015), in reads per kilobase per million
mapped reads. The data belongs to the filter fraction < 3μM and was compiled
by Curson et al., 2018 and Vorobev et al., 2020. (A) Expression of DMSP lyase
(cleavage pathway) genes. The y-axis is in linear scale from 0 to 10–1 and in log
scale from 10–1 on. Note that the median for alma1 and dddY is 0. (B) Expression
of bacterial DMSP lyase (cleavage pathway) genes across ocean and sea regions.
The genes that are not shown have too low numbers to be visible in the plot. (C)
Expression of Alma1 (eukaryotic DMSP lyase) across ocean and sea regions. Note
that the medians are different from 0 only in the Mediterranean Sea, the North
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Abstract

The microbial recycling of organic matter in marine sediments depends upon elec-

tron acceptors that are utilized based on availability and energetic yield. Since

sulfate is the most abundant oxidant once oxygen has been depleted, the sulfide pro-

duced after sulfate reduction becomes an important electron donor for autotrophic

microbes. The ability of sulfide to be re-oxidized through multiple metabolic path-

ways and intermediates with variable oxidation states prompts investigation into

which species are preferentially utilized and what are the factors that determine the

fate of reduced sulfur species. Quantifying these sulfur intermediates in porewa-

ters is a critical first step towards achieving a more complete understanding of the

oxidative sulfur cycle, yet this has been reported in fewer than 30 studies, none of

which include oligotrophic sedimentary environments in the open ocean. Here we

provide the first profiles of porewater sulfur intermediates from a multicore in the
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San Clemente Basin (SCB), California, and three gravity cores collected at different

depths near Cocos Ridge (CR), Costa Rica. We complement this information with

depth profiles of major ions, sulfate isotope compositions, and redox-sensitive met-

als, and integrate these datasets with 16S rRNA microbial community composition

data and solid-phase sulfur concentrations. We did not find significant correlations

between S species or trace metals and specific S-cycling taxa at SCB or CR, which

suggests that sediment microorganisms in pelagic, and oxic sediments may be gener-

alists utilizing flexible metabolisms to oxidize organic matter with different electron

acceptors.

1. INTRODUCTION

In deep sea sediment porewaters, electron acceptors are utilized for the remineral-

ization of organic matter depending on their energetic yields and thermodynamic

constraints in the following order: O2, NO–
3, MnO2, Fe2O3, and SO2–

4 (Bender

and Heggie, 1984; Froelich et al., 1979; Jørgensen, 1982; Stumm and Morgan,

1970). Typically, respiration processes for one of these electron acceptors should

not begin until the previous one has been exhausted (Canfield and Thamdrup, 2009),

but overlaps in natural environments are common, for instance, between the oxygen

and nitrate (Jensen et al., 2008; Robertson et al., 1995), and the iron and sulfate

(Canfield, Thamdrup, et al., 1993; Canfield, Jørgensen, et al., 1993) reduction zones.

Half of the organic matter in coastal sediments gets remineralized through sulfate

reduction (Canfield, 1989; Jørgensen, 1982), because of two main reasons: 1) the

high abundance of marine sulfate (28 mM; Stumm and Morgan, 1970), enhanced by

the solubility of sulfate salts, which makes it far more abundant that oxygen (∼0.4

mM; Garcia et al., 2019), and 2) the high fluxes of labile organic carbon that charac-

terize these settings (Berner, 1978; Goldhaber and Kaplan, 1975; Toth and Lerman,

1977), which lead to the rapid consumption of more energetically favorable elec-
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tron acceptors like oxygen and nitrate, leaving sulfate as a major electron acceptor.

Because of this, sulfate reduction dynamics have received considerable attention,

particularly in coastal sediments (Berner, 1964; Kaplan et al., 1963; Raven et al.,

2016; Thamdrup et al., 1994; Troelsen and Jørgensen, 1982). Global estimates sug-

gest that 29% of the marine organic carbon flux gets remineralized through sulfate

reduction on the seafloor, generating 11.3 teramoles of sulfide every year (Bowles

et al., 2014). More than 90% of sulfide produced from sulfate reduction in marine

sediments gets reoxidized to sulfate by biotic or abiotic means (Jørgensen, 1982) via

the production of sulfur species with intermediate valence states, such as thiosulfate

(S2O2–
3 ; Jørgensen, 1990), sulfite (SO2–

3 ; Thamdrup et al., 1994), and elemental

sulfur (S0; Canfield, 2001; Troelsen and Jørgensen, 1982). These reduced sulfur

intermediates may be utilized as a source of energy through oxidation (Troelsen and

Jørgensen, 1982) or disproportionation (Bak and Pfennig, 1987; Bak and Cypionka,

1987) by marine microorganisms, in some cases leading to so-called cryptic sul-

fur cycles, in which sulfide is not detectable despite observations of active sulfate

reduction, in particular at oxygen minimum zones and sulfate-methane transition

zones (Holmkvist, Ferdelman, et al., 2011; Holmkvist, Kamyshny Jr, et al., 2011).

Sulfur isotopes have been used to characterize the microbial transformations of

sulfur since S isotope fractionation during bacterial sulfate reduction (BSR) was first

reported in 1951 (Thode et al., 1951). When sulfate is used as the electron acceptor

for the oxidation of organic matter (dissimilatory BSR), sulfur isotope fractionation

factors can range from slightly positive down to -66h (Detmers et al., 2001).

Decades of research on the biological fractionation of sulfur isotopes (Canfield,

2001; Chambers and Trudinger, 1979) have led us to understand that the fractionation

during dissimilatory BSR is negatively correlated with the availability of electron

donor (Harrison and Thode, 1958; Kaplan and Rittenberg, 1964) and the specific rate

of sulfate reduction (Habicht and Canfield, 1997), and often positively correlated
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with sulfate concentrations (Habicht and Canfield, 1997; Jones and Starkey, 1957).

Oxygen isotopes of sulfate are also an important tool to constrain the cycling of

sulfur, because sulfate does not easily exchange oxygen atoms with water (Lloyd,

1968) but sulfur intermediates such as such as adenosine phosphosulfate (APS;

Kemp and Thode, 1968; Mizutani and Rafter, 1973) and sulfite (Fritz et al., 1989)

potentially do. As a result, the presence of non-marine δ18O of SO4 in porewater

species implies that sulfate has originated from the microbial oxidation of reduced

sulfur species.

Enclosed basins with low oxygen, high sulfide, and high organic matter content

(Findlay et al., 2015; Hayes et al., 2006; Raven et al., 2015), such as the Black Sea

(Zopfi et al., 2004) and the Santa Barbara Basin (Raven et al., 2016), have received

the most attention regarding the oxidative sulfur cycle. In contrast, there has been

a paucity of studies regarding the potential of oxic or hypoxic pelagic sediments to

harbor intermediate sulfur species, which might be relevant for sustaining microbial

communities, in particular where the availability of organic matter as an oxidant is

low. The observation that sulfate in pelagic sediments shows little change in con-

centration with depth and has low reduction rates (Canfield and Des Marais, 1991)

due to the absence of strong anoxic conditions (Froelich et al., 1979) might have led

to the assumption that reduced sulfur species are negligible in these environments.

However, sulfate reduction is reported in oxygenated environments (Canfield, 1991;

Jorgensen and Bak, 1991), and also at micromolar concentrations in the deep ocean

(Holmkvist, Ferdelman, et al., 2011; Holmkvist, Kamyshny Jr, et al., 2011), which

suggests that an oxidative sulfur cycle could be active and relevant even under a low

abundance of reduced sulfur species.

Here, we present the first profiles of porewater sulfur intermediates for pelagic

sediments near Cocos Ridge (CR) in the Eastern Equatorial Pacific, as well as

a 40 cm core from the San Clemente Basin (SCB). We complement them with
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concentration, oxygen, and sulfur isotope profiles for sulfate, as well as concentration

profiles of major ions, iron, and manganese. Most of these are sampled at 3 to 5

cm resolution across a depth of 1.2 to 2 meters, aiming at characterizing the extent

of electron acceptor reaction zones within the sediments. We also provide 16S

rRNA data for the sediment microbial community composition, as well as solid-

phase organic carbon and elemental sulfur concentrations. We demonstrate that nM

concentrations of thiosulfate, sulfite and sulfide are indeed present in pelagic, mostly

oxygenated sediments, and can be detected with the bromobimane derivatization

method using a combination of mass spectrometry and fluorescent detectors in a

liquid chromatograph. We find that the diversity and type of 16S rRNA sequence

variants are slightly correlated with depth, but not with locality or abundance of

sulfur, manganese, and iron, which highlights the flexibility of microbial metabolism

and the importance of integrating more comprehensive genomic and geochemical

data towards a better understanding of global biogeochemical cycles.

2. MATERIALS AND METHODS

Site background and sample collection

The sediment cores analyzed in this study were collected in November and December

2021 as part of the R/V Sally Ride cruise SR2113. A 40 cm multi-core was taken

from a depth of 1965 m at the San Clemente Basin (SCB) with a bottom water oxygen

concentration of ∼53 μM (Supp. Fig. 1). SCB is a semi-enclosed basin with one

of the lowest sedimentation rates (∼15 mg/cm2/yr) in the California Borderland

(Schwalbach and Gorsline, 1985), and up to 2% TOC (Bender et al., 1989). Three

1.2-2 m gravity cores were collected at different stations, CR 02 (2633 m depth,

∼100 μM bottom water O2), CR 03 (1614 m depth, ∼75 μM bottom water O2), and

CR 04 (1857 m depth, ∼75 μM bottom water O2) near Cocos Ridge in the Eastern

Equatorial Pacific (Fig. 1) with sedimentation rates below 2 mg/cm2/yr (Dong et
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al., in prep; Supp. Fig. 1).

Immediately after collection, the cores were cut in ∼70 cm fragments, drilled every

3 or 5 cm for < 0.4 mm diameter holes, and placed in an anaerobic bag filled with

N2 in a 4°C cold room. Rhizons (Rhizosphere Research Products) were inserted

in the previously drilled holes for porewater collection. 2 ml of porewater were

aliquoted into acid-washed vials for trace metal quantification, 2 ml were aliquoted

into a vial for silica and major ion quantification, 1 ml was aliquoted in a vial with 1

ml of 1M BaCl2 for precipitation of sulfate as BaSO4, and 500 μl were aliquoted in

a vial with 1 M zinc acetate for the precipitation of sulfide as ZnS. Vials were kept at

4°C until analysis. For preservation of reduced sulfur species, 150 μl of porewater

were aliquoted in an amber vial with 150 μl of monobromobimane reagent (50

mM bromobimane in acetonitrile) and 225 μl of buffer (50 mM HEPES and 5 mM

EDTA, pH 8). The reactions were quenched after 1h with the addition of 600 μl

of 65 mM methanesulfonic acid, and the vials were kept at -20°C until analysis.

We utilized derivatization with bromobimane to rapidly fix labile sulfur species

and prevent their reactions with oxygen, and to enable non-destructive fluorescent

detection (Smith et al., 2017). For sediment sampling, core fragments were taken

outside the anaerobic bag and 1 cm diameter holes were drilled over the previously

drilled holes. ∼5 g of sediment was collected from each hole into a combusted and

UV sterilized glass vial. The sediments were kept frozen at -80°C until analysis.
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Figure 1: A) Map of the stations sampled for porewaters and sediments in this
study. B) and C) show insets for the San Clemente Basin and Cocos Ridge stations,
respectively, which correspond to the dashed squares in A).

Geochemical measurements

Porewaters

Major ions: Major ions were measured with parallel ion chromatography (IC)

systems operated simultaneously (Thermo Integrion). Porewater samples from the

San Clemente Basin multicore and the Cocos Ridge gravity cores were diluted 1:50

(for calcium, magnesium and sulfate) or 1:10 (for nitrate and strontium) with milli-

Q water to a final volume of 5 ml, including an IAPSO salinity standard and an

internal standard as quality controls every 5 samples, and a full standard curve at

the beginning and the end of the run. 50 mM NaCl was used in the standards for

matrix matching. Standard measurements were fitted to a line, and their ranges were

∼2-600 μM. The detection limits were 10 µM and the relative standard deviations
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were below 3%. The concentrations were normalized by sodium for potential

evaporation. A single autosampler (Thermo AS-DV) loaded both the cation and

anion systems’ sample loops serially. The 5-microliter sample loop on the cation

IC system was loaded first, followed by a 5-microliter sample loop on the anion IC

system. Columns were maintained at 30°C, suppressors at 25°C, and detection was

at 35°C. Anionic components in the sample were resolved using a AS-19 separator

(2x250mm) column protected by an AG-19 guard (2x50mm). A hydroxide gradient

was produced using a potassium hydroxide eluent generator cartridge and pumped

at 0.25 mL per minute. The gradient began with a 10 mM hold for 5 minutes,

increased linearly to 48.5 mM at 27 minutes and then to 50 mM until the end

of data acquisition at 40 minutes. 10 minutes were allowed between analyses to

return the column to initial conditions. Anions were detected at neutral pH using

an ASRS-300 2mm suppressor (Thermo) operated in eluent recycle mode with

an applied current of 30 mA and conductivity detection cell maintained at 35°C.

Cations were resolved using a CS-16A separator column (2x250mm) protected by a

CG-16A guard column (2x50). A methylsulfonic acid gradient was produced using

a methylsulfonic acid-based eluent generated cartridge and pumped at 0.16 mL per

minute. The initial concentration was 10 mM until 5 minutes, then increased to 20

mM at 20 minutes with a concave up profile (Chromeleon curve 7) and finally to 40

mM at 40 minutes with a convex down profile (Chromeleon curve 1). The column

and detector systems were allowed to stabilize at the initial condition for 10 minutes

in between runs. Suppressed conductivity detection using a Dionex CERS-500 2mm

suppressor operated in eluent recycle mode with an applied current of 15 mA. Data

was processed using ThermoFisher Scientific Chromeleon software, version 7.2.

Dissolved silica measurements were performed via a molybdenum blue spectropho-

tometric method (Parsons et al., 1984), and were used to correct the depths of the

gravity cores by aligning them to multicores to account for loss of the sediment
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at the sediment-water interface. The analytical precision of the measurements was

1.3%. We determined that the core collected at CR02 had an overpenetration of

3.5 cm and those collected at CR 03 and CR 04 had an overpenetration of 6 cm.

The depths in the geochemical profiles we present have already incorporated this

correction.

Trace metals: Iron and manganese concentrations were determined by In-

ductively Coupled Plasma - Mass Spectrometry (ICP-MS) using an Agilent 8800

QQQ-ICP-MS. The sample introduction system consisted of a micromist nebulizer,

scott type spray chamber and fixed injector quartz torch. A guard electrode was

used, and the plasma was operated at 1500 W. Measurements were made in no-gas

single-quad mode or MS/MS mode with helium in the collision/reaction cell. Ex-

ternal standards were prepared from mixed trace metal ICP-MS degree standards in

5% nitric acid from Inorganic Ventures/ I.V. Labs, Inc. (Lakewood, NJ, USA) in

NaCl (to match the matrix of the samples) to a final concentration of ∼1-50 ppb and

50 mM NaCl. Samples and standards were both analyzed at a dilution ratio of 20:1

5% nitric acid to sample. Detection limits for iron and manganese were 0.01 and

0.014 μM, and the relative standard deviation was 0.033 and 0.084%, respectively.

Reduced sulfur species: We attempted to measure sulfide through Cline as-

say (Cline, 1969), which has a detection limit of about 20 μM, but could not

detect any. For this reason, we quantified sulfide, as well as sulfite and thiosul-

fate in porewater samples derivatized with monobromobimane in an AcquityTM

ultra-performance liquid chromatograph (Waters, Milford, MA, USA) coupled to an

ACQUITY fluorescence (FLR) and a Xevo G2-S electrospray ionization quadrupole

time-of-flight (TOF) mass spectrometer (Waters Micromass, Manchester, England)

[UPLC/ESI-Q-TOF-MS]. Mixed standards were prepared with serial dilutions of

sodium thiosulfate, sodium sulfide and sodium sulfite (Sigma-Aldrich) in acetoni-
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trile. Samples were prepared by diluting the samples 1:100 in acetonitrile to fall into

the linear detection range of 0.005- 10 μM. The UPLC separation was carried out

with an ACQUITY UPLC® BEH C18 column (2.1 mm × 50 mm, 1.7 μM, 130 A)

maintained at 45°C using an injection volume of 1 μl. The elution profile contained

a mobile phase comprised of 0.1% formic acid (solvent A) and 100%ACN (solvent

B). Separation followed a modification of a previously described procedure(Smith

et al., 2017). The program started with 95% A at a flow rate of 0.4 mL/min for 2.5

min, followed by 81% A until 4.2 min, 78% A until 4.25 min, 2% A until 5.1 min,

and finally, the column was equilibrated for 0.4 min, resulting in a total analysis time

of 5.5 min. The program started with effluent from the UPLC system was directed

sequentially through an ACQUITY fluorescence (FLR) detector and a Xevo G2-S

TOF mass spectrometer (both Waters).

The FLR detector was operated at an excitation wavelength of 380 nm and an

emission wavelength of 480 nm. Mass spectrometry (MS) data was acquired with

the TOF MS in negative resolution mode, with similar parameters as those used

previously (Smith et al., 2017): source temperature 120°C, desolvation temperature

550°C, desolvation gas flow 800 L/h, capillary voltage 2.0 kV, cone voltage 40 V,

cone gas flow 40 L/h, and flight tube 9.0 kV. Collision energy was 6.0 eV. Acquisition

mass range was 50–1200 Da and the calibration mass range was 91.183– 1993.753

Da. A lock mass of 556.2771 Da was used to verify mass accuracy of ±3 mDa. The

scan time was 0.2 s. Data was collected in centroid format. Sulfur species were

quantified using the molecular ion.

We took several precautions to guarantee the quality of the data. FLR and MS

measurements were consistently compared between each data point to assure the

identity of the detected compound. Two seawater blanks which were derivatized

and treated in the same way as samples were measured, and none of the reduced

sulfur compounds was detected. Replicate analyses were performed on 3 depths
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of each core (from which 3 separate samples were collected), and their standard

deviations were 3.2, 5.4, and 4.1 for thiosulfate, sulfide, and sulfite, respectively.

Instrumental stability (i.e., chromatographic and mass spectral reproducibility) was

verified within 5% using a mixed standard solution run periodically (one standard

every ten samples) during routine analysis. The detection limit was 5 nM for thio-

sulfate, and 10 nM for sulfide and sulfite. The relative standard deviation was below

5.1%, 3.4%, and 2.8% for the standard solutions of thiosulfate, sulfide, and sulfite,

respectively. The integrated mass spectral peak area and integrated fluorescence

peak area were recorded for each standard and sample using MassLynx® and Quan-

Lynx® v4.1 software, which produced linear regressions of integrated peak area vs.

concentration with average R2 values ≥ 0.99.

δ
34S and δ18O of sulfate: For sulfur isotope measurements, 0.03-0.05 mg of

BaSO4 (plus 1 mg vanadium pentoxide) were weighed in tin capsules and measured

as SO2 by EA-IRMS (flash combustion elemental analyzer coupled to a Delta V

Plus IRMS via a Conflo IV universal interface) at Caltech. We report sulfur isotope

ratios using the conventional delta notation relative to the international standard

Vienna-Canyon Diablo Troilite (VCDT):

δ
34S = (34Rsample/

34RVCTD) – 1 · 1000, (3.1)

where 34R refers to the 34S/32S ratio. The values of each sample were corrected by

subtracting the blank and using a linear interpolation between two in house working

standards (sulfanilamide and seawater), with an analytical repeatability better than

0.12h. For oxygen isotope measurements, 0.35–0.45 mg samples of BaSO4 were

weighed out into silver boats. Analyses were performed on a Thermo Scientific Delta

V Plus continuous-flow isotope ratio mass spectrometer via pyrolysis of BaSO4 to

CO in a graphite crucible in a Temperature Conversion Element Analyzer (TC/EA)

at Johns Hopkins University. We report oxygen isotope ratios using the conventional
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delta notation relative to the international standard Vienna Standard Mean Ocean

water (VSMOW):

δ
18O = (18Rsample/

18RVSMOW) – 1 · 1000, (3.2)

where 18R refers to the 18R/16R ratio. O isotope measurements were reproducible

within 0.39h based on repeat analysis of international standards (IAEA SO-5,

IAEA SO-6, and NBS 127).

Solid phase

Total organic carbon (TOC) concentration and δ13C: About 1 mg of sedi-

ment from 20 depths of the CR 02 and CR 03 gravity cores each were decarbonized

with the addition of 3 ml 1% hydrochloric acid in previously combusted glass vials.

The reaction was left to proceed overnight, after which the sediments were cen-

trifuged and washed two times with MilliQ water. Sediments were frozen at -80°C,

freeze dried, and ∼1 mg sample was weighted in tin capsules for carbon measure-

ments. Carbon was measured as CO2 by EA-IRMS (flash combustion elemental

analyzer coupled to a Delta V Plus IRMS via a Conflo IV universal interface). We

report carbon isotope ratios using the conventional delta notation relative to the

international standard Vienna PeeDee Belemnite (VPDB)

δ
13C = (13Rsample/

13RVPDB) – 1 · 1000, (3.3)

where 13R refers to the 13C/12C ratio. The values of each sample were corrected

by subtracting the blank and using a linear interpolation between two in-house

working standards (methionine and glucose), with an analytical repeatability better

than 0.09h.

Elemental sulfur: Elemental sulfur was extracted by adding 10 ml of N2-

sparged methanol to 0.8-1.5 mg of sediment. After overnight incubation in a rotary
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table, methanol was dried to a ∼1ml volume, and the elemental sulfur in it was

detected by reverse phase-HPLC and UV absorption at 263 nm. We utilized an

Agilent 1100 with an Eclipse XDB-C18 (5 μm, 3x250 mm) column and an isocratic

solvent of 95:5 methanol-water. Flow rate was 0.5 ml/min. The column was

maintained at 35°C, and injection volume was 100 μl. A calibration curve was made

by plotting integrated peak area against sulfur concentrations in a range of 0-100

μm. The standards were prepared by serial dilutions of a stock prepared by diluting

6 mg elemental sulfur in acetone with sonication and shaking, which was diluted

in methanol to a concentration of 200 μm. The retention time for S0 under these

conditions was 8 min.

Microbiology

DNA extraction: DNA was extracted from subsamples taken from the San

Clemente Basin multicore and the Cocos Ridge gravity cores sediments at 3 or 5 cm

intervals. Briefly, 250 mg of sediment kept at -80°C was processed with the DNeasy

PowerSoil Pro Kit (Qiagen, Valencia, CA, USA) according to the manufacturer’s

recommended protocol, including one extraction blank per 50 samples. Extracted

DNA was quantified with Qubit (ThermoFisher Scientific, USA).

Microbial community composition analysis via 16S rRNA gene amplicon

sequencing: PCR reactions to amplify the V4-V5 region of the 16S rRNA gene

were set with ∼10 ng DNA and the general archaeal/bacterial primers (Parada et al.,

2016) with Illumina (San Diego, CA, USA) overhang (Illumina, 2013) for a 2-step

amplification as in a previously described protocol (Aronson et al., 2022) with

modifications. The first PCR mix was set up in two duplicate 15-ul reactions for

each sample with Q5 Hot Start high-fidelity 2× master mix (New England Biolabs,

Ipswich, MA, USA) in a 15-μl reaction volume according to the manufacturer’s
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directions, with annealing conditions of 54°C for 30 cycles. Duplicate PCR samples

were then pooled and barcoded with Illumina Nextera XT index 2 primers that

include unique 8-bp barcodes (P5 and P7). This second PCR step was identical to

the first except with 2.5 μl of template in 25 μl of total reaction volume and run

for 10 cycles annealed at 66°C. Barcoded samples were run on an agarose gel, and

based on band intensity, were combined in approximately equimolar amounts into a

single pool and purified by gel extraction using the Wizard SV Gel and PCR Clean-

Up System A9281 (Promega, USA). The library pool was sequenced by Laragen

(Culver City, CA) with 2x300 bp paired end on an Illumina MiSeq with the addition

of 15-20% PhiX.

16S rRNA sequence processing and analysis: Forward and reverse primers

were trimmed from the 5-end of sequences using cutadapt v 3.4 (Martin, 2011).

The R code used for 16S rRNA sequence processing and analysis can be found in

the reproducible workflow (https://github.com/daniosro/S_cycling_SCB_CR/code/

analysis/DNA). DADA2 R package v 1.22.0 (Callahan et al., 2016) was used for the

remaining sequence processing with default parameters (unless otherwise specified

in the file ’16S_rRNA_initial_processing.R’. Taxonomic assignments for ASVs

were made using the DECIPHER package v 2.22.0 (Wright, 2016) with the SILVA (v

138) database (Quast et al., 2012; Yilmaz et al., 2014) combined with unpublished in-

house full-length 16S sequences from various seep sites. Specifically, DECIPHER’s

IdTaxa function was implemented with a 40% confidence threshold. The data was

saved as a taxonomy table (‘decipher-tax-obj.RData’ in the GitHub repository) where

the counts for each taxonomy level were assigned to the corresponding categories.

Sequences with a representation of less than 5% for each sample, as well as those

assigned to mitochondria and chloroplasts, were categorized as “Other”. Unassigned

sequences at any taxonomy level were categorized as “Unclassified”.
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Downstream analyses and visualization were done using the R package phyloseq

v 1.36.0 (McMurdie and Holmes, 2013). Statistical analyses, including diversity

indices, and non-metric multidimensional scaling and correlation analyses, were

conducted, and plots were produced in R using the packages vegan and ggplot2

(Oksanen et al., 2019; R Core Team, 2019; Wickham and Chang, 2016). ASV

abundances were normalized to each sample’s total reads and are reported as per-

cent (relative) abundance. NMDS was performed on the phylum-level normalized

counts data, generated through a variance stabilizing transformation to normalize

across samples using the DESeq2 package. Alpha diversity was estimated using the

Shannon index (Shannon, 1948). Depths with less than 600 reads were filtered out

from the statistical analyses to minimize biases.

To investigate the sulfur-related community more closely, we determined the propor-

tions of taxa that include sulfur transforming microorganisms at both locations. To

eliminate potential noise, we excluded the samples from which less than 600 ASVs

were retrieved, and we made bar charts by depth bins to normalize for local vari-

ations that could bias general trends in our high-resolution sampling (Fig. 5). We

included phyla in which sulfur utilization genes or capabilities have been reported.

Sulfur oxidation genes have been detected in Bacteroidota, Alphaproteobacteria,

Deltaproteobacteria, Actinobacteria, Marinimicrobia, Verrucomicrobia, Plancto-

mycetes, and Chloroflexi from lake sediments (Vigneron et al., 2021). Aditionally,

Beta- and Epsilonproteobacteria (Pjevac, 2014), as well as Spirochaetes (Meyer et

al., 2007), Bacillus (Xia et al., 2017), and Thermoplasmatota (Zheng et al., 2022),

are known to possess genes involved in sulfur oxidation. The phylum Nitrospirota

also includes sulfate-reducing bacteria and bacteria capable of disproportionating

thiosulfate and elemental sulfur (Umezawa et al., 2020). The archaeal groups

Halobacterota and Crenarchaeota from wetland (Mo et al., 2020; Sorokin et al.,

2018) and marine ecosystems (Anderson et al., 2009) possess sulfate reduction
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genes. However, since we did not detect any of the Crenarchaeota orders reported

to have sulfur reduction or oxidation capabilities (Liu et al., 2012), we did not

include this group. Other microbial groups where thiosulfate, sulfite, or sulfate

reduction genes have been detected are Actinobacteria (Anantharaman et al., 2018),

Planctomycetes, Chloroflexi, Zixibacteria (Vigneron et al., 2021), and Acidobac-

teria (Hausmann et al., 2018). Since the class Deltaproteobacteria was recently

split into four phyla, including the Desulfobacterota, which comprises many or-

ganisms capable of reducing sulfur compounds via the DsrAB-dissimilatory sulfite

reduction pathway (Waite et al., 2020), we included this phylum, as well as the

phylum Dadabacteria, which has been proposed to get incorporated as part of the

Desulfobacterota (Waite et al., 2020).

To further characterize the microbial communities identified, we utilized the Shan-

non diversity index as a measure of species richness and evenness of the community

structure (Haegeman et al., 2013). We also performed non-metric multidimensional

scaling (NMDS) analysis to identify similarities between the 16S rRNA sequences

across samples and establish if any of the geochemical parameters we measured

could be driving them. In order to further explore the association between the

porewater geochemical parameters and the microbial community composition, we

tested them for potential monotonic correlations through the Kendall rank correla-

tion coefficient, adjusting the p-values for multiple environment comparison after

Benjamini and Hochberg (1995).

Data and code availability

All data and custom scripts were collected and stored using Git version control.

Code for raw data processing, analysis, and figure generation is available in the

GitHub repository (https://github.com/daniosro/S_cycling_SCB_CR).
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3. RESULTS

Porewater elemental concentrations

The profiles of redox-sensitive elements for San Clemente Basin multicore and Co-

cos Ridge, determined via IC (nitrate and sulfate) and ICP-MS (iron and manganese)

are shown in Fig. 2. The profiles of calcium, magnesium and strontium, ions related

to carbonate chemistry, were determined by IC and are shown in Supp. Fig. 2. We

present all our geochemical profiles with a Savitzky-Golay filter, which smooths

potential noise based on local least-squares polynomial approximation (Savitzky

and Golay, 1964). At the San Clemente Basin (SCB), nitrate shows a rapid decrease

from nearly 45 μM at the surface to 0 at about 10 cm depth. Dissolved iron starts

to reach detectable levels below 6 cm depth to a concentration of up to 16 μM at 16

cm depth. Dissolved manganese increases rapidly in the top 4 cm of the multicore

and is steady at about 110 μM until 20 cm depth, after which it decreases to 40 μM

at 36 cm depth. A slight decrease of 1 mM in sulfate from seawater concentration

(28 mM) is observed by depth 36 cm.

At Cocos Ridge, nitrate becomes exhausted at deeper depths than at SCB. At stations

3 and 4, the shallower sites at ∼1600-1800m depth, nitrate, which is about ∼ 45 μM

at the sediment surface, was undetectable at 40 cm depth, and manganese stays close

to 5 μM throughout the ∼2 m sediment column. In contrast, at station 2 (∼2600

m depth), nitrate disappears deeper, at 60 cm depth, and manganese increases with

depth, reaching about 32 μM at 1.3 m depth. A similar behavior was observed for

magnesium (Supp. Fig. 2), which decreases from ∼53 to ∼48 µM with depth for

stations 3 and 4 and increases up to ∼55 μM with depth for station 2. Dissolved

iron starts increasing after 40 cm depth up to 4 μM at 1 m depth for station 3 and

12-14 μM at 1.2-1.4 m depth for stations 2 and 4, respectively. Sulfate stays above

27 mM throughout the 1.2 – 2 m porewater profiles at all the stations. Altogether,
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porewater reveals subtle but active redox activity even in the low-sedimentation sites

near Cocos Ridge.

CR 02
Depth: 2632.8 m
Oxygen: ~100 μM Oxygen: ~70 μM

Depth: 1613.9 m Depth: 1857 m
CR 03 CR 04

Oxygen: ~70 μM

0 4 8 12 16

Concentration (μM) Concentration (μM)

0

20
40
60
80

100
120
140
160
180
200

D
ep

th
(c
m
)

IronSulfate

0 10 20 30 40

0
20
40
60
80

100
120
140
160
180
200

Manganese

0 8 12 164

Concentration (μM)

Concentration (μM)

Concentration (μM) Concentration (μM)

40

36

32

28

24

20

16

12

8

4

0

D
ep

th
(c
m
)

0

8

4

0

40

36

32

28

24

20

16

12

8

4

0

8

4

0

40

36

32

28

24

20

16

12

8

4

0

8

4

0
IronSulfate

0 30 60
40

36

32

28

24

20

16

12

8

4

0
Manganese

90 120

2727 2828 2929

Concentration (mM)

0

20
40
60
80

100
120
140
160
180
200

0

20
40
60
80

100
120
140
160
180
200

00 15 30 45

Nitrate

Nitrate

26 27 28 29

Concentration (mM)

0 15 30 45 50

A

B

Figure 2: A) Porewater profiles of nitrate, sulfate, iron and manganese for (A) San
Clemente Basin and (B) Cocos Ridge. The dots represent measured data, and the
lines represent a Savitzky-Golay filter with a third-degree polynomial approximation
to smoothening the data).

Sulfate isotope ratios and sulfur intermediate concentrations

In order to better understand the dynamics of sulfur cycling at Cocos Ridge, we

determined the sulfur and oxygen isotopic compositions of porewater sulfate at

stations CR02 and CR03 (Fig. 3). These are critical to understand the involvement

of microorganisms in dissimilatory sulfur transformations, as will be explained in

detail in the Discussion. We observed increases in the sulfur and oxygen isotopic

compositions of sulfate with depth, and the rate of change varied over depth. We
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further quantified reduced sulfur species from derivatized porewater samples for

both San Clemente Basin and Cocos Ridge, and elemental sulfur in the solid phase

for Cocos Ridge (Fig. 4). At San Clemente Basin, we measured concentrations

below 20 nM for thiosulfate and sulfide, and below 125 nM for sulfite, for the 36

cm depth profile. At Cocos Ridge, sulfide was below 120 nM, sulfite was below

180 nM, and thiosulfate was below 100 nM. Peaks in the concentrations of sulfide

and sulfite were observed both at the top and the bottom of the cores, whereas the

highest thiosulfate concentrations were observed towards the bottom of the cores.
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Figure 3: Porewater profiles of (A) sulfate (same as in Fig. 2), (B) sulfate δ34S, (C)
sulfate δ18O, and (D) a crossplot between sulfate δ34S and δ18O for two of the Cocos
Ridge gravity cores. The dots represent measured data, and the lines represent a
Savitzky-Golay filter with a third-degree polynomial approximation to smoothening
the data. Horizontal lines in (C) and vertical lines in (D) represent the error of
triplicate measurements for oxygen isotope measurements. Lines in (D) represent
a linear fit to the sulfate δ34S vs. δ18O data, with their corresponding slope of the
apparent linear phase (SALP) values.

iTag 16S rRNA analysis of microbial diversity

To investigate associations between the microbial community composition and the

sediment and porewater geochemistry at San Clemente Basin and Cocos Ridge, we

performed 16S rRNA sequencing of sediment-extracted DNA at the same depths as
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those sampled for geochemical measurements (Supp. Fig. 3). Sediments hosted

diverse communities even at the phylum level, with 12 different phyla reaching

abundances of at least 10%. From this preliminary visualization, no clear trends in

the microbial community composition with depth or location were readily appar-

ent. When focusing on sulfur cycling taxa, Actinobacteria (which include known

sulfur oxidizer/reducers) were abundant throughout, accounting for 10-25% of the

total ASVs recovered. Bacilli (putative sulfur-oxidizers) also represented up to

25% of the total ASVs, with higher relative abundance towards the top of the cores

(Fig. 5). Burkholderiales (Betaproteobacteria) were more abundant within the
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first 20 cm, as well as Crenarchaeota at the San Clemente basin and CR 04. As

for potential sulfur reducers, we observe that the deeper communities tend to be

dominated by Chloroflexi and Acidobacteria, which together account for 5-20% of

the ASVs identified at any particular depth bin in all the cores. However, these

groups are also heterotrophs, not necessarily limited to sulfur metabolism. The

canonical sulfate-reducing group Desulfobacterota is present at most depths with

relative abundance below 5%, and does not seem to exhibit trends with depth. At

CR 02, where there is an increase in the concentrations of porewater sulfide and

sulfite from ∼55 to 85 cm depth and solid-phase elemental sulfur from ∼20 to 65 cm

depth, we observe a concomitant increase in the abundance of Hyphomicrobiales

and other Alphaproteobacteria, as well as a higher diversity of sulfur-oxidizing Hy-

phomicrobiales (Proteobacteria), and higher abundances of Bacteroidota compared

to shallower depths where sulfide and sulfite had lower concentrations.

We also tested for correlations between the diversity of the microbial community

and geochemical parameters. The Shannon index (metric of alpha diversity) did

not vary between depths and the medians were above 4 for all cores except for that

from station CR 04 (Supp. Fig. 10). Although not statistically significant (Supp.

Table 1), the NMDS analysis indicated that nitrate, sulfate, sulfide, and δ13COrg

were the geochemical variables that could best explain sample clustering. The stress

value of the analysis was 0.16, which indicates that the fit between the original and

projected distances in the ordination diagram is acceptable (Clarke, 1993; Supp.

Fig. 11). The correlation analysis at the phylum level between microorganisms and

geochemical parameters (Supp. Fig. 12), although not significant (all p-values are

above 0.05), identified positive associations between Acidobacteriota and porewater

iron and manganese at CR02. At SCB, we identified positive correlations between

nitrate and sulfate, and Halobacterota, Crenarchaeota, and Plantomycetota. At

SCB, most groups showed negative correlations with sulfide and manganese, and
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Proteobacteria and Chloroflexi, and Thermoplasmatota, were negatively and posi-

tively correlated with thiosulfate, respectively. Specific groups of microorganisms

were not strongly correlated with reduced sulfur species for the CR stations.
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To complement the porewater measurements, we determined the content and the

isotopic composition of organic carbon of the sediments at the same depths at which

porewaters were retrieved for two of the Cocos Ridge Stations (Fig. 6).

4. DISCUSSION

This study focused on investigating microbial sulfur cycling in oxic, low-sedimentation

basins of the oligotrophic Eastern Equatorial Pacific. We detected nanomolar con-

centrations of reduced sulfur species through a combination of bimane derivatization

and HPLC. Oxygen and sulfur isotopes of sulfate confirmed the importance of bac-

terial sulfate reduction at Cocos Ridge, which provides the substrates to sustain

an active sulfur cycle. Our quantifications of porewater nitrate, iron, manganese,
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and sulfate, the main electron acceptors used for organic matter oxidation, provided

fine-grained resolution into the extent of the redox ladder both at San Clemente

Basin and Cocos Ridge. At SCB, porewater nitrate was exhausted about 10 cm from

the sediment-water interface. This is somewhat deeper than previous reports of 3-4

cm for the depth of depletion of nitrate at this locality (Bender et al., 1989; Shaw

et al., 1990). Porewater iron and manganese were detected at tens and a few hundred

of micromolar concentrations, respectively. Similar concentrations of iron were

reported before peaking at 6 cm depth (Shaw et al., 1990), which is shallower than

the peak we detected at 16 cm depth. Concentrations of porewater manganese up to

about 80 μM have been reported previously for the San Clemente Basin peaking at

∼10 cm depth, with a similar steady concentration profile as the one we found here

starting at 4 cm depth (Bender et al., 1989; Shaw et al., 1990). An overlap between



91

the nitrate and manganese reduction zones at the San Clemente Basin had also been

previously identified, and it was established that the profiles of these redox sensitive

elements look more condensed than those from other ocean regions, due to the low

bottom water oxygen and high organic carbon fluxes at the semi-enclosed basins of

the California Borderland (Bender et al., 1989; Supp. Fig. 1). The nitrate, iron and

manganese profiles that we determined seem to have deepened compared to those

reported more than 30 years ago (Shaw et al., 1990), which could be explained by

a decrease in the organic carbon flux at the San Clemente Basin, or bioirrigation.

Sulfate does not show significant depletions, which is consistent with previous find-

ings (Shaw et al., 1990) and with the sequential utilization of manganese oxides,

iron oxides, and sulfate as electron acceptors for organic matter oxidation (Stumm

and Morgan, 1970).

At Cocos Ridge, similar concentrations of porewater nitrate as those from SCB are

detected at the shallowest part of the sediment, but it becomes exhausted at deeper

depths than at SCB. This is consistent with lower organic fluxes at CR compared to

SCB. An increase in dissolved manganese with depth in the sediments is observed

at station 2 only, and it is consistent with manganese reduction, in particular after 60

cm, where nitrate is exhausted. An overlap between the nitrate and manganese oxide

reduction zones has been previously reported for the Panama basin (Aller, 1990).

One possibility for the lack of a similar trend for stations 3 and 4 is that at these

stations manganese could be mostly concentrated in carbonates or other mineral

phases in which it is protected from microbial utilization, whereas station 2 could

be in closer proximity to ferromanganese crusts (Zawadzki et al., 2022). Solid-

phase manganese enrichment is widespread in surface sediments of the Panama

basin and derives from an upward flux of Mn2+ from hydrothermal sources and

its subsequent reoxidation (Aller, 1990). It has been proposed that bioturbation

alters oxic-suboxic reaction balances and promotes intense recycling of manganese,



92

such that manganese reduction is capable of accounting for the oxidation of the

entire estimated annual flux of carbon at the Panama basin (Aller, 1990). We

observed a ∼1.5 mM increase in magnesium with depth at station 2 only, and a

slight decrease (5 mM) at stations 3 and 4 (Supp. Fig. 2). The decrease is consistent

with an alteration of basaltic basement beneath the sediments, and coincides with

previously reported profiles for nearby locations (ODP sites 677 and 678; Mottl,

1989). Since calcium profiles do not show significant changes in concentration

with depth, the most feasible sink for magnesium at CR 03 and CR 04 is the low-

temperature precipitation of Mg-clay minerals (e.g. smectites; Higgins and Schrag,

2010). At ODP site 1241, on the north flank of Cocos Ridge, porewater magnesium

concentrations were observed to remain constant with depth (Mix et al., 2003),

reflecting a local balance between magnesium sources and sinks. The magnesium

increase we observe at station 2 could be explained by a local net magnesium

source, like weathering of igneous minerals and release of magnesium adsorbed to

sediment surfaces (Higgins and Schrag, 2010). The fact that calcium concentrations

remain constant with depth in the sediments while strontium concentrations increase

reflects that, while net precipitation of calcium carbonate might not be changing,

recrystallization of calcium carbonate in the sediments may enhance strontium

release (Mottl, 1989). Iron becomes detectable at the depth of nitrate depletion

for stations 3 and 4, which is expected and consistent with a scarcity of dissolved

manganese at these stations. Our porewater profiles for iron and nitrate for all

stations, and for manganese at station CR 02 are consistent with previously reported

ones for the Eastern Equatorial Pacific (Emerson et al., 1980; Klinkhammer, 1980)

and look similar to typical porewater profiles from pelagic oxygenated sediments

(Froelich et al., 1979). About 95% of the organic C remineralized in sediments of

the Eastern Equatorial Pacific is oxidized by oxygen, with secondary oxidants like

MnO2, NO–
3, Fe2O3 and SO2–

4 together oxidizing less than 5% of organic carbon
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with a rate comparable to the organic carbon burial rate (Bender and Heggie, 1984).

Sulfate stays above 27 mM throughout the length of the gravity cores, which is

expected from a low organic matter flux at Cocos Ridge. The first 70 cm of the sulfate

profiles do not change appreciably with depth, possibly due to bioirrigation and the

use of other oxidants, after which they steadily decrease from ∼28.5 mM to ∼27.5

mM. In order to establish if this pattern could be consistent with sulfate reduction

(Jørgensen, 1982), we measured the sulfur and oxygen isotopic compositions of

porewater sulfate at two of the Cocos Ridge stations. The increase in both the δ34S

and δ18O from their seawater values (21h; Rees C. E. et al., 1978 and 9.3h;

Longinelli and Craig, 1967, respectively) with depth is consistent with a normal

kinetic isotope effect from bacterial sulfate reduction (BSR) for both sulfur (Kaplan

and Rittenberg, 1964) and oxygen (Fritz et al., 1989; Turchyn et al., 2006). The

sulfur isotopic composition of porewater sulfate has been found to reach up to

∼100h (Antler et al., 2013; Brüchert and Pratt, 1999; Jørgensen et al., 2004), and

that of oxygen, up to 27h (Turchyn et al., 2006) at sites where sulfate is depleted

to concentrations or 10 mM or below. These values are much higher than the

heaviest values of 22.5h for sulfur and 11h for oxygen that we measured, which is

a consequence of the small depletions in sulfate we observe for the ∼2 m porewater

columns at Cocos Ridge.

The sulfur and oxygen isotope profiles of porewater sulfate at Cocos Ridge exhibit

regions at which the isotopic values remain constant with depth (Fig. 3). For

station 2, they occur between 60 and 100 cm for both sulfur and oxygen, whereas

for station 3, they correspond to 70 to 130 cm for sulfur, and 20 to 60 cm and 110

to 150 cm for oxygen. At both station 2 and station 3, the static regions in the

sulfur isotope profiles coincide with increments in the concentrations of dissolved

iron, which suggests that iron is preferentially utilized over sulfate as an electron

acceptor at depths above ∼1m. These also coincide with the last glacial maximum
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(LGM) depth for the sediments of the Eastern Equatorial Pacific, which roughly

encompasses between 60 and 90 cm near Cocos Ridge (Pedersen, 1983). We found

an increase in TOC leading to the LGM (above 60 cm depth) at both station 2

and station 3, which coincides with a decrease in its carbon isotope composition

from ∼-20 to -24h, peaking at 80-90 cm depth (Fig. 6). This period (14-19 Kya) is

characterized by lower productivity and higher organic carbon burial rates (Pedersen,

1983), which is supported by our data. Throughout this time, it would make sense

for the sulfur isotopic compositions to remain steady, as potentially there was lower

organic matter respiration via sulfate reduction. However, the incorporation of a

∼3% decrease in sulfate concentrations, as well as the surface (21h) and deepest

(∼22.5h) sulfur isotope compositions of sulfate we measured in an approximation

to the Rayleigh distillation equation (Mariotti et al., 1981), allows us to predict a

fractionation factor of about -40h, which falls near the center of the range measured

for the deep ocean (compiled by (Sim et al., 2011). This further supports the notion

that sulfate reduction is operating at Cocos Ridge, even though our data suggests

that the relevance of this process for the oxidation of organic matter changed across

time, as evidenced by differences in sulfate concentrations and isotopes with depth

within the sediment.

The magnitude of the oxygen fractionation factor from bacterial sulfate reduction

is roughly 25% that of sulfur (Mizutani and Rafter, 1969), which implies that, if

bacterial sulfate reduction was the only process affecting the isotopic compositions of

oxygen and sulfur in porewater sulfate at Cocos Ridge, the slope of a linear δ18OSO2–
4

profile should be shallower than that of a linear δ34SSO2–
4

profile (Turchyn et al.,

2006). However, pure culture experiments (Fritz et al., 1989) and porewater profiles

around the world (Antler et al., 2013; Turchyn et al., 2006) have found a decoupling

between δ18OSO2–
4

and δ34SSO2–
4

, in which the magnitude of δ18OSO2–
4

increases

until it reaches a constant value, whereas δ34SSO2–
4

may continue to increase (Antler
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et al., 2013; Fritz et al., 1989; Turchyn et al., 2006). This decoupling indicates

that a process other than BSR is impacting the oxygen isotope compositions of

porewater sulfate, which has been suggested to occur via oxygen isotope exchange

between water and sulfite during sulfate reduction (Fritz et al., 1989; Mizutani and

Rafter, 1969), given that it would take over 3 million years for sulfate and water to

isotopically equilibrate at pH above 3 (Lloyd, 1968). We did not observe such an

apparent equilibration of δ18OSO2–
4

with depth, but instead a decoupling at the center

of the profile at station CR 03, which produced a break in the slope of the tangent

between δ18OSO2–
4

and δ34SSO2–
4

(slope of the apparent linear phase -SALP). SALP

is related to the overall sulfate reduction rate (SRR), with steeper SALPs associated

with lower SRR (Antler and Pellerin, 2018) due to higher reversibility of the sulfate

reduction pathways (Brunner and Bernasconi, 2005; Fritz et al., 1989). SALP

values below 0.5 were thought to be distinctive of sulfate reduction coupled to

anaerobic oxidation of methane (AOM-SR) in cultures (Deusner et al., 2014; Sivan

et al., 2014) and natural environments (Antler et al., 2015). However, low SALPs

are now known not to be unique to AOM-SR dominated environments (Crémière

et al., 2017), and a compilation of measurements of SALP for pure cultures and

natural environments (Antler and Pellerin, 2018) has shown that sulfate reduction

driven by organic matter oxidation (organoclastic sulfate reduction; OSR) may have

overlapping SALP values with AOM-SR, in particular at enclosed or low oxygen

water bodies. The SALP values we determined here at CR 02 (1.17) and the deepest

part of CR 03 (1.07) fall within the lower end of the range measured for pelagic

sediments not associated to sulfate-methane transition zones (Antler and Pellerin,

2018). However, the SALP value measured at the uppermost part of CR 03 (0.55)

falls at the upper end of the seep range (Antler and Pellerin, 2018). The change in

SALP might indicate a change in oxidants after 1.2 m depth, from organic matter

(Fig. 6) to methane or other hydrocarbons. We cannot prove this hypothesis at the
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moment, since we did not measure methane concentrations.

A potential oxygen isotope exchange between sulfur intermediates (e.g. S0, sulfite,

thiosulfate) and water could explain the steady regions in the δ18OSO2–
4

profiles

at Cocos Ridge. To explore this possibility, we measured the concentrations of

thiosulfate, sulfite, and sulfide (Fig. 4). The concentrations of sulfur intermediates

in porewaters have been measured previously at a variety of locations in marine

sediments (Zopfi et al., 2004), but there are only a few studies that have measured

them with a derivatization-HPLC method similar to the one utilized here at euxinic

basins like the Black Sea (Zopfi et al., 2004) and Concepción Bay in Chile (Zopfi,

2000), marshes (Vetter et al., 1989), and shelves (Zopfi, 2000), at maximum depths

of only 30 cm. To our knowledge, this is the first time that sulfur intermediates

have been measured in the porewaters of pelagic sediments, probably because it

has been assumed that they would be undetectable, given the low rates of sulfate

reduction that characterize them (Canfield and Des Marais, 1991; Froelich et al.,

1979). However, it has been demonstrated that microniches within oxygenated

sediments support sulfate reduction (Jørgensen, 1977), and as a consequence, they

would also keep sulfur intermediates from being oxidized by oxygen. In low-

oxygen marine sediments, reported concentrations of thiosulfate range between

70 nM and 5.7 μM, those of sulfite (Zopfi et al., 2004), between 0 and 2.6 μM

(Zopfi et al., 2004), and sulfide can reach up to 10 mM (Volkov and Neretin, 2008;

Werne et al., 2003). We detected tens to low hundreds of nM concentrations of

thiosulfate, sulfite, and sulfide both at SCB and CR. These low concentrations are

not surprising, considering that our measurements indicate that there is little sulfate

reduction occurring across the 1.2 to 2 m porewater profiles at Cocos Ridge, and

that there is a high abundance of iron and manganese oxides both at San Clemente

Basin and Cocos Ridge, as suggested by their dissolved profiles, which are known

to be involved in the chemical oxidation of sulfide (Aller and Rude, 1988; Elsgaard
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and Jørgensen, 1992). It has also been established that sulfur intermediates have

rapid turnover rates in sediments, in particular thiosulfate, because they have higher

redox potentials and/or more energetically favorable pathways compared to sulfate as

electron acceptors (Wasmund et al., 2017). The fact that sulfur intermediates can be

both oxidized and reduced (i.e. disproportionated) by most sulfate-reducing bacteria

(Finster, 2008) would contribute to an explanarion of their low concentrations in

pelagic sediments.

We were interested in identifying potential correlations between the behavior of

porewater reduced sulfur species, which could help in understanding their dynamics

better. By plotting their concentrations against each other (Supp. Fig. 4), we noticed

that sulfite and sulfide seem to linearly covary, most notably at station CR 02. The

crossplots suggest that sulfide must accumulate up to a certain threshold before

sulfite and thiosulfate can be detected -excluding spikes-, which lies around ∼30

nM. This is expected, considering that sulfide is the most reduced form of sulfur,

and as such, the starting point from which microbial oxidation pathways allow for

the formation of intermediates. The range of depths at which the δ18OSO2–
4

profile

stays at the same values for CR 02 (60 to 100 cm) and CR 03 (0 to 60 cm) coincides

with increases in the concentration of both sulfide and sulfite. We also compared the

sulfur species quantified in porewater profiles with the measured δ18OSO2–
4

(Supp.

Fig. 5) for stations CR 02 and CR 03. After sulfate, the species that shows a

more linear relationship with δ18OSO2–
4

is sulfite. Our crossplots of reduced sulfur

species also indicate that thiosulfate is characterized by large spikes and variable

concentrations at single concentrations of sulfide and sulfite, mostly at CR 02 and

CR 03. A correlation analysis between the geochemical parameters measured at

all stations (Supp. Fig. 6 - 9) indicates that, while the only significant (p<0.001)

correlation between S species at SCB was between sulfate and sulfite, at CR 02 and

CR 04 sulfide and sulfite are significantly correlated, as well as sulfite and TOC
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%, δ18OSO2–
4

, and δ34SSO2–
4

at CR 02. In contrast, at CR 03 sulfate is significantly

correlated with thiosulfate (p<0.01), and it is sulfate who is correlated with TOC

%, δ18OSO2–
4

, and δ34SSO2–
4

. At CR 04, sulfate is also significantly correlated with

thiosulfate, and with sulfite.

The correlations between sulfate and reduced sulfur species support the hypothesis

that sulfite might be exchanging oxygen atoms with water, which could end up in

sulfate after sulfite reoxidation, thus altering its δ18O and generating an apparent

equilibrium in its porewater profile. Many factors, including the potential abiotic

oxidation of sulfide to sulfite and thiosulfate during sampling, as well as the fact that

the concentrations of reduced sulfur species we measured approach the detection

limits, complicate the interpretation of their profiles. However, the relative covari-

ance between sulfite and sulfide at some depths, and a spiky behavior for thiosulfate,

could also be due to differences in the metabolic pathways that microorganisms

may be utilizing to degrade sulfur at different depths. The most common biological

sulfur oxidation pathways are Sox, involved in the oxidation of sulfur intermediates

to sulfate (Friedrich et al., 2000), and Sqr (Schütz et al., 1999) + rDsr (Grimm

et al., 2011), involved in the oxidation of sulfide to sulfate going through elemen-

tal sulfur and sulfite as intermediates (Supp. Fig. 13). Depths at which the Sox

pathway is more active or operating at larger rates would exhibit lower thiosulfate

concentrations, whereas thiosulfate spikes could be an indication of a suppression of

this pathway. Conversely, depths at which the Sqr and rDsr pathways are dominant

would exhibit low concentrations of sulfide and sulfite, which would be able to

accumulate at depths in which these pathways become downregulated.

To address if the porewater concentration profiles of redox sensitive elements and

sulfur species could be traced to differences in the microbial community composition

at SCB and CR, we performed 16S rRNA sequencing of sediment-extracted DNA

(Supp. Fig. 5). Very few studies have explored the microbial community composi-
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tion in marine sediments from oligotrophic, oxic regions of the ocean (Durbin and

Teske, 2011; Morono et al., 2020). At these regions, as indicated by our geochemi-

cal profiles, high-energy electron acceptors such as manganese and iron oxides are

available over several meters of the sediment, which would be expected to favor

aerobic, nitrate-respiring microorganisms at the top 50 cm of the core, and metal

oxide-respiring microbes at further depths (Durbin and Teske, 2011). Microorgan-

isms capable of utilizing other, less energetically favorable electron acceptors, such

as sulfate and methane, would not be able to outcompete those utilizing the most

energetically favorable ones unless their reduction became limited by low concen-

trations (Lovley and Goodwin, 1988). Previous studies on Pacific abyssal sediment

microbial communities found an increase in Chloroflexi and Planctomycetes with

depth, and a high abundance of Actinobacteria, Alpha- and Gammaproteobacteria,

Gemmatimonadetes, and Nitrospina at the top first meter of sediment cores in which

nitrate was not fully exhausted until 2.5 m depth (Durbin and Teske, 2011). At

Cocos Ridge, we observed a high abundance of Actinobacteria and Bacilli, and

an increase in the abundance of potential sulfur-oxidizers Hyphomicrobiales (Al-

phaproteobacteria), Thiomicrospirales (Gammaproteobacteria), and Bacteroidota,

Planctomycetota and Thermoplasmatota with depth. In the depth horizons of 60-

100 and 101-130 cm, we observe an increase in the abundance of Halobacterota,

an archaeal group capable of using elemental sulfur and polysulfides as electron

acceptors (Sorokin et al., 2018). This would be consistent with thiosulfate spikes

and a decrease in elemental sulfur below 70 cm. However, a similar increase in

Halobacterota with depth was not observed in the sediments of CR 03 and CR

04. At these two stations, a higher abundance of sulfur-oxidizing Proteobacteria

is observed at increasing depths, particularly of Betaproteobacteria at CR03, and

Alpha- and Gammaproteobacteria at CR 04. We detected many clades of microor-

ganisms that are putative chemoorganotrophs and fermenters, such as Aerophob-
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ota, Bacteroidota, Latescibacterota, Verrucomicrobiota, Firmicutes, Spirochaetota,

Bathyarchaeia, and Calditrichota, which may generate hydrogen and low molec-

ular weight organic acids as byproducts of their metabolism (Flood et al., 2021).

These may support sulfur oxidizers with mixotrophic metabolisms, and have been

found to be associated with Beggiatoaceae, sulfur-oxidizing Epsilonproteobacteria,

in shallow marine sediments (Flood et al., 2021).

The diversity of the communities found across the cores was generally high (Shan-

non median: 3.5-4.2), but did not correlate with depth or geochemistry (Supp. Fig.

10). These diversity estimates are larger than those reported for the water column

(Shannon median: 3-3.5) and sediments (Shannon median: 2.5) of the Western

Pacific (Wang et al., 2020). We hypothesize that sediments from Cocos Ridge could

have a larger microbial diversity than other places due to the large spread of the

redox gradients, which should favor succession of microbial guilds, as opposed to

highly specialized communities. The clusters obtained by NMDS did not separate

the samples by core or depth (Supp. Fig. 11). Although none of the geochemical

parameters were significantly correlated with clustering (Table 1), the sulfide and

sulfate arrows point in different directions primarily along the NMDS2 axis, and

samples distributed across the space between the two are not fully separated, but

form a gradient instead. This could be explained by the interdependency of sub-

strates between sulfate reduction and sulfide oxidation. On the other hand, the nitrate

arrow points directly towards a cluster, which seems to better separate samples spa-

tially across the NMDS1 axis. To gain an idea of which taxonomic groups drive

the clustering, we determined the diversity at the order level for the most abundant

and relevant groups for nutrient cycling detected at the phylum level (Supp. Fig. 3),

namely Proteobacteria (Supp. Fig. 14), Actinobacteria (Supp. Fig. 15), Plancto-

mycetes (Supp. Fig. 16), Chloroflexi (Supp. Fig. 17), Crenarchaeota (Supp. Fig.

18), Acidobacteriota (Supp. Fig. 19), Bacteroidota (Supp. Fig. 20), and Firmicutes
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(Supp. Fig. 21). We located the samples that clustered together with NMDS in

each one of the order level histograms, and highlighted the taxonomic groups that

seem to drive the clustering in the NMDS plot. This comparison allowed us to

establish that intraphylum diversity is what drives the similarity between samples.

The community composition thus seems to be mostly determined by unique local

physicochemical characteristics, potentially at finer spatial scales than sampled here.

The existence of local microniches would allow for colonization by microbial com-

munities which preferentially associate together regardless of depth and location,

pointing at potential ecological specializations and cooperations. The correlation

analysis between phyla and geochemical parameters identified positive correlations

between Acidobacteriota and porewater iron and manganese at CR02, which is con-

sistent with the involvement of members of this group in dissimilatory iron reduction

(Kulichevskaya et al., 2014). At SCB, we identified positive correlations between

nitrate and the denitrifiying group Halobacterota (Tomlinson et al., 1986), as well

as Crenarchaeota and Plantomycetota, which include ammonia-oxidizing members

(Strous et al., 1999; Weidler et al., 2008). These three groups were also positively

correlated with sulfate at SCB, which highlights their potential role in sulfate reduc-

tion at his locality. Specific groups of microorganisms were not strongly correlated

with reduced sulfur species for the CR stations. At SCB, most groups showed neg-

ative correlations with sulfide and manganese, and Proteobacteria and Chloroflexi,

and Thermoplasmatota, were negatively and positively correlated with thiosulfate,

respectively.

The fact that no major differences in microbial abundances are observed between

SCB and CR, as well as between shallow and deep samples, suggests that the mi-

crobial community composition is not primarily controlled by organic matter fluxes

or the availability of other oxidants. Instead, metabolic flexibility among microor-

ganisms is the most feasible explanation for the general similarities in microbial
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abundances we observe across depths. It has been found that Deltaproteobacteria

in marine sediments, which are capable of sulfate reduction, also harbor genes and

constitutively express enzymes involved in thiosulfate and sulfite transformations

(Krämer and Cypionka, 1989), and are capable of oxidizing elemental sulfur (Pjevac,

2014). The Deltaproteobacteria Desulfuromonadales, which are capable of sulfate

reduction and elemental sulfur oxidation, can also reduce Fe(III) and Mn(IV) in

environmental sediments (Lovley, 2006; Roden and Lovley, 1993. Enrichments of

methane seep sediments amended with thiosulfate, sulfate or elemental sulfur did

not show differences in their microbial community compositions over a period of ob-

servation of over 100 days, which supports the notion that sediment microbial com-

munities have flexible and adaptable metabolisms to utilize different sulfur species

(Eitel et al., in prep). In situ experiments with elemental sulfur additions showed that

a few types of bacteria, namely the Epsilonproteobacteria Sulfuromonas/Sulfurovum

at shallow depths, and the Deltaproteobacteria Desulfobulbaceae and Desulfurimon-

adales at further depths, dominate microbial elemental sulfur consumption (Pjevac,

2014). Alpha- and Gammaproteobacteria have been found to dominate sulfur ox-

idation in shallow marine sediments, whereas Epsilonproteobacteria dominate in

sulfidic hydrothermal and cold-seep habitats and Deltaproteobacteria account for

the majority of the microbial community at anoxic habitats (Pjevac, 2014). We

identified an abundance of Alpha- and Gammaproteobacteria at all depths, less than

10% Deltaproteobacteria (Desulfobacterota) mostly towards the central part of the

CR cores (20-100 cm), and no Epsilonproteobacteria in any of the cores, which is

expected for oxic sediments. However, their actual involvement in sulfur oxidation

in the sediments of Cocos Ridge remains to be investigated.
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5. CONCLUSIONS

We characterized the redox ladder in the pelagic sediments near Cocos Ridge, in

the oligotrophic Equatorial Pacific Ocean, at a high depth resolution (3-5 cm) and a

tens-of-meters scale for the first time. We found porewater gradients consistent with

nitrate reduction in the top 60 cm, as well as iron reduction below 60 cm, and man-

ganese reduction at one of the 3 sampled stations starting at the sediment-water inter-

face. We also characterized variations at nM concentrations of porewater thiosulfate,

sulfite, thiosulfate, and solid-phase elemental sulfur, which varied with depth. Sul-

fate concentrations decreased slightly with depth, and the sulfur and oxygen isotopes

of sulfate were consistent with sulfate reduction. The microbial community com-

position was consistent with the sulfur cycling organisms, with clades known to

utilize sulfur like Bacilli, Actinobacteria, and Crenarchaeota being highly abundant

across all depths and stations. We observed correlations of some taxa with nitrate,

iron, manganese, and reduced and oxidized sulfur species. In particular, we iden-

tified a higher abundance and diversity of Alpha- and Gammaproteobacteria with

depth at all the stations, as well as an abundance of Betaproteobacteria at shallow

depths at Cocos Ridge. We also established an increase with depth in the abun-

dance of other clades that include sulfur-oxidizing microbes, such as Bacteroidota,

Planctomycetota, and Thermoplasmatota, and clades that include members with

the potential capability of sulfate reduction, such as Chloroflexi and Acidobacte-

ria. The observed taxonomic diversity and high variance across cores indicates that

oxic deep-sea sediments support diverse populations of microorganisms capable of

adapting their metabolisms to a wide variety of electron donors and acceptors (Vi-

gneron et al., 2021). Altogether, the geochemical and biological evidence support

the potential for multiple sulfur, iron, manganese, and other redox-sensitive element

utilization pathways operating at the same time throughout different depths within

these sediments.



104

6. ACKNOWLEDGEMENTS

We thank the science party and the crew on board the R/V Sally Ride, cruise SR2113,

for assistance with sample collection. In particular, we thank William Gray for help

with the gravity cores deployment and retrieval and Matthew Quinan for performing

porewater silica measurements. We are indebted to Stephanie Connon for help

with DNA sample preparation for sequencing, Fenfang Wu for help with the EA-

IRMS operation, Nathan Dalleska for help with the IC, ICP-MS, Xevo-TOF-Q

UPLC, and HPLC operations, and Dana Brenner for help with the oxygen isotope

measurements. We also thank the Adkins, Berelson, and Orphan labs for fruitful

discussions, particularly Jaclyn Pittman Cetiner, Aditi Narayanan, Rebecca Wipfler,

and John Magyar. This work was funded by NSF grant N 1559215.



105

7. SUPPLEMENTARY MATERIALS
Supp. Table 1: Non-metric multidimensional scaling (NMDS) scores for the
relationship between the sequences identified by 16S rRNA across all sites and
depths and the geochemical parameters measured. None of the parameters were
found to be significantly correlated with the microbial community composition (all
p-values are above 0.05).

Parameter NMDS1 NMDS2 p-value
Iron 0.07 -0.47 0.40

Manganese 0.10 -0.40 0.54
Nitrate 0.36 -0.004 0.62
Sulfate 0.15 -0.54 0.28
Sulfide 0.07 0.20 0.84
Sulfite 0.04 -0.42 0.48

Thiosulfate -0.04 0.07 0.98
TOC % -0.03 -0.44 0.38
δ
13Corg -0.11 -0.15 0.89
δ
18OSO2–

4
-0.14 0.38 0.55

δ
34SSO2–

4
0.03 0.05 0.99

Total ASVs 0.23 -0.19 0.71
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Supp. Fig. 1: Water column oxygen profiles (A) and particulate organic carbon
(B) for the stations sampled in this study. SPB in (B) corresponds to the San Pedro
Basin, which is located in the California Borderland and is assumed to have a similar
POC flux as San Clemente Basin.
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Clemente Basin and (B) Cocos Ridge. The dots represent measured data, and the
lines represent a Savitzky-Golay filter with a third-degree polynomial approximation
to smoothening the data.
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Supp. Fig. 4: Crossplots for the concentrations of reduced sulfur species measured
in this study. SCB corresponds to the multicore sampled at San Clemente Basin,
and CR 02, CR 03, and CR 04, to the Cocos Ridge stations.
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on the top of the diagonal, where larger magnitude correlations are shown in larger
font sizes. Each significance level is associated to a symbol: p-values (0, 0.001,
0.01, 0.05, 0.1, 1) are equivalent to the symbols (“***”, “**”, “*”, “.”, “”).
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Supp. Fig. 8: Pearson correlation matrix between geochemical variables for the
core collected at CR 03. Each variable is shown on the diagonal. Bivariate scatter
plots with a fitted line are displayed on the bottom of the diagonal, where numbers
on the borders correspond to the x and y axis for the variable on the corresponding
column and row, respectively. The value of the correlation (which ranges between -1
for strongly inverse and +1 for strongly direct) plus the significance level is displayed
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font sizes. Each significance level is associated to a symbol: p-values (0, 0.001,
0.01, 0.05, 0.1, 1) are equivalent to the symbols (“***”, “**”, “*”, “.”, “”).
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Abstract

The microbial oxidation of sulfur (MSO) is an importance source of electrons for

carbon fixation by autotrophic microbes in shallow aquatic environments. The

sulfur isotope fractionations associated with this process have been found to lie

between -5 and 4h for a variety of microbial sulfur oxidizers, which has led to the

assumption that, unlike microbial sulfate reduction, which can have sulfur isotope

fractionations in the range between -66 to 5h (Sim et al., 2011), fractionations

during MSO are negligible. However, most studies have utilized culture conditions

abundant in nutrients, which do not resemble those faced by microorganisms in the

natural environments where these fractionations could be relevant and imparted to

minerals that incorporate reduced sulfur. The recent discovery of a fractionation

of 13h during the oxidation of sulfur by the Deltaproteobacterium Desulfurivibrio

alkaliphilus (Pellerin et al., 2019) begs the question of whether specific metabolisms

or growth conditions that have not been explored so far could produce large isotopic

fractionations from MSO. In this study, we determined the sulfur isotope fraction-
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ations from sulfide oxidation by D. alkaliphilus, a chemotrophic alkaliphile, and

Chlorobaculum tepidum, a phototroph, under limited nutrients. We found that sul-

fur isotope fractionations by D. alkaliphilus only are sensitive to growth rates and

cell specific sulfide oxidation rates. Albeit requiring further exploration, our results

suggest that traditional sulfur oxidation pathways, which are present in the most

abundant sulfur oxidizers in the environment, do not lead to large sulfur isotope

fractionations during MSO under natural, oligotrophic conditions.

1. INTRODUCTION

About half of the organic matter in coastal sediments is remineralized via microbial

sulfate reduction (MSR; Canfield, 1989; Jørgensen, 1982), and about 29% of marine

organic matter gets remineralized through sulfate reduction on the seafloor globally,

generating 11.3 teramoles of sulfide every year (Bowles et al., 2014). Sulfide serves

as an electron donor for carbon fixation for a variety of aerobic chemolithotrophic

(Friedrich et al., 2001) or anaerobic phototrophic microorganisms (Brune, 1989)

that usually couple sulfur oxidation with the reduction of high redox potential elec-

tron acceptors, such as oxygen and nitrate, mainly in surface sediments where these

electron acceptors are available (Wasmund et al., 2017). Among archaea, only mem-

bers of the order Sulfolobales are known to be capable of sulfur oxidation (Brock

et al., 1972), whereas Alpha-, Beta-, Gamma-, and Epsilonproteobacteria, Aquif-

icales, Campylobacterales, and Sulfobacillales comprise aerobic sulfur-oxidizing

bacteria (Dahl et al., 2008). Anaerobic sulfur-oxidizing bacteria (SOB) include

Alpha- and Gammaproteobacteria (‘purple sulfur bacteria’; Fowler et al., 1984) and

Chlorobiales (‘green sulfur bacteria’; Wahlund et al., 1991). The recent discovery

of the capability of the Deltaproteobacterium Desulfurivibrio alkaliphilus to oxi-

dize sulfur (Sorokin et al., 2008), potentially using the machinery for dissimilatory

sulfate reduction in reverse (rDsr; Thorup et al., 2017), expanded the repertoire
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of microbial phylogenetic clades and metabolic pathways known to be involved in

sulfur oxidation. Despite the great diversity of microorganisms capable of oxidizing

sulfur, the environmentally relevant sulfur oxidizers are probably only a few groups.

Phototrophic bacteria dominate sulfur oxidation in stratified lakes (Rimmer et al.,

2008) and basins (Findlay et al., 2015), and most of the dark carbon fixation is

performed by sulfur-oxidizing Epsilonproteobacteria in sulfidic pelagic redoxclines

(Grote et al., 2008) and Gammaproteobacteria in pelagic redoxclines (Glaubitz et

al., 2013), coastal sediments (Dyksma et al., 2016; Lavik et al., 2009), and the

oxygenated ocean (Swan et al., 2011).

The microbial fractionation of sulfur isotopes was first studied in the 1950s, where

a fractionation of -10 to -12h was observed for MSR (Harrison and Thode, 1958;

Thode et al., 1951). Since then, many studies have focused on isotopic fractionations

by MSR, due to the fact that fractionations as low as -75h (Brunner and Bernasconi,

2005; Rees, 1973) and -66h (Kaplan and Rittenberg, 1964; Sim et al., 2011) for

sulfur have been predicted and determined in culturing experiments for that process,

respectively. In contrast, most of the reported sulfur isotope fractionations during

microbial sulfide oxidation (MSO) lie between -5 and 4h (Pellerin et al., 2019;

Fig. 1). Many of these studies were performed in the 1960s and ’70s with an

abundance of nutrients and electron donors (Chambers and Trudinger, 1979; Fry

et al., 1984; Ivanov et al., 1976; Kaplan and Rafter, 1958; Kondrat’eva et al., 1966;

Mekhtieva and Kondrat’eva, 1966), and led to the assumption that sulfur isotope

fractionations during MSO are negligible. Their study drew research attention again

in the late 2000s and 2010s (Böttcher et al., 2001; Brunner et al., 2008; Pisapia et al.,

2007), mostly in the context of understanding them together with oxygen isotope

fractionations (Balci et al., 2012; Balci et al., 2007; Böttcher et al., 2001; Brabec

et al., 2012; Poser et al., 2014; Thurston et al., 2010; Zerkle et al., 2009). In

2019, S isotope fractionations of 13h, and potentially up to 25h during MSO
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were reported for the first time, by D. alkaliphilus (Pellerin et al., 2019). This

finding suggests that sulfur isotope fractionations during MSO could be maximized

under specific conditions. If the oxidation is fast enough to become transport

limited, the only expressed fractionation is that associated with diffusion into the

cell, which is reversible, and as such allows the expression of large fractionation

factors (O’Leary, 1981). Similarly, as MSO slows down, the expressed fractionation

would be expected to approach the equilibrium fractionation between sulfate and

sulfide, which is close to 20h (Sakai and Dickson, 1978).

5 0 5 10 15
34 ( )

Acidithiobacillus ferroxidans†, 42,40
Acidithiobacillus ferroxidans*,34,40,41

Chlorobium vibrioforme
subsp. thiosulphatophilum31
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Figure 1: Compilation of reported isotopic fractionations for the microbial oxidation
of different reduced sulfur forms, modified from (Pellerin et al., 2019). Purple boxes
represent the microorganisms that were tested in this study.
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90% of sulfide from sulfate reduction has been estimated to get reoxidized in sedi-

ments (Jørgensen, 1982), with the biotic oxidation rates being three orders of mag-

nitude larger than the abiotic ones (Luther et al., 2011). The remainder becomes

incorporated into pyrite and other reduced sulfur minerals, whose sulfur isotope

compositions have been used to elucidate the carbon and sulfur cycles, oxygen bud-

gets, and redox state of the ocean throughout Earth history (Berner and Raiswell,

1983; Garrels and Lerman, 1981; Holland, 1973). It has been hypothesized that

anaerobic sulfur-oxidizing phototrophic bacteria might have been important players

of the sulfur cycle in anoxic and euxinic basins during the Archaean (Brabec et al.,

2012). Determining if sulfur isotope fractionations during MSO can be large and

are expressed in natural environments, and under what circumstances, is thus fun-

damental towards deepening our understanding on the physiology of the process,

as well as improving our interpretation of the geologic record of reduced sulfur

minerals. It has been established that the magnitude of sulfur isotope fractionations

from BSR correlates negatively with the concentration of electron donor (usually

organic matter or methane; Harrison and Thode, 1958; Kaplan and Rittenberg,

1964) and the specific rate of sulfate reduction (mass cell–1time–1; Chambers et al.,

1975; Habicht and Canfield, 1997; Kaplan and Rittenberg, 1964), and positively

with sulfate concentrations (Jones and Starkey, 1957). These factors could as well

be relevant for isotopic fractionations during MSO, but they have been unexplored

so far.

Here, we determined sulfur isotope fractionations during MSO for D. alkaliphilus,

a chemotrophic alkaliphile, and Chlorobaculum tepidum, a phototroph, with under

nutrient concentrations that resemble the ones encountered by these microorganisms

in their natural environments. Both microorganisms oxidize sulfide to sulfate in a

two-step process, with elemental sulfur (S0) as an intermediate. We found that the

growth rates and specific sulfide oxidation rates (csSOR), which are correlated with
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nutrient limitation, impact the S isotope fractionations by D. alkaliphilus only. This

finding implies that unique traits of D. alkaliphilus may enhance large sulfur isotope

fractionations by this microbe, which are otherwise small for most of the sulfur

oxidizing microorganisms, even under oligotrophic conditions.

2. MATERIALS AND METHODS

Cultures and growth conditions

Desulfurivibrio alkaliphilus strain DMS 19089 was obtained from DSMZ. Cultures

of D. alkaliphilus were grown anaerobically at 30°C in glass vials with 20 ml of

a sodium carbonate/ bicarbonate–buffered liquid mineral media with pH adjusted

to about 9.8, as described previously (Sorokin et al., 2008), with the exception of

KH2PO4 and NH4Cl. Trace metal SL-10 solution (1 ml liter1), selenite-tungstate

solution (1 ml liter1), and vitamin solution (10 ml liter1; Widdel and Bak, 1992)

were added to the medium after sterilization. 2 mM sodium sulfide was added

directly to the vials. For the sulfur tracking experiments, starter cultures were set

by transferring twice an initial culture from a 10% glycerol stock kept at -80°C to

anaerobic media with 2.9 mM K2HPO4 and 4 mM NH4Cl. Triplicate treatments

with low (20 μM K2HPO4, 50 μM NH4Cl), medium (800 μM K2HPO4, 1 mM

NH4Cl), and high (2.9 μM K2HPO4, 4 mM NH4Cl) nutrients were inoculated

with cells from the starter culture centrifuged and washed three times with sulfide-,

K2HPO4-, and NH4Cl-free media.

Chlorobaculum tepidum WT2321, the plating strain derived from the original isolate

TLS1 (Wahlund et al., 1991), was grown in medium Pf-7 with sodium sulfide as

the sole electron donor prepared as previously described (L.-K. Chan et al., 2008)

with the exception that sodium thiosulfate, dipotassium phosphate, and vitamin B12

were omitted. C. tepidum cultures were routinely grown in glass vials with 20 ml

anaerobic Pf-7 and a 5% CO2/95% N2 headspace, kept in a water bath at 40°C
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with 6000 lux or with ∼100 lux for the light limitation experiments. For all sulfur

compound tracking experiments, starter cultures were set by transferring twice an

initial culture from a 10% glycerol stock kept at -80°C to anaerobic Pf-7 with 4 mM

sodium sulfide, 3.7 mM K2HPO4, and 13.8 nM vitamin B12. Cells from starter

cultures were centrifugated and washed 3 times with sulfur-free Pf-7 medium, and

inoculated in duplicate or triplicate vials to a density of 4 μg/ml protein. K2HPO4

was supplemented to a concentration of 5 μM to 3.7 mM, and vitamin B12 was

supplemented in a range of 0.08 to 13.8 nM.

Sampling and quantifications

Sulfide concentrations in the cultures were monitored by quantification through

Cline assay (Cline, 1969), and an appropriate volume of culture (between 500 μl

and 5 ml) was retrieved at definite timepoints for cell and sulfur analyses. For

C. tepidum, bacteriochlorophyll (bChl) c concentrations were determined by re-

suspending cell pellets in cold methanol, incubating at -20°C for 10 minutes and

reading the absorbance at 669 nm. Protein concentrations were determined through

Bradford assay using the Pierce BCA Protein Assay KIT (Thermo Fisher Scien-

tific). At definite timepoints, sulfate concentrations were measured through ion

chromatography (Dionex 500, Sunnyvale, CA, USA). Data was processed using

ThermoFisher Scientific Chromeleon software, version 7.2. To determine the sulfur

isotopic compositions of sulfide and sulfate, an appropriate volume of culture was

centrifuged to pellet the cells, and sulfide was precipitated as Ag2S with 2X 0.5 M

AgNO3, followed by an addition of 1X 1M HNO3 and 3 washes with MQ water.

Sulfate was precipitated as BaSO4 by adding 1X 1M BaCl2.
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Determination of growth and sulfur oxidation rates

The absorbance at 562 nm for protein was used to determine cell densities concen-

trations through a constant conversion factor of 2x106 ·OD2
562 – 9.3x10

4 ·OD562 +1

for C. tepidum. For D. alkaliphilus, cell densities were monitored by measuring

OD600 and a conversion factor of 8x108 · OD600 – 9.6x10
5 was used to determine

cells/ml. The conversion factors were obtained by counting cells using a Petroff-

Hausser chamber. Specific growth rates of exponentially growing cells (k day–1)

were calculated as

k =
ln(Ct/C0)

Δt
, (4.1)

where Ct and C0 are the concentrations of cells (in cells ml–1) at the initial and end

timepoints of the exponential phase and t is the time of the sampling (in days). Cell

specific sulfide oxidation rates (csSOR) during exponential growth were calculated

as

csSOR = k
Δm(HS–)

ΔC
· 1015, (4.2)

where ΔmHS– is the difference in the moles of sulfide, ΔC is the difference in

the concentration of cells during exponential phase, and 1015 adjusts the units to

femtomoles per cell per day.

Sulfur isotope analyses

0.1-1.3 mg of Ag2S or BaSO4 (plus 1 mg vanadium pentoxide) were weighed in tin

capsules and measured as SO2 by EA-IRMS (flash combustion elemental analyzer

coupled to a Delta V Plus IRMS via a Conflo IV universal interface). We report

sulfur isotope ratios using the conventional delta notation relative to the international

standard Vienna-Canyon Diablo Troilite (VCDT)

δ
34S = (34Rsample/

34RVCTD) – 1, (4.3)
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where 34R refers to the 34S/32S ratio. The values of each sample were corrected by

subtracting the blank and using a linear interpolation between two in house working

standards (sulfanilamide and seawater), with an analytical repeatability better than

0.19h. The sulfur isotope fractionation factors for each microbe and condition

(34Y) were calculated from the slope of the linear regression analysis of the most

accurate approximate solutions to the Rayleigh distillation equation (Mariotti et al.,

1981; Scott et al., 2004):

1000 · ln(1 + δ34SS2–/1000) = 1000 · ln(1 + δ34SS2–,0/1000) –
34 YS2– to S0

· ln(fS2– ),

(4.4)

1000·ln(1+δ34SSO2–
4
/1000) = 1000·ln(1+δ34SS0,0/1000)+34YS0 to SO2–

4
· (fS0 · lnfS0)(1 – fS0)

,

(4.5)

where f2–S and fS0 is the fraction of remaining sulfide and elemental sulfur in the

cultures, respectively, δ34SS2–,0 and δ34SS2– are the sulfur isotopic compositions

of the initial and remaining sulfide at the time of the measurement, respectively,

δ
34SS0,0 is the isotopic composition of initial elemental sulfur from the oxidation of

sulfide, and δ34SSO2–
4

is the isotopic composition of sulfate oxidized from elemental

sulfur. δ34SS0,0 was not measured, but inferred from δ34SS2– at the last measured

point and 34YS2– to S0
.

3. RESULTS

We cultured D. alkaliphilus under 3 different concentrations of phosphate and nitrate.

As expected, the cells grew more rapidly in the high nutrient treatments, and a

long lag-phase was observed for the low nutrient ones before any growth could be

detected. Similarly, sulfide was consumed faster in the high nutrient treatments,

followed by the medium and low ones. Sulfate production was detected earlier in

the medium concentration treatments compared to the high and low ones. In all

cases, cells reached a density of 108 and sulfate was close to 8 mM after 250h (Fig.
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2). We also calculated growth rates and cell-specific sulfide oxidation rates for the

3 different nutrient regimes for D. alkaliphilus during exponential phase (Table 1).
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Figure 2: Growth of Desulfurivibrio alkaliphilus with sulfide as electron donor for
A) high, B) medium, and C) low nutrient concentrations. The concentrations of
sulfate and sulfide throughout the course of the experiment are shown in the right
Y-axis.

Table 1: Growth rates and cell-specific sulfur oxidation rates for Desulfurivibrio
alkaliphilus in exponential phase at different nutrient concentrations.

Treatment Time Growth rate (day–1) csSOR (fmol S/cell/day)
2.9 mM KH2PO4, 4 mM NH4Cl 0-36 h 1.73 ± 0.11 187.1 ± 47.3
800 μM KH2PO4, 1 mM NH4Cl 0-36 h 0.85 ± 0.15 126.2 ± 55.9
20 μM KH2PO4, 50 μM NH4Cl 66-94 h 1.61 ± 0.07 397.2 ± 121.8

We measured the S isotopic compositions of sulfide and sulfate at specific timepoints

as they were consumed and produced by D. alkaliphilus, respectively. These δ34S

values were used to determine the fractionation factor (34Y) for sulfide oxidation to

elemental sulfur and elemental sulfur oxidation to sulfate (Fig. 3). All the fraction-

ation factors were positive (i.e. inverse kinetic isotope effect), and their magnitudes

increased with decreasing nutrient concentrations for the oxidation of sulfide step.

In the case of elemental sulfur oxidation, a large fractionation factor ( 12h) was

only observed in the treatments grown under high nutrient concentrations.
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Figure 3: Fractionation of sulfur isotopes during A) sulfide and B) elemental sulfur
oxidation by Desulfurivibrio alkaliphilus. Each color and symbol in the data points
corresponds to a different nutrient condition. The lines represent a linear fit of the
Rayleigh distillation equation, where the slope was taken as a measurement of the
fractionation factor, 34Y.

We grew C. tepidum under two limitation conditions for phosphate and vitamin B12

(Supp. Fig. 1). We measured a minimum growth rate of 4.3 day–1 under 10 μM

phosphate and 100 pM vitamin B12 (Supp. Table 1). We further limited nutrients

in an attempt to obtain lower growth rates and csSOR, but we could not observe any

growth below 100 pM vitamin B12. When determining the fractionation factors for

the oxidation of sulfide and elemental sulfur from the δ34S of sulfide and sulfate,

respectively, we found them to be between 1 and 2h for both oxidation steps,

irrespective of differences in nutrient concentrations, growth rate and csSOR (Supp.

Fig. 2). For this reason, we performed a second set of experiments with C. tepidum

under light limitation and a range of phosphate and vitamin B12 concentrations

(Supp. Fig. 3). The treatments with the highest and lowest nutrient concentrations

showed visible differences in their growth curves, as well as in the times at which

sulfide became exhausted and sulfate started to become detected (Fig. 4). The
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growth rates and csSOR for all the intermediate nutrient concentration treatments

were similar (Supp. Table 2), and growth rates below 0.5 day–1 were observed only

in the most nutrient limited treatments (5 μM phosphate, 80 pM vitamin B12; Table

2).

5 μM K2HPO4, 0.08 nM B12
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Figure 4: Growth of Chlorobaculum tepidum with sulfide as electron donor and
with light stress under A) high nutrient and B) limited nutrient conditions. The con-
centrations of sulfate and sulfide throughout the course of the experiment are shown
in the right Y-axis. Diamonds and circles correspond to independent replicates for
each condition.

Table 2: Growth rates and cell-specific sulfur oxidation rates for nutrient (5 μM
KH2PO4, 0.08 nM vitamin B12) and light limited (∼100 lux) treatments of C.
tepidum.

Replicate Time Phase Growth rate (day–1) csSOR (fmol S/cell/day)
1 0-387.5 h All exponential 0.33 6.1
2 0-309 h All exponential 0.36 9.7
1 0-121.5 h Early exponential 0.52 95.7
2 0-121.5 h Early exponential 0.48 110.9
1 121.5 - 387.5 h Late exponential 0.24 2.4
2 121.5 - 309 h Late exponential 0.28 2.9

The sulfur isotope fractionations for sulfide and elemental sulfur oxidation by C.

tepidum under light limitation were measured for the high (3.7 mM phosphate, 13.8

nM vitamin B12) and low (5 μM phosphate, 80 pM vitamin B12) nutrient treatments.

All the 34Y were found to lie between 0.6 and 2.3h (Fig. 5).
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Figure 5: Fractionation of sulfur isotopes during A) sulfide and B) elemental sulfur
oxidation by Chlorobaculum tepidum under light stress. Each color and symbol in
the data points corresponds to a different nutrient condition. The lines represent
a linear fit of the Rayleigh distillation equation, where the slope was taken as a
measurement of the fractionation factor, 34Y.

4. DISCUSSION

We tested the impact of different nutrient conditions on the fractionation factors

associated with MSO for two different microorganisms, aiming at understanding if

their impact on growth rates and csSOR could explain the magnitude of 34Y. For

D. alkaliphilus, the growth rate (k) for the treatments with high and low nutrient

concentrations were within experimental error from each other ( 1.6-1.7 day–1).

Besides, despite the exponential phase being significantly delayed in the low nutri-

ent concentration treatments compared to the high and medium ones, the csSOR

during exponential phase was largest for the low nutrient treatments (397.2 fmol

cell–1day–1). We measured fractionation factors from 11.6 to 18.6h for D. alka-

liphilus, observing an increase in the magnitude of 34Y with decreasing nutrient con-

centrations. This finding suggests that, as expected, nutrient limitation is inversely
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correlated with the sulfur isotope fractionations for sulfide oxidation. However, the

size of the fractionation is independent of k and csSOR for D. alkaliphilus. A previ-

ous study reported an 34Y of 12-13.1h for sulfide oxidation by this microbe (Pellerin

et al., 2019), in cultures inoculated with cells growing in exponential phase, and

grown under high nutrient conditions (2.9 mM phosphate, 4 mM ammonium). Our

high nutrient treatment, which utilized the same phosphate and ammonium concen-

trations as that from Pellerin et al. (2019), yielded a comparable 34Y of 11.6h. The

previously reported k and csSOR were 0.14-0.25 day–1 and 9-9.8 fmol cell–1day–1,

respectively (Pellerin et al., 2019). We could not slow down microbial growth and

sulfide consumption to values comparable to that previous report, despite limiting

nutrients in our cultures. The fact that we utilized culture volumes of 20 ml as op-

posed to 2 L could be responsible for the difference. Additionally, the fractionation

factors we measured were similar or larger, at higher growth rates and csSOR. This

is surprising, considering that both studies utilized similar concentrations of sulfide

as electron donor (8-10 mM). An even larger 34Y of up to 26h was reported when

D. alkaliphilus cultures were inoculated with cells from stationary phase, although

k and csSOR were not reported for those conditions (Pellerin et al., 2019). Our find-

ings support the idea that restricted growth conditions might lead to larger sulfur

isotope fractionations during MSO by D. alkaliphilus.

It is surprising that it is only in D. alkaliphilus that large S isotope fractionations

from MSO have been observed. Two particularities about this microorganism could

explain this. The first one is that as an alkaliphile, this microorganism is unable to

grow below pH 8. At this pH, most of the sulfide would be in the form of HS–,

which does not readily diffuse into cells, and allows for an equilibrium isotope effect

of about 6h between H2S and HS– (Otake et al., 2008; Tudge and Thode, 1950).

The second one is that D. alkaliphilus is a member of the class Deltaproteobacteria,

which includes bacteria capable of sulfate reduction, yet it is capable of sulfur
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oxidation and unable to grow with sulfate as sole electron acceptor (Thorup et al.,

2017). The implication is that most likely D. alkaliphilus utilizes the machinery for

sulfate reduction operating in reverse (rDsr; Thorup et al., 2017). Additionally, it

could also disproportionate S0, for which an 34Y of 5.6h has been reported (Poser

et al., 2016). The addition of multiple equilibrium and kinetic isotope effects might

be responsible for the large fractionation factors from MSO by D. alkaliphilus.

The fact that the only other Deltaproteobacteria capable of sulfide oxidation and of

growing at neutral pH are cable bacteria (Pfeffer et al., 2012), which are unculturable,

difficults testing the aforementioned hypotheses.

In order to determine if other sulfide-oxidizing microorganisms can manifest large

sulfur isotope fractionations during MSO, we tested C. tepidum under nutrient and

light limitation, and found fractionation factors of 1.2 to 1.6h for sulfide oxidation

and 0.6 to 2.3h for elemental sulfur oxidation. Despite achieving growth rates

as low as 0.33 day–1 and 6.1 fmol cell–1day–1, which are comparable to the ones

previously measured for D. alkaliphilus (Pellerin et al., 2019), the fractionation

factors for sulfur oxidation by C. tepidum are small. Previous reports of 34Y for C.

tepidum of -2.3 (Brabec et al., 2012) to 1.8h (Zerkle et al., 2009) for the oxidation

of sulfide, and -1.9 (Zerkle et al., 2009) to -0.7h (Brabec et al., 2012) for the

oxidation of elemental sulfur, did not include k or csSOR, but were conducted under

high nutrient conditions (3.7 mM phosphate, 13.8 nM vitamin B12). Although the
34Y we measured for sulfide oxidation is similar to one of the previously measured

one (Zerkle et al., 2009), the sign difference for the oxidation of elemental sulfur

step could be accounted for by differences in k and csSOR. C. tepidum utilizes the

sulfide-quinone oxidoreductase (SQR) pathway for the oxidation of sulfide to extra-

cellular elemental sulfur globules (Shahak et al., 1992), possibly with a polysulfide

as an intermediary (Eisen et al., 2002). It also possesses an alternative pathway,

which utilizes a flavocytochrome c-sulfide dehydrogenase for the oxidation of sul-
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fide and thiosulfate (Eddie and Hanson, 2013), and has been characterized in other

anoxygenic phototrophs, like Chlorobium thiosulfatophilum (Kusai and Yamanaka,

1973) and Chromatium vinosum (Davidson et al., 1985). Many phototrophic bac-

teria contain genes that encode both enzymes (L. K. Chan et al., 2009). Sox is a

third pathway utilized by bacteria to oxidize sulfide, sulfite, and thiosulfate. It is

comprised of a 15 gene cluster, and it was first characterized in the Alphaproteobac-

terium Paracoccus panthotrophus (Friedrich et al., 2000). C. tepidum also possesses

an incomplete Sox system that allows it to oxidize thiosulfate (Eisen et al., 2002).

The dissimilatory sulfite reductase system operating in reverse (rDsr) is required in

C. tepidum (Eisen et al., 2002), C. vinosum (Pott and Dahl, 1998), and potentially

other sulfur-oxidizing phototrophs for the oxidation of elemental sulfur to sulfate.

A previous effort tried to establish if there are different fractionation factors asso-

ciated with sulfide-oxidation through the SQR or the Sox pathways (Poser et al.,

2014). That study utilized Thiobacillus denitrificans and Sulfurimonas denitrificans

as purported representatives of microbes were only the SQR and the Sox pathway

operates, respectively. A fractionation factor of -1.3 to -4.3h for T. denitrificans,

and of -1.6 to -2.9h for S. denitrificans, was found for the oxidation of sulfide to

sulfate (Poser et al., 2014). However, both organisms have genes that encode both

pathways (Sievert et al., 2008), so their simultaneous operation, which would impact

the fractionation factors measured, cannot be precluded. The high overlap between

sulfur oxidation pathways among microorganisms (Pjevac, 2014) plain greatly dif-

ficults the endeavor of identifying the fractionation factors associated to each one

of them. Ideally, these should be studied in mutants, which would need to have

multigene knockouts to guarantee that none of the other pathways, usually involving

many genes, is operational. To our knowledge, this has not been accomplished so

far for any sulfur oxidizing microorganism. The fractionation factors for MSO we

report here, as well as most of the previously reported ones (Fig. 1), are inverse (or
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positive), which implies that the product is relatively enriched in 34S. These inverse

isotope effects have been interpreted as a combination between the equilibrium iso-

tope effect of 6h for the exchange of S atoms between HS– and H2S at neutral

pH (Fry et al., 1984; Otake et al., 2008; Thode et al., 1951), and metabolic effects

(Zerkle et al., 2009).

To better understand what keeps the S isotope fractionations during MSO small

despite low k and csSOR, we explored whether the sulfide oxidizers studied here

could be limited by sulfide internalization. Considering a cell size of 3 μm for D.

alkaliphilus (Sorokin et al., 2008) and 2 μm for C. tepidum (Wahlund et al., 1991),

and a permeability coefficient of 11.9 cm/s for H2S (Riahi and Rowley, 2014), we

determined that the intracellular hydrogen sulfide concentrations needed to support

the csSOR determined here are 8.18 nM and 0.59 nM, respectively. Considering

that the ratio between the intracellular (nM) vs. ambient (mM) concentrations

of sulfide in our experiments are in the order of at most 10–6, sulfide supply to

the cells must be transport limited (e.g. Brugnoli et al., 1988). During carbon

dioxide incorporation by plants (O’Leary, 1981), and electron donor uptake for

sulfate reduction (e.g. Bradley et al., 2016), it has been observed that transport

limitation keeps S isotope fractionations small despite low k and csSOR. This

leads us to hypothesize than large sulfur isotope fractionations from MSO by D.

alkaliphilus must be caused by disproportionation as previously suggested (Pellerin

et al., 2019), which is favored by low hydrogen sulfide concentrations under the

alkaline conditions that this microbe requires for growth (Pellerin et al., 2019).

Microorganisms that utilize more widespread sulfur oxidation pathways, like SQR,

Sox, or flavocytochromes, and that operate at circumneutral pH, potentially do

not express large sulfur isotope fractionations —even under low electron donor

availability, growth rates, and specific sulfide oxidation rates—, because they are

limited by sulfide diffusion into the cell. Since these are the most prevalent conditions
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in natural environments were reduced sulfur species are present, the main implication

of our findings is that sulfur isotope fractionations for MSO may have scarce utility

as paleoenvironmental proxies.

5. CONCLUSIONS

We investigated the possibility that large sulfur isotope fractionations are expressed

during nutrient-limited growth in the sulfide-oxidizing microorganisms Desulfuriv-

ibrio alkaliphilus and Chlorobaculum tepidum. Despite achieving comparable slow

growth rates and cell-specific sulfide oxidation rates for both microorganisms, which

in the case of Chlorobaculum tepidum required light limitation on top of nutrient

limitation, S isotope fractionations in C. tepidum remained below 2.3h, whereas

D. alkaliphilus reached fractionations between 11.6 and 18.6h. As the calculations

based on the csSOR determined here show, the small sulfur isotope fractionations

in C. tepidum could be fully explained by sulfide transport limitation despite low k

and csSOR, which would make sulfide oxidation quantitative, and minimize isotopic

fractionation due to mass balance. The large fractionations observed in D. alka-

liphilus are probably related to the growth of this microbe at pH above 9.5, which

leads to a combination of equilibrium isotope effects between HS– (the most abun-

dant sulfide form at high pH) and H2S (the most cell membrane diffusible form of

sulfide), and kinetic isotope effects during sulfide oxidation, which might be unique

to the utilization of the rDsr pathway by this microorganism. We conclude that large

sulfur isotope fractionations during microbial sulfide oxidation are probably not

prevalent in nature, given that the most environmentally abundant or relevant sulfide

oxidizers operate at neutral pH and utilize metabolic pathways similar to the ones

used by C. tepidum. Resolving the isotopic record of reduced sulfur minerals might

require inquiring further into the conditions that could induce large sulfur isotope

fractionations by pathways or microorganisms different than the ones studied here.
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7. SUPPLEMENTARY MATERIALS

A B25 μM K2HPO4, 0.5 nM B12 10 μM K2HPO4, 0.1 nM B12
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Supp. Fig. 1: Growth of Chlorobaculum tepidum with sulfide as electron donor,
with no light stress, for A) medium, and B) low nutrient conditions. The concen-
trations of sulfate and sulfide throughout the course of the experiment are shown in
the right Y-axis.

Supp. Table 1: Growth rates and cell-specific sulfur oxidation rates for C. tepidum
grown without light limitation in exponential phase at different nutrient concentra-
tions.

Treatment Time Growth rate (day–1) csSOR (fmol S/cell/day)
25 μM KH2PO4, 0.5 nM B12 0-17.5 h 9.91 ± 0.4 3052.5 ± 401.8
10 μM KH2PO4, 0.1 nM B12 0-17.5 h 4.34 ± 0.17 1460.9 ± 185.5
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Supp. Fig. 2: Fractionation of sulfur isotopes during A) sulfide and B) elemental
sulfur oxidation by Chlorobaculum tepidum grown without light limitation. Each
color and symbol in the data points corresponds to a different nutrient condition. At
10 pM vitamin B12, very little growth was observed, and no sulfate was produced.
The lines represent a linear fit of the Rayleigh distillation equation, where the slope
was taken as a measurement of the fractionation factor, 34Y.
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Supp. Fig. 3: Growth of Chlorobaculum tepidum with sulfide as electron donor
and with light stress under different concentrations of KH2PO4 and vitamin B12.
The concentrations of sulfate and sulfide throughout the course of the experiment
are shown in the right Y-axis. Diamonds and circles correspond to independent
replicates for each condition.

Supp. Table 2: Growth rates and cell-specific sulfur oxidation rates for light limited
treatments of C. tepidum in exponential phase at different nutrient concentrations.

Treatment Time Growth rate (day–1) csSOR (fmol S/cell/day)
3.7 mM KH2PO4, 13.8 nM B12 0-7 h 8.31 ± 0.75 1061.4 ± 287.8

1 mM KH2PO4, 7 nM B12 0-28 h 1.19 ± 0.34 642.4 ± 53.4
500 μM KH2PO4, 3.5 nM B12 0-28 h 1.76 ± 0.26 576.2 ± 40.6

50 μM KH2PO4, 1 nM B12 0-28 h 1.8 ± 0.14 533.5 ± 56.8
25 μM KH2PO4, 0.5 nM B12 0-28 h 1.84 ± 0.28 507.3 ± 65.9
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Abstract

Authigenic carbonate minerals can preserve organic and isotopic biosignatures of

anaerobic methane oxidation (AOM) in the rock record. It is not currently known

if the microorganisms that mediate sulfate-coupled AOM—often occurring as con-

sortia of anaerobic methanotrophic archaea (ANME) and sulfate-reducing bacteria
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(SRB)—are directly preserved as microfossils. Electron microscopy of ANME-

SRB consortia has shown that these microorganisms can be associated with silicate

minerals (Chen et al., 2014; Dekas, 2013) but the biogenicity of these phases,

their geochemical composition, and their potential presence in the rock record is

poorly constrained. Here, we demonstrate that exceptionally Si-rich 200 nm diame-

ter spherical minerals encrust surfaces of multi-celled methane-oxidizing ANME-2

and SRB consortia that were enriched from methane seeps in media that was under-

saturated with respect to silica. We further show that putative ANME-SRB consortia

preserved in methane seep carbonates are enveloped in silicates with similar com-

position to those encrusting active ANME-SRB consortia in sediment-free cultures.

The Si-rich composition of this mineral phase is similar to the composition of sili-

cates associated with cyanobacteria (Moore et al., 2020), suggesting a common but

underexamined mode of biomineralization that may enhance the preservation of mi-

crofossils, with implications for the structural finding of microbial remains in rocks

from Earth and other planetary bodies which formed in methane-rich environments.

1. INTRODUCTION

Anaerobic oxidation of methane (AOM) is a microbially-driven process in coastal

sediments worldwide that modulates methane flux and mediates the precipitation of

authigenic minerals. Multicellular ANME-SRB consortia couple methane oxidation

to sulfate reduction (Boetius et al., 2000; Orphan, Hinrichs, et al., 2001; Orphan,

House, et al., 2001, 2002):

CH4(g) + SO2–
4 (aq) −→ HS– (aq) + HCO–

3 (aq) + H2O(l) (5.1)

The production of one mole each of bicarbonate and sulfide increases porewater

alkalinity in two total units in zones of AOM activity per mole of oxidized methane,

driving the precipitation of carbonate minerals (Aloisi et al., 2002; Luff and Wall-

mann, 2003; Naehr et al., 2007; Teichert et al., 2005). Geochemical modeling
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(Luff and Wallmann, 2003) and isotope signatures (Loyd et al., 2016; Thiagara-

jan et al., 2020) in methane seep carbonates imply rapid precipitation rates during

early diagenesis, suggesting that the ANME-SRB consortia inhabiting these rocks

(Marlow et al., 2014; Mason et al., 2015) may mediate carbonate precipitation.

Therefore, it is surprising that silicates —not carbonates— with compositions and

platy morphologies similar to clay minerals, intimately associate with ANME-SRB

consortia (Chen et al., 2014; Dekas, 2013) isolated from methane seep sediments.

These silicates have been proposed to precipitate via microbially-mediated inter-

actions between dissolved silicon (Si) and metal cations adsorbed to ANME-SRB

consortia exteriors (Chen et al., 2014). Local acidic microenvironments in the cells

exteriors may be enhanced by extracellular electron transfer from ANME to SRB

(Franks et al., 2009), which would favor the precipitation of amorphous silica and

inhibit carbonate precipitation in the immediate vicinity of the consortia. Silica-rich

cements and clay mineral envelopes were proposed to play a role in adhesion within

ANME-SRB consortia (Chen et al., 2014). However, as these phases have been

observed on ANME-SRB consortia extracted from AOM enrichments of sediment

samples, the extent to which ANME-SRB consortia mediated the precipitation of

these phases, as opposed to a passive attachment, was unclear.

Authigenic silicate precipitation can occur in sediments due to interactions between

porewater Si and clay-type aluminosilicates (Michalopoulos and Aller, 2004), po-

tentially producing abiotic silicate precipitates that may adhere to ANME-SRB con-

sortia and thus obscure the true biogenicity of these phases. Additionally, whether

ANME-SRB consortia inhabiting seep carbonates (Marlow et al., 2021; Marlow

et al., 2014; Mason et al., 2015; Michalopoulos and Aller, 2004; A. Pernthaler et al.,

2008) may also associate with silicates had not been explored so far. AOM coupled

to SR enhances the dissolution of silicon from quartz and other silicates in sediments

by increasing the pH of the environment, which could redeposit on the surface of
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ANME-SRB consortia (Chen et al., 2014). Microbial surface ligands could favor

the nucleation of amorphous silica, as previously suggested for ANME-SRB consor-

tia (Chen et al., 2014), and microorganisms in hot spring and geothermal systems

(Konhauser et al., 2004). Authigenic silicates can entomb and preserve organic

carbon (Channing and Edwards, 2003; Walter et al., 1996); if ANME-SRB consor-

tia indeed mediate silicate precipitation, this process may enhance the preservation

of microbial biomass in methane seep carbonates. Previous studies have revealed

active ANME-SRB consortia living within modern seep carbonates (Marlow et al.,

2021; Marlow et al., 2014; Mason et al., 2015) and have documented mineral precip-

itates with consortium-like morphology (Bailey et al., 2010), but have yet to identify

ANME-SRB consortia in modern carbonates with high preservation potential such

as that conferred by early silica precipitation (Newman et al., 2016).

Here we provide evidence for the active involvement of ANME-SRB consortia in

silica precipitation from undersaturated solutions. We performed direct microscopy

and analysis of the exteriors of ANME-SRB consortia separated from methane seep

sediments and maintained in the laboratory in media with [Si] insufficient to produce

abiotic silica precipitates or drive Si sorption to preexisting, consortium-attached

silicates. We find the growth of abundant Si-rich phases embedded in EPS and

attached to ANME-SRB consortium exteriors with compositions (1) significantly Si-

enriched relative to the Si content of source sediment from the Santa Monica Basin,

which is composed of ∼40% smectite, 40% illite and 20% kaolinite+chlorite (Hein

et al., 2003), and (2) similar to those of mineral phases found adhered to ANME-

SRB consortia sourced directly from diverse seep sediment. These observations

demonstrate de novo growth of a Si-rich phase from solutions undersaturated with

respect to amorphous silica, and are suggestive of bona fide silicate precipitation

mediated by ANME-SRB consortia, both in culture experiments, and in a diversity

of methane seep sediments. We also identified ANME-SRB consortia in modern
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seep carbonates associated with silica, either as rims or as precipitates adjacent to

the consortia (Metcalfe, 2021). We posit that a silica incrustation of ANME-SRB

consortia in seep carbonates might enhance their long-term preservation and is thus

a key trait for identifying fossilized ANME-SRB consortia in the rock record.

2. MATERIALS AND METHODS

Sample Collection and Processing

Sediment samples analyzed in this study were collected by push coring using the

submersible HOV Alvin and the R/V Atlantis from two seafloor methane seep sites,

in the Eel River Basin (AT 15-11, October 2006) and off the coast of Costa Rica

(AT 37-13, May 2017), and by the ROV Doc Ricketts of the R/V Western Flyer

from a seafloor methane seep site in Santa Monica Basin (October 2013). Push core

(PC) samples PC14 and PC15 from Alvin dive AD4254 (AT 15-11) were collected

from a microbial mat proximal to an active methane seep site 520 m below sea level

(mbsl) on the Northern Ridge of Eel River Basin (40.786533, -124.5951). Samples

from the Costa Rica Margin (AT 37-13) were obtained during Alvin dive AD4912

from a microbial mat (PC 6) collected at 1811 mbsl in the Jaco Scar submarine

landslide (9.1163, -84.8372). Samples from Santa Monica Basin were retrieved

from a microbial mat at a seafloor methane seep site (33.788835, -118.668298) at

863 mbsl during DR 459 (PC 43). Samples were processed shipboard by extruding

sediment from the push core liner and sectioning sediment at 3 cm intervals and

either frozen at -80°C, PFA-fixed for microscopy, or sealed in Ar-sparged mylar

bags at 4°C for laboratory-based microcosm experiments. Additionally, carbonate

samples were collected in the Jaco Scar site using the submersible HOV Alvin and

the R/V Atlantis (AT42-03, October-November 2018) for microscopy of endolithic

AOM consortia.
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Percoll Separation

Using a modified protocol (Orphan et al., 2002), separation of ANME-SRB consortia

from bulk sediment for downstream microscopy or cultivation was performed using a

Percoll (Sigma-P1644) density gradient on an aliquot of seep sediment. Briefly, cells

were disaggregated from bulk sediment by sonication for 3 x 10-second intervals

on ice using a Branson Sonifier 50 with a power output of 4 W. The 1 mL aliquot

of sonicated sediment was then pipetted onto 500 μL of a 100% Percoll density

gradient and centrifuged at 18000 x G for 30 minutes at 10°C using a Beckman-

Coulter Microfuge 18 centrifuge. The supernatant (∼1 mL) was then pipetted into

250 mL 1X PBS in a filter tower and vacuumed through a 5 µm polyethersulfone

(PES) filter until ∼50 mL solution remained in the tower, which was then diluted

by ∼200 mL 1X PBS added to the tower. Repeated filtration and dilution by 1X

PBS was performed 3 times. We calculated this dilution and filtration to remove

99.2% of the 500 μL Percoll (initially containing 0.43 μmol Si (G.E. Healthcare Life

Sciences, 2018) present in the density separation supernatant, with the final filtration

step yielding a 1 mL aliquot used for downstream microscopy. According to this

calculation, final [Si] from Percoll should not exceed 3.4 μM. For microscopy, cells

were initially fixed by incubating a 1mL aliquot of sediment with 4% glutaraldehyde

overnight at 4°C. For cultivation, the procedures were done in an anaerobic chamber

(Coy Laboratory Inc.) as previously described (Yu et al., 2022).

Sediment-free enrichment cultures of AOM consortia

To enrich for ANME-SRB consortia, seep sediments were homogenized with 0.2 μm

filter-sterilized and Ar-sparged seawater sampled at the sampling site, and placed in

N2-sparged Pyrex bottles sealed with butyl rubber stoppers as previously described

(Yu et al., 2022). Aliquots from anaerobic Percoll separation to enrich ANME-SRB

consortia for sediment-free incubation (see above) were mixed with N2-sparged
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artificial seawater (media composition from (Scheller, Yu, Chadwick, McGlynn,

2016)) and placed in N2-sparged serum vials with butyl rubber stoppers. Carbonate

samples were also placed in Pyrex bottles together with filter-sterile N2-sparged

seawater. All incubations were supplied with a CH4 headspace pressurized to ∼2

atm. These anoxic incubations were maintained in the dark at 10°C with partial

exchange of spent media with the addition of 0.2 μm filter-sterilized Ar-sparged

seawater and CH4 every 3 months. Sediment-free incubations were maintained in

these conditions over ∼5 years. Sulfate-reducing activity during the course of the

incubations was measured using a modified Cline assay (Cline, 1969).

Fluorescence in situ hybridization and epifluorescence microscopy of

ANME-SRB consortia in sediments

Conventional fluorescence in situ hybridization (FISH) with a single fluorophore

on the 5’ end was used to identify ANME-SRB consortia for analysis of consor-

tium exteriors. In this study, cells fixed by glutaraldehyde and Percoll-separated

were filtered down or dried onto 0.2 μm EMD Millipore white polycarbonate filters

(Code GTTP) and incubated in 50 μL hybridization buffer for 24 hr at the appro-

priate formamide stringency, following published protocols (J. Pernthaler et al.,

2001). Percoll separation was only performed on samples from sediment-bearing

incubations. In this study, we used probes targeting general Archaea (Arch915;

Stahl and Amann, 1991), ANME-2 (Eel932; Boetius et al., 2000), ANME-2a/b

(Treude et al., 2005), and SRB (DSS658; Boetius et al., 2000). 4’,6-diamino-2-

phenylindole (DAPI) was subsequently applied as a counterstain, and filters were

illuminated using an XCite Series 120Q fluorescence source and imaged with a

Qimage QIClick camera attached to an Olympus BX51 epifluorescence microscope

using 60x (Olympus PlanApo N Oil, N.A. 1.42) and 100x (Olympus UPlan FL

N Oil, N.A. 1.30) objectives. cellSens Dimension imaging software was used to
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acquire images. Epifluorescence image compositing was performed using the image

processing software Q-Capture Pro 7.

NanoSIMS imaging of ANME-SRB consortia in sediments

Sample preparation for NanoSIMS, analytical conditions and image analysis were

performed as previously described (McGlynn et al., 2018). Briefly, aggregates

from the 3730 incubation were fixed in glutaraldehyde and prepared for TEM in

Durcupan as described previously (McGlynn et al., 2018). The samples were cut at

500nm thickness and placed on an ITO square and gold coated. The primary ion

beam during analysis was ∼1.3pA. Images were acquired from 10 μm to 47 μm at

512x512, and the primary beam was at (D1=3, and either ES=2 or 3). Pre-sputtering

was performed at D1=0 ES=2 until 12C- counts were over 150,000 ct/s.

Fluorescence in situ hybridization and epifluorescence microscopy of

endolithic ANME-SRB consortia in carbonate rocks

The Jaco Scar (Costa Rica margin) rock sample was incubated for 1 year under the

conditions described above for the sediment-free enrichment cultures. A fragment

of this carbonate was fixed in 1% PFA, embedded in Epoxicure 2 (Buehler Ltd.,

Lake Bluff, IL), glued to a 1-inch round glass, sectioned by rock saw and polished

with alumina polishing film of grits 60, 30, 12, 5 and 2 μm to get a rock section of

about 50 μm thickness. For FISH, a dehydration series (50%, 75%, 100% ethanol, 1

min each) was performed on the thin section, followed by hybridization with probes

targeting ANME-2 (ANME-2-712; Knittel et al., 2005) and SRB (DSS658; Boetius

et al., 2000) in 40% formamide hybridization buffer, as previously described (J.

Pernthaler et al., 2001). 5 μl/ml of a DAPI-Citifluor mounting medium was added

prior to epifluorescence microscopy. Epifluorescence pictures were taken with

a fluorescence microscope (Elyra S.1, Zeiss) at 10x (EC Plan-Neofluar 10x/0.30
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M27 objective) and 63x magnification (Plan-Apochromat 63x/1.4 Oil DIC M27

objective). Images were acquired using the Zen black software (Zeiss) and the

image compositing was performed using the software Fiji (Schindelin et al., 2012).

Scanning Electron Microscopy

Scanning electron microscopy (SEM) and energy-dispersive spectroscopy (EDS) of

ANME-SRB consortia immobilized on white polycarbonate filters were performed

and correlated with optical microscopy. Additionally, sediment from each of the

source sediments was filtered onto 0.2 μm EMD Millipore white polycarbonate

filters (Code GTTP). These sediment samples and the rock thin section hybridized

with DAPI/FISH were Pd-coated (10 nm thickness) using a Cressington Sputter

Coater 208HR and examined using a Zeiss 1550VP Field Emission SEM equipped

with an Oxford INCA Energy 300 X-ray EDS system. After SEM image acquisition,

EDS mapping of consortia was performed to characterize the spatial distribution of

consortium-adhered phases, and EDS point spectra were collected to characterize

the compositional range of consortium-adhered phases as well as sediment samples

from which consortia were extracted, allowing a comparison between consortium-

attached silicates and silicates not associated with consortia. SEM images were

acquired using an electron beam energy of 10 eV and EDS mapping and spectra

were acquired with an electron beam of 15 eV. Statistical analysis of EDS-acquired

compositional data was performed in R.

TEM

ANME-SRB consortia from our sediment-free enrichments were embedded in hy-

drophilic resin following published protocols (McGlynn et al., 2018), and sectioned

using a Leica Ultracut UCT ultramicrotome fitted with a diamond knife. Sections

were stained using the contrasting agent osmium tetraoxide and subsequently im-
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aged at UCSD using a FEI Spirit transmission electron microscope operated at 120

kV with a Tietz TemCam F224 2K by 2K CCD camera.

FIB-EDS

ANME-SRB consortium cross-sections recovered directly from seep sediments were

prepared using a focused Ga+ ion beam (FEI Nova-600) at the Kavli Nanoscience

Institute at Caltech followed by EDS analysis of FIB-sectioned consortia to ac-

quire cross-sectional compositional variability of consortium-attached silicates and

consortium interiors.

ICP-MS

Dissolved silicon was measured using an Agilent 8800 ICP-MS in oxygen mass-shift

mode. Ions of 28 m/z were transmitted through the first quadrupole to a collision

reaction cell where they interacted with oxygen gas. Silicon cations that reacted with

oxygen to form 28Si16O+ were able to transmit the final quadrupole which was set

at 44 m/z. Isobars at 32 m/z such as O2+ are unable to undergo this reaction to form

a stable product, practically eliminating the interfering signal. Silica concentrations

were quantified after calibration with orthosilicic acid standards (Sigma-Aldrich) in

a range of 0.2-10 μM at 1:10 dilutions.

Data and code availability

All data and custom scripts were collected and stored using Git version control. Code

for raw data processing, analysis, and figure generation is available in the GitHub

repository (https://github.com/daniosro/Si_biomineralization_ANME_SRB).
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3. RESULTS

ANME-SRB consortia in sediment-free cultures are associated with nanoscale

spheres of amorphous silica

We investigated the hypothesis of ANME-SRB-mediated silicate precipitation (Chen

et al., 2014) by examining methane-oxidizing ANME-SRB consortia obtained after

5 years of enrichment cultivation in the laboratory. These sediment-free cultures

were initially prepared by gentle sonication and Percoll-based density separation

performed under anoxic conditions, followed by size selection to enrich for multi-

cellular ANME-SRB consortia (Yu et al., 2022). These consortia were maintained

with a CH4 headspace in 0.2 μm-filtered sterile defined seawater media, which was

exchanged periodically to remove metabolic byproducts (i.e. bicarbonate, sulfide),

while maintaining pH and replenishing sulfate (Yu et al., 2022). Using correlated

fluorescence in situ hybridization (FISH), SEM, and EDS imaging (Fig. 1a-c), we

identified clusters of enriched AOM consortia that were frequently covered with

∼200 nm diameter spherical particles rich in Si (Fig. 1d). These were inferred

to be amorphous silica based on EDS-derived compositional data and similarities

with previously reported amorphous silica spheres associated with cyanobacteria in

hot springs (Benning et al., 2004; Renaut et al., 1998). SEM imaging of consor-

tium exteriors revealed the universal presence of Si-rich phases in these cultures,

often embedded within C-rich extracellular polymeric material connecting clusters

of multiple ANME-SRB consortia (Supp. Fig. 1). TEM imaging corroborated

these findings, showing these Si phases formed a matrix within which many dozens

of consortia were embedded (Fig. 1e). Image analysis of this TEM data esti-

mated a fairly uniform particle size for these silica spheres (230±62 nm, n=6060)

notably similar to the texture of authigenic silica precipitated during microbial res-

piration of iron-bearing clays (Zhang et al., 2007). FISH-SEM-EDS performed on

FIB-sectioned consortia sampled directly from Santa Monica Basin methane seep
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sediment (Supp. Fig. 1f-h) also demonstrated that the spatial distribution of silica

spheres associated with ANME-SRB consortia from sediment was similar to that

observed on consortia grown in sediment-free cultures (Supp. Fig. 1e), namely that

silica spheres appear on the exterior of individual ANME-SRB consortia and are

not present within consortia interiors. NanoSIMS imaging showed that silica forms

rims around ANME-SRB consortia isolated from the Santa Monica Basin methane

seep sediment (Fig. 2).

Compositional analysis of amorphous silica attached to ANME-SRB consortia

grown in sediment-free cultures revealed it has silicates have a similar composition to

Si-rich phases associated with consortia directly extracted from Santa Monica Basin

methane seep sediments (Fig. 1f; Fig. 3a), suggesting that the Si-rich composition

of this mineral phase is common to AOM consortia. Notably, the amorphous silica

phase attached to AOM consortia in sediment-free cultures and from methane seep

sediment has a distinct composition from the siliciclastic methane seep sediment

particles from which the original inoculum of ANME-SRB consortia was sourced.

Mineral phases attached to AOM consortia extracted from both native sediments

and within our sediment-free cultures typically had lower Si, Al and Fe ( 5-20 atom

% Si, ∼0-5% Al, and ∼0-3% Fe) than the sediment particles which hosted them

(∼15-25 atom % Si, ∼5-10% Al, and ∼3-10% Fe; Supp. Fig. 2). We note that

raw atom % values calculated from EDS data may underrepresent Si, Al, and Fe in

consortia given the high local C or O from proximal biomass. Thus, we character-

ized the composition of consortium-attached silica by ratios of elements typically

found in octahedral sites of clays (Mg, Al, Fe) to Si, and found that AOM consortia

had Al:Si ratios < 0.37 and (Mg+Al+Fe):Si ratios < 0.5, which are generally lower

than those of the sediment from which they were drawn (Fig. 3). Based on these

elemental ratios, we conclude that the phases attached to ANME-SRB consortia are

predominantly amorphous silica, as opposed to clay minerals. Notably, the Si-rich
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phases attached to ANME-SRB consortia from this work were significantly more

Si-rich than cell-attached silicates previously used as a model for silica precipitation

resulting from cation bridging by Fe or Al adsorbed on cell walls (Konhauser and

Urrutia, 1999) (Supp. Fig. 3).
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Figure 1: Epifluorescence and microscopy of ANME-2-SRB isolated from sedi-
ments. A-E) correspond to sediment-free ANME-2-SRB consortia in laboratory
incubations, and F-H) correspond to ANME-2-SRB consortia isolated from sedi-
ments.
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Figure 1: (cont.) A-C) Correlated FISH, SEM, and EDS imaging of ANME-
2/SRB consortia and associated Si-rich phases. Dashed ovals outline individual
AOM consortia within the cluster across all 3 panels. A) FISH image of a cluster of
ANME- SRB consortia, with ANME-2 cells stained in pink and inferred SRB cells
in blue. B) Paired SEM image of the same cluster of AOM consortia in A, where
red arrows denote areas enriched in silica. Red inset box: 2X magnified view of
∼200 nm amorphous silica spheres. C) EDS map showing elemental distribution,
where yellow is carbon associated with ANME-SRB biomass, with silicon (blue)
is concentrated in the extracellular matrix around individual AOM consortia. D)
Higher magnification SEM image showing nanoscale silica spheres associated with
AOM consortia. E) TEM cross-section of ANME-SRB consortia and closely asso-
ciated Si-rich particles (red arrow). F) FISH of a sediment-associated ANME-SRB
consortium, with ANME in pink and SRB in green. G) SEM of the consortium
in F after FIB section. H) Elemental composition by EDS along a transect of the
consortium in G, which shows higher C and N relative abundances in the interior
and an enrichment in Si and Al at the edges of the consortia.

Figure 2: NanoSIMS images of ANME-SRB consortia from sediments. A-B)
12C14N maps C-D) 28Si maps of the same ANME-SRB consortia shown in A and
B, respectively, where silicon can be observed forming rims around the consortia.
Lighter colors indicate higher counts, shown by the bars to the left of the images.
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Si-rich phases attached to AOM consortia precipitated from undersaturated

media

The long-term maintenance of our AOM enrichment cultures and the absence of

a sediment matrix provided the opportunity to place additional constraints on the

process by which amorphous silica associates with ANME-SRB consortia. We

formulated a simple model of ANME-SRB growth, using estimates of consortium

doubling time from the literature (3 to 7.5 months; Dekas et al., 2009; Girguis et al.,

2005; Meulepas et al., 2009; Nauhaus et al., 2007; Orphan et al., 2009), to roughly

estimate the maximum number of consortia that would have produced an aggregation

of 55 ANME-SRB consortia (Supp. Fig. 3) after 5 years of growth in sediment-

free anaerobic seawater media. For simplification purposes, the model makes the

assumption that the clusters of aggregates were formed by consortia growth, since

these clusters were not observed initially in the enrichment cultures. The results of

this model (Fig. 3) implied that a 55-consortium cluster could have grown from no

more than 2 consortia, assuming a doubling time of 7.5 months. Doubling times

shorter than ∼ 6 months in this model imply a 55-consortium cluster would have

grown from < 1 consortium. Similarly, clusters smaller than ∼ 32 consortia with

a doubling time of 7.5 months are calculated to have grown from < 1 consortium,

suggesting these smaller clusters grew from consortia subsequent to inoculation that

were not part of the initial inoculum or possibly represent clusters that separated

from larger aggregates during incubation or processing. Based on the observed

and modeled consortia growth, we reason that the Si-rich phases detected in the

extracellular matrix between clusters of AOM consortia must have developed over

the 3-year cultivation period, as essentially all consortia associated with amorphous

silica were predicted based on the modeled doubling times to have grown after

inoculation.



183

Figure 3: Composition of Si-rich phases associated with ANME-SRB consortia
isolated from sediments and in sediment-free incubations. A) Elemental ratios
of EDS-acquired compositional data of ANME-SRB consortium-attached Si-rich
phases extracted directly from methane seep sediments (‘ANME-SRB’) or grown
under sediment-free conditions (‘sed. free’) compared with the range of compo-
sitions of sediments from 3 different seep sediment locations from Northern and
Southern California and the Costa Rican margin from which the AOM consortia
were recovered (‘sed.’). Sampling location details can be found in Methods. Ref-
erence clay mineral compositions are also noted (arrows on right; montmorillonite
(mont), illite (ill), chlorite (chl)). Also shown is the composition of 3 different
Si-rich rings surrounding carbon-rich cell aggregates in a seep carbonate (black
arrow, numbered 1,2,3). B) A general model of AOM consortia growth showing
the estimated final number of consortia (contours) within a cluster as a function
of the initial consortia numbers within the enrichment, constrained by the range of
reported values for ANME-SRB doubling times (dashed lines).
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Figure 3: (cont.) C) ICP-MS measurement of [Si] in seawater media from the
sediment-free AOM enrichments (filled circle) showing significant undersaturation
compared to the equilibrium concentration for sorption of Si to illite (open circle),
montmorillonite (open square), precipitation of amorphous silica at different pH
regimes (black line), and the reported range of Si concentrations in which silicate
precipitation on cyanobacterial cells occurs (grey bar).

The concentration of silica was measured in the sediment-free enrichments by ICP-

MS and this value was compared with the [Si] equilibria of abiotic processes known

to generate amorphous silica, including silica precipitation (Gunnarsson and Arnórs-

son, 2000) and sorption of Si to clay minerals (Siever and Woodford, 1973). Unlike

in several previous experiments examining potential microbial silicate biomineral-

ization, where precipitation on bacterial or archaeal cell surfaces was only observed

under conditions supersaturated with respect to clay (Konhauser et al., 1993; Kon-

hauser et al., 1994; Konhauser and Urrutia, 1999) or silica precipitation (Hugo et al.,

2011; Lalonde et al., 2005; Phoenix et al., 2002; Phoenix et al., 2003; Yee et al.,

2003), the silica concentration (21 to 64 μM) in the sediment-free enrichments (Ta-

ble 1) was several orders of magnitude below [Si] for abiotic silicate precipitation

(4.3 mM; Iler, 1979; Fig. 3c). Since neither silica or aluminum were directly added

to the incubation media, we hypothesize that traces of these elements may have been

washed out from the walls of the glass incubation vials, or were present as part

of the original sediments where the aggregates were retrieved from. These results

implied Si-rich phases attached to ANME-SRB consortia were precipitated by a yet

unknown mechanism that is likely mediated by an aspect of the physiology of the

methanotrophic ANME-2 and/or associated SRB partners, given the intimate physi-

cal association between silica and AOM consortia. It has been proven that monomers

of silicic acid can condensate forming soluble polymeric silicic acid (PSA) particles

which can aggregate at pH < 7 (Annenkov et al., 2017). Local low pH conditions

around ANME-SRB consortia, conducive to PSA formation, may be enhanced by the



185

export of protons produced from methane oxidation outside of the cells (McGlynn,

2017), as well as protons produced by silica dissolution and carbonate precipitation

(Chen et al., 2014). Organic polymers may enhance the condensation of monomeric

silicic acid, leading to the formation of silica nanoparticles (Annenkov et al., 2017).

Whether organic ligands are responsible for the precipitation of silica on the surfaces

of ANME-SRB consortia grants further examination.

Table 1: Silica concentrations in sediment-free ANME-SRB incubations and sam-
ple locations

Location Si (μM) Reference
Santa Monica Basin porewater 110-300 Berelson et al. (2005)

Costa Rica cold seeps porewater 110-500 Söding and Wallmann (2003)
Eel River Basin porewater 700-1000 Lyle et al. (2000)

ANME-SRB sed-free enrichment 1 63.24 This study
ANME-SRB sed-free enrichment 2 21.08 This study

Amorphous silica surrounds putative ANME-SRB consortia in seep

carbonates

The preservation of AOM signatures in paleo methane seeps primarily exist within

authigenic carbonates, where mineral, isotopic, and lipid biosignatures provide evi-

dence for past sulfate-coupled methane oxidation activity catalyzed by ANME and

SRB that are analogous to those observed in modern methane seep ecosystems world-

wide (Bailey et al., 2010; Naehr et al., 2007; Peckmann et al., 2002). As the greatest

potential for Si-enhanced preservation of microfossils of AOM consortia is likely to

be found within authigenic carbonates, we extended our investigation to active en-

dolithic AOM consortia within modern methane seep carbonates and the possibility

that these assemblages, similar to those in sediments and enrichment culture, also

showed evidence of silica precipitation. To investigate this possibility, we examined

an authigenic carbonate sample composed primarily of calcite collected from an

active deep sea methane seep site off the coast of Costa Rica (∼ 1800 m depth). This
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seep carbonate was incubated in the laboratory under conditions supporting active

sulfate-coupled AOM and showing enrichment in ANME-2c, ANME3, and SRB1

by 16S rRNA gene survey. Epifluorescence microscopy (Fig. 4a) and SEM imaging

(Fig. 4b) of an embedded and sectioned sample of this seep carbonate revealed

∼10-20 μm diameter consortia comprised of tightly packed cocci cells stained by

the general DNA stain DAPI. Correlated SEM-EDS revealed these electron-dense

domains were more C-rich than the carbonate matrix (Fig. 4c) and notably, were

surrounded by Si-rich rings (Fig. 4d), in a similar way to the ANME-SRB consortia

from sediment. FISH hybridization of these embedded endolithic aggregates in rock

thin section confirmed that they were in fact composed of ANME-2/SRB (Fig. 5,

Supp. Fig. 5), and correlated SEM (Supp. Fig. 6) and EDS (Fig. 5) allowed for

confirmation of the presence of silica in close association with the aggregates. FISH

labelling of ANME-SRB aggregates in carbonates in situ was only accomplished

recently for the first time (Marlow et al., 2021), and ours is the first study to suc-

cessfully achieve it in thin section and to correlate it with element composition and

distribution around the aggregates. The morphology of the ANME-2/SRB aggre-

gates in the carbonates is consistent with that of some of the ANME-2/SRB consortia

in sediments identified by FISH (Orphan, Hinrichs, et al., 2001), where cell sizes

appear bimodal, with larger cells located in the center of and smaller cells near

aggregate margins. Compositional spectra from EDS (Dataset A1) documented low

Al, Fe, and Mg content (< 0.6 % wt) in Si-rich rings, with (Mg+Al+Fe):Si and Al:Si

ratios similar to those of Si-rich phases attached to ANME-SRB consortia recovered

directly from seep sediments and in our sediment-free cultures (Fig. 3a; Dataset

A2). Given the compositional and textural similarities between these Si-rich rings

and the Si-rich phases associated with ANME-SRB consortia, we interpreted these

Si-rich rings surrounding endolithic aggregates in seep carbonates to be analogous

to those found encrusting ANME-SRB consortia originating from sediments.
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Figure 4: Correlated epifluorescence microscopy, SEM, and elemental analysis
of endolithic microbial consortia and associated Si-rich phases in seep carbonate.
A) DAPI-stained putative endolithic ANME-SRB consortia embedded within the
seep carbonate matrix. B) Correlated SEM of the same microbial consortia shown
in A). C-D) EDS analysis of the same consortia as in A) and B) showing carbon
rich biomass (yellow, C) surrounded by Si-rich rings in blue (white arrows, D).
Numbered points correspond to EDS point spectra (Dataset A1) taken to compare
elemental composition of rings to amorphous silica spheres attached to ANME-SRB
consortia shown in Fig. 3a.
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Figure 5: Correlated epifluorescence microscopy and elemental analysis of ANME-
2-SRB consortia and associated Si-rich phases in seep carbonate. A, D, G) FISH-
stained endolithic ANME-2-SRB consortia (white arrows) embedded within the
seep carbonate matrix. Cells hybridized with the ANME-2 (ANME-2-712; Knittel
et al., 2005) and SRB (DSS658; Boetius et al., 2000) specific FISH probes are
stained in red and green, respectively. B, E, H) Carbon maps from EDS analysis of
the consortia shown in A, D, and G, respectively. C, F, I) Silica maps from EDS
analysis of the consortia shown in A, D, and G, respectively. White arrows point
at Si-rims surrounding the consortia. Numbered points correspond to EDS point
spectra (Dataset A1) taken to compare elemental composition of rings to amorphous
silica spheres attached to ANME-SRB consortia shown in Fig. 3a.
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4. DISCUSSION

We observed and identified Si-rich phases on ANME-SRB consortium exteriors

incubated under sediment-free conditions in filtered seawater undersaturated with

respect to silica. Measurement of [Si] in sediment-free incubation media via ICP-

MS precluded abiotic mechanisms of Si enrichment of consortium-attached Si-rich

phases, as [Si] was too low to drive either amorphous silica precipitation or Si sorp-

tion to pre-existing consortium-attached silicates. Additionally, most consortium-

attached phases are enriched in silica with respect to detrital silicates in the sed-

iments from which they were sourced, and also compared to known clay mineral

compositions, suggesting these phases are not simply a product of the attachment

of clay minerals in sediment. For example, in Si-rich endmember clay composi-

tions such as montmorillonite [(Na,Ca)0.33(Al,Mg)2(Si4O10) (OH)2nH2O)], with

a 2:1 ratio of tetrahedral to octahedral sheets and where Si occupies all tetrahedral

sites, the octahedral cation to Si ratio is 0.5 (Moore and Reynolds, 1989); however,

consortium-attached Si-rich phases had octahedral cation: Si ratios generally < 0.5

(Fig. 3a). For comparison, methane seep sediment samples from which consortia

were extracted had octahedral cation to Si ratios typically > 0.5, consistent with clay

minerals (Fig. 3a). These results contrast with a previous report of incrustation of

AOM consortia with clay minerals (Chen et al., 2014), however, the phases reported

in that study also had cation: Si ratios generally < 0.5, implying they were as well

more enriched in Si with respect to known clay minerals. One potential explanation

for the Si-rich phases associated with AOM consortia is that clays become attached

to the consortia and then lose cations by an unknown mechanism. However, the sim-

plest explanation would be that there is a removal of Si from solution by ANME-SRB

consortia and thus bona fide silicate biomineralization by ANME-SRB. Critically,

the lines of evidence we provide would allow us to disprove the null hypothesis that

consortium-attached silica exists either due to passive attachment of detrital phases
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to consortium surfaces or by abiotic silicate precipitation.

Microbial precipitation of silica in undersaturated conditions has been previously

proposed to be mediated by iron (Yee et al., 2003) and magnesium (Moore et al.,

2021; Moore et al., 2020) in solution. Experimental studies in cyanobacteria have

proven that sulfate-rich extracellular polymeric substances (EPS) and an increase in

pH promoted by photosynthesis enhance the precipitation of magnesium-rich silica.

It is thought that magnesium acts as a cation bridge between positively charged silicic

acid and negative functional groups in the EPS (Moore et al., 2021). Although we did

observe a carbon-rich rim around two ANME-SRB consortia in the carbonate rock

(Fig. 5a, 4b), consistent with the presence of EPS, this mechanism is not congruent

with our observation that the silicates attached to ANME-SRB consortia have low

Al, Fe, and Mg content (<0.6 % wt). In this study, silica biomineralization was

observed at the exteriors of ANME-SRB consortia, which is consistent with previous

reports (Chen et al., 2014). This is surprising, since it has been observed that cell

interiors might be more conducive to silicification in undersaturated conditions

through intracellular Si-concentrating mechanisms in diatoms (Martin-Jézéquel et

al., 2000), but it is consistent with observations in surfaces of cyanobacterial cells

(Moore et al., 2020). The silicification at cell surfaces is thought to be mediated by

EPS and magnesium in cyanobacteria (Moore et al., 2021), and during the reductive

dissolution of Fe3+-rich clay minerals by metal-reducing Shewanella oneidensis

(O’Reilly et al., 2005; Zhang et al., 2007), which appear to share common textural

characteristics with the amorphous silica phase reported here (Zhang et al., 2007).

Silicate precipitation concomitant with microbial respiration of Fe in clay minerals

(Furukawa and O’Reilly, 2007; O’Reilly et al., 2005) has been proposed to occur

through interactions with polyamines (Furukawa and O’Reilly, 2007). Long-chain

polyamines (> 7 aminopropyl units) have been shown to precipitate silica from silica

oligomers in undersaturated conditions (Patwardhan et al., 2011), and in bacteria
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under natural (Saw et al., 2008) and experimental (Furukawa and O’Reilly, 2007)

saturated silica conditions. Microbially-mediated silicate precipitation has also been

observed in the spore coat of Bacillus subtilis, in this case mediated by a serine-

and arginine-rich protein (Motomura et al., 2016). The zwitterionic nature of this

protein conferred by serine and arginine residues is similar to that of silacidins and

silaffins, proteins that mediate silica precipitation in diatoms (Kröger et al., 2000;

Wenzl et al., 2008).

To explore potential biochemical mechanisms of silicate precipitation in our ANME-

SRB incubations, we screened the genomes of ANME and syntrophic SRB-associated

metagenome-assembled genomes (MAGs; Chadwick et al., 2022; Skennerton et al.,

2017; Yu et al., 2022). Following the approach of previous work targeting silaffin-

like proteins in diatom genomes (Scheffel et al., 2011), we performed a search of

our database to find candidate proteins in ANME MAGs in sediment-free cultures

with serine- and arginine-rich domains. We also searched our genomic database for

homologs of aminopropyl transferases. However, no definitive proteins responsible

for silicate precipitation could be identified. The fact that there are currently several

independent pathways for microbially mediated silica precipitation described sug-

gests there are likely additional discoveries of biological mechanisms underlying this

process. It has been established that different polyamines, such as co-polypeptides

with high block ratio of lysine and phenylalanine, polyallylamine, polyethylenimine,

poly(acrylamide-co-2-(dimethylamino)) ethyl methacrylate, or amine terminated

dendrimers can act as templates for silica formation in vitro (Della Rosa et al., 2020).

Additionally, a number of posttranslational modifications (PTMs) have been proven

to be critical for the Si-precipitating property of silaffins, such as di- or trimethyla-

tion or alkylation of lysine residues with N-methylated oligo-propyleneimine chains,

hydroxylation, and phosphorylation of all the trimethylated lysine residues at the

δ-position, and phosphorylation of all serine hydroxyl groups. The PTMs introduce
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a significant amount of both positive and negative charges, which render the peptide

zwitterionic, a property critical for silica precipitation (Lechner and Becker, 2015).

These characteristics could be used as targets for searching and identifying potential

proteins involved in silica precipitation. While the genomic mechanism remains

elusive at this time, our modeling results (Fig. 3b) and geochemical measurements

(Fig. 3c) support biologically mediated Si-rich silicate precipitation by AOM con-

sortia in undersaturated conditions that is inconsistent with abiotic precipitation

conditions. Silicification relies on reactive cell surface ligands that can adsorb sil-

ica from solution, implying that cell surface charge may be critical for the initial

silicification process (Konhauser et al., 2004). A neutral membrane, such as the

one that enhances silica biomineralization in the cyanobacterium Calothrix, would

be hydrophobic, thus enhancing the attachment of silica (Phoenix et al., 2002). For

negatively-charged cells, metal cation bridges (e.g. Fe3+, Al3+) might be necessary

for silicification, since the organic ligands at cell surfaces would be electrostatically

repulsed to the negatively-charged silica species (Konhauser et al., 2004). We sug-

gest that future research focuses on investigating cell or consortia surface charges

(Nishino et al., 2020), and differences in the functional groups between the cell

wall and EPS, to hint at the silica precipitation mechanisms used specifically by

ANME-SRB.

The mode of ANME-SRB biologically-mediated silica precipitation described in

this study may be important for the preservation of organic carbon in seep car-

bonates. Early diagenetic silica is observed in fossil seep carbonates spanning the

Phanerozoic, where silica appears as fibrous and botryoidal cements replacing arag-

onite (Himmler et al., 2008; Kaim et al., 2008; Kuechler et al., 2012; Miyajima

et al., 2016; Peckmann et al., 2002; Smrzka et al., 2015). Early silica precipitation

in seep carbonates can entomb organics; in one striking example, preservation of

Cretaceous chemosynthetic symbiotic tube worm chitin in early silica cements has
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been documented (Hikida et al., 2003). The observations that ANME-SRB consor-

tia precipitate Si-rich phases both in laboratory enrichments and what appears to be

in situ within seep sediments and carbonates suggest early amorphous silica cemen-

tation in seep carbonates may also improve the preservation potential of body fossils

and associated organics from ANME-SRB consortia in the rock record. We propose

that future work could use Si-rich rings around carbonaceous domains in fossil seep

carbonates as a search image to examine ANME-SRB consortia preserved in the

rock record.

5. CONCLUSIONS

ANME-SRB consortia have been found to be associated with silicates, but a proof

of their direct involvement in silicate biomineralization was missing. We provide

evidence for the removal and precipitation of silica from undersaturated solutions

by ANME-SRB consortia. Our results suggest a so far underexamined role for

microorganisms in the precipitation of silicates from undersaturated solutions. The

observation of a similar process of microbially-mediated silicate biomineralization

in diverse microorganisms suggests a common but as yet poorly understood mech-

anism catalyzing the precipitation of silicates in undersaturated conditions. As the

early precipitation of authigenic silicates is thought to improve the preservation po-

tential of fossils generally (Callow and Brasier, 2009; Newman et al., 2016; Sallstedt

et al., 2019) our results further support the possibility that massive chert precipi-

tation as observed in classic microfossil localities such as the Gunflint (Barghoorn

and Tyler, 1965) may not be critical for preserving microbial fossils in the rock

record. Instead, microscale associations between microorganisms and amorphous

silica may provide adequate preservation potential, offering a new search image in

paleo-seep carbonates, and further serve as a geochemical trace fossil in the rock

record.
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7. SUPPLEMENTARY MATERIALS

Supp. Fig. 1: Correlative epifluorescence microscopy and EDS analysis of ANME-
SRB consortia clusters from sediment-free AOM enrichment cultures. A-D) DAPI-
stained consortia clusters at different magnifications showing the gross morphology
of the clusters. (E-H) Corresponding SEM-EDS data documenting the spatial
proximity of Si-rich phases (blue) with carbon-rich AOM consortia (yellow). I-J)
SEM images of silica rich spherules at 2 magnifications. I) Enlargement of the red
box area in B and F, where a region enriched in silica nanoparticles is highlighted
with dashed red oval. J) Enlargement of the blue box area in D and H, illustrating
Si-rich silicates surrounding an ANME-SRB consortium.
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Supp. Fig. 2: EDS compositional data showing the difference in aluminum, silica,
and iron in Si-rich phases attached to ANME-SRB consortia recovered directly from
methane seep sediments (letter A) or grown under sediment-free conditions (letter
F), compared with the composition of the source sediment (letter S). Details on
sampling locations can be found in Methods.
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Supp. Fig. 3: Fe-Al-Si ternary plot of EDS compositional data for Si-rich phases
attached to AOM consortia sourced directly from Santa Monica Basin methane
seep sediments or from sediment-free AOM consortia enrichment cultures, plotted
alongside reported compositions of silicates attached to bacterial cell walls.
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Supp. Fig. 4: Epifluorescence microscopy images of a DAPI-stained large cluster
of multiple ANME-SRB consortia from a sediment-free AOM enrichment culture,
and selected regions of interest (ROI) of consortia outlines (in red) shown in the
lower panel. These ROIs illustrate the method used for estimating consortia numbers
as an input for the growth model shown in Fig. 3b.
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Supp. Fig. 5: Individual epifluorescence microscopy pictures of the ANME-2/SRB
consortium in seep carbonate from Fig. 5, stained with A, C, D) DAPI for DNA,
E, F, H) ANME-2 (ANME-2-712; Knittel et al., 2005) specific FISH probe, G, I,
J) SRB (DSS658; Boetius et al., 2000) specific probe, and B) Both ANME-2 and
SRB specific probes (enlargement of large consortia in Fig. 5a). A, B, F, and G
correspond to the consortia in Fig 5a; C, H, and I correspond to the consortia in Fig.
5d; and D, E and J correspond to the consortia in Fig. 5g.

Supp. Fig. 6: Scanning electron microscopy (SEM) pictures of the ANME-2/SRB
consortia shown in Fig.5. A) Consortia from Fig.5a, B) Consortia from Fig.5d, and
C) Consortia from Fig.5g.
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Abstract

Anaerobic methane-oxidizing archaea (ANME) and sulfate reducing bacteria (SRB)

influence the formation of methane-derived authigenic carbonates in deep ocean hy-

drocarbon seeps. Both microbial partners associate in syntrophy forming tens-of

micrometer consortia named aggregates. Silica biomineralization by ANME-SRB

aggregates has been reported recently and has been suggested as a potential mech-

anism for their preservation as fossils. Here, we used a combination of microscopy

and analytical techniques to characterize modern ANME-SRB aggregates in carbon-

ates from an active methane seep (Jaco Scar, Costa Rica). We specifically identified

ANME2-SRB aggregates with fluorescence in-situ hybridization and observed silica

precipitates associated with them, as well as Raman spectra, δ13C signatures, and

lipid biomarkers that together provide a search image for ANME-SRB aggregates

in the rock record. We examined methane seep carbonates of the Tepee Buttes

(CO, 75 Mya) and identified potential fossilized ANME-SRB aggregates based on

these proxies. We recommend silica biomineralization by ANME-SRB aggregates
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together with morphological, compositional, and isotopic criteria as a proxy for the

identification of ANME-SRB microbial fossils in Earth and other planetary bodies

where hydrocarbon seepage may occur.

1. INTRODUCTION

The anaerobic oxidation of methane (AOM) by anaerobic methanotrophic archaea

(ANME) is a common energy yielding metabolism in marine methane seeps (Hin-

richs et al., 1999; Wegener et al., 2008), usually coupled to sulfate reduction (SR)

by sulfate-reducing bacteria (SRB; Hoehler et al., 1994; Michaelis et al., 2002).

AOM-SR is a key component of the carbon cycle today, consuming >90% of the

methane produced in the oceans (Hinrichs and Boetius, 2013; Reeburgh, 2007),

and supporting communities of chemosynthetic bivalves, gastropods, tubeworms,

and bacterial mats (Sibuet and Olu, 1998). The metabolism of AOM-SRB modifies

the chemistry of their environment, by means of an increase in alkalinity by two

units per mole of bicarbonate and sulfide produced. For this reason, it influences

the formation of methane-derived authigenic carbonates (Aloisi et al., 2002; Ritger

et al., 1987), and the precipitation of iron sulfides (Jørgensen et al., 2004; Neretin

et al., 2004).

ANME and SRB represent more than 90% of the total microbial community in

methane seeps (Boetius et al., 2000; Michaelis et al., 2002; Orphan, Hinrichs, et al.,

2001) and form consortia that group themselves in spherical structures defined as

aggregates (Boetius et al., 2000). Usually, they have a diameter between 3 and 20

μm in sediments (Knittel et al., 2005) and up to ∼100 μm in carbonates (Marlow

et al., 2021, Osorio-Rodriguez et al., in prep.), and are enclosed by a thick organic

matrix (Boetius et al., 2000; Nauhaus et al., 2007) that has been shown to facilitate

the nucleation of clay minerals (Y. Chen et al., 2014). These aggregates have been

described from modern sediments (Hinrichs et al., 1999; Orphan, House, et al.,
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2001, 2002) and carbonate rocks (Himmler et al., 2022; Marlow et al., 2014).

Recently, silica biomineralization by ANME-2-SRB from undersaturated solutions

in sediment-free incubations was demonstrated and supported by the presence of

silica precipitates and rims associated with ANME-2-SRB aggregates in carbonate

rocks (Osorio-Rodriguez et al., in prep.). Most of the putative microfossils reported

so far have been found in cherts (e.g., Walsh and Lowe, 1985), however, early

silica entombment enhances the preservation of organic matter (e.g., Alleon et al.,

2016), and as such might be key for the preservation of microbial fossils (e.g.,

Moore et al., 2021; Moore et al., 2020) in rocks where amorphous silica is not the

primary phase. Here, we perform a comparative study of ANME-SRB aggregates

in modern and ancient seep carbonates that host a suite of morphological fabrics

and chemical signatures. We characterize confirmed ANME-SRB aggregates with

specific DNA probes in modern carbonates to provide a solid framework to identify

them in seep carbonates where DNA traces have been lost. Utilizing this tool, report

fossilized ANME-SRB aggregates in ancient methane seep carbonates whereby

silica precipitation might have enhanced structural preservation.

2. MATERIALS AND METHODS

Tepee Buttes geologic setting and sample collection

The Tepee Buttes (Gilbert and Gulliver, 1894) are a series of conical carbonate

deposits aligned in a northeast-southwest direction along the eastern front of the

Rocky Mountains, from the northern Dark Hills in South Dakota to the Texas-

Mexico border (Metz, 2000). The cones are up to 60 m wide and 10 m tall

(Kauffman et al., 1996), and occur within the Upper portion of the Pierre Shale

Formation (Campanian-Lower Maastrichtian; 75 Mya), which accumulated in the

Western Interior Seaway, a foreland basin formed during the Laramide Orogeny

(Howe and Kauffman, 1986). The Tepee Buttes have been interpreted as methane



212

seep deposits with vent cores associated with east-dipping normal faults. From core

to vent, the following lithofacies have been described: spring core, Nymphalucina

(bivalve) coquina, pelletoid micrite, flank breccias in shale, and concretionary Pierre

Shale with stromatolites (Howe, 1987).

Our study suite includes samples from Tepee Buttes, which were collected slightly

east of Boone, Colorado, in June 2019, where they comprise all of the seep carbonate

facies that have been previously identified, as well as samples from the Panoche Hills

(CA; ∼62 Mya; Schwartz et al., 2003), and Bear Creek (CA; ∼140 Mya; Campbell

et al., 1993). Representative samples were shipped to Spectrum Petrographics

(Vancouver, WA, USA) for thin sections. Attenuated total reflectance – Fourier

transform infrared spectroscopy (ATR-FTIR) was used to determine the mineral

composition.

Sample collection and preparation of thin sections

Samples of modern seep carbonates were collected using the submersible HOV

Alvin and the R/V Atlantis at Jaco Scar (AT42-03, October-November 2018), a

"hydrothermal seep" Levin et al., 2012 first described by Bohrmann et al., 2002,

located at a convergent plate margin to the south of Costa Rica (∼1800 m depth).

Carbonates were placed in Pyrex bottles together with filter-sterile N2-sparged sea-

water. All incubations were supplied with a CH4 headspace pressurized to ∼2 atm.

These anoxic incubations were maintained in the dark for 1 year at 10 °C with par-

tial exchange of spent media with the addition of 0.2 μm filter-sterilized Ar-sparged

seawater and CH4 every 3 months. All samples were kept at ambient bottom water

temperatures (6 °C) during recovery. A fragment of this carbonate was fixed in 1%

paraformaldehyde, embedded in Epoxicure 2 (Buehler Ltd., Lake Bluff, IL), glued

to a 1-inch round glass, sectioned by rock saw, and polished with alumina polishing

film of grits 60, 30, 12, 5 and 2 μm to get a rock section of about 50 μm thickness.
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Tepee Buttes samples were collected slightly east of Boone, Colorado, on June

2019, where they comprise all of the facies that have been previously identified.

Representative samples were shipped to Spectrum Petrographics (Vancouver, WA,

USA) for thin sections. Attenuated total reflectance – Fourier transform infrared

spectroscopy (ATR-FTIR) was used to determine the mineral composition.

Extraction of aggregates from Jaco Scar carbonate

A piece of rock previously fixed in 1% paraformaldehyde was placed in a plastic vial

with acetic acid buffer (1.9 M sodium acetate), pH 4.2. After overnight dissolution,

the sample was centrifuged for 3 min at max speed. The supernatant was removed,

and 2 washes with 3X and 1X PBS (phosphate-buffered saline) buffer were per-

formed. Finally, the sample was resuspended in a 1:1 mixture of 1XPBS:ethanol

and sonicated 3 times (10 seconds). In order to separate ANME-SRB aggregates

from sample debris, 700 μl of a 70% Nycodenz solution in 1X PBS were added to

the sample, followed by centrifugation at 4 °C for 20 minutes. The upper layer was

transferred to a 3μm polycarbonate filter in a vacuum tower, followed by several

washes with 1X PBS. The filter was placed upside down against an aluminum wafer

to transfer the extracted aggregates.

Identification of ANME2-SRB aggregates and elemental characterization

Fluorescence in-situ hybridization (FISH) was used to specifically identify ANME2-

SRB aggregates in the carbonate thin sections from Jaco Scar and extracted from

them. We focused on the identification of ANME-2 as opposed to ANME in general

given that, from the three described groups of ANME (ANME-1, ANME-2, and

ANME-3), ANME-2 is the one that has been found to associate with SRB forming

aggregates (Boetius et al., 2000; Orphan, House, et al., 2001). A dehydration series

(50%, 75%, 100% ethanol, 1 min each) was first applied, followed by hybridiza-
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tion with probes targeting ANME-2 (ANME-2-712; Knittel et al., 2005) and SRB

(DSS658; Boetius et al., 2000) in 40% formamide hybridization buffer, as previ-

ously described (Pernthaler et al., 2001). 5 μg/ml of a 46-diamidino-2-phenylindole

(DAPI)-Citifluor mounting medium was added prior to epifluorescence microscopy.

Epifluorescence pictures were taken with a fluorescence microscope (Elyra S.1,

Zeiss) at 10x (EC Plan-Neofluar 10x/0.30 M27 objective) and 63x magnification

(Plan-Apochromat 63x/1.4 Oil DIC M27 objective), or with a confocal microscope

(LSM 880, Zeiss) at 63x magnification (Plan-Apochromat 63x/1.4 Oil DIC objec-

tive). Images were acquired using the Zen black software (Zeiss) and the image

compositing was performed using the software Fiji (Schindelin et al., 2012).

Aggregates identified with FISH in the modern carbonates and purported aggregates

in ancient carbonates were observed under plain-light petrographic microscopes

for the characterization of mineralogy and textures. Scanning electron microscopy

(SEM) pictures and electron diffraction X-ray spectroscopy (EDS) elemental spectra

were collected using a Zeiss 1550 VP with an angle selective Backscattered detector

(AsB) with variable pressure and an electron beam of 15 eV.

Raman spectroscopy

Raman spectroscopic data were obtained with a Renishaw inVia Raman microprobe

equipped with a Leica DM 2500 M microscope at the Caltech Mineral Spectroscopy

Laboratory. Before each measurement session, the system was calibrated to maxi-

mize scattering from a silica calibration standard. The Raman scattering from the

targets was generated with a 1800 lines mm–1 grating, and a 532 nm diode-pumped

solid-state (DPSS) laser (Renishaw RL532C50) as the excitation source with a 23.5

mW output power. The spectra were collected with 50 accumulations of 2 s each

and 5% laser power, covering a range of ∼500 to 2000 cm–1.
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Carbon Isotope Analyses

Secondary Ion Mass Spectrometry: SIMS measurements on FISH-confirmed

ANME-2-SRB aggregates in situ in the Jaco scar carbonate, and purported ANME-

SRB aggregates in the ancient seep carbonates, were performed using a SIMS

Cameca IMS 7f-GEO at the Caltech Microanalysis Center using the working stan-

dard for organic carbon UWLA-1 (LCNN Anthracite from the Pennsylvania State

University collection; Williford et al., 2016). The δ13C of the standard was mea-

sured in triplicates at the beginning and the end of the day on each analytical session

to calibrate the instrumental mass fractionation (IMF). All mounts were cleaned

with ethanol and gold-coated before analyses. SIMS data were collected in two ana-

lytical sessions (Session-1, 11/12/2020 to 11/14/2020; and Session-2, 5/21/2021 to

5/23/2021). The SIMS acquisitions were performed using a 10 keV 133Cs+ primary

ion beam, with a 10μm spot size and a primary beam current of 0.4-0.4 nA, with

a pre-sputtering time of 120s at 3 nA. Secondary ions of -9 keV were collected in

peak jumping mode. In order to guarantee that the carbon measured was mostly

coming from the organic matter and not from the carbonate matrix, 12C– and 13C–

were measured with an electron multiplier (EM) with the mass resolving power

set at 3000, enough to resolve the interference of 12CH– to 13C–. The secondary

energy bandwidth was 45 eV. Collecting times were 1 sec for 12C, 10 sec for 13C,

and the total analysis time for each spot (including pre-sputtering, beam centering,

mass calibration, and data collection) was about 35 minutes. Data were corrected

for the deadtime of the EM. Only C-rich values (> 105 counts) were accepted. The

analytical repeatability of 13C counts was between and 0.8 and 1.1 h, including the

errors from repeated measurements of standards and the internal counting statistic

errors or each spot.
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NanoSIMS: NanoSIMS measurements on FISH-confirmed ANME-2-SRB

aggregates extracted from the Jaco scar carbonate were made with a Cameca

NanoSIMS 50L at the Caltech Microanalysis Center using an in-house working

standard (Clostridia spores) to determine the instrumental mass fractionation (IMF).

A +8 kV Cs+ primary beam was used to sputter the sample surface to generate sec-

ondary ions. Areas of interest were first identified with the secondary electron image

(SEI) generated by a tiny (1-3 pA) Cs+ beam rastering over large sample surface

areas. Then, a large Cs+ beam (about 300 pA) was used to pre-sputter the areas of

interest for a few minutes to obtain a steady C– signal. After the pre-sputtering, a

3pA beam, rastering over an area of 5x5 μm, was used for data collection. To avoid

a possible edge effect, an electronic gate was applied so that only the secondary ions

from the center 3.8 x3.8 μm were collected. The primary Cs+ beam was running in

the scanning mode of 64 x 64 pixels over the 5x5 μm area, with a dwelling time of

244 microseconds per pixel for a total 1 sec per scanning frame. Secondary 12C–

and 13C– ions of -8 kV were simultaneously measured with two electron multipliers

(EM) for 500 frames, with a total collection time of about 9 minutes. The setup of

the mass spectrometer ensured that the 13C– is fully resolved from the interference

peak of 12CH. The centering of the secondary ion signals (E0S and SIBC) and mass

peak calibration (HMR) were performed automatically during each measurement.

The carbon isotopic results of the samples were processed with EM deadtime and

IMF corrections.

Carbon isotope ratios are reported here using the conventional delta notation:

δ
13C = 13Rsample/

13RVPDB – 1 · 1000, (6.1)

where 13Rsample and 13RVPDB are the 13C/12C ratios of sample and Vienna Peedee

Belemnite (VPDB; reference material), respectively.
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Data and code availability

All data and custom scripts were collected and stored using Git version control. Code

for raw data processing, analysis, and figure generation is available in the GitHub

repository (https://github.com/daniosro/Si_biomineralization_ANME_SRB).

3. RESULTS

The carbonates from modern (Jaco Scar, Costa Rica) and ancient (Tepee Buttes,

Colorado) methane seeps analyzed here are mostly comprised of micrite, sometimes

with a peloidal fabric, and spar cement (Fig. 1a, 1b). In the micritic phases of the

modern seep carbonate, we identified 50-100 μm spheres with thick coatings, which

resemble in shape and size ANME-SRB aggregates isolated from sediments (Boetius

et al., 2000; Marlow et al., 2014; Fig. 1c, 1d).

We performed fluorescence in situ hybridization on the Jaco Scar carbonate sample,

utilizing probes specific for ANME-2 and SRB. This allowed us to confirm the

identity of the round shapes we observed in the petrographic microscope as ANME-

2-SRB aggregates (Fig. 2). We further examined the round shapes under the

scanning electron microscope (SEM) and energy dispersive X-ray spectroscopy

(EDS) to find evidence of silica rims or attached silica/silicates (Fig. 3 and Supp.

Fig. 1), as previous observations of ANME-SRB aggregates in sediments have

found that they can attach clay minerals (Y. Chen et al., 2014) and precipitate silica

(Supp. Fig. 2; Metcalfe, 2021, Osorio-Rodriguez et al. in prep).

We extracted aggregates from the Jaco scar carbonate by dissolving the rock, and

we performed FISH, SEM, and EDS in a similar workflow as that performed for

the aggregates in situ in the carbonate, in order to confirm their identity as ANME-

2-SRB consortia, and identify associations with silica (Fig. 4, Supp. Figs. 3 and

4).



218

Figure 1: Transmitted light photomicrographs of peloidal micrite in spar matrix
in seep carbonates from A) Jaco Scar (Costa Rica, modern) and B) Tepee Buttes
(Colorado, ∼75 Mya). C) and D) Purported ANME-SRB aggregates in the Jaco
Scar sample, shown with white arrows.

The EDS analysis of ANME-2-SRB aggregates in situ and extracted from the

carbonate revealed peaks corresponding to carbon and silica with similar intensities,

suggestive of similar compositions as well, and smaller peaks for cations present in

clay minerals like aluminum, magnesium, and calcium (Fig. 5).

We examined thin sections of seep carbonates from different ages and localities

(Tepee Buttes, CO, 75 Mya; Moreno Fm, Panoche Hills, CA, ∼62 Mya; Bear Creek,

CA, ∼140 Mya) to identify potential ANME-SRB aggregates based on morphology

and silica association. In samples from the Tepee Buttes, we identified a few carbon-

rich structures of less than 50 μm, that were embedded in the carbonate matrix and

showed colocalization of carbon with silica (Fig. 6, Supp. Fig. 5).
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A B C

Figure 2: Fluorescence microscopy images of ANME2-SRB aggregates in carbon-
ate rock from Jaco Scar shown in Fig. 1c (a and b) and 1d (c). A) FISH-hybridized
ANME2-SRB aggregates shown in Fig. 1c (pointed at with white arrows). B) En-
larged image of the large aggregate shown in A. C) FISH-hybridized ANME2-SRB
aggregate shown in Figure 1d. The red signal is from the hybridized ANME2-712
FISH probe, and the green signal is from the hybridized DSS-658 (SRB) FISH
probe. The additional blue signal in a is from DAPI (DNA staining).

We further examined samples with Raman spectroscopy (Fig. 7.), in order to

compare the spectra from extracted and in situ aggregates confirmed with FISH in

the Jaco Scar modern carbonate with that of the purported aggregates from Tepee

Buttes, and that of a black carbon precipitate that has been experimentally proven to

be produced by ANME in culture (Allen et al., 2021). In all of them we identified

similar carbon peaks (D (disorder/defect) band; 1350 cm–1 and G (graphite) band;

1580 cm–1).

Additionally, since AOM produces a strong carbon isotope fractionation, whereby

the produced bicarbonate (and the biomass that incorporates it) is depleted in 13C

relative to the residual methane (Orphan, Hinrichs, et al., 2001; Orphan et al.,

2002), we were interested in comparing the C isotopic composition of the FISH-

confirmed ANME-2-SRB aggregates and the purported aggregates in the Tepee

Buttes carbonate. SIMS/NanoSIMS analyses determined the relative abundances of
12C and 13C in of the ANME-2-SRB aggregates in situ and extracted from the Jaco
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Figure 3: Correlated A) SEM, B) photomicrographs, and EDS maps for C) Carbon,
D) Calcium, E) Silica and F) Aluminum of the aggregate shown in Fig. 1c (also in
Fig. 2a and 2b). Points 1 and 2 in A correspond to spots where the EDS spectra
shown in Fig. 5 were taken.

Scar carbonate, as well as putative aggregates in the Tepee Buttes carbonate (Fig. 8).

We found similar δ13C values for in situ and extracted ANME-2-SRB aggregates in

the modern Jaco Scar carbonate, and slightly more positive δ13C values in purported

aggregates in the ancient seep carbonates.
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Figure 4: Correlated pictures of an aggregate extracted from a Jaco Scar carbonate
from A) SEM, B) reflected light microscopy, fluorescence microscopy for C) DAPI
staining (for DNA) and D) FISH with ANME2-712 (red) and DSS-658 (SRB; green)
probes, and EDS maps for E) carbon and F) silica. The arrow in F points at a silica
rim around the aggregate.

4. DISCUSSION

Some microbial fossils, particularly the oldest ones, are often highly disputed (e.g.,

Allwood et al., 2006; Dodd et al., 2017; Schopf et al., 2017) because biogenicity may

be assessed only via textural, elemental, and mineralogical criteria. Texture-based

criteria alone are particularly ambiguous, especially since it has been established that

organic biomorphs, which resemble but do not constitute microbial fossils, can easily

form abiotically, for instance, when RNA is exposed to diagenetic conditions (200°C,

15 bars) in the presence of quartz (Criouet et al., 2021), or when organics in sulfide-

rich environments become silicified (Nims et al., 2021). Studies that experimentally

simulate conditions of burial and diagenesis of microorganisms or try to determine

whether they could be preserved by early silicification or pyritization (e.g. Moore
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Figure 5: EDS spectra of elemental composition of ANME2-SRB aggregates in
situ and extracted from a Jaco scar rock and their attached phases. Spectra on
top correspond to extracted aggregates and the spectra at the bottom correspond to
aggregates analyzed in situ in the carbonate rock matrix.

et al., 2021; Nims et al., 2021), help bridge the gap between observations of modern

organisms and remnants of microbes preserved in the rock record. Our study

attempts to compare textural, chemical, and isotopic signatures between purported

microbial fossils in carbonates and similar modern microorganisms whose identity

we can confirm by hybridization with specific DNA probes.

Isotopic compositions of organic matter and lipid biomarkers have been used to

strengthen traditional interpretations of microbial fossils and are particularly useful

for identifying molecular fossils of AOM coupled to SRB (reviewed by Niemann

and Elvert, 2008). Methane seep carbonates are severely depleted in 13C, with
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Figure 6: Purported ANME-SRB aggregate in a carbonate sample from the Tepee
Buttes, Colorado (∼75 Mya). Pictures correspond to correlated A) SEM, B) light
microscopy, and EDS maps for C) Carbon, D) Calcium, E) Silica, and F) Aluminum.
Organic carbon (identified with Raman spectroscopy) is embedded in the carbonate
matrix, which follows its outline, and silica can be observed colocalizing with carbon
and surrounding the aggregate.

values of δ13C that are commonly in the -25 to -45h (VPDB) range (e.g., Birgel

et al., 2006; Loyd et al., 2016) and as low as -69h in ancient methane seeps

(Campbell et al., 2002). Methane that originates at hydrocarbon seeps is already

very depleted in 13C, with values as low as -50h for thermogenic methane and

from 60 to 110h for biogenic methane (Whiticar, 1999); as AOM proceeds, the

microorganisms incorporate preferentially the light (12C) carbon isotope into their

biomass, leaving the residual methane enriched in 13C and the product (HCO–
3)

relatively depleted (Orphan, Hinrichs, et al., 2001). This fingerprint has been

identified in lipid biomarkers from modern (e.g., Eel River Basin; Orphan, Hinrichs,

et al., 2001) and ancient (e.g., Tepee Buttes; Birgel et al., 2006) methane seeps, with

δ
13C values as low as -73.2h and -117.8h for SRB and archaea, respectively.

Secondary-ion mass spectrometry (SIMS) has identified a range of -15 to -100h

for ANME-2-SRB aggregates from modern sediments (Orphan, Hinrichs, et al.,
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Figure 7: Raman spectra of ANME2-SRB aggregates in situ and extracted from a
carbonate rock from Jaco scar, putative aggregates in a Tepee Buttes (∼ 75 Mya)
seep carbonate, and black carbon detected as a biomineralization product in ANME
incubations (Allen et al., 2021). The D (disorder/defect) and G (graphite) bands
characteristic of carbon are labelled, as well as the calcite peak from the matrix in
which the aggregates are embedded in both the modern and ancient seep carbonates.

2001; Orphan et al., 2002). Recently, putative fossils of ANME-SRB aggregates

were reported in Pleistocene seep carbonates off Svalbard, Norway (Himmler et al.,

2022). These were described as round shapes of Mg-calcite with concentric rims

of ∼10 μm engulfed in aragonite cements. 13C-depleted archaeal (including the

diagnostic AOM biomarker crocetane; down to -113h) and bacterial (down to -

75h) lipid biomarkers, and values as low as -42h for the Mg-calcite microstructures

from NanoSIMS were used as complementary evidence for the identification of the



225

Anc
ien

t se
ep

car
bon

ate
s

Jac
o S

car
(in

situ
)

Con
firm

ed
with

FIS
H

Jac
o S

car
(ex

trac
ted

)

Con
firm

ed
with

FIS
H

100

80

60

40

20
13
C
VP
D
B
(

)

Tepee Buttes
Bear Creek
Panoche Hills
Jaco Scar

Figure 8: SIMS/NanoSIMS C isotopic composition of ANME2-SRB aggregates
confirmed by FISH. In situ aggregates were analyzed with SIMS inside the native
carbonate, and extracted aggregates were isolated from the rock matrix and analyzed
with NanoSIMS. The shaded area corresponds to the range of δ13C of the carbonate
from Tepee Buttes samples.

putative microfossils. A previous report from modern carbonates from the seafloor

in the Northeastern South China identified putative ANME-SRB fossils based on

texture and morphology alone (D. F. Chen et al., 2005).

The putative ANME-SRB aggregates we observed in the Tepee Buttes carbonates are

Cretaceous in age, substantially older than those reported by Himmler et al. (2022)

and D. F. Chen et al. (2005); they were identified by comparison to modern ANME-

2-SRB aggregates confirmed with FISH. We have observed silica enrichment in

ANME-2-SRB aggregates identified by FISH in a Jaco Scar carbonate (Osorio-

Rodriguez et al., in prep). Here, we supplement that earlier work through usage

of correlative transmitted light, fluorescence, and electron microscopy coupled to

EDS to identify ANME-SRB aggregates and their association with silica in seep
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carbonates. Since the confirmed modern and purported ancient ANME-2-SRB

aggregates had preserved organic carbon, they could be inspected with Raman

spectroscopy for a direct comparison with black carbon precipitates from ANME

in cultures (Allen et al., 2021). We identified similar carbon peaks in modern and

purported ancient ANME-2-SRB aggregates as those for black carbon, providing

further support for the purported ancient ANME-SRB aggregates. We also used

SIMS/NanoSIMS to examine the δ13C signature of the organic matter from modern

ANME-2-SRB aggregates, both in situ and extracted from the Jaco Scar carbonate,

and purported ANME-SRB aggregates in the Tepee buttes carbonate. We found a

similar range of δ13C values for modern ANME-2-SRB aggregates extracted from

and in situ in the Jaco Scar carbonate rocks of ∼-25 and -95h, which falls within

the range of aggregates isolated from sediments (Orphan, Hinrichs, et al., 2001;

Orphan et al., 2002). However, the δ13C values we obtained for purported ANME-

SRB aggregates from ancient carbonates have a small ∼10h offset towards heavier

values (∼-15 to -85h). We do not believe that this offset can be attributed to the

fact that the targets were inside a carbonate matrix, since both modern confirmed

and ancient purported aggregates were analyzed with SIMS, and high carbon counts

(< 106) were utilized as a threshold to guarantee that the measurements were

performed in organic matter. An alternative explanation would involve displacement

of light carbon atoms from organic matter into methane and carbon dioxide in the

ancient carbonates, which occurs at the gas formation temperature (115-120°C for

methane (Rooney et al., 1995), and 80-120°C for CO2 (Hunt, 1979)). The bacterial

biomarkers identified in the Tepee Buttes indicate a low thermal maturity (Birgel

et al., 2006), which would be favorable for the decarboxylation of organic matter

to CO2. However, in spite of extensive decarboxylation, marine kerogen does

not get 10h heavier in δ13C (Andresen1994). We believe that the most feasible

explanation is that, since the targets we analyzed with SIMS in ancient carbonates
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could not be confirmed with FISH, it is likely that some of them do not actually

constitute microbial fossils of ANME-SRB aggregates or are composed of a variety

of microorganisms with a wider range of δ13C values. Alternatively, the shift could

be due to an unidentified systematic measurement bias, or different original δ13C

values for the methane sources between the analyzed modern and ancient carbonates.

For these reasons, we suggest the use of a joint approach, in which the presence

of co-localized carbon and silica and/or silica rims surrounding carbon, the black

carbon signal from Raman spectroscopy, and SIMS δ13C values in the range of

∼-25 to <-100h can all be used as complementary proxies to identify ANME-SRB

aggregates in ancient carbonates.

Microbial silica precipitation from undersaturated solutions has been experimentally

proven for ANME-2-SRB aggregates (Osorio-Rodriguez et al., in prep), cyanobac-

teria (Moore et al., 2021; Moore et al., 2020), and Bacillus subtilis (Fein et al.,

2002). Magnesium (Moore et al., 2021), and iron and aluminum (Fein et al., 2002;

Konhauser et al., 1993; Konhauser and Urrutia, 1999), have been proposed to serve

as bridges for the adsorption or precipitation of silica onto bacterial surfaces. Clay

mineral encrustations around AOM consortia in sediments have been identified and

invoked as a potential mechanism to preserve them as microbial fossils (Y. Chen

et al., 2014). However, ANME-2-SRB aggregates precipitate amorphous silica

that is depleted in cations relative to the compositions of common clay minerals

(Osorio-Rodriguez et al., in prep). This is consistent with our EDS analysis of

modern ANME-2-SRB aggregates, and most of the putative aggregates in the Tepee

Buttes carbonates. We identified aluminum and iron surrounding silica and carbon

in the inferred aggregates in the Tepee Buttes carbonate (Fig. 5). Even though we

did not identify a close association with iron in modern ANME-2-SRB aggregates

confirmed with FISH, pyritization has been deemed critical for the preservation of

microbial fossils in environments as diverse as hydrothermal vents (Dodd et al.,
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2017) and the deep ocean (Oehler, 1977), and its role aiding to the preservation of

ANME-SRB microfossils remains to be established.

Unlike Tepee Buttes and other ancient seep carbonates, where multiple diagenetic

carbonate phases such as yellow calcite, pseudospar, and banded and botryoidal

cements have been identified (Birgel et al., 2006), our observation of modern car-

bonates allowed us to identify only micrite ± pellets and spar cements. We suc-

cessfully observed ANME-2-SRB aggregates with transmitted light microscopy in

a petrographic thin section from Jaco Scar, a modern seep carbonate with active

methane seepage, mostly located in the micritic phases. This is expected consider-

ing that micrite is a primary carbonate precipitate, but because of its dark color, it

makes it difficult the identification of ANME-SRB aggregates in ancient methane

seep carbonates where a primary survey with FISH is not possible. Even with

the possibility of using FISH as a tool to locate and confirm ANME-2-SRB ag-

gregates in the modern Jaco Scar carbonate, their identification was challenging.

Cell abundances in modern active methane seep carbonates that were powdered

and processed through a Percoll density gradient to separate aggregates were found

to be in the order of 108/cm3 of rock (Marlow et al., 2021). Assuming an av-

erage size of 20 μm for endolithic ANME-2-SRB aggregates from our survey of

the Jaco Scar carbonate, this would be equivalent to ∼5000 aggregates in an area

of 1 cm2 for a 50 μm thin section. Even though these aggregates can be easily

identified with a fluorescence microscope after FISH, if they are not exposed on

the surface of the section, they cannot be observed with light microscopy or SEM.

Furthermore, most of them are found lining rock pore spaces (Marlow et al., 2021),

which makes them invisible under transmitted light microscopy and complicates

the observation of microbe-mineral interactions. To maximize the probabilities of

finding ANME-2-SRB aggregates and other microfossils in ancient methane seep

carbonates, we suggest the use of complementary approaches to SEM and EDS,
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such as near-infrared imaging spectroscopy (Greenberger et al., 2015) to better

characterize spatial relationships between mineral phases, and synchrotron-based

ptychographic X-ray computed tomography (PXCT; Maldanis et al., 2020), which

allows for constraint of the 3D-location of organic matter within a mineral matrix.

5. CONCLUSIONS

Utilizing carbonates from Jaco Scar, Costa Rica, as a modern analog of ancient seep

carbonates, we characterized ANME-2-SRB aggregates with FISH hybridization for

DNA. This approach identified ANME-2-SRB aggregates associated with silica in

carbonates, which often occurs in the form of rims, and has distinctive black carbon

Raman spectra and δ13C values between ∼-25 and <-100h. The fact that ANME-

2-SRB aggregates are capable of mobilizing and reprecipitating silica from their

environments constitutes an important mechanism for their potential preservation

as microfossils. A combination of proxies is thus suggested for the search of

fossilized ANME-2-SRB aggregates. Our findings are relevant for the identification

of microfossils of ANME-2-SRB aggregates in rocks from Earth and extraterrestrial

bodies where current or past methane emissions in aquatic environments may have

occurred.
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7. SUPPLEMENTARY MATERIALS
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Supp. Fig. 1: Correlated A) SEM, B) photomicrographs, and EDS maps for C)
Carbon, D) Calcium, E) Silica, and F) Aluminum of the aggregate shown in Fig.
1D (also in Fig. 2C).
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Supp. Fig. 2: Distribution of Al: Si ratios in samples of sediment (purple), ANME-
SRB aggregates incubated with sediment (blue), and ANME-SRB aggregates in
sediment-free incubations (green). Each point represents a different sample analyzed
with EDS. Sediment samples have consistently larger Al:Si ratios than ANME-SRB
aggregates in sediment-free incubations.
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Supp. Fig. 3: Correlated pictures of an aggregate extracted from a Jaco Scar
carbonate from A) SEM, B) reflected light microscopy, fluorescence microscopy for
C) DAPI staining (for DNA) and D) FISH with ANME-2-712 (red) and DSS-658
(SRB; green) probes, and EDS maps for E) Carbon and F) Silica.
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Supp. Fig. 4: Correlated pictures of an aggregate extracted from a Jaco Scar
carbonate from A) SEM, B) reflected light microscopy, fluorescence microscopy for
C) DAPI staining (for DNA) and D) FISH with ANME-2-712 (red) and DSS-658
(SRB; green) probes, and EDS maps for E) Carbon and F) Silica.
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Supp. Fig. 5: Purported ANME-SRB aggregate in a carbonate sample from the
Tepee Buttes, Colorado (∼ 75 Mya). Pictures correspond to correlated A) SEM,
B) light microscopy, and EDS maps for C) Carbon, D) Calcium, E) Silica, F)
Aluminum, G) Sulfur, and H) Iron.
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A p p e n d i x A

DATASETS FROM CHAPTER V

Dataset A1: Elemental composition of Si-rich rings surrounding ANME2-SRB
aggregates. The different spectra correspond to the points shown in Figs. 4
and 5.

Spectrum 1.

Element Apparent Concentration Wt% Wt% Sigma
C 30.26 54.92 0.46
N 1.54 1.54 1.54
O 21.57 21.57 0.28

Mg 0.25 0.17 0.02
Al 0.10 0.07 0.02
Si 17.16 11.18 0.11
S 0.44 0.31 0.03
Ca 9.76 6.84 0.09
Fe 0.00 0.00 0.00
Sr 0.00 0.00 0.00
Ba 0.00 0.00 0.00

Spectrum 2.

Element Apparent Concentration Wt% Wt% Sigma
C 42.61 61.48 0.19
N 0.00 0.00 0.00
O 12.42 13.94 0.18

Mg 0.32 0.17 0.02
Al 0.00 0.00 0.00
Si 22.33 11.79 0.07
S 0.09 0.05 0.02
Ca 21.88 12.56 0.09
Fe 0.00 0.00 0.00
Sr 0.00 0.00 0.00
Ba 0.00 0.00 0.00
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Spectrum 3.

Element Apparent Concentration Wt% Wt% Sigma
C 35.06 44.08 0.35
N 3.78 3.44 0.65
O 29.55 28.33 0.27

Mg 0.58 0.32 0.02
Al 0.16 0.08 0.02
Si 14.71 7.65 0.08
S 0.36 0.20 0.02
Ca 29.34 15.91 0.14
Fe 0.00 0.00 0.00
Sr 0.00 0.00 0.00
Ba 0.00 0.00 0.00

Spectrum 4.

Element Apparent Concentration Wt% Wt% Sigma
C 8.95 51.05 0.21

Mg 0.73 0.80 0.03
Al 1.64 1.77 0.03
Si 24.09 26.60 0.13
S 0.20 0.26 0.03
Ca 15.18 18.55 0.11
Fe 0.63 0.96 0.07

Spectrum 5.

Element Apparent Concentration Wt% Wt% Sigma
C 7.15 51.75 0.23

Mg 0.52 0.58 0.02
Al 8.07 9.00 0.06
Si 22.39 27.76 0.14
S 0.05 0.07 0.03
Ca 8.10 10.75 0.08
Fe 0.06 0.10 0.06

Dataset A2: Al:Si ratios for different basins and treatments, utilized to make
the plots in Fig. 3.

Al: Si Source Basin Source order Basin order
0.000 Aggregate-attached, Sediment-free Santa Monica 3 3
0.196 Aggregate-attached, Sediment-free Santa Monica 3 3
0.181 Aggregate-attached, Sediment-free Santa Monica 3 3
0.182 Aggregate-attached, Sediment-free Santa Monica 3 3
0.029 Aggregate-attached, Sediment-free Santa Monica 3 3
0.315 Aggregate-attached, Sediment-free Santa Monica 3 3
0.238 Aggregate-attached, Sediment-free Santa Monica 3 3
0.066 Aggregate-attached, Sediment-free Santa Monica 3 3
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Al: Si Source Basin Source order Basin order
0.1936 Aggregate-attached, Sediment-free Santa Monica 3 3
0.1464 Aggregate-attached, Sediment-free Santa Monica 3 3
0.1716 Aggregate-attached, Sediment-free Santa Monica 3 3
0.2186 Aggregate-attached, Sediment-free Santa Monica 3 3
0.199 Aggregate-attached, Sediment-free Santa Monica 3 3
0.21 Aggregate-attached, Sediment-free Santa Monica 3 3

0.1727 Aggregate-attached, Sediment-free Santa Monica 3 3
0.2523 Aggregate-attached, Sediment-free Santa Monica 3 3
0.277 Aggregate-attached, Sediment-free Santa Monica 3 3

0.1861 Aggregate-attached, Sediment-free Santa Monica 3 3
0.0643 Aggregate-attached, Sediment-free Santa Monica 3 3
0.1555 Aggregate-attached, Sediment-free Santa Monica 3 3
0.2368 Aggregate-attached, Sediment-free Santa Monica 3 3
0.2599 Aggregate-attached, Sediment-free Santa Monica 3 3
0.3802 Aggregate-attached, Sediment-free Santa Monica 3 3
0.3624 Aggregate-attached, Sediment-free Santa Monica 3 3
0.158 Aggregate-attached, Sediment-free Santa Monica 3 3
0.225 Aggregate-attached, Sediment-free Santa Monica 3 3
0.194 Aggregate-attached, Sediment-free Santa Monica 3 3

0.1851 Aggregate-attached, Sediment-free Santa Monica 3 3
0.2006 Aggregate-attached, Sediment-free Santa Monica 3 3
0.2874 Aggregate-attached, Sediment-free Santa Monica 3 3
0.3012 Aggregate-attached, Sediment-free Santa Monica 3 3
0.0681 Aggregate-attached, Sediment-free Santa Monica 3 3
0.0889 Aggregate-attached, Sediment-free Santa Monica 3 3
0.1041 Aggregate-attached, Sediment-free Santa Monica 3 3
0.1089 Aggregate-attached, Sediment-free Santa Monica 3 3

0 Aggregate-attached, Sediment-free Santa Monica 3 3
0.0632 Aggregate-attached, Sediment-free Santa Monica 3 3
0.1023 Aggregate-attached, Sediment-free Santa Monica 3 3

0 Aggregate-attached, Sediment-free Santa Monica 3 3
0.1562 Aggregate-attached, Sediment-free Santa Monica 3 3

0 Aggregate-attached, Sediment-free Santa Monica 3 3
0 Aggregate-attached Santa Monica 3 3
0 Aggregate-attached Santa Monica 3 3

0.3533 Aggregate-attached Santa Monica 3 3
0.649 Aggregate-attached Santa Monica 3 3

0.2752 Aggregate-attached Santa Monica 3 3
0.2435 Aggregate-attached Santa Monica 3 3
0.3649 Aggregate-attached Santa Monica 3 3

0 Aggregate-attached Santa Monica 3 3
0 Aggregate-attached Santa Monica 2 3

0.2982 Aggregate-attached Santa Monica 2 3
0.4125 Aggregate-attached Santa Monica 2 3
0.5601 Aggregate-attached Santa Monica 2 3

0 Aggregate-attached Santa Monica 2 3
0.3215 Aggregate-attached Santa Monica 2 3
0.3561 Aggregate-attached Santa Monica 2 3
0.2052 Aggregate-attached Santa Monica 2 3

0 Aggregate-attached Santa Monica 2 3
0.452 Aggregate-attached Santa Monica 2 3

0.3157 Aggregate-attached Santa Monica 2 3
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Al: Si Source Basin Source order Basin order
0.189 Aggregate-attached Santa Monica 2 3
0.484 Aggregate-attached Santa Monica 2 3
0.095 Aggregate-attached Santa Monica 2 3
0.140 Aggregate-attached Santa Monica 2 3
0.068 Aggregate-attached Santa Monica 2 3
0.334 Aggregate-attached Santa Monica 2 3
0.177 Aggregate-attached Santa Monica 2 3
0.132 Aggregate-attached Santa Monica 2 3
0.329 Aggregate-attached Santa Monica 2 3
0.240 Aggregate-attached Santa Monica 2 3
0.343 Aggregate-attached Santa Monica 2 3
0.247 Aggregate-attached Santa Monica 2 3
0.254 Aggregate-attached Santa Monica 2 3
0.405 Aggregate-attached Santa Monica 2 3
0.070 Aggregate-attached Santa Monica 2 3
0.276 Aggregate-attached Santa Monica 2 3
0.597 Aggregate-attached Santa Monica 2 3
0.138 Aggregate-attached Santa Monica 2 3
0.117 Aggregate-attached Santa Monica 2 3
0.107 Aggregate-attached Santa Monica 2 3
0.158 Aggregate-attached Santa Monica 2 3
0.359 Aggregate-attached Santa Monica 2 3
0.340 Aggregate-attached Santa Monica 2 3
0.763 Sediment Santa Monica 1 3
0.797 Sediment Santa Monica 1 3
0.776 Sediment Santa Monica 1 3
0.738 Sediment Santa Monica 1 3
0.712 Sediment Santa Monica 1 3
0.591 Sediment Santa Monica 1 3
0.655 Sediment Santa Monica 1 3
0.707 Sediment Santa Monica 1 3
0.677 Sediment Santa Monica 1 3
0.625 Sediment Santa Monica 1 3
0.572 Sediment Santa Monica 1 3
0.615 Sediment Santa Monica 1 3
0.733 Sediment Santa Monica 1 3
0.014 Sediment Santa Monica 1 3
0.306 Sediment Santa Monica 1 3
0.370 Sediment Santa Monica 1 3
0.541 Sediment Santa Monica 1 3
0.403 Sediment Santa Monica 1 3
0.541 Sediment Santa Monica 1 3
0.403 Sediment Santa Monica 1 3
0.370 Sediment Santa Monica 1 3
0.541 Sediment Santa Monica 1 3
0.403 Sediment Santa Monica 1 3
0.249 Sediment Santa Monica 1 3
0.322 Sediment Santa Monica 1 3
0.388 Sediment Santa Monica 1 3
0.444 Sediment Santa Monica 1 3
0.262 Sediment Santa Monica 1 3
0.179 Sediment Santa Monica 1 3
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Al: Si Source Basin Source order Basin order
0.188 Sediment Santa Monica 1 3
0.080 Sediment Santa Monica 1 3
0.270 Sediment Santa Monica 1 3
0.177 Sediment Santa Monica 1 3
0.425 Sediment Santa Monica 1 3
0.387 Sediment Santa Monica 1 3
0.352 Sediment Santa Monica 1 3
0.629 Sediment Santa Monica 1 3
0.588 Sediment Santa Monica 1 3
0.414 Sediment Santa Monica 1 3
0.513 Sediment Santa Monica 1 3
0.589 Sediment Santa Monica 1 3
0.364 Sediment Santa Monica 1 3
0.455 Sediment Santa Monica 1 3
0.505 Sediment Santa Monica 1 3
0.613 Sediment Santa Monica 1 3
0.629 Sediment Santa Monica 1 3
0.663 Sediment Santa Monica 1 3
0.954 Sediment Santa Monica 1 3
0.959 Sediment Santa Monica 1 3
0.015 Sediment Santa Monica 1 3
0.404 Sediment Santa Monica 1 3
0.390 Sediment Santa Monica 1 3
0.296 Sediment Santa Monica 1 3
0.310 Sediment Santa Monica 1 3
0.237 Sediment Santa Monica 1 3
0.082 Sediment Santa Monica 1 3
0.583 Sediment Santa Monica 1 3
0.257 Sediment Santa Monica 1 3
0.428 Sediment Santa Monica 1 3
0.381 Sediment Santa Monica 1 3
0.457 Sediment Santa Monica 1 3
0.486 Sediment Santa Monica 1 3
0.131 Sediment Santa Monica 1 3
0.223 Sediment Santa Monica 1 3
0.381 Sediment Santa Monica 1 3
0.005 Sediment Santa Monica 1 3
0.444 Sediment Santa Monica 1 3
0.404 Sediment Santa Monica 1 3
0.478 Sediment Santa Monica 1 3
0.478 Sediment Santa Monica 1 3
0.622 Sediment Santa Monica 1 3
0.378 Sediment Santa Monica 1 3
0.293 Sediment Santa Monica 1 3
0.507 Sediment Santa Monica 1 3
0.364 Sediment Santa Monica 1 3
0.377 Sediment Santa Monica 1 3
0.315 Sediment Santa Monica 1 3
0.315 Sediment Santa Monica 1 3
0.452 Sediment Santa Monica 1 3
0.253 Sediment Santa Monica 1 3
0.571 Sediment Santa Monica 1 3



247

Al: Si Source Basin Source order Basin order
0.509 Sediment Santa Monica 1 3
0.484 Sediment Santa Monica 1 3
0.345 Sediment Santa Monica 1 3
0.339 Sediment Santa Monica 1 3
0.189 Sediment Santa Monica 1 3
0.289 Sediment Santa Monica 1 3
0.426 Sediment Santa Monica 1 3
0.222 Sediment Santa Monica 1 3
0.323 Sediment Santa Monica 1 3
0.386 Sediment Santa Monica 1 3
0.356 Sediment Santa Monica 1 3
0.347 Sediment Santa Monica 1 3
0.346 Sediment Santa Monica 1 3
0.369 Sediment Santa Monica 1 3
0.365 Sediment Santa Monica 1 3
0.349 Sediment Santa Monica 1 3
0.299 Sediment Santa Monica 1 3
0.279 Sediment Santa Monica 1 3
0.458 Sediment Santa Monica 1 3
0.549 Sediment Santa Monica 1 3
0.431 Sediment Santa Monica 1 3
0.499 Sediment Santa Monica 1 3
0.413 Sediment Santa Monica 1 3
0.343 Sediment Santa Monica 1 3
0.399 Sediment Santa Monica 1 3
0.237 Sediment Santa Monica 1 3
0.580 Sediment Santa Monica 1 3
0.342 Sediment Santa Monica 1 3
0.424 Sediment Santa Monica 1 3
0.494 Sediment Santa Monica 1 3
0.395 Sediment Santa Monica 1 3
0.288 Sediment Santa Monica 1 3
0.355 Sediment Santa Monica 1 3
0.384 Sediment Santa Monica 1 3
0.616 Sediment Santa Monica 1 3
0.396 Sediment Santa Monica 1 3
0.586 Sediment Santa Monica 1 3
0.669 Sediment Santa Monica 1 3
0.583 Sediment Santa Monica 1 3
0.627 Sediment Santa Monica 1 3
0.410 Sediment Santa Monica 1 3
0.472 Sediment Santa Monica 1 3
0.488 Sediment Santa Monica 1 3
0.445 Sediment Santa Monica 1 3
0.361 Sediment Santa Monica 1 3
0.444 Sediment Santa Monica 1 3
0.457 Sediment Santa Monica 1 3
0.370 Sediment Santa Monica 1 3
0.437 Sediment Santa Monica 1 3
0.444 Sediment Santa Monica 1 3
0.296 Sediment Santa Monica 1 3
0.509 Sediment Santa Monica 1 3
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Al: Si Source Basin Source order Basin order
0.379 Sediment Santa Monica 1 3
0.401 Aggregate-attached Eel River 6 2
0.600 Aggregate-attached Eel River 6 2
0.412 Aggregate-attached Eel River 6 2
0.449 Aggregate-attached Eel River 6 2
0.339 Aggregate-attached Eel River 6 2
0.151 Aggregate-attached Eel River 6 2
0.024 Aggregate-attached Eel River 6 2
0.042 Aggregate-attached Eel River 6 2
0.299 Aggregate-attached Eel River 6 2
0.186 Aggregate-attached Eel River 6 2
0.183 Aggregate-attached Eel River 6 2
0.104 Aggregate-attached Eel River 6 2
0.435 Aggregate-attached Eel River 6 2
0.172 Aggregate-attached Eel River 6 2
0.421 Aggregate-attached Eel River 6 2
0.061 Aggregate-attached Eel River 6 2
0.435 Aggregate-attached Eel River 6 2
0.000 Aggregate-attached Eel River 6 2
0.357 Aggregate-attached Eel River 6 2
0.315 Aggregate-attached Eel River 6 2
0.000 Aggregate-attached Eel River 6 2
0.321 Aggregate-attached Eel River 6 2
0.000 Aggregate-attached Eel River 6 2
0.000 Aggregate-attached Eel River 6 2
0.550 Aggregate-attached Eel River 6 2
0.255 Aggregate-attached Eel River 6 2
0.346 Aggregate-attached Eel River 6 2
0.322 Aggregate-attached Eel River 6 2
0.335 Aggregate-attached Eel River 6 2
0.327 Aggregate-attached Eel River 6 2
0.000 Aggregate-attached Eel River 6 2
0.132 Aggregate-attached Eel River 6 2
0.069 Aggregate-attached Eel River 6 2
0.068 Aggregate-attached Eel River 6 2
0.232 Aggregate-attached Eel River 6 2
0.372 Aggregate-attached Eel River 6 2
0.412 Sediment Jaco Scar 4 1
0.368 Sediment Jaco Scar 4 1
0.469 Sediment Jaco Scar 4 1
0.293 Sediment Jaco Scar 4 1
0.143 Sediment Jaco Scar 4 1
0.341 Sediment Jaco Scar 4 1
0.426 Sediment Jaco Scar 4 1
0.426 Sediment Jaco Scar 4 1
0.399 Sediment Jaco Scar 4 1
0.214 Sediment Jaco Scar 4 1
0.507 Sediment Jaco Scar 4 1
0.409 Sediment Jaco Scar 4 1
0.382 Sediment Jaco Scar 4 1
0.413 Sediment Jaco Scar 4 1
0.331 Sediment Jaco Scar 4 1
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Al: Si Source Basin Source order Basin order
0.438 Sediment Jaco Scar 4 1
0.343 Sediment Jaco Scar 4 1
0.395 Sediment Jaco Scar 4 1
0.441 Sediment Jaco Scar 4 1
0.573 Sediment Jaco Scar 4 1
0.636 Sediment Jaco Scar 4 1
0.446 Sediment Jaco Scar 4 1
0.408 Sediment Jaco Scar 4 1
0.414 Sediment Jaco Scar 4 1
0.328 Sediment Jaco Scar 4 1
0.402 Sediment Jaco Scar 4 1
0.395 Sediment Jaco Scar 4 1
0.398 Sediment Jaco Scar 4 1
0.474 Sediment Jaco Scar 4 1
0.458 Sediment Jaco Scar 4 1
0.399 Sediment Jaco Scar 4 1
0.393 Sediment Jaco Scar 4 1
0.411 Sediment Jaco Scar 4 1
0.421 Sediment Jaco Scar 4 1
0.456 Sediment Jaco Scar 4 1
0.391 Sediment Jaco Scar 4 1
0.913 Sediment Jaco Scar 4 1
0.609 Sediment Jaco Scar 4 1
0.459 Sediment Jaco Scar 4 1
0.148 Sediment Jaco Scar 4 1
0.631 Sediment Jaco Scar 4 1
0.469 Sediment Jaco Scar 4 1
0.469 Sediment Jaco Scar 4 1
0.469 Sediment Jaco Scar 4 1
0.469 Sediment Jaco Scar 4 1
0.296 Sediment Jaco Scar 4 1
0.370 Sediment Jaco Scar 4 1
0.191 Sediment Jaco Scar 4 1
0.439 Sediment Jaco Scar 4 1
0.313 Sediment Jaco Scar 4 1
0.483 Sediment Jaco Scar 4 1
0.374 Sediment Jaco Scar 4 1
0.357 Sediment Jaco Scar 4 1
0.357 Sediment Jaco Scar 4 1
0.399 Sediment Jaco Scar 4 1
0.135 Sediment Jaco Scar 4 1
0.291 Sediment Jaco Scar 4 1
0.430 Sediment Jaco Scar 4 1
0.415 Sediment Jaco Scar 4 1
0.416 Sediment Jaco Scar 4 1
0.378 Sediment Jaco Scar 4 1
0.403 Sediment Jaco Scar 4 1
0.393 Sediment Jaco Scar 4 1
0.405 Aggregate-attached Jaco Scar 5 1
0.405 Aggregate-attached Jaco Scar 5 1
0.335 Aggregate-attached Jaco Scar 5 1
0.396 Aggregate-attached Jaco Scar 5 1



250

Al: Si Source Basin Source order Basin order
0.335 Aggregate-attached Jaco Scar 5 1
0.251 Aggregate-attached Jaco Scar 5 1
0.237 Aggregate-attached Jaco Scar 5 1
0.392 Aggregate-attached Jaco Scar 5 1
0.320 Aggregate-attached Jaco Scar 5 1
0.193 Aggregate-attached Jaco Scar 5 1
0.182 Aggregate-attached Jaco Scar 5 1
0.382 Aggregate-attached Jaco Scar 5 1
0.416 Aggregate-attached Jaco Scar 5 1
0.361 Aggregate-attached Jaco Scar 5 1
0.300 Aggregate-attached Jaco Scar 5 1
0.249 Aggregate-attached Jaco Scar 5 1
0.234 Aggregate-attached Jaco Scar 5 1
0.252 Aggregate-attached Jaco Scar 5 1
0.302 Aggregate-attached Jaco Scar 5 1
0.245 Aggregate-attached Jaco Scar 5 1
0.284 Aggregate-attached Jaco Scar 5 1
0.209 Aggregate-attached Jaco Scar 5 1
0.290 Aggregate-attached Jaco Scar 5 1
0.361 Aggregate-attached Jaco Scar 5 1
0.317 Aggregate-attached Jaco Scar 5 1
0.172 Aggregate-attached Jaco Scar 5 1
0.203 Aggregate-attached Jaco Scar 5 1
0.385 Aggregate-attached Jaco Scar 5 1
0.320 Aggregate-attached Jaco Scar 5 1
0.309 Aggregate-attached Jaco Scar 5 1
0.305 Aggregate-attached Jaco Scar 5 1
0.199 Aggregate-attached Jaco Scar 5 1
0.279 Aggregate-attached Jaco Scar 5 1
0.265 Aggregate-attached Jaco Scar 5 1
0.257 Aggregate-attached Jaco Scar 5 1
0.367 Aggregate-attached Jaco Scar 5 1
0.306 Aggregate-attached Jaco Scar 5 1
0.262 Aggregate-attached Jaco Scar 5 1
0.302 Aggregate-attached Jaco Scar 5 1
0.241 Aggregate-attached Jaco Scar 5 1
0.373 Sediment Eel River 1 1
0.346 Sediment Eel River 1 1
0.017 Sediment Eel River 1 1
0.454 Sediment Eel River 1 1
0.371 Sediment Eel River 1 1
0.427 Sediment Eel River 1 1
0.431 Sediment Eel River 1 1
0.029 Sediment Eel River 1 1
0.391 Sediment Eel River 1 1
0.531 Sediment Eel River 1 1
0.495 Sediment Eel River 1 1
0.442 Sediment Eel River 1 1
0.667 Sediment Eel River 1 1
0.432 Sediment Eel River 1 1
0.370 Sediment Eel River 1 1
0.400 Sediment Eel River 1 1
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Al: Si Source Basin Source order Basin order
0.454 Sediment Eel River 1 1
0.153 Sediment Eel River 1 1
0.405 Sediment Eel River 1 1
0.537 Sediment Eel River 1 1
0.481 Sediment Eel River 1 1
0.488 Sediment Eel River 1 1
0.459 Sediment Eel River 1 1
0.241 Sediment Eel River 1 1
0.403 Sediment Eel River 1 1
0.399 Sediment Eel River 1 1
0.120 Sediment Eel River 1 1
0.536 Sediment Eel River 1 1
0.081 Sediment Eel River 1 1
0.307 Sediment Eel River 1 1
0.258 Sediment Eel River 1 1
0.398 Sediment Eel River 1 1
0.492 Sediment Eel River 1 1
0.205 Sediment Eel River 1 1
0.033 Sediment Eel River 1 1
0.269 Sediment Eel River 1 1
0.397 Sediment Eel River 1 1
0.130 Sediment Eel River 1 1
0.317 Sediment Eel River 1 1
0.359 Sediment Eel River 1 1
0.382 Sediment Eel River 1 1
0.406 Sediment Eel River 1 1
0.412 Sediment Eel River 1 1
0.310 Sediment Eel River 1 1
0.493 Sediment Eel River 1 1
0.421 Sediment Eel River 1 1
0.443 Sediment Eel River 1 1
0.375 Sediment Eel River 1 1
0.420 Sediment Eel River 1 1
0.355 Sediment Eel River 1 1
0.386 Sediment Eel River 1 1
0.523 Sediment Eel River 1 1
0.373 Sediment Eel River 1 1
0.669 Sediment Eel River 1 1
0.077 Sediment Eel River 1 1
0.340 Sediment Eel River 1 1
0.329 Sediment Eel River 1 1
0.316 Sediment Eel River 1 1
0.442 Sediment Eel River 1 1
0.326 Sediment Eel River 1 1
0.241 Sediment Eel River 1 1
0.459 Sediment Eel River 1 1
0.636 Sediment Eel River 1 1
0.450 Sediment Eel River 1 1
0.450 Sediment Eel River 1 1
0.484 Sediment Eel River 1 1
0.817 Sediment Eel River 1 1
0.315 Sediment Eel River 1 1
0.391 Sediment Eel River 1 1
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A p p e n d i x B

DATASETS FROM CHAPTER VI

Dataset B1: Carbon and oxygen isotope compositions of the Tepee Buttes
carbonates.

ID Phase Replicate δ13C DIC δ18O DIC δ13C 
DIC s.d.

δ18O 
DIC s.d. Source

100-110 Micrite -34.93 -10.31 Loyd et al.  (2016)
130-140 Micrite -37.75 -10 Loyd et al.  (2016)
190-200 Micrite -35.03 -10.64 Loyd et al.  (2016)
20-30 Micrite -36.4 -10.39 Loyd et al.  (2016)

230-240 Micrite -36.47 -7.97 Loyd et al.  (2016)
250-260 Micrite -35.41 -11.16 Loyd et al.  (2016)
310-320 Micrite -41.35 -11.07 Loyd et al.  (2016)
320-2h Micrite -41.05 -0.89 Loyd et al.  (2016)

360-370 Micrite -43.28 -11.09 Loyd et al.  (2016)
40-50 Micrite -38.01 -9.6 Loyd et al.  (2016)
65-70 Micrite -38.16 -11.33 Loyd et al.  (2016)

star 230-240 Micrite -27.37 -11.1 Loyd et al.  (2016)
teepee hrm 210-

220 Micrite -40.35 -9.8 Loyd et al.  (2016)

teepee hrm 400-
40 Micrite -30.52 -11.17 Loyd et al.  (2016)

100-110fc Fibrous 
cement -41.22 -8.6 Loyd et al.  (2016)

190-200fc Fibrous 
cement -45.21 -7.57 Loyd et al.  (2016)

210-220fc Fibrous 
cement -45.21 -6.28 Loyd et al.  (2016)

460-470fc Fibrous 
cement -43.29 -8.09 Loyd et al.  (2016)

711.5 VI S 2 Equant 
cement -14.31 -12.09 Loyd et al.  (2016)

320-2 PS Biopelmicrite -44.75 -0.3 Loyd et al.  (2016)
704.5 1 PS Biopelmicrite -44.11 -1.5 Loyd et al.  (2016)
711 WI PS Biopelmicrite -37.01 -4.12 Loyd et al.  (2016)

711.5 VI PS 2 Biopelmicrite -44.76 -1.04 Loyd et al.  (2016)
711.5 VI PS1 Biopelmicrite -45.16 -1.55 Loyd et al.  (2016)
HRS 674.6 PS Biopelmicrite -35.16 -3.58 Loyd et al.  (2016)

a_1 Micrite -49.65 -1.05 Birgel et al.  (2006)
a_2 Micrite -49.66 -1.12 Birgel et al.  (2006)
a_3 Micrite -48.49 -1.09 Birgel et al.  (2006)
a_4 Micrite -48.57 -1.12 Birgel et al.  (2006)
a_5 Micrite -46.61 -1.19 Birgel et al.  (2006)
a_6 Micrite -46.57 -1.26 Birgel et al.  (2006)
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ID Phase Replicate δ13C DIC δ18O DIC δ13C 
DIC s.d.

δ18O 
DIC s.d. Source

a_7 Micrite -43.11 -0.35 Birgel et al.  (2006)
a_8 Micrite -45.34 -0.68 Birgel et al.  (2006)

b_1 Botryoidal 
cement -40.46 -3.57 Birgel et al.  (2006)

b_2 Botryoidal 
cement -45.45 -1.78 Birgel et al.  (2006)

b_3 Botryoidal 
cement -42.32 -3.45 Birgel et al.  (2006)

b_4 Botryoidal 
cement -40.40 -3.67 Birgel et al.  (2006)

b_5 Botryoidal 
cement -22.08 -7.42 Birgel et al.  (2006)

b_6 Botryoidal 
cement -38.62 -3.91 Birgel et al.  (2006)

b_7 Botryoidal 
cement -13.24 -6.67 Birgel et al.  (2006)

b_8 Botryoidal 
cement -35.69 -5.46 Birgel et al.  (2006)

b_9 Botryoidal 
cement -36.48 -4.76 Birgel et al.  (2006)

b_10 Botryoidal 
cement -25.33 -6.01 Birgel et al.  (2006)

b_11 Botryoidal 
cement -40.30 -3.08 Birgel et al.  (2006)

b_12 Botryoidal 
cement -44.31 -2.60 Birgel et al.  (2006)

b_13 Botryoidal 
cement -44.25 -2.54 Birgel et al.  (2006)

c_1 Ferroan equant 
cement -28.98 -9.88 Birgel et al.  (2006)

c_2 Ferroan equant 
cement -17.53 -9.89 Birgel et al.  (2006)

c_3 Ferroan equant 
cement -20.21 -11.35 Birgel et al.  (2006)

d_1 Yellow calcite -36.07 -3.41 Birgel et al.  (2006)
d_2 Yellow calcite -35.59 -3.18 Birgel et al.  (2006)
d_3 Yellow calcite -39.70 -2.04 Birgel et al.  (2006)
d_4 Yellow calcite -31.73 -6.68 Birgel et al.  (2006)
d_5 Yellow calcite -45.86 -2.51 Birgel et al.  (2006)
d_6 Yellow calcite -42.68 -3.89 Birgel et al.  (2006)
d_7 Yellow calcite -40.19 -4.02 Birgel et al.  (2006)
d_8 Yellow calcite -41.99 -2.26 Birgel et al.  (2006)
d_9 Yellow calcite -35.72 -3.55 Birgel et al.  (2006)

d_10 Yellow calcite -37.57 -2.33 Birgel et al.  (2006)
d_11 Yellow calcite -33.51 -4.98 Birgel et al.  (2006)
d_12 Yellow calcite -43.21 -0.74 Birgel et al.  (2006)
e_1 Microspar 

recrystallization -19.09 -0.70 Birgel et al.  (2006)

e_2 Microspar 
recrystallization -18.00 -0.52 Birgel et al.  (2006)
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ID Phase Replicate δ13C DIC δ18O DIC δ13C 
DIC s.d.

δ18O 
DIC s.d. Source

e_3 Microspar 
recrystallization -20.90 -0.55 Birgel et al.  (2006)

e_4 Microspar 
recrystallization -18.28 -0.30 Birgel et al.  (2006)

e_5 Microspar 
recrystallization -18.69 -0.02 Birgel et al.  (2006)

e_6 Microspar 
recrystallization -25.22 -0.16 Birgel et al.  (2006)

e_7 Microspar 
recrystallization -23.32 -0.20 Birgel et al.  (2006)

a_1 Ferroan equant 
cement -14.50 -13.00 Kauffman et al.  (1996)

a_2 Ferroan equant 
cement -12.00 -12.00 Kauffman et al.  (1996)

a_3 Ferroan equant 
cement -18.50 -11.80 Kauffman et al.  (1996)

a_4 Ferroan equant 
cement -19.00 -11.50 Kauffman et al.  (1996)

a_5 Ferroan equant 
cement -14.00 -11.50 Kauffman et al.  (1996)

a_6 Ferroan equant 
cement -23.00 -8.50 Kauffman et al.  (1996)

a_7 Ferroan equant 
cement -18.50 -9.00 Kauffman et al.  (1996)

b_1 Fibrous cement -35.50 -5.10 Kauffman et al.  (1996)
b_2 Fibrous cement -40.00 -4.20 Kauffman et al.  (1996)
b_3 Fibrous cement -41.00 -4.30 Kauffman et al.  (1996)

b_4 Botryoidal 
cement -45.70 0.20 Kauffman et al.  (1996)

b_5 Botryoidal 
cement -42.00 -1.20 Kauffman et al.  (1996)

b_6 Botryoidal 
cement -40.50 -2.00 Kauffman et al.  (1996)

b_7 Botryoidal 
cement -42.00 -2.00 Kauffman et al.  (1996)

BR4_1 Biopelmicrite a -37.51 -9.29 0.03 0.05 This study
BR4_1 Pseudospar b -17.69 -11.86 0.04 0.04 This study
BR4_1 Biopelmicrite c -37.03 -9.73 0.04 0.05 This study
BR4_1 Pseudospar a -9.79 -11.64 0.06 0.09 This study
BR4_1 Pseudospar b -18.38 -12.23 0.04 0.08 This study

BR4_1 Botryoidal 
cement a -42.95 -6.46 0.02 0.04 This study

BR4_1 Botryoidal 
cement b -41.86 -6.24 0.04 0.06 This study

BR4_1 Botryoidal 
cement c -38.60 -9.83 0.03 0.08 This study

BR4_1 Yellow calcite a -34.96 -10.55 0.03 0.06 This study
BR4_1 Yellow calcite b -33.20 -10.07 0.02 0.08 This study
BR4_1 Yellow calcite c -39.30 -10.56 0.05 0.07 This study
BR4_1 Massive a -11.57 -12.38 0.05 0.06 This study
BR4_1 Massive b -12.19 -11.99 0.11 0.16 This study
BR4_1 Massive c -13.74 -13.13 0.04 0.05 This study
BR1_8 Biopelmicrite a -39.80 -1.69 0.02 0.05 This study
BR1_8 Biopelmicrite b -37.73 -2.69 0.06 0.06 This study
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ID Phase Replicate δ13C DIC δ18O DIC δ13C 
DIC s.d.

δ18O 
DIC s.d. Source

BR1_8 Biopelmicrite c -40.52 -2.70 0.05 0.08 This study
BR1_8 Pseudospar a -16.59 -12.30 0.05 0.05 This study
BR1_8 Pseudospar b -15.53 -12.38 0.04 0.06 This study
BR1_8 Pseudospar c -15.79 -12.01 0.01 0.03 This study
BR1_8 Massive a -36.51 -4.03 0.09 0.19 This study
BR1_8 Massive b -37.63 -4.72 0.05 0.10 This study
BR1_8 Massive c -19.09 -13.94 0.04 0.08 This study
BR1_8 Micrite a -36.37 -1.81 0.04 0.10 This study
BR1_8 Micrite b -40.89 -2.77 0.04 0.09 This study
BR1_8 Micrite c -38.86 -2.21 0.06 0.08 This study
BR2_3 Biopelmicrite a -34.39 -11.47 0.05 0.09 This study
BR2_3 Biopelmicrite b -34.82 -11.41 0.03 0.07 This study
BR2_3 Biopelmicrite c -34.47 -11.27 0.05 0.06 This study
BR2_3 Pseudospar d -10.50 -12.31 0.05 0.07 This study
BR2_3 Equant cement a -36.54 -10.82 0.03 0.08 This study
BR2_3 Equant cement b -40.88 -4.77 0.05 0.06 This study
BR2_3 Equant cement c -42.04 -5.12 0.04 0.08 This study
BR2_3 Yellow calcite a -38.56 -6.04 0.06 0.10 This study
BR2_3 Yellow calcite b -40.53 -5.75 0.03 0.08 This study
BR2_3 Yellow calcite c -39.19 -8.65 0.10 0.11 This study
BR2_3 Yellow calcite d -41.58 -4.14 0.03 0.04 This study
BR2_1 Biopelmicrite a -38.41 -7.16 0.05 0.03 This study
BR2_1 Biopelmicrite b -31.71 -10.21 0.07 0.10 This study
BR2_1 Biopelmicrite c -29.47 -9.48 0.04 0.07 This study
BR2_1 Pseudospar a -15.54 -11.55 0.06 0.08 This study
BR2_1 Pseudospar b -19.32 -10.95 0.04 0.06 This study
BR2_1 Micrite a -41.77 -4.44 0.04 0.06 This study
BR2_1 Micrite b -40.27 -6.54 0.02 0.05 This study
BR2_1 Micrite c -36.40 -7.70 0.03 0.06 This study
BR2_1 Massive a -22.12 -11.34 0.04 0.08 This study
BR2_1 Massive b -30.41 -8.94 0.08 0.06 This study

BR2_1 Botryoidal 
cement a -43.68 -3.73 0.04 0.07 This study

BR2_1 Botryoidal 
cement b -41.99 -4.31 0.06 0.09 This study

BR1_1 Micrite a -43.26 -0.73 0.04 0.07 This study
BR1_1 Micrite b -43.30 -1.42 0.06 0.07 This study
BR1_1 Micrite c -42.00 -1.44 0.03 0.05 This study
BR1_1 Pseudospar a -25.84 -8.53 0.04 0.08 This study
BR1_1 Pseudospar b -16.72 -11.41 0.03 0.08 This study

BR1_1 Botryoidal 
cement a -44.01 -3.35 0.02 0.06 This study

BR1_1 Botryoidal 
cement b -40.10 -4.36 0.04 0.06 This study

BR1_1 Botryoidal 
cement c -29.34 -8.22 0.04 0.08 This study

BR1_1 Yellow calcite a -44.46 -0.93 0.04 0.06 This study
BR1_1 Yellow calcite b -45.00 -1.08 0.04 0.05 This study
BR1_1 Yellow calcite c -37.28 -4.62 0.05 0.06 This study
BR1_1 Equant cement a -39.77 -5.43 0.04 0.08 This study
BR1_1 Equant cement b -44.73 -3.15 0.05 0.10 This study
BR1_1 Equant cement c -45.74 -2.64 0.05 0.06 This study


