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Abstract
[4Fe4S] clusters, redox cofactors, have been discovered in DNA processing enzymes
ranging from bacterial base excision repair glycosylases to eukaryotic DNA polymerases.
Bacterial repair proteins are activated toward redox activity when bound to DNA and can take
advantage of DNA-mediated charge transport (DNA CT) to search the genome for lesions. DNA
CT involves the rapid transport of charges through the π-stacked base pairs and is sharply
attenuated in the presence of lesions, mismatches, or other stacking perturbations. Thus, [4Fe4S]
repair proteins use this chemistry to rapidly redistribute to target lesions and communicate with
one another over long distances.
The general function of [4Fe4S] clusters in bacterial DNA repair has received much
attention, but previous efforts have left several critical questions unanswered. First, while the
redox potential of these proteins is affected by DNA binding, the relative importance of the
negatively-charged DNA, the protein environment surrounding the cluster, and solvent has
remained unclear. Second, the importance of [4Fe4S] clusters and DNA CT to human disease
has never been directly addressed. The biological consequences of this chemistry are certainly a
pressing issue, as numerous disease-relevant mutations in the human homologues of well-studied
repair proteins have been recorded. Finally, the existence of [4Fe4S] clusters in eukaryotic DNA
replication proteins in general, and in the B-family DNA polymerases in particular, was entirely
unexpected. The function of the [4Fe4S] cluster in replication proteins was far from obvious, and
the functional differences from repair proteins made them difficult to explain even in the context
of CT signaling. Herein, these questions have been addressed using a combination of
electrochemical, spectroscopic, and biochemical approaches.

viii
First, we describe the use of pyrolytic graphite edge electrodes (PGE) and S K-edge Xray absorption spectroscopy (XAS) to address the influence of protein environment, DNA, and
solvation on the [4Fe4S] cluster redox potential in the bacterial base excision repair glycosylases
endonuclease III (EndoIII) and MutY. The PGE surface is rough and favorable for protein
binding; electron transfer can be further enhanced in the presence of carbon nanotubes.
Electrochemical signals for EndoIII and MutY in the absence of DNA are large and
reproducible, and a potential shift upon DNA binding is observed. With respect to studying
proteins in the absence of DNA, the PGE electrode represents a significant advance over
previously used highly-oriented pyrolytic graphite (HOPG), which is hydrophobic and difficult
to prepare. To test the effect of protein environment on redox potential, a series of EndoIII point
mutants were prepared in which the charge within 5 Å of the cluster was reversed or added in.
None of these mutations induced a significant shift in redox potential relative to wild type,
arguing that DNA electrostatics are the dominant factor in potential modulation. In parallel, XAS
studies were performed on EndoIII and MutY in the presence and absence of DNA, and in the
presence and absence of solvent. Ligating cysteinyl thiols and inorganic S atoms in the [4Fe4S]
cluster absorb at different intensities in XAS depending on solvent environment and local
electrostatics; these changes, in turn, directly correlate to redox potential. By XAS, DNA was
found to induce a significant shift in absorbance, and thus potential; the removal of solvent had a
smaller effect. Together, these studies provide new approaches for the study of DNA-binding
[4Fe4S] proteins and reveal the critical role of DNA in tuning the redox potential.
Second, we report on a novel mutation in human MUTYH identified from a colorectal
cancer patient and confirmed to be pathological. MUTYH is responsible for repairing certain
lesions induced by oxidative stress and is thus frequently implicated in cancer. This new variant,
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C306W, contains a mutation in one of the cysteines that ligates the [4Fe4S] cluster.
Electrochemistry, activity and DNA binding assays, and spectroscopic analyses were performed
for C306W alongside wild type MUTYH and two other disease-relevant mutants, Y179C and
G396D, with an unaltered cluster environment. From this work, it is now clear that C306W can
still bind a cluster, but it is susceptible to oxidative degradation to the [3Fe4S]+ state upon redox
signaling in an aerobic environment. Consequently, enzymatic activity is very low, and DNA
binding is poor. Overall, this represents the first complete characterization of the [4Fe4S] cluster
in a human homologue of MutY, and the first demonstration of pathology resulting from a
mutation that primarily affects the [4Fe4S] cluster.
Moving into DNA replication proteins, we report on the characterization of the [4Fe4S]
cluster in yeast DNA polymerase (Pol) δ, the eukaryotic lagging strand polymerase. Pol δ shows
reversible electrochemical signals at a midpoint potential indistinguishable from EndoIII under
the same conditions, and EPR spectroscopy confirms use of the [4Fe4S]3+/2+ couple. The
electrochemical signal is attenuated on DNA containing an abasic site or a CA mismatch,
confirming that Pol δ is capable of DNA-mediated signaling. Bulk electrolysis and
photooxidation were used to oxidize Pol δ under anaerobic conditions, and activity assays were
carried out using oxidized or untreated protein. Oxidation stalls replication activity, while
electrochemical reduction of oxidized samples restores activity to untreated levels. These results
thus reveal that cluster oxidation serves as a reversible switch regulating Pol δ activity,
suggesting an in vivo role in responding to replication stress, especially oxidative stress. In an
effort to address these possibilities, we have carried out preliminary efforts in the
characterization of two potentially CT-deficient mutants, W1053A and Y1078A. Both mutants
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were found to be too structurally unstable to proceed with in vivo experiments, but they can serve
to guide future efforts in this direction.
Finally, a strategy to examine charge transport through RPA-bound single-stranded DNA
is reported. RPA is the eukaryotic single-stranded binding protein and forms a protective coat
around vulnerable unwound DNA at replication forks. Given the importance of redox signaling
in replication proteins, we aimed to use photooxidation experiments to determine if CT through
RPA is a viable pathway; if so, this would open up a large set of long-range transfer pathways to
[4Fe4S] proteins in replication. These efforts are ongoing, but the experimental strategy and
initial efforts are discussed.
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Chapter 1

Introduction: DNA Signaling by Iron-Sulfur Cluster
Proteins

Adapted from: Bartels, P.L.; O’Brien, E.; Barton, J.K. DNA Signaling by Iron-Sulfur Cluster
Proteins. pp. 405 – 423 in Iron-Sulfur Clusters in Chemistry and Biology, 2nd ed. (ed. Rouault,
T.), DeGruyter, Berlin/Boston.
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[4Fe4S] Clusters in DNA Processing Enzymes and DNA Charge Transport
The multi-metal [4Fe4S] clusters in mitochondrial and cytosolic proteins have long been
known to serve critical functions ranging from electron transfer to catalysis (1). In an exciting
turn, the last three decades have expanded the known cellular distribution of [4Fe4S] clusters to
the nucleus, where they occur in DNA-processing enzymes throughout all domains of life (2-12).
Table 1.1 illustrates many of these new DNA processing enzymes containing [4Fe4S] clusters.
As is evident from the table, [4Fe4S] clusters occur in proteins involved in all aspects of DNA
processing. These enzymes are structurally and functionally diverse, acting in a range of
pathways from base excision repair (BER) and nucleotide excision repair (NER) to DNA
replication. Many of these proteins are known to be disease relevant, and so determining the
function of the cluster has been a high priority (13, 14). In all of these proteins, the [4Fe4S]
cluster is non-catalytic and largely redox-inert in solution, and only secondarily involved in
maintaining structural integrity (15, 16). Despite some evidence to the contrary and the
metabolic expense of inserting such a complex cofactor (15 -17), the cluster was typically
assigned a structural role. This area remained highly contentious for years, but work in the
Barton lab has demonstrated that DNA binding activates these proteins toward redox chemistry
through an electrostatically-induced potential shift (18). The activation of these proteins for
redox activity when bound to DNA enables them to take advantage of a fundamental property of
DNA known as DNA charge transport (DNA CT).
DNA CT involves the transport of electrons or holes through the π-stacked base pairs;
this process remains functional over long distances as long as stacking is not perturbed (i.e., by
lesions, mismatches, or proteins that sharply kink the DNA) (18). Indeed, the sensitivity of DNA
CT as a damage reporter led to much interest in possible biological applications of DNA CT, and
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sparked initial interest in studying the mysterious [4Fe4S] proteins. The connection between
[4Fe4S] proteins and DNA CT has proven to be extraordinarily fruitful from both perspectives.
Over the course of numerous studies described later in this chapter, DNA CT has been found to
help [4Fe4S] proteins search the genome for damage in a timely manner and to coordinate their
activities by long-range redox signaling. The development of this model has since begun to
provide insight into a range of poorly-understood mutations in the [4Fe4S] domain of repair
proteins, and the importance of signaling among these proteins to disease-causing mutations
underscores the need for a better understanding of the chemistry of [4Fe4S] clusters in DNA
processing (8,13,14).
Until recently, the study of [4Fe4S] proteins was largely limited to bacterial repair
proteins, with the behavior of their eukaryotic counterparts assumed to be similar. The work
described in Chapters 2 and 3 describes some additional experiments to clarify details regarding
bacterial repair proteins, while Chapter 4 discusses the first investigation of DNA CT in one of
the eukaryotic homologues of bacterial BER proteins, human MUTYH. In addition, it has only
recently become apparent that [4Fe4S] clusters are not uncommon in eukaryotic DNA replication
proteins, and these include DNA primase and the B-family DNA polymerases. Chapters 5
through 7 describe multiple approaches to the study of one of these enzymes, the yeast lagging
strand polymerase, DNA polymerase (Pol) δ. With the realization that [4Fe4S] proteins utilize
DNA CT, it also became interesting to see if the single-stranded binding protein RPA could
facilitate CT on ssDNA and serve to expand the possible signaling routes of redox-active
proteins. Preliminary work with RPA thus constitutes Chapter 8. In this chapter, an outline of the
studies that led to the current model for redox signaling in DNA repair is provided along with the
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developments that led to an expansion and generalization of the model to include DNA
replication proteins.

5

Table 1.1 DNA-processing [4Fe4S] proteins from the 3 domains of life.
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DNA-Mediated Signaling in Base Excision Repair
The BER pathway involves the targeting and removal of damaged or misincorporated
bases from DNA by one of several specialized DNA glycosylase enzymes (2). The resulting
abasic (AP) site is then exposed by an endonuclease that nicks the phosphate backbone, allowing
the short gap to be filled in by a DNA polymerase and then sealed by a DNA ligase. Within this
pathway, [4Fe4S] clusters are present in several glycosylases of the helix-hairpin-helix family;
the Escherichia coli enzymes endonuclease III (EndoIII) and MutY were the first wellcharacterized examples (3-6). EndoIII is a bifunctional glycosylase responsible for excising
oxidized pyrimidines and nicking the DNA backbone at the site of damage, while MutY is a
monofunctional glycosylase that removes adenine mispaired with 8-oxoguanine. Homologues of
both proteins are present in nearly all organisms, from bacteria to man, and the [4Fe4S] domain
is conserved throughout (4, 6). Early studies on EndoIII by Cunningham showed the cluster to be
largely insensitive to both oxidation and reduction, leading to the eventual assignment of a
structural role (3, 15). In the case of MutY, however, the cluster was found to be unnecessary for
structural integrity, and a possible substrate-sensing role for the cluster was proposed instead (5).
However, this mechanism could not explain the role of the [4Fe4S] cluster in proteins other than
MutY, and recent work demonstrating full activity in the MutY homologues of anaerobic
organisms that lack a cluster entirely provides a further argument against this possibility (16).
Amidst this perplexing situation, support for a functional role for the cluster arose, due to strict
conservation of [4Fe4S] clusters in these proteins despite the metabolic expense associated with
cluster production and loading into target apoproteins (17).
Unexpectedly, the key to understanding the role of the cluster turned out to be a
fundamental property of the DNA substrate itself: ground state B-form DNA can conduct charge
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due to the π-stacked arrangement of the aromatic base pairs, which have a similar spacing and
arrangement to that of conductive graphite sheets (18). This remarkable property was
demonstrated in the ground state through electrochemical experiments where DNA containing a
covalent alkane-thiol linker at one end was tethered to a gold electrode, and a redox-active
intercalator appended to the opposite end of the duplex served as an electron donor/acceptor
upon the application of a potential (Figure 1.1). Using cyclic voltammetry (CV) and square wave
voltammetry (SQWV), rapid, long-range charge transport (CT) has been observed over distances
up to 34nm (100bp of duplex DNA) with rates comparable to those measured in a 17-mer (19).
CT is efficient even with multiple breaks present in the phosphate backbone, but just a slight
perturbation to base stacking, such as the presence of a CA mismatch, has been shown to sharply
attenuate charge transport yields (Figure 1.1). Well-stacked base pairs are thus a requirement for
DNA CT. The biological accessibility of DNA on this platform has been demonstrated by
experiments measuring restriction enzyme activity electrochemically, so that proteins are able to
recognize their cognate sequence and carry out reactions on the DNA duplex on the electrode.
Overall, CT renders DNA an effective redox sensor of DNA integrity in cells, and this concept,
combined with the propensity of biological systems to use all available resources at their
disposal, led to a series of experiments designed to test the redox activity of DNA-bound [4Fe4S]
proteins.
To determine if otherwise redox-inert [4Fe4S] proteins could become activated to carry
out DNA CT upon binding the DNA polyanion, [4Fe4S] proteins were added to DNA-modified
gold electrodes, with the DNA-bound [4Fe4S] enzyme taking the place of a redox probe (Figure
1.2). In a revealing study, EndoIII and MutY from E. coli and Uracil DNA glycosylase (UDG)
from Archeoglobus fulgidus were each incubated in buffered solution at physiological pH on
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DNA-modified electrodes and scanned by CV (20). Remarkably, a reversible redox signal was
observed for all three proteins and at quite similar potentials. DNA CT from the protein to
electrode surface was severely attenuated both in the absence of DNA and when the DNA duplex
contained an intervening abasic site proximal to the electrode surface, verifying that the signal
was DNA-mediated. Midpoint potentials ranging from 75 mV versus NHE (EndoIII) to 95 mV
(MutY and UDG) placed all three enzymes at the lower end of the 100-300 mV range reported
for high potential iron proteins (HiPIPs), and well above the -200 to -600 mV range expected for
ferredoxins (21). These electrochemical results, combined with data from EPR spectroscopy of
native and chemically oxidized DNA-bound proteins, led to an assignment of the observed signal
to the [4Fe4S]3+/2+ couple utilized by HiPIPs rather than the [4Fe4S]2+/1+ couple favored by
ferredoxins.
To understand how this redox activation occurred, it was necessary to directly compare
the redox potential of the [4Fe4S] cluster in the presence and absence of DNA. The DNAdissociated [4Fe4S] enzymes were previously shown to be resistant to a change in cluster redox
state even in the presence of powerful chemical oxidants (3). This redox insensitivity suggested
that the DNA-dissociated proteins have high reduction potentials outside the physiological range,
requiring an electrode with a wider available potential window than gold. The 2V scanning
window of highly-oriented pyrolytic graphite (HOPG) satisfied this requirement, and it could
furthermore be modified with DNA by appending a pyrene linker to the end of the duplex to
form a non-covalent bond with the surface (22). On the bare electrode, CV and SQWV revealed
an irreversible signal for EndoIII with an oxidative peak centered at 250 mV versus NHE, just
outside the physiologically relevant potential range (Figure 1.3). An irreversible [4Fe4S]2+/1+
reduction was also observed around -300 mV, supporting the initial assignment of the DNA-
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bound signal to the [4Fe4S]3+/2+ couple. In the presence of DNA, however, the [4Fe4S]3+/2+
couple underwent a shift in potential of ≥ -200 mV and became much larger and more reversible;
signal loss in the presence of an abasic site confirmed that this process was DNA-mediated
(Figure 1.3). The potential shift, in turn, corresponded thermodynamically to an increase in DNA
binding affinity of 3 orders of magnitude for the oxidized [4Fe4S]3+ form of the protein, relative
to the reduced [4Fe4S]2+ form. The lack of significant conformational differences between the
DNA-dissociated and DNA- bound structures of EndoIII and MutY (16, 23) suggested that this
potential shift is due to the electrostatic effects resulting from binding to the polyanionic
backbone of DNA; the DNA polyanion tunes the potential of the bound [4Fe4S] cluster. More
recent results examining EndoIII and MutY along with electrostatic mutants in electrochemistry
experiments on graphite support this notion, and are the topic of Chapters 2 and 3 (24). In
addition, limitations to the HOPG system and their solutions are discussed in detail in Chapter 2.
Overall, these electrochemical experiments revealed several critical details about the
redox properties of [4Fe4S] proteins in BER. First, DNA binding activated the proteins for redox
activity under physiological conditions by negatively shifting the potential, and this negative
shift meant that the oxidized form of the protein would necessarily bind DNA with a much
greater affinity than the native, reduced form. Second, EndoIII, MutY, and UDG all displayed
DNA-mediated redox signals centered around 85 mV vs. NHE, and thus similar DNA-bound
redox potentials for the cluster. With no other obvious redox partners, it was reasonable to
consider whether these DNA-bound enzymes might be using DNA CT to signal to each other.
CT between even distant DNA-bound proteins is certainly temporally feasible, as DNA charge
equilibration takes place on the nanosecond timescale (25) while proteins diffuse along DNA on
the microsecond to millisecond timescale.
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One clear partner for redox chemistry was the guanine radical. Under conditions of
oxidative stress, guanine radicals are generated in the DNA duplex, and indeed MutY recognizes
and repairs 8-oxoguanine/A mismatches, generated after the formation of oxidized guanine
radicals in DNA. Guanine damage generated by long-range oxidation of guanine through DNAmediated CT has been measured biochemically and occurs over long molecular distances
(26,27). Monitoring guanine radical formation spectroscopically was used to determine rates of
DNA CT; DNA CT occurs on the nanosecond timescale and is rate-limited by the base pair
motions (25). In fact, EPR and transient absorption spectroscopies were used to characterize
DNA CT between the guanine radical and MutY, resulting in formation of the oxidized
[4Fe4S]3+ cluster (28). We have also demonstrated that guanine radicals can transcriptionally
activate SoxR from a distance (29). SoxR is an iron-sulfur protein that acts as a sensor of
oxidative stress in bacteria and activates a series of genes to respond to the stress (Figure 1.4).
Thus, under conditions of oxidative stress, it is likely that the guanine radical can be a source for
oxidation of the BER enzymes with [4Fe4S] clusters by DNA CT and a means potentially to
signal the need to activate necessary repair.
The fact that cellular DNA is not linear but wrapped around histones in chromatin
brought up an important concern about the feasibility of long-range signaling in vivo: can DNA
CT still occur in DNA wrapped around histones in a nucleosome core particle? This issue was
addressed by an experiment that isolated DNA cleavage at sites of guanine oxidation in
nucleosome-wrapped DNA using a rhodium photooxidant covalently tethered to one end of the
DNA (30). The occurrence of damage, even at sites distant from the photooxidant, demonstrated
that curvature of the DNA is unimportant as long as local π-stacking is unperturbed. The
wrapping of DNA around histones produces very gradual curvature, not the kinking of DNA,
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which is known to interfere with DNA CT. Local π-stacking perturbations can arise from the
binding of certain proteins, as has been shown with the transcription factor TATA binding
protein, which kinks the DNA duplex at a sharp angle and effectively shuts off CT (31). This is
not, however, the typical binding mode of DNA-binding proteins; helix-turn-helix proteins do
not interfere with DNA CT and thus many proteins that coat the DNA in the cell are not expected
to affect long range signaling through DNA CT.
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Figure 1.1 Redox probe electrochemistry on DNA-modified gold electrodes. As illustrated by
Nile blue, DNA-intercalating redox probes can participate in DNA-mediated charge transport on
this platform to produce a reversible signal by cyclic voltammetry (CV; blue). The presence of a
single modest disruption, such as a CA mismatch, markedly attenuates CT (red).
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Figure 1.2 Protein electrochemistry on DNA-modified gold electrodes. When a [4Fe4S] cluster
protein binds to DNA on a self-assembled monolayer, electron transfer between the cluster and
the electrode is highly efficient (left cartoon, dark blue CV). If an abasic site or mismatched base
pair is incorporated into the DNA sequence, CT is disrupted and the signal is effectively shut off
(right cartoon, light blue CV).
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Figure 1.3 EndoIII electrochemistry on a highly oriented pyrolytic graphite (HOPG) electrode in
the presence and absence of DNA. When EndoIII was incubated in solution on HOPG, an
irreversible signal with a potential of 250 mV vs NHE by square wave voltammetry was
observed (top). Importantly, the [4Fe4S]2+/1+ couple could also be observed around -300 mV vs
NHE, in agreement with the assignment of the high potential couple to the [4Fe4S] 3+/2+. In
contrast, when a film of pyrene-modified DNA was present, the EndoIII signal was reversible
and the potential shifted over 200 mV to -30 mV vs NHE (bottom). Due to the lack of significant
conformational changes upon DNA binding, this effect was attributed primarily to the
electrostatic effects associated with binding to the polyanionic DNA backbone.
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Figure 1.4 Transcription factor SoxR, activated in response to oxidative stress in the cell,
contains a [2Fe2S] cluster, which is oxidized from the [2Fe2S]+ form to the [2Fe2S]2+ form when
turned on for activity. Using a DNA-intercalating Rh (III) photooxidant, a guanine radical is
generated at the 5ʹ- position in a 5ʹ-GG-3ʹ doublet. The guanine damage can be repaired at a
distance by bound SoxR, though DNA CT. The guanine damage in turn oxidizes SoxR to the
[2Fe2S]2+ form and turns on the oxidative stress response.
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Assessing redox signaling by [4Fe4S] proteins in vitro and in vivo
In addition to exploring chemically whether the [4Fe4S] cluster of the repair proteins
could be oxidized in a DNA-mediated reaction, we became interested in visualizing the process.
To do so, an atomic force microscopy (AFM) assay was developed to assess the distribution of
[4Fe4S] proteins on DNA (Figure 1.5, ref. 32). Specifically, this assay involved the addition of
WT EndoIII to a mixture consisting of a 3.8 kb DNA substrate, either completely well-matched
(WM) or containing a single CA mismatch (MM), and two smaller (2.2 and 1.6 kb) strands of
WM DNA (from which the larger strand was composed). This solution was dried on a mica
surface and imaged, with DNA-bound proteins distinguished by their greater height relative to
DNA and free proteins, thereby providing a visual snapshot of the equilibrium binding
distributions of proteins on the DNA. With respect to the distribution, it was predicted that redox
signaling would cause tightly bound oxidized proteins to be trapped in the vicinity of a CTattenuating mismatch, leading to an increase in binding density on mismatched DNA over wellmatched DNA. The notion is that on the well-matched strand, there is extensive DNA-mediated
CT between the DNA-bound proteins, facilitating the dissociation (with reduction) and
reassociation (with oxidation) of proteins onto different strands. With a mismatch on the strand,
DNA CT is inhibited, and thus little dissociation and redistribution occurs, leading ultimately to
proteins being bound preferentially on the mismatched versus fully matched duplexes.
Importantly, a CA mismatch is not a substrate for EndoIII, so there is no intrinsic reason for the
proteins to localize to this strand. Indeed, we found that EndoIII binding density ratios for WM
versus MM DNA (proteins bound per kb on long DNA/proteins bound per kb on short DNA)
averaged to 1.6 for mismatched long DNA, indicating a preference for mismatched strands. In
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control experiments where the long and short strands were both fully matched, the binding
densities were always essentially the same.
Although EndoIII as purified is largely in the [4Fe4S]2+ oxidation state, enough [4Fe4S]3+
EndoIII must be present in a given sample to allow redistribution in the AFM assay. However,
EndoIII and other BER proteins generally operate under conditions of oxidative stress in which
one would expect a higher proportion of the proteins to be oxidized. To test conditions in which
more oxidized [4Fe4S]3+ protein is initially present, EndoIII/DNA mixtures were incubated with
hydrogen peroxide prior to AFM imaging (32). Consistent with oxidative stress activating this
process, oxidation resulted in an increase in the redistribution, with the binding density ratio on
mismatched DNA increasing from 1.6 to 2.4. The protein is able to “find” the strand containing a
single mismatch on a 3.8 kilobase duplex.
EndoIII mutants that were defective in carrying out DNA CT had been prepared and
characterized, and it was of interest to see how these mutations would affect redistribution.
Tyrosine and tryptophan residues are well known to facilitate electron transfer within proteins
(33), and it was reasonable to consider that they might be involved in relaying electrons between
DNA and the cluster in EndoIII. With this aim, a range of mutants were prepared and
characterized in activity assays, and their CT properties were then investigated in
electrochemical experiments and the AFM assay (34). Independent mutation of several aromatic
residues in EndoIII, including F30, Y55, Y70, and Y82, resulted in proteins with full catalytic
activity and an identical midpoint potential but differing extents of CT deficiency relative to WT,
as measured by the current signal height per cluster in a cyclic voltammogram on a DNA
electrode. Interestingly, we could correlate directly the efficiency of DNA CT with redistribution
in the AFM assay; those proteins which showed poor electrochemical signals on DNA
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electrodes, reflecting poor DNA CT, also showed low binding density ratios in the AFM assay,
while those with high DNA CT efficiency showed high ratios for redistribution onto the
mismatched strand. Thus proteins with efficient DNA CT could more effectively find the
mismatched strand.
But does this signaling occur within the cell? To see if these redox-based exchanges
between [4Fe4S] proteins occur in the cell, we took advantage of a genetic assay, our “helper
function” assay designed to assess the effect of CT signaling on MutY activity (Figure 1.6, ref.
32). This assay used E. coli strain CC104, which has a cytosine swapped for an adenine in the
lacZ Glu-461 codon, preventing β-galactosidase activity and inhibiting growth in media with
lactose as the primary carbon source. Because MutY specifically removes adenine mispaired
with oxo-guanine, lowered MutY activity in the CC104 strain results in CG → AT transversions
that restore β-galactosidase activity and growth on lactose (lac+). Numbers obtained could range
from ~20 revertants per 109 plated cells in the background to over 300 revertants per 109 cells
when MutY was knocked out. To see if cooperation or signaling with other [4Fe4S] proteins
might affect MutY activity, the EndoIII gene (nth) was knocked out in the CC104 strain;
critically, EndoIII does not resolve A-oxoG mispairs, so it cannot function redundantly with
MutY. Despite this, nth- cells showed an average of 54 lac+ revertants, more than a two-fold
increase over background, indicating that EndoIII “helps” MutY find its targets. To verify that
this effect was due to long range CT, CC104 nth- strains were complemented with plasmids
encoding either CT-deficient EndoIII Y82A or catalytically inactive but CT-proficient D138A.
Y82A was unable to restore background transversion rates, which were indistinguishable from
uncomplemented nth-; in contrast, D138A, despite its inability to carry out the glycosylase
reaction, was able to help MutY and lower transversion rates to background levels. These genetic
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results provided a direct link between DNA CT and the observed ability of EndoIII to assist
MutY in finding its targets.
These assays thus laid a foundation for considering how long range signaling through
DNA CT might indeed function for communication and cooperation among [4Fe4S] cluster
repair proteins within the cell. In our model, DNA repair proteins with [4Fe4S] clusters use
long-range redox signaling to communicate on DNA as a first step in locating their targets (32).
As illustrated in Figure 1.7, a redox-inert repair protein in the native [4Fe4S]2+ oxidation state
binds to DNA and becomes activated toward oxidation. If another distally bound protein is in the
oxidized [4Fe4S]3+ state, the newly-bound protein can reduce it at a distance via DNA CT; upon
reduction, the binding affinity of the distal protein is lowered and the protein is free to diffuse to
another region of the genome. When the intervening DNA between the two proteins is
undamaged, this self-exchange reaction proceeds efficiently. However, if a mismatch or lesion is
present between the proteins, CT is attenuated and the proteins can no longer communicate; both
proteins then remain oxidized and bound to the DNA in the vicinity of the lesion, significantly
reducing the range over which diffusion must occur and allowing repair of the entire genome on
a biologically relevant time scale.
In addition to the novelty of the CT-based damage search, this model was particularly
relevant because it presented a solution to the significant problem of how repair proteins manage
to locate substrates on a time scale feasible for biological processes. Earlier models generally
invoked some combination of one-dimensional and three-dimensional diffusion along DNA to
explain this problem (35), but these mechanisms alone have been estimated to take far too long
(over twice the cell’s doubling time) for low-copy number proteins like MutY to search the ~4.5
Mb E. coli genome (32). If oxidative lesions were rare, this might not be a problem, but roughly
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1000 such lesions occur per doubling time (32), and the situation is no more favorable in other
organisms (5). However, when DNA-mediated CT scanning of the genome is factored into this
process, the search time is significantly reduced even with short CT distances of ~200 bp, and
substantially more so with longer CT distances (32). Critically, this mechanism does not
preclude diffusional search methods, but instead simply provides a way for proteins to reach the
vicinity of a lesion significantly more rapidly, and independent of the many other proteins
associated with the DNA; once in the vicinity, diffusion over relatively short (~200 kb) distances
would be used to locate and recognize the damaged base.
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Figure 1.5 Atomic force microscopy (AFM) assay to assess protein redistribution by CT. DNAbound proteins can be visually distinguished by their relatively great height on the surface, as
seen in a sample image at top left. If CT signaling is occurring (middle), WT proteins like
EndoIII preferentially bind to DNA containing a CA mismatch, leading to significantly more
proteins bound to mismatched strands, as seen in the plot at bottom left. Conversely, when the
assay is carried out with a CT-deficient mutant such as EndoIII Y82A (far right), no
redistribution is observed (bottom left). Adapted from Reference 32.
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Figure 1.6 E. coli helper function assay for MutY activity. The CC104 strain used in this assay
contains a GC substitution in the lacZ gene, rendering the cells unable to metabolize lactose.
Oxidative stress generates 8-oxoguanine, which is readily mispaired with adenine during
replication; repair by enzymes that target 8-oxo G ultimately cause a GC → TA transversion,
reverting the lacZ gene back to WT. MutY, however, excises adenine mispaired with 8-oxoG, so
its activity prevents reversions. Remarkably, when EndoIII (nth) is knocked out and an empty
plasmid is added in (top), revertants are observed, indicating an impairment in MutY activity.
WT EndoIII restores the efficiency of MutY (top middle), while the CT-deficient mutant Y82A
is unable to rescue MutY activity (bottom middle). In contrast, the CT-proficient, but
catalytically defective, mutant EndoIII D138A has the same restorative effect on MutY activity
as WT (bottom), confirming that DNA-mediated redox signaling is the primary factor
responsible for this result.
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Figure 1.7 A model for DNA-mediated redox signaling between repair proteins. Enzymes with
the cluster in the native [4Fe4S]2+ first bind DNA, causing the cluster to become activated
toward oxidation. Oxidative stress initiates the damage search when highly reactive species such
as the guanine radical cation are formed; these can oxidize DNA-bound proteins in their vicinity.
Oxidation of the cluster to the [4Fe4S]3+ form leads to a 1000-fold increase in DNA binding
affinity, so oxidized proteins remain bound and diffuse along the DNA. When another [4Fe4S]
protein binds at a distant site, it can send an electron through the DNA base stack to reduce the
oxidized protein. At this point, the reduced protein binds less tightly to DNA and diffuses away,
while the newly oxidized protein continues the damage search. This process of redox exchange
continues until a segment of DNA containing a lesion is approached. Since even subtle lesions
can disrupt base stacking, CT is attenuated and any nearby oxidized proteins remain bound.
Thus, DNA CT allows repair proteins to scan large sections of the genome and focus their time
on areas containing damage.
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DNA CT in other repair pathways
In addition to BER, [4Fe4S] proteins have also been found in NER pathways in archaea
and, by homology, eukaryotes (8). NER involves the removal of bulky lesions such as thymine
dimers by exposing the damage through helicase-mediated unwinding of the surrounding ~25 nt
of DNA, after which an endonuclease excises the segment and the resultant gap is filled in by a
DNA polymerase (36). In archaea and eukaryotes, DNA unwinding is dependent upon the ATPstimulated activity of the [4Fe4S] helicase enzyme XPD. Although XPD is itself part of the
transcription factor IIH (TFIIH) complex, it has nonetheless been isolated from the extremophile
Sulfolobus acidocaldarius and structurally characterized. Upon incubation on a gold electrode
modified with an appropriate DNA substrate (20-mer duplex with a 9-mer ssDNA overhang), a
reversible, DNA-mediated signal centered at 80 mV vs. NHE is observed (37). This signal is
comparable in both shape and potential to EndoIII and MutY, in line with predictions for the CT
scanning model. In the case of XPD, however, the addition of ATP to stimulate DNA unwinding
strongly enhances the current, while the non-hydrolysable analogue ATP γ-S does not. This
signal enhancement indicates improved coupling of the cluster to the DNA during activity, a
function which could be very important in coordinating with other proteins during NER,
effectively “signaling” that the repair protein is functioning.
In humans, mutations in XPD are associated with several diseases, including xeroderma
pigmentosum, Cockayne syndrome, and trichothiodystrophy (8). The archaeal versions of two of
these mutants, G34R and L325V, were characterized electrochemically; both were CT-deficient
(37,38). To see if DNA-mediated signaling could occur between disparate pathways and
proteins, S. acidocaldarius XPD and E. coli EndoIII were incubated together in the presence of
DNA and imaged by AFM (38). As with experiments involving only EndoIII, the presence of a
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CA mismatch resulted in an elevated DNA-binding density ratio; this effect was lost if WT
EndoIII or XPD were incubated with a CT-deficient signaling partner, namely XPD L325V or
EndoIII Y82A, respectively. Thus, XPD was able to help EndoIII localize to damaged DNA, but
only if both proteins were CT-proficient. This experiment established two important general
properties of CT between [4Fe4S] proteins: first, that long-range signaling can occur between
proteins in distinct pathways, and second, that the proteins do not even have to be from the same
organism in order to communicate in this manner. What is critical is that they both bind DNA,
have similar DNA-bound redox potentials, and are well coupled into the DNA helix to carry out
DNA CT.
E. coli DinG is a superfamily 2 helicase with homology to XPD that also contains a
[4Fe4S] cluster (7), although DinG is primarily tasked with R-loop maturation rather than NER.
R-loop maturation involves the helicase-mediated unwinding of RNA-DNA hybrids that result
from collisions between transcription and replication machinery (39). We found that DinG
behaved similarly to XPD on DNA-modified Au electrodes, displaying a virtually identical
midpoint potential, and the increase in current upon the addition of ATP was even more dramatic
than for XPD (40). Likewise, DinG showed a redistribution onto mismatched DNA in the AFM
assay, both alone and in a mixture with WT EndoIII but not when combined with CT-deficient
EndoIII Y82A. These assays supported the model developed for CT signaling in repair.
The real value in probing signaling by DinG, as an E. coli protein, was the ability to
examine in vivo signaling in a bacterial system both with EndoIII and MutY. As an initial effort
in elucidating signaling between pathways, the lac+ helper function assay discussed above was
employed to see if CT-active DinG could stimulate MutY activity in the same way as EndoIII.
Remarkably, a DinG knockout did cause an increase in lac+ reversions, despite the fact that
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DinG and MutY are active in distinct repair pathways. This result was in agreement with the in
vitro AFM studies showing communication between XPD and EndoIII but went further by
demonstrating such communication in vivo within the same organism.
Importantly, we could ask also if EndoIII signaling was necessary for DinG activity. Here
we used the InvA E. coli strain to test the effect of EndoIII CT on DinG activity (Figure 1.8, 41).
This assay relied upon the reversal of the frequently transcribed rrnA operon in E. coli to
increase the frequency of replication/transcription collisions, causing stalled forks and generating
R-loops; DinG correction of these R-loops was essential for cell survival. Indeed, cell growth
was abolished when EndoIII was knocked out, and complementation with either WT or the
enzymatically inactive, CT-proficient mutant EndoIII D138A restored survival. In contrast,
complementation with the CT-deficient but enzymatically active EndoIII Y82A did not restore
survival. Taken together, the MutY helper function and InvA strain survival assays showed that
long-range signaling by DNA CT is critical to [4Fe4S] enzymes in disparate pathways: DinG
signals BER proteins in their search for damage, and the BER proteins, in turn, can facilitate Rloop resolution by DinG.
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Figure 1.8 E. coli inverted A assay for DinG activity. In this assay, the highly transcribed rrnA
operon has been inverted to increase the rate of replication/transcription collisions, generating Rloops, which the [4Fe4S] helicase DinG unwinds to resolve the stalled fork. Surprisingly,
knocking out EndoIII prevented DinG from resolving R-loops, abolishing cell growth. As in the
helper function assay (Figure 1.6), both WT and the CT-proficient mutant D138A rescued this
effect, while CT-deficient EndoIII Y82A did not. Overall, this indicates that CT signaling
between EndoIII and DinG is important in helping DinG localize to collision sites.
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A role for CT in eukaryotic DNA replication?
In addition to BER and NER, conserved [4Fe4S] clusters have been identified in
eukaryotic replication proteins, including yeast and human DNA primase and the yeast B-family
DNA polymerases (Pols) α, δ, ε, and ζ (9-10) (Figure 1.9). In DNA replication, a replication
bubble is generated by two helicase complexes unwinding DNA in opposite directions, and new
DNA strands are synthesized in the 5ʹ → 3ʹ direction by DNA polymerases, which extend from a
short (8-10 nucleotide) RNA primer generated by a primase enzyme (42). The directionality of
the polymerases necessitates that one strand, the leading strand, undergoes continuous synthesis
in the direction of the fork, and the other, the lagging strand, be formed in discontinuous 120-150
nt Okazaki fragments. Under normal conditions, eukaryotic polymerases divide the task of DNA
replication, with Pol α adding 10-20 nt of DNA to the RNA primer before ceding the leading
strand to Pol ε and the lagging strand to Pol δ (43).
Replication presents an additional puzzle beyond DNA repair, as these proteins do not
scan the genome, but instead associate in complexes at replication forks (44). Faithful
duplication of the genome requires a large amount of coordination among DNA-bound [4Fe4S]
proteins, which may be facilitated by DNA-mediated redox signaling. Work in our laboratory
has indeed shown this to be the case for DNA primase and the lagging strand polymerase Pol δ
(45). Primase forms a complex with Pol α (Pol-Prim) in vivo, and together these proteins form a
20-30 nt RNA-DNA hybrid primer. The means by which the RNA and DNA segment lengths are
precisely controlled, and the mechanism of the primase-Pol α handoff are currently poorly
understood. In the case of DNA primase, oxidation of the cluster electrochemically results in
markedly enhanced DNA binding, and redox activity has been proposed to act as a switch
mediating the hand-off from primase to Pol α. In this model, DNA-bound primase in the
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[4Fe4S]3+ state would synthesize an 8-10 nt RNA primer, at which point reduction of the
oxidized primase by the [4Fe4S] cluster of Pol α would terminate primer synthesis and facilitate
the hand-off. Signaling between these particular proteins is a compelling possibility, given that
primase and Pol α form a single complex flexible enough to position the [4Fe4S] clusters in
primase and Pol α for CT signaling.
Upon completion of the RNA-DNA hybrid primer by Pol-Prim, the primer end is handed
off to the clamp loader complex, which attaches the circular sliding clamp PCNA to the primed
end; PCNA is then bound by Pol ε on the leading strand and Pol δ on the lagging strand to
synthesize long stretches of DNA in a processive manner (46). Because the clamp loader does
not contain a [4Fe4S] cluster, the Pol δ cluster must have a purpose other than primer handoff.
Among other possibilities, a role for the cluster in sensing and coordinating the response to stress
during DNA replication was particularly appealing. This intriguing problem led to extensive
work with Pol δ, which is described in detail in Chapters 5 through 7.
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Figure 1.9 DNA-binding eukaryotic enzymes containing [4Fe4S] clusters are found both in
replication and in repair pathways. The three polymerases (Polymerase-α-Primase, Polymerase
ε, and Polymerase δ) responsible for copying genomic DNA from a parent template all contain a
cluster. Polymerase-α-Primase initiates replication through RNA/DNA primer synthesis;
Polymerase ε and Polymerase δ then take over replication on the leading and lagging strand of
the replication fork, respectively. Dna2 helicase-nuclease, instrumental in Okazaki fragment
processing, also contains a [4Fe4S] cluster in its nuclease domain. Repair enzymes, such as
XPD helicase in the TFIIH complex (NER) and MUTYH/NTHL1 glycosylases (BER) search for
and repair any mismatched/damaged bases on the nascent genomic DNA. This array of [4Fe4S]
enzymes in several pathways, with the ability to communicate with one another through DNA
CT, suggests that redox signaling may play a larger role in coordinating the complex and
dynamic process of eukaryotic replication.
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DNA-binding [4Fe4S] proteins in human disease
Many DNA processing proteins containing [4Fe4S] clusters are known to be involved in
human disease, with non-catalytic mutations near the cluster being surprisingly prevalent. These
proteins include the human homologues of MutY and EndoIII (MUTYH and NTHL1,
respectively) and XPD; poorly understood mutations in the [4Fe4S] domain are also present in
DNA primase and Pol δ. MUTYH is a critical player in colon cancer, specifically in MUTYHassociated polyposis (13). Several poorly characterized mutations in residues near the cluster
have recently been recognized. While difficult to understand from conventional perspectives,
preliminary electrochemical studies have revealed at least one of these mutants to be more
sensitive to oxygen-mediated cluster degradation as described further in Chapter 4 (48). Cluster
degradation would be especially devastating from the perspective of a CT-based damage search,
compromising not only MUTYH but other repair proteins within the redox signaling network.
Similarly, NTHL1 has been recognized as important in a variety of different cancers, although
mutations in NTHL1 have not been studied to the extent that those in MUTYH have (14). XPD
mutations are better known for their direct role in three major genetic disorders:
trichothiodystrophy, Cockayne syndrome, and xeroderma pigmentosum. These disorders cause a
photosensitivity phenotype that ultimately results in the development of cancer and/or
accelerated aging. Cancer-relevant mutations in the [4Fe4S] domain have also been reported in
both DNA primase and Pol δ (49, 50); however, mutations in replicative polymerases are
relatively rare due to the essential nature of these enzymes, and those that have been studied
generally occur in catalytic domains (51, 52). From these examples, it is clear, however, that
non-catalytic [4Fe4S] clusters in DNA-processing enzymes are more relevant to disease than
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previously suspected. Some work has already implicated defective CT capabilities as important,
but many questions remain to be answered.

Conclusions
Our understanding of the role of [4Fe4S] clusters in DNA-processing enzymes has
progressed from that of an unusually complex structural group to that of a critical element of
rapid, long-range redox signaling along DNA. Considered from another perspective, the
recognition of redox-signaling between [4Fe4S] proteins has demonstrated the importance of
DNA-mediated CT to biological systems. Indeed, DNA CT is crucial for the identification of
lesions by low-copy number proteins like MutY, which would otherwise be unable to find their
targets on a relevant timescale. Although this body of work has come a long way toward
explaining daunting problems regarding [4Fe4S] proteins and the role of DNA CT in the cell, it
opens the door to numerous further questions. These include the nature and origin of the
unprecedented potential shift itself, the role of the cluster in disease, and the cluster’s function in
DNA replication proteins that serve very different purposes than the [4Fe4S] protein studied up
to this point.
The work described in following chapters builds upon this basis and represents an effort
to answer some of these unresolved questions. This starts with problems in the same bacterial
proteins described in this chapter, specifically addressing the role of charged amino acid residues
near the cluster in modulating the redox potential and probing the molecular source of the large
potential shifts seen on HOPG. Moving beyond bacteria, the role of the cluster in human repair
proteins and its relevance to disease was directly addressed for the first time when a remarkable
opportunity to study a novel human MUTYH mutation was provided by clinical researchers.
Finally, the relevance of clusters in eukaryotic DNA replication, and in the B-family DNA
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polymerases in particular, was considered in depth. Indeed, the polymerases, along with DNA
primase, represent the first efforts at studying DNA CT in proteins outside of DNA repair. As
will hopefully be made clear, despite the diverse functions of these proteins, they all use DNA
CT as a regulatory switch to rapidly coordinate activity between pathways and under stress
conditions. From a slightly different perspective, this work provides more support for the notion
that DNA CT, far from being an esoteric mechanism useful only in detection devices, can serve
as a sensor for the integrity of the genome and expedites the cellular response to DNA damage,
oxidative stress, and other genomic insults.
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Chapter 2

Electrochemistry of the [4Fe4S] Cluster in Base
Excision Repair Proteins: Tuning the Redox Potential
with DNA

Adapted from: Bartels, P.L.; Zhou, A.; Arnold, A.R.; Nuñez, N.N.; Crespilho, F.N.; David, S.S.;
Barton, J.K. Electrochemistry of the [4Fe4S] Cluster in Base Excision Repair Proteins: Tuning
the Redox Potential with DNA. Langmuir, 2017, 33, 2523 – 2530.
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Introduction
E. coli endonuclease III (EndoIII) is a DNA glycosylase that excises oxidized
pyrimidines from DNA, functioning as part of the base excision repair (BER) pathway in order
to maintain the integrity of the genome (1). EndoIII contains a [4Fe4S]2+ cluster that is relatively
insensitive to reduction and oxidation in solution (2); as a result, it was initially proposed that the
cluster served only a structural role within the protein. MutY is another E. coli BER glycosylase,
homologous to EndoIII, that also contains a [4Fe4S]2+ cluster (3). MutY, found in organisms
from bacteria to man, is involved in the repair of oxoG:A mismatches (4); in humans, inherited
defects in MUTYH are associated with a familial form of colon cancer known as MUTYHassociated polyposis (MAP) and many MAP-associated variants are localized near the [4Fe4S]
cluster (4). Furthermore, in the case of MutY, it has been shown that the cluster is not required
for folding or stability (3), or direct participation in the intrinsic glycosidic bond hydrolysis
catalysis (5), making the widespread presence of conserved, non-catalytic [4Fe4S] clusters
difficult to explain.
Notably, the earliest studies with EndoIII and MutY looked only at free protein in
solution, neglecting the effect of DNA binding on redox potential. Experiments carried out on
DNA-modified electrodes have demonstrated that, in both EndoIII and MutY, the cluster
undergoes a negative shift in potential associated with binding to the DNA polyanion and is
activated toward reversible redox activity (6). In these experiments, DNA monolayers were
formed on gold electrodes, and, upon addition of EndoIII or MutY, a reversible signal with a
midpoint potential ranging from 60-95 mV versus NHE was observed. Importantly, the
introduction of just a single mismatch or abasic site into DNA led to signal attenuation, showing
that electron transfer between the protein and the electrode was through the π-stacked base pairs
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in a process known as DNA-mediated charge transport (DNA CT) (7). In this process, charge is
funneled from the electrode surface through the π-stack of the DNA bases to reach the redox
probe (a protein in this case); the only requirement is that the probe must be electronically
coupled to the DNA π-stack. Remarkably, the sensitivity to base stacking observed with EndoIII
and MutY was comparable to that obtained using small molecules such as Nile blue or
methylene blue that intercalate directly into the base stack.
The expanded potential window of highly-oriented pyrolytic graphite (HOPG) and the
ability to form pyrene-modified DNA films on the surface made it possible to directly compare
the potential of proteins in the presence and absence of DNA (8). Experiments with EndoIII
revealed that DNA binding shifts the reduction potential of the [4Fe4S]3+/2+ couple by -200 mV
to favor oxidation. Thermodynamically, this shift corresponded to a large (~3 orders of
magnitude) increase in the DNA binding affinity of the oxidized form of the protein. Crystal
structures of EndoIII and MutY with and without DNA do not show any significant structural
change upon DNA binding (9-12), so this dramatic result was attributed to a combination of
electrostatic effects resulting from the negatively charged DNA backbone and decreased solvent
accessibility of the cluster in DNA-bound protein, which is in agreement with the known
sensitivity of [4Fe4S] clusters to their local environment (13). By demonstrating that DNA
binding brought the redox potential of EndoIII into a biologically relevant window, this result
served to explain the previously observed redox insensitivity of free EndoIII and provided
evidence in favor of a redox role for the DNA-bound protein cluster.
Since these experiments were carried out, a wide range of DNA processing enzymes have
been revealed to contain [4Fe4S] clusters with properties similar to EndoIII and MutY. These
include the Archaeoglobus fulgidus uracil DNA glycosylase (UDG), archaeal and eukaryotic
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versions of the nucleotide excision repair helicase XPD and the E. coli R-loop maturation
helicase DinG (14), all of which were found to have similar DNA-bound potentials (~80 mV
versus NHE) as measured on DNA-modified gold electrodes (6,7). The similar DNA-bound
midpoint potentials and picosecond kinetics of DNA CT together suggested that DNA CT could
provide a means for these enzymes to localize efficiently to the vicinity of their target lesions
(15). Indeed, experiments carried out both in vitro and in vivo have led to the development of a
model for DNA repair in which two [4Fe4S] cluster proteins use DNA CT to communicate with
each other over long molecular distances via electron transfer self-exchange reactions (7, 15). As
evidenced through the potential shift, DNA binding activates the proteins toward oxidation to the
[4Fe4S]3+ state (8). When the DNA intervening between the two proteins is undamaged, the selfexchange reaction can proceed efficiently, with the result that one of the DNA-bound proteins is
reduced and its affinity for DNA lowered. This protein is then free to diffuse to another region of
the genome. However, in the case of an intervening mismatch or lesion that impairs CT by
disrupting π-stacking, this self-exchange reaction is inhibited. Both proteins then remain bound
to the DNA in the vicinity of the lesion, significantly reducing the range over which the slower
processes of diffusion must occur and facilitating repair of a relatively large genome on a
biologically relevant time scale (15).
While DNA binding is clearly of critical importance to the redox activity of these
enzymes, it is not clear that it represents the only way to modulate the potential. It was recently
reported that carboxylic acid monolayers had a similar activating effect as DNA, although, in
contrast with the above model, they identified the relevant couple as the [4Fe4S]2+/+ rather than
the [4Fe4S]3+/2+ couple (16). With respect to the latter point, the high potential of the reversible
DNA-bound signal on both gold and HOPG, EPR spectroscopy of oxidized DNA bound EndoIII
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and MutY, and the observation of both couples in the expected potential regimes on HOPG
support the original [4Fe4S]3+/2+ assignment (6,8,15). Furthermore, this assignment is in
agreement with the known potential ranges accessed by the [4Fe4S]3+/2+ couple of HiPIPs (17).
Regardless of redox couple assignment, the possibility of activation by other molecules remains
an interesting point deserving further investigation.
In addition to other molecules, charged amino acid residues near the cluster might also be
expected to affect the potential. This was explored in a recent study in which several EndoIII
mutants, E200K, Y205H, and K208E, were prepared and extensively characterized on DNAmodified gold electrodes; although these residues are located within 5 Å of the cluster, all of the
mutants had indistinguishable DNA-bound midpoint potentials (18). Overall, these observations
suggested that DNA binding was the dominant environmental effect in modulating potential, but
the narrow accessible potential window on gold prevented further investigation.
In this work, we used direct electrochemistry on carbon electrodes to address the capacity
of DNA and other polyanions to activate [4Fe4S] proteins for redox activity and to assess the
ability of local electrostatics to shift the potential of EndoIII in the absence of DNA. Because the
hydrophobic surface of HOPG is unsuitable for protein adsorption and difficult to prepare (8, 1920), we turned to the rougher, more hydrophilic pyrolytic graphite edge (PGE) electrode for
these experiments, using the technique of thin film voltammetry to immobilize proteins in a
stable layer on the electrode surface (21-24). To enhance signal sizes, we also included singlewalled carbon nanotubes (CNT) when possible, taking advantage of their high conductivity and
the additional 3-dimensional surface area they can provide for protein binding (21). In summary,
this platform provided an ideal and reliable way to improve our understanding of the factors
important to tuning the potential of DNA processing enzymes containing [4Fe4S] clusters.
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Materials and Methods
EndoIII Overexpression and Purification
WT E. coli EndoIII was overexpressed in BL21star-(DE3)pLysS cells containing a
pET11-ubiquitin-His6-nth construct and purified as detailed previously (18), with the exception
that the final buffer contained 10% rather than 20% glycerol (20 mM sodium phosphate, pH 7.5,
0.5 mM EDTA, 150 mM NaCl, 10% glycerol). For electrochemical experiments, glycerol was
removed from the protein solution using a HiPrep 26/10 desalting column (GE Healthcare)
equilibrated with a buffer consisting of 20 mM sodium phosphate, pH 7.5, 0.5 mM EDTA, 150
mM NaCl. Following buffer exchange, the protein was concentrated in two steps. First, 10,000
molecular weight cutoff (MWCO) Amicon Ultra 15 mL centrifugation filter units (Millipore)
were used to concentrate each protein solution to a total volume of 1 mL or less. Samples were
then transferred to 10,000 MWCO Amicon Ultra 0.5 mL centrifugation filter units (Millipore)
and concentrated until the initially yellow protein solutions were very dark in color
(approximately 300 μL final volume from 6 L of bacterial culture). Protein purity was confirmed
by SDS-PAGE. Immediately following concentration of the sample, the [4Fe4S] cluster loading
ratio was calculated by dividing the total [4Fe4S] cluster concentration as determined from the
UV-visible absorbance spectrum using ε410 = 17,000 M-1cm-1 by the total protein concentration
as measured in a Bradford assay; typical cluster loading ratios for WT EndoIII were 70-75%.
MutY Overexpression and Purification
MBP (Maltose Binding Protein)-MutY fusion protein was expressed and purified using a
slightly modified version of a previously reported protocol (25). Modifications to the protocol
included changes in “buffer A” to a resuspension buffer (20 mM sodium phosphate, pH 7.5, 200
mM NaCl, 1 mM EDTA, 1 mM DTT, 1 mM PMSF, and 10% glycerol) and use of an amylose
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column to eliminate the necessity of a streptomycin sulfate and ammonium sulfate precipitation.
During the amylose preparation, the sample was washed with amylose wash buffer (20 mM
sodium phosphate, pH 7.5, 200 mM NaCl, 1mM EDTA pH 8) and eluted in amylose elutant
buffer (20 mM sodium phosphate, pH 7.5, 200 mM NaCl, 1 mM EDTA pH 8, 10 mM maltose).
The resultant fractions were concentrated using an ultrafiltration cell with a 10,000 MWCO filter
with stirring at 4oC. Protein was then diluted 10-fold in heparin buffer A (20 mM sodium
phosphate, pH 7.5, 1 mM EDTA, 5% glycerol in water), applied to a Pharmacia Hi-trap heparin
column on an AKTApurifier FPLC system, and eluted using a 10% linear gradient in heparin
buffer A to 100% heparin buffer B (20mM sodium phosphate, pH 7.5, 1mM EDTA, 5%
glycerol, and 1 M NaCl in water). MBP-MutY eluted at 450 mM NaCl (45% heparin buffer B).
Purity of protein samples was confirmed via 12% SDS page stained with SYPRO orange. The
[4Fe4S] cluster loading was determined using the UV-visible absorbance at 410 nm (ε410 =
17,000 M-1cm-1) and at 280 nm (ε280 = 143,240 M-1cm-1); samples were typically 65-75% loaded.
DNA Preparation
DNA strands for EndoIII experiments were purchased from Integrated DNA
Technologies, with sequences as follows:

20-mer: 5′-GTG AGC TAA CGT GTC AGT AC-3′
Complement: 5′-GTA CTG ACA CGT TAG CTC AC-3'

Single-stranded DNA oligomers (5 μmol) were resuspended in MilliQ water and purified by
ethanol precipitation. Briefly, 1000 μL of cold 200 proof ethanol and 50 μL of 3 M NaCl were
added to 100 μL single-stranded DNA in water and vortexed; DNA solutions were then frozen in
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liquid nitrogen for rapid precipitation and spun at 16,000 RCF (25 minutes) to form a pellet
which was then re-dissolved in EndoIII storage buffer (20 mM sodium phosphate, pH 7.5, 0.5
mM EDTA, 150 mM NaCl). Single-stranded DNA was quantified by UV-vis using ε260 values
calculated using the Integrated DNA Technologies oligo analyzer tool; these were 197,800 M 1

cm-1 for the 20-mer strand and 190,200 M-1cm-1 for its complement. Equimolar amounts of each

strand were then annealed by incubation at 90°C for 5 minutes followed by slow cooling to
ambient temperature.
For MutY experiments, DNA substrates containing oxoG (8-oxo-guanine) or FA (2′fluoro-adenine) were synthesized at the University of Utah DNA and Peptide Synthesis Core
Facility and unmodified strands were ordered from Integrated DNA Technologies. The following
DNA duplexes were used:

15-mer: 5′-GGA GCC AXG AGC TCC-3
15-mer Complement: 3′-CCT CGG TYC TCG AGG-5′

30-mer: 5′-CGA TCA TGG AGC CAC XAG CTC CCG TTA CAG-3′
30-mer Complement: 3′-GCT AGT ACC TCG GTG YTC GAG GGC AAT GTC-5′

X = G or oxoG and Y = C, FA, or A

Oligonucleotides containing the central oxoG or FA were deprotected and cleaved from the
column by incubation in NH4OH; 2-mercaptoethanol was added into oxoG samples to prevent
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oxidation. The cleaved DNA substrates were dissolved in H2O, filtered with a 0.2 μm filter, and
HPLC purified using a Beckman Gold Nouveau system with a Waters AP1DEAE 8HR column;
a 10-100% gradient of 90:10 H2O/acetonitrile with 2 M NH4Ac was used in purification. Isolated
fractions were dried down and de-salted using SEP-PAK cartridges, and DNA integrity was
confirmed using MALDI-MS. All DNA substrates were stored dried in the -20oC freezer prior to
annealing.
Electrochemistry
All electrochemical experiments were performed on an edge-plane pyrolytic graphite
electrode (Pine Research Instrumentation) with a geometric surface area of 0.196 cm2. To
generate a rough surface suitable for protein binding, the electrode was abraded with 400 grit
sandpaper and cleaned by sonication for 1 minute each in ethanol and water. After sonication, the
absence of electroactive impurities was verified by scanning in EndoIII storage buffer (20 mM
sodium phosphate, 0.5 mM EDTA, 150 mM NaCl, pH 7.5) or MutY storage buffer (20 mM
sodium phosphate, 1 mM EDTA, 150 mM NaCl, pH 7.6) as appropriate.
Single-walled carbon nanotubes (CNTs) were found to enhance the signal size of
adsorbed protein, so they were included in the formation of all thin films unless otherwise noted.
Protein thin films were formed from several (typically 3-6) alternate layers of 10 μL singlewalled carbon nanotubes (CNT) in water (0.25 mg/mL) and 10 μL EndoIII (150 μM in storage
buffer) or MutY (50 μM) in a 1:1 mix with aqueous CNTs. Each layer was gently dried under an
argon gun, and the process was repeated until the surface was coated by a viscous film, which
was then secured with 5% Nafion in water (diluted from 10% in water as purchased) to prevent
dispersal (21). For experiments including DNA, CNTs generally hindered electrochemical
signals, so these films were formed in their absence. Poly-L glutamate (MW 50-100 kDa) was

48
used to assess the effects of a negatively charged non-substrate on potential. Although Nafion
also carries a negative charge at the pH values used, it was applied only to the top of a multilayer
film to form a binding layer, minimizing interactions with the electroactive protein; in contrast,
poly-L glutamate and DNA were incorporated directly into the thin film with protein to
maximize any possible interactions.
After thin film formation, 50 μL of EndoIII or MutY storage buffer was pipetted on top
of the film and an Ag/AgCl reference in 3 M NaCl and Pt auxiliary electrode were submerged in
the resulting droplet. Reduction potential, current, and charge measurements were then taken by
cyclic voltammetry (CV), square wave voltammetry (SQWV), and differential pulse
voltammetry (DPV); all experiments were conducted at ambient temperature (20 °C).
Electroactive area was determined by plotting the scan rate dependence of the CV current
generated by 1 mM [Ru(NH3)6]Cl3 in storage buffer and applying the Randles-Sevcik equation
(26),

Ip = [(0.4463(F3/RT)1/2](n3/2)(A)(D1/2)(C°)ν1/2

(1)

Ip is the peak current in amperes, F is Faraday’s constant (96485 C·mol-1), R is the universal gas
constant (8.314 J·(mol·K)-1), T is temperature in K, n is the number of electrons transferred per
CV peak, A is electrode area in cm2, D is the diffusion coefficient in cm2·s-1 (9.0 x 10-6 for
[Ru(NH3)6]3+; 27), C° is bulk protein concentration in mol·cm-3, and ν is the scan rate in V·s-1.
Potentials were converted to NHE by adding 0.212 V to the value measured by Ag/AgCl, using
the value of 0.209 mV value at 25 C given by the supplier, BASi®, and applying a temperature
correction (28). To prevent leakage of NaCl into the buffer and subsequent wandering of the
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reference potential, the glass frit of the electrode was immersed in a gel loading pipet tip
containing 3 M NaCl with 4% dissolved agarose, and dried in this mix overnight. CNTs, 10%
aqueous Nafion, poly-L glutamate, and [Ru(NH3)6]Cl3 were purchased from Sigma-Aldrich,
while the Ag/AgCl reference electrode in 3 M NaCl was purchased from BASi®.
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Results
Direct Electrochemistry of WT EndoIII and MutY
To examine variations in EndoIII potentials with various substitutions or binding
partners, we first prepared WT EndoIII thin films on a PGE electrode. All films were anchored to
the surface by Nafion and capped with 50 μL of storage buffer for scanning. In the absence of
DNA, a quasi-reversible signal was observed by CV (Figure 1). The signal under these
conditions was relatively small (3 ± 1 μC reductive peak, -4 ± 1 μC oxidative peak), and the
reductive peak partially overlapped the much larger wave of oxygen reduction, making it
challenging to quantify. By adding 0.25 mg/mL CNTs to form a protein/CNT/Nafion thin film,
the peak areas increased by an order of magnitude to reach 16 ± 3 μC and -18 ± 5 μC reductive
and oxidative peaks, respectively, while the peak potentials remained unaltered from those
without the CNTs at 74 ± 20 mV and 162 ± 18 mV vs NHE (Figure 1).
The addition of EndoIII and CNTs was associated with a large increase in the
capacitance; much of this increase was due to CNTs, as seen in CNT/Nafion thin films, but the
protein itself certainly contributed (Figure 2). Notably, the high conductivity of CNTs amplifies
redox events at the surface; a CNT/Nafion film shows reversible peaks around 200 mV vs NHE
and -80 mV vs NHE, both of which show no splitting and are likely attributable to the reversible
reduction of surface oxides on the edge plane and even on the CNTs themselves (Figure 2) (2931). Indeed, the 200 mV peaks were invariably present, although smaller, in buffer alone and the
-80 mV peaks varied in size based upon the freshness of the CNT suspension applied, consistent
with this assertion. The presence of protein on the surface markedly suppressed both of these
peaks, and the EndoIII signal differed from the background both by its potential, which was
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essentially identical to that measured in the absence of CNTs, and in the occurrence of peak
splitting; the latter suggested a slower process, in agreement with reports of other proteins
adsorbed on carbon (21).
WT MutY thin films were prepared just as with EndoIII, although the stock
concentrations were somewhat lower (~50 µM for MutY compared to ~150 µM for EndoIII).
MutY displayed a quasi-reversible signal similar to EndoIII on CNT/Nafion thin films, with CV
peak potentials centered at 100 ± 9 mV for the reductive peak and 162 ± 3 mV for the oxidative
peak (Figure 1). Notably, the potentials were within error of the values obtained for EndoIII. The
respective peak areas were 2.3 ± 0.3 µC and -3.4 ± 0.1 µC, about an order of magnitude smaller
than EndoIII and indicative of lower surface coverage.
For both EndoIII and MutY, the current exhibited a linear dependence on the scan rate
(Figure 3), confirming that the protein was adsorbed to the electrode surface rather than diffusing
in from solution; this relationship was present whether or not CNTs were included. Surface
coverage was initially determined simply by converting the total CV peak charge at a scan rate of
100 mV/s into pmol using Faraday’s constant and dividing by the geometric surface area of the
electrode. Because the PGE surface is uneven, the geometric surface area can underestimate the
electroactive area by a factor as large as 104 (32). Indeed, using the geometric area of the
electrode (0.196 cm2) gave a surface coverage of 550 ± 300 pmol/cm2 for 75 μM EndoIII stock,
over 10 times larger than reported for ferredoxin thin films on PGE (40 pmol/cm2) (32) and over
100 times larger than CNT/Nafion/protein thin films on glassy carbon (2-6 pmol/cm2) (21).
By taking the scan rate dependence of the current for [Ru(NH3)6]3+ in EndoIII storage
buffer and applying the Randles-Sevcik equation (Equation 1), the electroactive surface area was
determined to be 1.0 cm2, about 5 times larger than the simple geometric area (Figure 4). When
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this correction was applied to a thin film formed from 75 μM EndoIII stock, a value of 108 ± 60
pmol/cm2 was obtained, which is still high but much closer to previously published results on
PGE (32). Applying the same correction to films formed from 25 μM MutY stock gave a
coverage of 29 ± 6 pmol/cm2, around 25% of that measured for 75 μM EndoIII. To facilitate a
more direct comparison, surface coverage on thin films formed with 25 μM EndoIII was
measured to be 51 ± 8 pmol/cm2, indicating that MutY adsorption was absolutely less extensive
than EndoIII. This result is not surprising, given that unmodified MutY is 39 kDa while EndoIII
is only 24 kDa; the 42 kDa N-terminal MBP tag on MutY would only enhance this issue.
Adsorption of proteins to the electrode surface made it possible to estimate electron
transfer rate (kET) and transfer coefficient (α) values using the Laviron method for diffusionless
systems (Figure 5) (33), where α is a measure of transition state symmetry, taking on values
between 0 and 1. The MutY signal was too small to measure the currents at high scan rates, but
this analysis could be carried out for EndoIII. In the case of EndoIII, we obtained a k ET of 3 ± 0.6
s-1 and α values of 0.4 and 0.6 for the reductive and oxidative peaks, respectively. Assuming that
electron transfer is the only reaction taking place on the electrode, the values of α imply a quasireversible system. Importantly, electron transfer rates are similar to those reported for other
redox-active enzymes/proteins adsorbed to carbon electrodes in the presence of CNTs and
Nafion (21).
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Figure 2.1 Representative CVs from EndoIII and MutY thin-films on a PGE electrode. A thin
film containing only 75 µM EndoIII capped with Nafion gave a quasi-reversible signal with
reductive and oxidative peaks centered, respectively, at 74 ± 11 and 162 ± 20 mV versus NHE
(center; red trace). Notably, the addition of CNTs substantially amplified the signal, simplifying
quantification (center; blue trace). Similarly, 25 µM MutY in the presence of CNTs yielded a
signal with reductive and oxidative peaks at 100 ± 9.0 and 162 ± 3.0 mV versus NHE (bottom).
CV scans were taken at a scan rate of 100 mV/s.
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Figure 2.2 CV of storage buffer, a CNT/Nafion thin film, and a WT EndoIII/CNT/Nafion thin
film. CNTs (from a 0.25 mg/mL stock in water) increased the capacitance dramatically relative
to that observed with storage buffer alone and strongly amplified the signal around 200 mV vs
NHE that can be attributed to oxides present on the electrode surface. In the presence of CNTs,
an additional signal occurs around -80 mV vs NHE which is likely the result of oxides on the
CNTs themselves. Notably, none of the signals observed with CNTs alone shows any peak
splitting, consistent with very rapid electron transfer taking place at the electrode surface. The
incorporation of WT EndoIII (75 μM stock) into the film suppresses the surface signals and
results in a new, reversible signal centered around 130 mV vs NHE. In contrast to the unsplit
surface signals, the EndoIII signal is split by ~85 mV, with reductive and oxidative peaks around
75 and 160 mV vs NHE, respectively. The much greater capacitance in the EndoIII CV shown
here relative to that in Figure 1 is due to the presence of 3 additional CNT/protein layers; this
made the CNT alone/EndoIII signals more easily compared, but the peaks were broadened and
less readily quantified. CVs were taken at a scan rate of 100 mV/s. Storage buffer consisted of 5
mM sodium phosphate, pH 7.5, 150 mM NaCl, and 0.5 mM EDTA.
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Figure 2.3 Scan rate dependence of the CV current for EndoIII and MutY, and peak splitting
dependence on the natural logarithm of scan rate for EndoIII. (Top) Both EndoIII and MutY
currents showed a linear dependence on the scan rate, confirming adsorption to the electrode
surface. (Bottom) The large EndoIII signals made it possible to estimate electron transfer rates
(kET) and coefficients (α) by fitting a line to the log(scan rate) dependence of the peak splitting at
very high scan rates according to Laviron’s method for diffusionless systems; small signal sizes
made this analysis impossible for MutY.
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Figure 2.4 [Ru(NH3)6]Cl3 electrochemistry on a PGE electrode. 2 mM [Ru(NH3)6]3+ in EndoIII
storage buffer was used first to determine the true electroactive area of the electrode and second
as an independent confirmation of redox potential measurements with proteins. CNTs markedly
amplified the signal size and decreased the peak splitting, but had no effect on the midpoint
potential.
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WT EndoIII and MutY Electrochemistry in the Presence of DNA
Having found thin films on PGE to facilitate the direct electrochemistry of free [4Fe4S]
proteins, we proceeded to see if the DNA-directed potential shift observed on HOPG could be
replicated. With this aim in mind, a solution containing EndoIII and 20-mer duplex DNA in a 1:1
ratio in storage buffer was prepared, incubated on ice for 30 minutes and dried to form a thin
film on the electrode surface. Inclusion of CNTs in the film resulted in a noisy, widely split (>
100mV) signal that had the same potential as DNA-free protein, indicating that the protein was
not DNA-bound. Thus, CNTs were excluded from subsequent experiments with DNA present.
Under these conditions, EndoIII showed a very small signal by CV that was much more readily
visualized and quantified using square wave voltammetry (SQWV) (Figure 5, Table 1). The
potential as measured by SQWV was 64 ± 8 mV, representing a negative shift of ~60 mV from
the DNA-free value of 130 ± 8 mV. This result is in overall agreement with earlier results
supporting the stabilization of the oxidized [4Fe4S]3+ form upon DNA binding, but the shift seen
here is markedly smaller (8). This difference can likely be attributed to less than 100% of the
protein being DNA bound; free protein likely contributed to the observed peak, leading to an
underestimate of the shift. This heterogeneity could be further complicated by the expected
random orientation of DNA and protein at the electrode. Indeed, this is a fundamental difference
between the HOPG and PGE setups: the signal on HOPG was DNA-mediated, while that on
PGE was not.
Electrochemistry of MutY thin films prepared in the presence and absence of DNA (a 30mer duplex, in this case) gave similar results to EndoIII. In the absence of DNA and CNTs, the
SQWV peak was too small to measure the potential with confidence, but it was in the same
region as EndoIII (~130 mV vs NHE) (Figure 5); when DNA was present, the potential shifted to
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85 ± 3 mV vs NHE (Figure 5, Table 1). In an effort to obtain larger signal sizes by increasing the
proportion of DNA-bound protein on the surface, the experiment was repeated with DNA
containing an FA:oxoG substrate trap, which mimics the A:oxoG target of MutY but inhibits Nglycosidic bond cleavage due to the electron withdrawing effect of the fluorine at the sugar 2ʹ
position (34). No significant differences were observed, although the potential of 80 ± 6 mV
indicated a similar DNA-bound signal, suggesting that any increase in DNA binding affinity
afforded by the substrate trap was not sufficient to overcome the combined effects of DNA-free
proteins on the surface and surface passivation by the DNA itself. In considering these results, it
is important to note that, while a shift could be observed for both proteins, surface passivation by
non-tethered DNA blocked a portion of the available electroactive sites and made the signals
small and noisy. Taken together, these results demonstrate the limitations of the PGE surface,
but, importantly, they confirm that large potential shifts can be observed on the PGE electrode
even under suboptimal conditions.
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Figure 2.5 EndoIII and MutY thin-film voltammetry on a PGE electrode in the presence of
DNA. By SQWV, the presence of DNA resulted in a -65 mV shift in the potential of 75 μM
EndoIII (center), with a similar result for 25 μM MutY (bottom). Signals were very small due to
surface passivation, but they were still readily apparent by SQWV. Unfortunately, CNTs led to
inconsistent and unstable signals, likely interfering with DNA binding, so they could not be used
to enhance the signals. Thin films were formed from several layers of a pre-mixed 1:1
protein/DNA solution, and were capped with Nafion. SQWV scans were taken at a frequency of
15 Hz with 0.025 V amplitude, and scans were from positive to negative potentials (indicated by
the arrow).
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Table 2.1 Potentials (versus NHE) of SQWV reductive sweeps for WT and mutant EndoIII
and WT MutY in the presence and absence of DNA.
a Enzyme

WT EndoIII

bE

SQWV

(mV), - DNA
130 ± 8

bE

SQWV

(mV), + DNA
c 64 ± 8

WT EndoIII + poly-L
glutamate
EndoIII Y82A

110 ± 9

-

120 ± 14

-

EndoIII E200K

130 ± 7

-

EndoIII Y205H

125 ± 11

-

EndoIII K208E

141 ± 12

-

WT MutY

d>

130 mV

c

85 ± 3

c, e

80 ± 6

a. When used, CNTs were added from a 0.25 mg/mL stock, and all experiments used protein storage
buffer as the supporting electrolyte (20 mM sodium phosphate, 0.5 mM EDTA, 150 mM NaCl,
pH 7.5 for EndoIII, 20 mM sodium phosphate, 1 mM EDTA, 150 mM NaCl, pH 7.6 for MutY).
b. Error is the standard deviation of the mean for 3 or more separate experiments.
c. No CNTs present.
d. The MutY SQWV peaks (Figure 2) were too small and noisy to measure the potential with
confidence.
e. OG:FA MutY substrate trap DNA
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WT EndoIII Electrochemistry in the Presence of Poly-L Glutamate
We next sought to determine if DNA is unique in its ability to shift the potential of the
[4Fe4S] cluster by forming thin films with poly-L glutamate (MW 50-100 kDa). Due to the small
size of MutY signals, EndoIII was used for this purpose. Like DNA, poly-L glutamate is
polyanionic, but it is not a specific target for EndoIII binding. In these experiments, poly-L
glutamate was preincubated with EndoIII in a 1:1 ratio and added to thin films just as with DNA.
Unlike with DNA, the measured potentials and peak shapes were indistinguishable whether or
not CNTs were included. Interestingly, the presence of poly-L glutamate did not result in a
significant potential shift by CV, with the reductive and oxidative peaks centered at 81 ± 1 mV
and 143 ± 1 mV, respectively (Figure 3). At 110 ± 9 mV, the SQWV potential is, accounting for
error, about 10 mV lower than that of free EndoIII, but is still substantially more positive than
the DNA-bound potential (Table 1). The CV values are within error of that for free WT EndoIII
(Figure 6, Table 1), and, given that EndoIII does not specifically bind to poly-L glutamate, this
result should not be too surprising. It is likely that the [4Fe4S] cluster is not exposed to the
negative charges of unbound poly-L glutamate to the extent that it would be when the protein is
tightly bound to DNA, so no significant shift can be observed. This is also in line with the
insusceptibility of free EndoIII to oxidation or reduction originally noted by Cunningham (2).
Overall, these results indicate that the potential of the EndoIII [4Fe4S] cluster can be appreciably
altered only when the protein binds directly to a polyanion, such that the cluster experiences the
full effect of the negative charges. Thus, DNA appears uniquely able to affect the potential of the
cluster both by its charges and by its function as a binding substrate for these types of [4Fe4S]
proteins.
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Figure 2.6 CV of WT EndoIII alone and in the presence of poly-L glutamate. In these
experiments, poly-L glutamate was pre-incubated with EndoIII (~20 minutes, final EndoIII
concentration 75 μM) prior to thin film formation in the presence of CNTs. Unlike DNA, poly-L
glutamate caused no significant potential shift even at 6 mM glutamate. CVs were taken at a scan
rate of 100 mV/s; DPVs were taken at an amplitude of 0.05 V with a 0.5 s pulse period.
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Direct Electrochemistry of EndoIII Mutants
Since EndoIII was observed to undergo a significant potential shift upon DNA binding,
but not in the presence of the non-substrate poly-L glutamate, we reasonably assumed that only
charges in the immediate vicinity of the cluster could shift the potential. Following this line of
reasoning, we sought to determine if altering the charge on amino acid residues near the cluster
might have a similarly large effect on the potential. Mutation of nearby residues to give a net
positive or negative charge was of further interest because it could, in principle, shift the cluster
potential in both positive and negative directions, unlike the unidirectional shift associated with
DNA binding.
In order to investigate these possibilities, the following EndoIII point mutants were
prepared (18): E200K, Y205H, and K208E. All of these residues are ~5 Å from the cluster, and
these mutations span nearly the full range of possible single-charge alterations, going from a
single negatively charged residue to a positively charged one (E200K), a neutral residue to a
positive residue (Y205H), and a positive residue to a negative one (K208E). Positively charged
mutants would be expected to be more repulsive to the [4Fe4S]3+ state, favoring reduction, while
negatively charged mutants would be more attractive, stabilizing the oxidized form of the
protein. While shifts might be expected, the precise extent cannot be readily predicted; a study
on outer-sphere effects in HiPIP [4Fe4S] protein resulted in shifts as large as 150 mV, while
surface mutations in certain ferredoxins led to no changes in potential (35, 36). As a further
control, we included the mutant Y82A, which is known to be deficient in DNA CT on DNAmodified gold electrodes, but which was not expected to differ from WT EndoIII in the absence
of DNA (18).
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As expected, the Y82A SQWV potential fell within error of WT at 120 ± 14 mV vs NHE;
furthermore, the signal was of comparable size to WT, confirming that thus mutation is only
defective at DNA-mediated signaling. Surprisingly, all of the charge-altered mutants exhibited
DNA-free potentials on PGE thin films within error of WT (Figure 7, Table 1). However, the
standard deviation was relatively high, with the largest value (for WT) around 20 mV. Since
conclusions are limited by the largest error among the species investigated, these data are
consistent with two possibilities: either there is no change between WT and any of the mutants,
or a small shift on the order of 10 mV is present. In either case, it is clear that the effect of
changing a single charge, even one in very close proximity to the cluster, is much less dramatic
than that of DNA binding.
To confirm the accuracy of potential measurements, thin films formed with 2 mM
[Ru(NH3)6]3+ with and without EndoIII were also examined (Figure 4). The [Ru(NH3)6]3+
midpoint potential was consistently ~10 mV vs NHE in the presence and absence of CNTs and
Nafion, as well as in the presence and absence of EndoIII. Just as with EndoIII, CNTs did
markedly sharpen the peaks and facilitate larger signals, independently confirming their effect on
species in a thin film. Overall, these controls verified that the measured potentials were not
affected by CNTs or other thin film components, indicating that the observed lack of variation
between mutants was due to properties of the proteins themselves. Overall, direct
electrochemistry of these EndoIII mutants confirm that DNA binding is a dominating effect
relative to single charge reversals in the amino acid sequence (18).
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Figure 2.7 Thin-film voltammetry of WT EndoIII and the mutants Y82A, E200K, Y205H, and
K208E. 75 µM WT and mutant EndoIII in protein/CNT/Nafion thin films had nearly identical
potentials, with CV peaks centered around 125 mV versus NHE (top); the similarity is even more
apparent by DPV (bottom). Small shifts within the measurement error (10-15 mV) may still
occur in the three charge-altered mutants, but these nonetheless pale in comparison to the effect
of DNA. All CVs shown were taken at 100 mV/s, while DPVs were taken at an amplitude of
0.05 V with a 0.5 s pulse period.
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Discussion
In this study, we used thin film voltammetry on a PGE electrode to measure the potentials
of EndoIII and MutY in the presence and absence of DNA, and, in the case of EndoIII, in the
presence of poly-L glutamate and with point mutations altering the charged environment near the
cluster. Table 1 summarizes all of the results. Notably, the potential shift observed upon DNA
binding was smaller than previously reported (8), with the SQWV potentials of DNA-free
EndoIII going from 250 ± 30 mV on HOPG to 130 ± 8 mV on PGE. This difference was
certainly in large part the result of less than 100% DNA binding on PGE, but the distinct
electrode environments on PGE and HOPG may also have played a role (8, 19-20). Indeed, the
presence of negatively charged surface oxides on PGE, but not HOPG, would be expected to
lower the potential of adsorbed proteins to some extent (29). Even with a lower DNA-free
potential, DNA-bound potentials still dropped by 65 mV on PGE, which supports the assertion
that DNA binding has a prominent, although not necessarily additive, effect which cannot be
duplicated by non-substrate polyanionic molecules such as poly-L glutamate.
The absence of a significant potential shift in the presence of poly-L glutamate does at
first appear to be in conflict with the results of the Todorovic group, wherein the redox activation
of EndoIII was reported on a mercaptoundecanoic acid monolayer assembled on a gold electrode
in the absence of DNA (16). However, this effect was attributed to tight binding to the carboxylic
acid film; in contrast, the solvated poly-L glutamate used here would present a very different
environment than a thin film of small molecules, and it is unlikely that EndoIII was readily able
to bind this non-substrate polymer. While it is reasonable that multiple negative charges could
shift the potential, they can only do so if EndoIII is able to bind with some specificity.
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The results obtained here for DNA demonstrate that large potential shifts are observable
on PGE even under conditions where full DNA binding is unlikely. In contrast to the conditions
required to study DNA-binding, the DNA-free EndoIII mutants were studied under conditions
that generated very large and readily quantifiable signals; thus, the lack of any apparent change
in the potential among these mutants indicates that individual charge alterations near the cluster
do not have a significant effect. However, the error in these experiments was relatively high,
leaving two interpretations open. First, there may genuinely be no shift. In this case, the
conclusion would be that a single charge alteration is insufficient by itself to disrupt the local
environment, even for residues ~5 Å from the cluster. Alternatively, because the measurement
error was around 20 mV for WT, shifts on the order of 10 mV may have been present but
undetectable. Such small shifts would still pale in comparison to those associated with DNA
binding, which are larger as independently measured on a PGE electrode (-60 mV for the
EndoIII 2+/3+ couple) and on an HOPG electrode (-200 mV; 8). Assuming that the charge
mutants of EndoIII do have altered potentials and that the shift is at the upper limit of our error
(~10 mV), the effect of DNA binding is at minimum 6 times greater than the effect of a single
charge alteration. In either case, it should be noted that, despite the small signals and adverse
conditions resulting from DNA in the film, a substantial shift in potential upon DNA binding was
still detectable on PGE, while no obvious shift in potential relative to WT was observed for any
of the mutants, even though their potentials were determined from very large DNA-free signals
under ideal circumstances.
A similar result obtained with the same mutants on DNA-modified gold electrodes
supports the observed lack of potential shifts. In those experiments, the similarity in potential
was attributed to the presence of DNA being a dominant effect, with only an increase in current
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correlated with protein folding stability occurring for K208E and Y205H (18). The smaller
accessible window and poor to nonexistent DNA-free signal on gold electrodes prevented the
experiments described here from being carried out, but taken along with our results, it appears
that the mutants have similar potentials to WT both on and off of DNA.
In summary, these results reveal that, under the same experimental conditions, DNA
binding is the dominant factor in tuning the redox potential of the [4Fe4S] cluster. This is
supported by the similarity of the DNA-bound midpoint potentials of various repair enzymes (6),
which all fall within a range of 60-85 mV vs NHE. In the context of DNA repair, we have
previously proposed a model in which these proteins use single-electron transfers to signal to
each other across the genome in the search for damage (15). In order for this model to work, the
electron transfers must be reversible, necessitating that the proteins involved have approximately
equal DNA-bound midpoint potentials. If this were not the case, proteins of lower reduction
potential would remain bound at the expense of those of higher potential, and the search process
would only be able to proceed by diffusion processes that are too slow to fully account for the
time scale of DNA repair (15). This model depends on the large effect of DNA binding to bring
potentials into a relevant regime, and our results verify that differences in the protein
environment are unlikely to shift the potential sufficiently to affect the reversibility of interprotein signaling on DNA. Overall, the similar DNA-bound potentials among diverse proteins
facilitate not only the DNA damage search, but could also make long-range communication
between diverse pathways possible.
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Chapter 3

S K-edge XAS Studies of the Effect of DNA Binding on
the [4Fe4S] Site in Endo III and MutY

Adapted from: Ha, Y.; Arnold, A.R.; Nuñez, N.N.; Bartels, P.L.; Zhou, A.; David, S.S.; Barton,
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Introduction
Iron-sulfur clusters occur in a wide range of proteins with roles in electron transfer,
catalysis, and regulation (1). Those involved in electron transfer are the rubredoxins and
ferredoxins. Rubredoxin contains a mononuclear iron center with thiolate ligands, while
ferredoxins contain multinuclear iron-sulfide clusters which includes [2Fe2S], [3Fe4S], and
[4Fe4S] sites (2). The [Fe4S4] proteins can be further divided into two categories: the lowpotential ferredoxins (Fd), which utilize the [4Fe4S]2+/1+ redox couple with a potential as low as
-600 mV, and high potential iron proteins (HiPIP), which have an [4Fe4S]3+/2+ redox couple with
a reduction potential as high as +350 mV (1). From X-ray crystallography (3), Extended X-Ray
Absorption Fine Structure (EXAFS) (4) and resonance Raman (5) spectroscopic results, the
[4Fe4S]2+ sites in the Fds and HiPIPs are almost identical. They have similar bond distances and
angles, as well as similar vibrational modes. The major difference is in their protein
environments. The [4Fe4S] site in Fd is solvent exposed while this cluster in HiPIP is buried (6).
Lyophilization of Fd and unfolding of HiPIP lead to significant changes in their S K-edge XAS
spectra, showing that the H-bonds from solvent water change the Fe-S bond covalency (7). The
higher covalency in HiPIP stabilizes the oxidized state over the reduced state, and this
significantly contributes to their [4Fe4S] clusters utilizing different redox couples from Fd (1).
The [4Fe4S]2+ in Fd is less covalent and activated toward reduction, while the cluster in HiPIP is
more covalent, and thus tuned toward oxidation.
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Endonuclease III (EndoIII) and MutY are DNA glycosylases present in bacteria to
humans that excise oxidized bases or their mispaired partners as initiating events in the Base
Excision Repair (BER) pathway. Specifically, Endo III removes oxidized pyrimidines while
MutY removes adenine from A:oxoG mispairs (where oxoG = 8-oxo-7,8-dihydroguanine) (8, 9).
The importance of these enzymes is highlighted by the correlation of inherited defects in
human MutY (MUTYH) and early onset colorectal cancer, referred to as MUTYH-associated
polyposis (MAP) (10). EndoIII and MutY both contain a [4Fe4S]2+ cluster, which is redox
inactive in solution in the absence of DNA (11). The [4Fe4S]2+ cluster in these enzymes has been
shown to be essential for substrate binding and catalysis, but, at least in the case of MutY, it is
not required for global structural integrity of the enzyme (9). However, electrochemical
experiments carried out with EndoIII and MutY on DNA-modified gold electrodes showed
reversible redox signals at potentials ranging from 60 to 95 mV versus NHE, suggesting that
DNA binding is able to activate these proteins for redox activity (8). A role for DNA in
activating the cluster for redox activity was confirmed by electrochemistry on highly oriented
pyrolytic graphite (HOPG) electrodes in the presence and absence of DNA; these experiments
revealed that upon binding to DNA, the reduction potential of the [4Fe4S]3+/2+ couple in EndoIII
shifted ~ -200 mV into the physiological range and corresponding to a significantly increased
DNA binding affinity of the oxidized form of the protein (12, 13). From electrochemical and in
vivo experiments, a model has been proposed in which long-distance DNA-mediated electron
transfer between two [4Fe4S] proteins with similar DNA-bound redox potentials facilitates the
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search for damage across a vase genome (8, 14-15). If there is no DNA damage between the two
binding sites, the charge transfer can proceed efficiently, and one of the DNA-bound proteins is
reduced, thus its affinity for DNA is decreased. This protein can then dissociate and diffuse to
another region of the genome. However, if there is a mismatch or lesion that disrupts the πstacking of DNA, charge transfer will be attenuated and both proteins would remain bound to the
DNA in the vicinity of the lesion. While the CT signaling model has been strongly supported in
numerous studies, the cause of the large DNA-induced potential shift that makes such a damage
search possible has remained puzzling. Electrostatic effects remain the most likely explanation,
given that no significant structural changes are apparent between the free and DNA-bound forms
of EndoIII and MutY. Unfortunately, the electrochemical techniques used in earlier work cannot
reveal the fundamental molecular-scale changes involved, making an alternative approach
necessary to elucidate these details.
S K-edge X-ray Absorption Spectroscopy (XAS) has been developed and applied to
experimentally determine the covalency (α2) of sulfur-metal bonds (i.e., the amount of S 3p
character mixed into the metal 3d antibonding (Ψ ∗ ) valence orbitals: Ψ ∗ = √1 − 𝛼 2 𝑀3𝑑 − 𝛼𝑆3𝑝 )
(16). The S 1s orbital is localized on the S atom and the S 1s → S 3p transition is electric dipole
allowed, thus the intensity of the 1s →Ψ ∗ pre-edge transition reflects the covalency of this bond.
The energy of the pre-edge transition reflects the energy of the unoccupied or partially occupied
Fe d-orbitals, which depends on the effective nuclear charge (Zeff) of the metal and the nature of
the ligand field (16). The pre-edge transition energy also depends on the charge of the S; sulfide
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has a lower Zeff than thiolate, thus the sulfide donor orbitals are at higher energy than those of the
thiolate, and their associated S 1s →Ψ∗ pre-edge transitions are at lower energy (16).
The intensity of a pre-edge peak D0 is given by

D0 

 c 2 S1s r S3 p

2

=

 2h
3N

Is

(1)

where c is a constant, r is the dipole operator, α2 is the bond covalency (i.e., sulfur p character
mixed into the metal d orbitals), N is the total number of sulfurs bound to the metal, h is the total
number of d electron holes, and Is is the S 1s → 3p electric dipole integral, which is also
dependent on the Zeff of the S ligand and has been experimentally determined for thiolate and
sulfide ligands in previous work (17). Our previous XAS studies on [Fe4S4] sites showed that the
contributions of thiolate and sulfide can be distinguished at the pre-edge, with the μ3-sulfide preedge ~0.7 eV lower than the thiolate (6, 18). Quantitatively, for the [4(RS)4Fe4S] clusters, there
are nine α holes and nine β holes (i.e., unoccupied valence orbitals), which have mainly Fe 3d
and S 3p character (6); thus, the maximum covalency possible is 1800%. In particular, one unit
of sulfide intensity corresponds to 30.6% S character per Fe-S bond, while 1 unit of thiolate
corresponds to 70.8% S character in unoccupied valence orbitals. This difference reflects the
different number of bonds to Fe (3 from sulfides and 1 from thiolate) and the difference in dipole
integral due to the Zeff of sulfide relative to thiolate S (6.54 vs 8.47) (17). Note that only the
sulfur atoms bound to the iron contribute to the pre-edge feature in the XAS spectra, while all
sulfur atoms including the free Cys and Met residues contribute to the edge. Thus, the pre-edge
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intensity directly reflects the covalency of the thiolate-Fe and bridging sulfide-Fe bonds, but the
edge normalization must be corrected for the total number of sulfurs in the protein.
The total pre-edge intensity, and therefore S covalency, in HiPIP is significantly higher than
in Fd. The pre-edge intensity in a relevant alkyl thiolate [4Fe4S] model complex is even slightly
higher than in HiPIP (7). Importantly, there is a direct correlation between the total S covalency
and the redox potential of the [4Fe4S] clusters, with an increase of 1% of total S covalency
corresponding to ~3.3 mV decrease in redox potential (7), which reflects the fact that higher
covalency stabilizes the oxidized over the reduced state of the [4Fe4S] cluster. With respect to
DNA repair proteins, the power of S K-edge XAS to monitor changes in [4Fe4S] cluster
covalency under different conditions and to correlate these changes to redox potential results in
an ideal method to elucidate the details of the DNA-induced potential shift at a molecular level.
In the present study, S K-edge XAS is applied to experimentally measure the Fe-S bond
covalency of the [4Fe4S] clusters in EndoIII and MutY, both in the absence of and bound to
DNA, and with and without solvent water. The effect of DNA binding on the S K-edge intensity
and hence covalency is correlated to the reduction potential of the cluster according to a
relationship defined in previous XAS studies on [4Fe4S] clusters (7) and is in agreement with the
electrochemically observed reduction potential decrease upon DNA binding (12). The solvent
effect is compared to those previously observed for Fd (7) and for the HiPIP proteins in this
study. This work provides direct molecular evidence for the proposal that the negative charge of
bound DNA tunes the potential of [4Fe4S] clusters and shows that this involves a change in the
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covalency of the cluster that enables the [4Fe4S]3+/2+ redox couple when EndoIII (and MutY) are
bound to DNA.
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Materials and Methods
Expression and Purification of EndoIII
WT E. coli EndoIII was overexpressed in BL21star-(DE3)pLysS cells containing a
pET11-ubiquitin-His6-nth construct and purified as detailed previously (19), with the
exception that the final buffer contained 10% glycerol, rather than 20% glycerol (20 mM sodium
phosphate, pH 7.5, 0.5 mM EDTA, 150 mM NaCl, 10% glycerol, Buffer A). EndoIII is less
stable in the absence of glycerol; therefore glycerol was not removed until the day of sample
preparation. Glycerol was removed from half the volume of protein solution using HiPrep 26/10
desalting column (GE Healthcare) equilibrated with Buffer A lacking glycerol. Next, the protein
solutions either containing 10% glycerol or no glycerol were separately concentrated first with
10,000 MWCO (molecular weight cutoff) Amicon Ultra 15 mL centrifugation filter units
(Millipore) and then with 10,000 MWCO Amicon Ultra 0.5 mL centrifugation filter units
(Millipore) until the protein solutions were very dark colored, to approximately 300 μL each if
using an entire protein preparation from 6 L of bacterial culture.
Expression and Purification of MutY
WT MutY was expressed as an N-terminal fusion with MBP (maltose binding protein) to
increase the solubility at the concentrations needed for XAS experiments. Of note, the MBP tag
has additional Met residues that can complicate XAS analysis. The MBP-MutY protein was
overexpressed in BL21 DE3 competent cells and purified as detailed previously (13), with the
following modification. Pelleted cells from overexpression were re-suspended in resuspension
buffer (20 mM sodium phosphate, pH 7.5, 200 mM NaCl, 1mM EDTA, 10 % glycerol, 1 mM
PMSF), sonicated on ice and centrifuged at 12,000 RPM for 15 minutes. The supernatant was
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saved in a conical tube on ice, and the pellet was re-suspended and underwent a repeat of
sonification and centrifugation. The supernatant was batch bound to amylose resin (New
England BioLabs) for one hour, poured over a PD10 column and washed with amylose wash
buffer (20 mM sodium phosphate, pH 7.5, 200 mM NaCl, 1mM EDTA) and eluted in amylose
elutant buffer (20 mM sodium phosphate, pH 7.5, 200 mM NaCl, 1 mM EDTA, 10 mM
maltose). The elutant was concentrated using an ultrafiltration cell with a 10,000 MWCO filter
with stirring at 4oC. Protein was then diluted 10-fold in heparin buffer A (20 mM sodium
phosphate, pH 7.5, 1 mM EDTA, 5% glycerol). The sample was applied to a Pharmacia Hi-trap
heparin column on an AKTApurifier FPLC system, and eluted using a 10% linear gradient in
heparin buffer A to 100% heparin buffer B (20 mM sodium phosphate, pH 7.5, 1 mM EDTA, 5
% glycerol, and 1 M NaCl). Fractions corresponding to MBP-MutY were combined and
concentrated using an ultrafiltration cell with a 10,000 MWCO filter with stirring at 4 oC, to
approximately 10mL. Purity of MBP-MutY samples was confirmed via 12% sodium dodecyl
sulfate (SDS) PAGE stained with SYPRO orange and 7.5% acetic acid.
DNA Preparation
DNA strands for EndoIII studies were purchased from Integrated DNA Technologies (a
20-mer mixed sequence strand: 5ʹ-GTGAGCTAACGTGTCAGTAC-3ʹ and its complement).
DNA strands (5 μmol) were resuspended in MilliQ water (200 μL), and purified by ethanol
precipitation. The purified strands were resuspended in Buffer A or Buffer A lacking glycerol
and quantified based on calculated ε260 values for the strands (Integrated DNA Technologies) of
197,800 M-1cm-1 for the 20-mer strand and 190,200 M-1cm-1 for its complement. Annealing of
the strands in either Buffer A or Buffer A without glycerol was accomplished by combining
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equimolar amounts of the single-stranded DNAs, heating at 90°C for 5 minutes, and slowly
cooling to room temperature.
DNA strands for MutY studies containing oxoG (8-oxo-guanine) or FA (2’-fluoro-adenine)
were synthesized at the University of Utah DNA and Peptide Synthesis Core Facility and
unmodified strands were ordered from Integrated DNA Technologies. The following DNA
duplexes were used:
15-mer: 5′-GGA GCC AXG AGC TCC-3
15-mer Complement: 3′-CCT CGG TYC TCG AGG-5′
30-mer: 5′-CGA TCA TGG AGC CAC XAG CTC CCG TTA CAG-3′
30-mer Complement: 3′-GCT AGT ACC TCG GTG YTC GAG GGC AAT GTC-5’
X = G or oxoG and Y = C, FA, or A
Oligonucleotides containing the central oxoG or FA were deprotected and cleaved from the
column by incubation in NH4OH, with the addition of 2-mercaptoethanol to oxoG samples to
prevent oxidation. The cleaved DNA substrates were dissolved in H2O, filtered with a 0.2 μm
filter, and HPLC purified using a Beckman Gold Nouveau system with a Waters AP1DEAE
8HR column with a 10-100% gradient of 90:10 H2O/acetonitrile with 2 M NH4Ac. Isolated
fractions were lyophilized down and de-salted with a SEP-PAK C18 column, and DNA integrity
was confirmed using MALDI-MS. All DNA substrates were stored dried in the -20oC freezer
prior to annealing to the complement strand.
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XAS Sample Preparation
To prepare the EndoIII XAS samples, concentrated solutions of EndoIII protein were
mixed with the DNA duplex at a ratio of 1 mol EndoIII: 20 mol base-pairs DNA. An equivalent
volume of buffer was added to EndoIII alone solutions so that identical EndoIII concentrations
were obtained both with and without DNA. Mixtures were allowed to incubate on wet ice for 30
minutes to allow for binding before freezing in liquid nitrogen. No glycerol samples were
lyophilized. Both samples were placed on dry ice and sent to Stanford University for
measurement. To confirm that lyophilized protein was not irreversibly altered by treatment, UVvisible and circular dichroism (CD) spectra were taken of untreated and redissolved samples.
To prepare the MutY XAS samples, purified MBP-MUTY samples were buffer exchanged
in concentration buffer, with the final buffer composed of 20 mM sodium phosphate, pH 7.5, 150
mM NaCl, 1mM EDTA, 10% glycerol for samples to remain in buffer, or MBP-MutY
concentration buffer lacking glycerol for samples to be lyophilized for XAS. The sample was
concentrated to a final concentration of 1.2 mM. 125 uL of the purified MBP-MutY is incubated
with 25uL of the 6mM annealed DNA duplex (see DNA contexts below) at 25 oC for 30 minutes
to afford a final concentration of 1mM protein and DNA. Following lyophilization or
immediately for the buffer samples, they were snap frozen in liquid nitrogen, stored in the -80 oC
or dry ice, and thawed on ice just prior to XAS experiments. Purity of MBP-MutY samples was
confirmed via 12 % SDS page stained with SYPRO orange and 7.5 % acetic acid. The [4Fe4S]
cluster loading was determined using the UV-visible absorbance at 410 nm (ε410 = 17,000 M1

cm-1) and at 280 nm (ε280 = 143,240 M-1cm-1); samples were typically 65-75% loaded with

cluster.
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S K-edge XAS
Sulfur K-edge XAS data were measured at the Stanford Synchrotron Radiation
Lightsource on the unfocussed 20-pole, 2.0-Tesla wiggler Beam Line 4-3, under SPEAR3
storage ring parameters of 3 GeV and 500 mA. A Ni-coated, flat, bent pre-monochromator
mirror was used for harmonic rejection and vertical collimation. A Si(111) double crystal
monochromator was used for energy selection. The energy calibration, data reduction, and error
analysis follow the methods described in reference (20). Solid samples were ground into a fine
powder and dispersed as thinly as possible on Kapton tape to minimize potential self-absorption
effects. The solution samples were loaded into 50μL teflon cells, with Kapton tape as the back
window, and 6 μm-thick, sulfur-free polypropylene film as front window. A shutter was inserted
automatically during each monochromator move to minimize photoreduction. The photon energy
was calibrated to the maximum of the first pre-edge feature of Na2S2O3•5H2O at 2472.02 eV. At
least three scans were measured for each sample to ensure reproducibility. Raw data were
calibrated and averaged using MAVE in the EXAFSPAK package (21). Using the PySpline
program (22), the background was removed from all spectra by fitting a second-order polynomial
to the pre-edge region and subtracting this from the entire spectrum. Normalization of the data
was accomplished by fitting a straight line to the post-edge region and normalizing the edge
jump to 1.0 at 2490.0 eV. The error from background subtraction and normalization is less than
3%. Intensities of the pre-edge features were quantified by fitting the data with pseudo-Voigt line
shapes with a fixed Lorentzian to Gaussian ratio of 1:1, using the EDG_FIT program (21). Preedge energies and widths of single peaks were locked based on the previously published results
on [Fe4S4] models and proteins (6). The error from the fitting procedure is less than 3%. The
fitted sulfide and thiolate intensities were converted to %S 3p character according to ref 17.
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Note that all the perturbations (lyophilization, mixing with DNA, and the combination)
on EndoIII and MutY were done on aliquots of the same protein sample. This means that all the
data on each protein presented in this study have the same loading ratio; thus, the differences
observed upon DNA binding and lyophilization are independent of the loading.
DFT calculations
DFT calculations with broken symmetry spin polarization were performed using Gaussian
09 (23), with the pure functional BP86, and with 6-311G(d) basis sets on Fe and S, and 6-31G(d)
basis sets on C and H. This functional and basis set were chosen to be consistent with previous
studies (7). The α-carbons of the 4 Cys ligands were fixed to their crystal structure positions (24)
during geometry optimizations. To qualitatively evaluate the electrostatic effect of DNA binding,
a point charge was placed at 5 Å from either a sulfide or a thiolate S atom in the [4Fe4S] cluster,
and the electronic structure was reoptimized.
Iron Quantification
To measure the extinction coefficient at 410 nm for two EndoIII mutants, Y205H and
K208E, we followed an iron quantification protocol described in ref. 25. Briefly, 100-150 μM
EndoIII in storage buffer (20 mM sodium phosphate, pH 7.5, 150 mM NaCl, 0.5 mM EDTA)
was denatured by addition of 125 μL 2 M HCl and precipitated with 125 μL 20% w/v TCA in
water. Samples were spun down at 16000 x g (20 minutes), and the supernatant was collected
and diluted in 250 μL saturated NaAc. Free iron was then reduced to the 2+ oxidation state with
6 μL thiolglycolic acid immediately prior to chelation with 50 μL 2,2ʹ-bipyridine (0.4% w/v in an
aqueous solution of 5% v/v acetic acid) to form [Fe(bpy)3]2+. Finally, iron was quantified by
measuring absorbance at 522 nm using an extinction coefficient of 8789 M -1cm-1.
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UV-visible Spectroscopy with and without DNA
To see if changes to the cluster environment could be observed at lower energies, the
effect of DNA on the cluster environment in WT EndoIII and the mutants E200K, Y205H, and
K208E was assessed by UV-visible spectroscopy. 10 μM EndoIII (by cluster) was prepared
either alone or with equimolar (by duplex) DNA of the same sequence used for XAS
experiments, and incubated on ice for 30 minutes prior to measurement. Spectra were compared
following subtraction of a sample containing only DNA.
EPR Spectroscopy
The stability of EndoIII mutants was assessed using continuous wave X-band EPR
spectroscopy at 10 K. All samples were prepared anaerobically in a glove bag under a 95%
nitrogen, 5% hydrogen atmosphere. EndoIII (WT, Y82A, E200K, Y205H, or K208E) was
diluted to 20 μM in degassed storage buffer (20 mM potassium phosphate, pH 7.5, 150 mM KCl,
0.5 mM EDTA) and either added directly to an EPR tube or first treated with 0.5, 1, 3, 5, or 10fold molar excess of K3Fe(CN)6 to oxidize the cluster. Oxidized samples were frozen in liquid
nitrogen as soon as possible following treatment. Spectra were taken at 12.88 mW microwave
power, 2 G modulation amplitude, and 5.02 x 103 receiver gain. All samples were scanned 3
times, and a buffer background was subtracted from each. The lack of K3Fe(CN)6 contribution to
the signal was confirmed with a sample containing only oxidant and buffer.
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Results
S K-Edge XAS of EndoIII in the Absence and Presence of DNA
Sulfur K-edge XAS spectra of EndoIII in the absence and presence of a 20-mer mixed
sequence DNA duplex (5ʹ-GTGAGCTAACGTGTCAGTAC-3ʹ and its complement) at a ratio of
1 mol protein to 20 mol base-pairs were measured in both solution and lyophilized forms. UVvisible and CD spectra were taken of EndoIII before lyophilization and once redissolved posttreatment (Figure 3.1). Both spectra were indistinguishable, confirming that lyophilization does
not affect cluster integrity or global protein folding. Protein concentrations at 1 mM or greater
were used for high quality XAS data. Although highly concentrated, the protein shows no
evidence of aggregation, and no changes are observed in UV-visible spectra or enzymatic
activity levels of protein diluted from similarly concentrated stocks. Equal concentrations of
EndoIII were compared without and with the DNA 20-mer. The data were first normalized to
one sulfur, then corrected for non-bonding sulfur atoms (six in EndoIII) and the iron-sulfur
cluster loading ratio, calculated as described in Materials and Methods. Cluster loading ratios for
EndoIIII were 70% or greater. The spectra were then multiplied by 8 to evaluate the total
contribution of four sulfide and four thiolate sulfur atoms.
The normalized S-K edge XAS spectra of the pre-edge region and the background (rising
edge) subtracted spectral fits are shown in Figure 3.2. The energies and intensities obtained from
the fits included in Figure 3.2 are given in Table 3.1. The peak assignments and the pre-edge
shapes used in these fits are based on our previous results on [4Fe4S] clusters (6, 7). All pre-edge
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spectra have two major features. The lower energy feature at ~2470.2 eV is due to the μ-3 sulfide
S 1s → Fe 3d transitions, and the higher energy feature at ~2470.9 eV is due to the thiolate S 1s
→ Fe 3d transitions. Both gain intensity through S 3p mixing into Fe 3d orbitals. For both
unbound and DNA bound EndoIII, lyophilization decrease the pre-edge intensity. Notably,
redissolving lyophilized EndoIII results in XAS spectra indistinguishable from samples that were
never dried, consistent with UV-visible and CD spectra and providing further confirmation that
lyophilization does not dramatically alter the protein (Figure 3.1c). Likewise, for both solution
and lyophilized data sets, DNA binding increases the pre-edge intensity, indicating that the Fe-S
bonds become more covalent. DNA binding in solution increases the total S covalency from
573% to 631% (Table 3.1). On the basis of our past studies, each % increase of total S covalency
corresponds to ~3.3 mV decrease in redox potential (7). Thus, the covalency increase upon DNA
binding in Figure 3.1 and Table 3.1 corresponds to a decrease of the reduction potential of the
[4Fe4S]3+/2+ couple in EndoIII by ~190 mV, which would activate this cluster for oxidation.
Critically, the DNA-induced potential shift measured by XAS is nearly identical to that measured
electrochemically (12).
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Figure 3.1 Spectroscopic data to confirm that lyophilization does not perturb the global structure
of EndoIII or the cluster itself. UV-visible spectra (a) and circular dichroism (CD) spectra (b)
taken with untreated sample and sample redissolved post-lyophilization are indistinguishable,
confirming that cluster loading and local environment, as well as global protein folding, are
unaltered by lyophilization. Consistent with this data, S K-edge XAS spectra taken of solvated
EndoIII and a redissolved sample that had been previously lyophilized overlay almost perfectly
(c).
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Figure 3.2 S K-edge XAS of EndoIII without and with DNA and upon lyophilization (top) and
the fits of the pre-edge region (bottom) using two peaks, one for the sulfides at ~2470.1 eV and
one for the thiolates at ~2470.9 eV.
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Table 3.1 S K-edge XAS Data for [4Fe4S]2+ Models and Proteins

Sample name
[Fe4S4(SEt)4]2- Sulfide
model
Thiolate
Fd

Sulfide

Covalency

Energy
(eV)

Area

2470.1

1.433

(% per S)

Total
Covalency

43.8
689.9±30

2470.9

0.578

41.0

2470.1

1.145

35.0
555±23

Solution

Thiolate

2470.9

0.481

34.0

Fd

Sulfide

2470.1

1.276

39.0
620±27

Lyophilized

Thiolate

2470.9

0.523

37.0

HiPIP
Solution

Sulfide

2470.1

1.253

38.3

Thiolate

2470.9

0.558

39.5

Sulfide

2470.1

1.194

36.5

Thiolate

2470.9

0.503

35.6

Sulfide

2470.2

1.185

36.2

Thiolate

2470.9

0.488

34.5

Sulfide

2470.1

1.056

32.3

Thiolate

2470.9

0.477

33.8

EndoIII+DNA Sulfide
Solution
Thiolate

2470.2

1.293

39.5

2470.9

0.553

39.2

EndoIII+DNA Sulfide
Lyophilized Thiolate

2470.1

1.106

33.8

2470.9

0.482

34.1

HiPIP
Lyophilized
EndoIII
Solution
EndoIII
Lyophilized

618.0±17

588.4±15

572.8±28

522.6±25

631.2±30

542.2±26
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S K-edge XAS of MutY in the Absence and Presence of DNA
S K-edge XAS of MutY without and with DNA are shown in Figure 3.2. Data were treated
just as with EndoIII, except that MutY spectra required correction for eighteen rather than six
nonbonding sulfur atoms. As with EndoIII, controls were performed to ensure that lyophilization
pretreatment did not affect the protein. For MutY, these controls consisted of active site titrations
using a 32P-labeled 30-mer duplex containing a central oxoG:A mispair (Figure 3.3) (26). Under
conditions of rate-limiting product release (burst kinetics), burst amplitudes, which correlate to
active site concentration, exhibited no significant differences between samples.
XAS spectra reveal that, similar to EndoIII, the pre-edge intensity increases upon DNA
binding, and decreases upon lyophilization (Figure 3.4). This is consistent with the fact that the
N-terminal domain of MutY is structurally similar to EndoIIII in the presence of DNA (Figure
3.5). Notably, while MutY and EndoIII are structurally homologous, MutY shows specificity for
adenine mispaired with 8-oxoguanine, whereas EndoIII targets a range of oxidized substrates.
Incorporating 2ʹ-deoxy-2ʹ-fluoroadenosine (FA) in place of A across from an oxoG site generates
a non-hydrolysable substrate mimic that enhances DNA binding affinity in MutY (27). Thus, to
assess differences in non-specific and target DNA binding in MutY, the S K-edge XAS were
measured both in the presence of specific (oxoG:FA) and non-specific DNA and with different
DNA pair lengths under the same conditions as for EndoIII. One difference between MutY and
Endo III is that MutY has an extra domain (Figure 3.5) that plays an important role in OG
recognition and proper engagement of MutY on the oxoG:A substrate mispair (28). Figure 3.4
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shows that in the case of MutY only the presence of specific DNA leads to the pre-edge intensity
increase, and that the length of the DNA strand (15 and 30 base pairs) does not impact these
intensity changes. This may be a consequence of affinity and MutY conformation with specific
versus nonspecific DNA. MutY has much higher affinity for substrate-like DNA over
nonspecific DNA, and MutY also induces dramatic remodeling of its substrate. However, there
are more non-bound sulfur atoms in MutY than in EndoIII contributing to the background and
precluding quantification of the changes in Figure 3.4.
Figure 3.5a shows that MutY and EndoIII not only are similar in conformation but share a
set of conserved Arg residues that are responsible for DNA binding. Figure 3.5b and c show that
these Arg locations are not perturbed by the DNA in EndoIII, although these two structures (both
for E. coli protein homologues) share only 43% sequence similarity.
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Figure 3.3 Average product curves and standard error bars of three separate aliquots each of
solution (green) and lyophilized (red) MBP-MutY to determine the percent active fraction under
maximum turnover conditions.
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Figure 3.4 S K-edge XAS of MutY without and with nonspecific DNA and upon lyophilization
(top), and S-K edge spectra showing impact of different DNA length (15 or 30) and of specific
(OG:FA) as well as non-specific (GC) binding on MutY (bottom).
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Figure 3.5 (a) Overlay of G. stearothermophilus (Gs) EndoIII (magenta, PDB 1ORN) and Gs
MutY (cyan, PDB 5DPK), with [4Fe4S] cluster (orange for S and yellow for Fe atoms) and key
Arg residues highlighted (red and blue, respectively). Bound DNA in both structures is green. (b,
c) Comparison of Ec EndoIII without DNA (pink, PDB 2ABK) in (b) and Gs EndoIII (magenta,
PDB 1ORN) bound to DNA (green) in (c) showing the molecular surroundings of the [4Fe4S]
cluster, including critical Arg residues (red). This comparison highlights the overall structural
similarity between Gs EndoIII in complex with DNA to that of the Ec homologue without DNA.
Small structural differences (RMSD100 = 1.4 Å) between the two homologues are attributed to
their 43% sequence similarity.
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Solvent Effect on HiPIP-Type Proteins
From our previous studies, lyophilization perturbs the H-bond environment around the
[4Fe4S] cluster sites. For the studies described below, the spectroscopic features and protein
activity were measured upon redissolving the lyophilized proteins to make sure that the
lyophilization process did not lead to irreversible denaturation. Figure 3.2 and Table 3.1 show
that upon lyophilization, the sulfur covalency of EndoIII decreases by ~50% total sulfur
character out of ~570%, which is opposite to the solvent effect observed for [4Fe4S] Bacillus
thermoproteolyticus ferredoxins (Bt Fd) (7). The pre-edge intensity of the [4Fe4S] cluster in Bt
Fd increases by ~65% total sulfur character out of ~555% upon removal of solvent water. Unlike
Bt Fd, where the [4Fe4S] cluster is exposed at the surface, EndoIII has a buried [4Fe4S] cluster,
similar to MutY and Chromatium vinosum HiPIP. The XAS spectra of EndoIII (Figure 3.2),
MutY (Figure 3.4) and C. vinosum HiPIP (Figure 3.6) all show a decrease in S pre-edge intensity
with lyophilization (~30% out of a total of 618% sulfur character for HiPIP).
As shown in Figure 3.7a, the [4Fe4S] cluster in HiPIP (PDB code 1CKU) has five Hbonds from the protein environment to the thiolate sulfurs within 3.5 Å, all from the amide
backbone. The higher S K-edge intensity in HiPIP relative to Fd and its decrease in S covalency
upon lyophilization indicate that, relative to [4Fe4S] Fd, the H-bonds to [4Fe4S] cluster in HiPIP
are weak. Removal of the solvent in HiPIP would lead to a more compact site, increasing the
backbone H-bonds to the cluster. Also, three of the amides are solvent exposed, which could be
directly affected by lyophilization (boxed). Furthermore, there are waters H-bonded to the
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carbonyls that are conjugated to the amide N atoms, and removal of these water would enhance
their N-H…S hydrogen bonds.
Figure 3.7b shows that in the DNA-free form of EndoIII (PDB code 4UNF), the [4Fe4S]
cluster has six H-bonds to thiolate sulfurs within 3.5 Å: one from arginine, one from histidine,
and four from the amide backbone. Figure 3.7c shows a similar H-bond pattern around the
cluster for DNA-bound EndoIII (PDB code 1ORN). In EndoIII, the increased number of Hbonds and the stronger H-bond from the positively charged Arg are consistent with the somewhat
lower S covalency of EndoIII relative to that of HiPIP (Table 3.1, solution: 573% vs 618%;
lyophilized: 523% vs 588% for EndoIII and HiPIP, respectively). In addition to the more
compact site that would result from lyophilization, the Arg, His, and amides are all at the surface
of the protein and would also be directly impacted by loss of H2O (red dots in Figure 3.5 and
boxed region in Figure 3.7b and c). The larger number of surface exposed H-bonds is consistent
with the larger decrease in S edge intensity in EndoIII relative to HiPIP upon lyophilization
(50% vs 30% respectively). MutY has a similar DNA binding domain structure to EndoIII, and a
surface Arg is shown in blue in Figure 3.5a.
Finally, as displayed in Figure 3.2 and Table 3.1, lyophilization of DNA bound EndoIII
also leads to an intensity decrease (somewhat larger than for the unbound EndoIII). Thus even
when bound to DNA, there is solvent access to the [4Fe4S] cluster in EndoIII.
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Figure 3.6 S K-edge XAS spectra of HiPIP compared with a model and Fd. As with EndoIII,
HiPIP pre-edge absorbance is highest for solvated sample. In all cases, however, HiPIP
absorbance is much higher than that of Fd, consistent with lower solvent exposure of the cluster
in HiPIP.

100

Figure 3.7 Local H-bond network of the Fe4S4 cluster for (a) HiPIP (PDB code 1CKU) and (b)
EndoIII without DNA (PDB 4UNF) and (c) with DNA (PDB 1ORN), illustrating some of the Hbonds that could be affected by solvent water. The H-bonds are shown in dashed green, and Arg
and His are labeled. Schemes of the boxed region are shown in (d). In (a), an amide backbone Hbond to the thiolate S bound to Fe and accessible solvent is shown in the box, and in (b) and (c),
an arginine residue H- bond to the thiolate bound to Fe and accessible to solvent is shown in the
box.
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DFT Calculations
DNA is rich in negative charge. To qualitatively test whether the presence of negative
charge would increase total [4Fe4S] sulfur covalency and understand the nature of this effect,
simple models were evaluated. The results are shown in Table 3.2.
Placing a negative point charge 5 Å away from one thiolate increases the total sulfide and
thiolate contributions from 429.0% to 439.1% and from 139.3% to 144.8% respectively, which
correspond to a total sulfur contribution increase from 568.4% to 583.9%. This is qualitatively
similar to experiment but the effect is less than observed experimentally due to the simple model.
Placing a negative point charge 5 Å from one sulfide gave similar results (Table 3.2); the total
sulfide and thiolate contributions increased to 438.3% and 143.9% respectively, and total sulfur
contribution increased to 582.2%.
The DFT calculations in Table 3.2 show that the addition of the negative charge near the
[4Fe4S] cluster can qualitatively model the increase in covalency observed with DNA binding
and thus provide insight into the origin of this effect. Figure 3.8 gives the change in Mulliken
charge distribution (a), Mayer bond orders (MBO) (b) and C2 contributions (c, which sums the
contributions of the valence atomic orbitals over the unoccupied valence molecular orbitals, for
each Fe and S atom of the cluster) due to the addition of the negative point charge. The change in
C2 would directly relate to the change in S edge intensity observed experimentally. The changes
calculated for placing the point charge next to a thiolate are given in blue, and next to a sulfide
are given in red.
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Adding a point charge near the thiolate (Figure 3.8, blue) results in a shift of the electron
density toward the opposite side of the cluster (a). The thiolate next to the point charge (denoted
S*) loses electron density (change in Mulliken charge +0.13), while the three thiolates and one
sulfide on the opposite side of the cluster gain some negative charge (~ -0.03, A). Thus S*
donates more charge density to the Fe it coordinates (denoted Fe*); this is reflected in its
increase in MBO (+0.12 for Fe*-S* in B). The three sulfides that coordinate to Fe* then donate
less to it to compensate (MBO ~-0.01 each in b), but donate more to the remaining Fe’s (MBO
~+0.01). The other three thiolates have decreased MBO (-0.02 each in b) as they now donate less
charge density to their coordinated Fe atoms, which is consistent with their increase in negative
Mulliken charge (a). Although there are some compensation effects, the total MBO increases
(+0.06). In terms of C2 (Figure 3.8c), because the Fe*-S* bond becomes stronger (from the
MBO), more S 3p character is mixed into the unoccupied Fe 3d orbitals, leading to the increase
in S* C2 contribution (+3.4) and decrease of the Fe* contribution (-4.9). Although the other three
sulfide bonds to Fe* get slightly weaker (from the MBO in b), these sulfides have net higher C2
(+4.6, -0.4, +3.4 in C). The negative point charge at S* destabilizes the occupied S p orbital
energies (Scheme 1), which results in more S character mixed into the unoccupied valence
molecular orbitals. The Fe d characters all decrease in response to the increase of S p, and both
sulfide and thiolate C2 increase as observed experimentally.
Similar effects were observed when placing the point charge 5Å away from the sulfide at the
corner of the cube (Figure 3.8, red). Note that except for the S atom and Fe-S bond(s) closest to
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the charge, there is only a limited change in Mulliken charge, MBO and C2 contributions for the
rest of the cluster. The net change is an increase in C2 character, again qualitatively consistent
with the S K-edge XAS experimental data.
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Table 3.2 Results of DFT Calculation

Model

Total Fe
%

Total
Sulfide
%

Total
Thiolate
%

Total S
%

[Fe4S4(SMe)4]2model

958.4

429.0

139.3

568.4

[Fe4S4(SMe)4]2with 1e- at 5Å
from sulfide

944.1

438.3

143. 9

582.2

[Fe4S4(SMe)4]2with 1e- at 5Å
from thiolate

949.3

439.1

144.8

583.9
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Figure 3.8 Difference in Mulliken charge distribution (a), Mayer bond orders (MBP) (b) and C2
contributions (c) of each Fe and S atom of the cluster without and with a point charge at 5 Å
distance from the cluster. Blue represents values obtained for a point charge near a thiolate S,
and red represents those for a point charge near a sulfide S.
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Scheme 3.1 Adding negative charges such as DNA in the proximity of the [4Fe4S] cluster
destabilizes the S 3p orbital energy and increases the S 3p character (α2) in Ψ*. This increases
the Fe-S covalency and stabilizes the oxidized form than the reduced form of the cluster and
decreases the reduction potential.
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Spectroscopic Characterization of EndoIII Point Mutants
To see if shifting the charges near the [4Fe4S] cluster in EndoIII might alter the redox
potential, we prepared a series of point mutants (E200K, Y205H, and K208E) in which the
altered residues are all within 5 Å of the cluster (19). By changing a single charge from negative
to positive (E200K) or vice versa (Y205H, K208E), we reasoned that it might be possible to shift
the redox potential both negative, like DNA, and in the opposite direction. However, no evidence
for a shift was seen in these mutants when bound to DNA on a gold electrode, nor was a
difference observed by direct electrochemistry of DNA-free protein on edge plane graphite (19,
29). The error in the latter experiments, however, did not preclude a small shift on the order of
10 mV. Overall, we wished to use S K-edge XAS as an independent means of assessing the
potential in these mutants.
Solvated and lyophilized samples of each mutant were prepared in the absence and
presence of DNA exactly as with WT EndoIII, and spectra were taken alongside a WT sample.
Consistent with previous electrochemical results that show no potential shift in these mutants, the
pre-edge absorbance of E200K overlay WT EndoIII almost perfectly; results with DNA present
are inconclusive due to noise (Figure 3.9) (7). The pre-edge features of both Y205H and K208E
are much lower than expected for HiPIP-type proteins; indeed, K208E is well in the range of Fd,
and Y205H is lower still, suggesting a redox potential below -500 mV vs NHE (Figure 3.9).
Such a large decrease in Fe-S covalency was wholly unexpected, and thus required further
experimental follow-up. Other than a genuine potential shift in these mutants, possible
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explanations included a different cluster absorbance at 410 nm (ε410) than WT leading to
inaccurate loading measurements and thus incorrect XAS corrections or cluster degradation
before or during XAS measurements.
To address a possible difference in cluster absorbance at 410 nm, we used a combination
of UV-visible spectroscopy, Bradford assays, and iron loading experiments to measure ε410 and
[4Fe4S] loading in the same WT, Y205H, and K208E stocks used for XAS. In each case, total
protein concentration and [4Fe4S] cluster absorbance were measured for three replicates each of
WT EndoIII and each mutant, and an equal number of replicates were subjected to iron loading
analysis to obtain total iron concentration in the sample. By this analysis, ε410 values were
determined to be 17618 ± 229 M-1cm-1, 16661 ± 221 M-1cm-1, and 18008 ± 135 M-1cm-1 for WT,
K208E, and Y205H, respectively. Notably, none of these differs appreciably from the assumed
value of 17000 M-1cm-1, and cluster loading determined by Bradford assays using these updated
values was not greatly altered, indicating that the unexpected XAS results did not occur as a
miscalculation of cluster loading.
Having confirmed that cluster loading calculations could not have caused the
discrepancies in pre-edge absorbance, we sought an independent technique to probe the cluster
environment of the EndoIII mutants. Previous electrochemical results with DNA present
suggested that the cluster environment of the mutants was dominated by DNA binding, in
contrast to the XAS results. In an effort to resolve this issue, we compared UV-visible spectra of
WT and mutant EndoIII in the presence and absence of DNA, reasoning that any changes in
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cluster electronic environment induced upon DNA binding should be similar between all EndoIII
variants if the differences seen by XAS were due to sample degradation. In three replicates of
WT EndoIII, the broad absorbance of the [4Fe4S] cluster did not change markedly in the
presence of DNA, although a slight increase in absorbance was consistently present (Figure
3.10). These data suggest that DNA binding does induce a very minor, but still detectable,
change in cluster electronics that could be used to compare WT and mutants. These experiments
were repeated with E200K, Y205H, and K208E, all of which showed a very similar small
increase in absorbance upon DNA binding (Figure 3.10b). The similarity of absorbance changes
in WT and all mutants confirms that DNA binding has the same effect on cluster electronics as
WT, supporting previous electrochemical results and suggestive of sample degradation in the
XAS experiments.
At this point, our experiments indicated that the iron loading in XAS samples was
correct, and that neither Y205H nor K208E was noticeably different by UV-visible absorbance at
410 nm in the presence of DNA. Previous electrochemical, melting temperature, and CD analysis
suggested that the cluster is more solvent-exposed in Y205H and K208E, lowering their stability
relative to WT, while E200K is more shielded and of comparable or greater stability than WT
(19). To see if low stability might explain the XAS results, we carried out X-band EPR
spectroscopy at 10 K with WT, E200K, Y205H, K208E, and an additional mutant, Y82A (Figure
3.11). Y82A is known to be CT-deficient in the presence of DNA, but is expected to have an
identical cluster environment to WT (19); thus, this mutant served as an additional control for
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these experiments. To probe cluster stability, we treated protein samples in the absence of DAN
with K3Fe(CN6) in varied molar equivalents. K3Fe(CN)6 does not oxidize EndoIII very
effectively in the absence of DNA, but a quantifiable signal centered at g = 2.02 attributable to a
[Fe3S4]+ cluster can nonetheless be observed at a sufficient excess of oxidant (8, 11). If some
mutants were unstable, they would be expected to be more sensitive to such treatment than WT.
As expected, 20 μM WT EndoIII was EPR silent when untreated and showed a clear
[3Fe4S]+ signal at g = 2.03 when treated with a molar excess of oxidant (Figure 3.11a). Signal
size increases linearly with increasing oxidant concentration, although some signal loss occurrs
at 10-fold excess K3Fe(CN)6 when samples were not frozen immediately after treatment. The
latter effect is consistent with oxidative degradation. To minimize this risk, EPR spectra of
EndoIII mutants were initially taken at a 5-fold molar excess of K3Fe(CN)6. Like WT, all
mutants are EPR silent when untreated. Y82A signals are as large or larger than those of WT,
confirming that the cluster environment in this mutant is, as expected, unaltered. K208E spectra
are slightly smaller than WT in the presence of 5-fold molar excess K3Fe(CN)6, while E200K
and Y205 are both much smaller (Figure 3.11b). E200K signals could be increased by including
a 10-fold excess of oxidant, but still remained much smaller than those of WT; these results are
in agreement with previous work suggesting a more solvent-shielded cluster in this mutant. In
contrast, Y205H signals decreased with 10-fold excess oxidant, and were much more sensitive to
incubation time than any other EndoIII variant. To see if better signals could be obtained, we
tried treating Y205H with 0.5, 1, and 3-fold excess oxidant; signals increased linearly up to 3-
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fold excess, and were similar to those obtained at 5-fold excess. These data support the
previously mentioned instability of Y205H; furthermore, UV-visible spectra of some (but not all)
stocks sent for XAS showed increased absorbance associated with oxidative degradation after
one additional freeze-thaw cycle. In summary, our EPR results are in agreement with previous
studies, indicating greater instability in the Y205H cluster. EPR spectra did not show any
significant differences between K208E and WT, but the bulk of previous evidence supports
cluster instability in this mutant as well, although to a lesser degree than Y205H.
Overall, the XAS results for EndoIII mutants are equivocal. E200K spectra fit the
expected pattern and match previous results, but K208E and, especially, Y205H appear to be too
unstable to carry out reliable experiments. Thus, the unexpectedly low pre-edge absorbance seen
in the Y205H and K208E XAS spectra most likely reflects cluster degradation rather than an
actual shift to a Fd-like environment.
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Figure 3.9 S K-edge XAS spectra of WT EndoIII and the mutants E200K, Y205H, and K208E.
These mutations all reside within 5 Å of the cluster, and were intended to alter the local
environment sufficiently to induce a shift in potential. E200K overlaid well with WT, consistent
with electrochemical experiments, while K208E and Y205H showed pre-edge absorbance more
similar to Fd than HiPIP or the other EndoIII variants. The latter results were likely due to cluster
degradation in these less stable mutants.
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Figure 3.10 UV-visible spectra of WT EndoIII and the mutants E200K, Y205H, and K208E
with and without DNA present. WT EndoIII shows very little difference in absorbance at these
wavelengths (a), with only a slight increase most easily seen in subtraction spectra (b). The other
mutants were similar, indicating no significant differences in cluster environment upon DNA
binding.
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Figure 3.11 Continuous wave X-band EPR spectra of 20 μM WT EndoIII (a) and the mutants
Y82A, E200K, Y205H, and K208E treated with K3Fe(CN6) in the indicated molar excess (b).
All variants are EPR silent when untreated and show formation of the [3Fe4S] + oxidative
degradation product in the presence of K3Fe(CN)6. WT and Y82A yield substantial signals,
while E200K is markedly less sensitive to oxidation. Y205H is highly susceptible to oxidation
and degradation, giving the largest signals with 3-fold excess oxidant. K208E was similar to WT,
although signals were slightly smaller. All spectra were taken at 10 K, 12.88 mW microwave
power, 5.03 x 103 receiver gain, and are the average of 3 scans.
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Discussion
Both EndoIII and MutY contain [4Fe4S] clusters that are largely redox inert in solution, but
their reduction potentials decrease by ~200 mV upon DNA binding to turn on their function in
DNA damage recognition. In nature, a large number of proteins also have [4Fe4S] clusters, with
a wide range of reduction potentials (Fd: -700 to -300 mV; HiPIP: 100 to 400 mV) (1) (Scheme
2). S K-edge XAS has been found to be a powerful technique to evaluate the contributions of Hbonds and electrostatics to the reduction potentials of these [4Fe4S] clusters (30). From our past
studies on Fd and HiPIP, the redox properties of these [4Fe4S] clusters are highly related to their
local protein environment (7). In Fd, the [4Fe4S] cluster is at the surface of the protein. There are
strong H-bonds from solvent water, and the Fe-S bonds are less covalent. This raises the
reduction potential of the +2 state and results in the [4Fe4S]2+/1+ redox couple in the
physiological potential range. Upon lyophilization, the S covalency significantly increases due to
the loss of H-bonds from solvent to the [4Fe4S] cluster and the covalency becomes similar to
that of HiPIP. In contrast, HiPIP, which is not solvent exposed, has only weak H-bonds from the
backbone amides to the iron-sulfur cluster, and thus more covalent Fe-S bonds. In HiPIP, the
[4Fe4S]3+/2+ redox couple is activated in the physiological potential range (Scheme 2). In the
present study, lyophilization of HiPIP leads to an inverse effect on the Fe-S bond covalency
relative to Fd (i.e. the covalency decreases). Loss of solvent would lead to a more compact site
and increase the H-bonding to the [4Fe4S] cluster from backbone. Loss of water H-bonds to the
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surface amides would further strengthen these H-bonds to the thiolates. Lyophilization results in
a similar effect on EndoIII and MutY.
EndoIII and MutY both have a strong Arg H-bond to their [4Fe4S]2+ cluster, which is
consistent with the lower covalency relative to HiPIP and making the [4Fe4S]3+/2+ couple less
accessible (Table 3.1). Overall, this behavior correlates with their lack of redox activity in the
absence of DNA (31, 32). S K-edge XAS experiments show that DNA binding to EndoIII and
MutY significantly increases their Fe-S bond covalency, while in EndoIII DNA binding lowers
its [Fe4S4]3+/2+ potential by ~200 mV into the physiologically accessible range. An alignment of
the unbound and DNA bound structures of EndoIII (Figure 3.12) shows no significant distortion
of the protein (RMSD100 = 1.4 Å; note that these EndoIII proteins are homologues with 43%
sequence similarity); thus, DNA binding does not appear to structurally affect its [Fe4S4] site.
DNA binding, although at a distance of ~15 Å from the [4Fe4S] cluster, does introduce
significant negative charge into the system. For the iron-sulfur cluster, the negative charge would
destabilize the occupied S p orbital energies, and result in more S character donated into the
unoccupied valence Fe 3d-based molecular orbitals (Scheme 2). This increases the Fe-S bond
covalency of the cluster, stabilizing the oxidized over the reduced state, and thus decreasing the
reduction potential. Simple DFT models using a negative point charge to represent the effect of
the DNA qualitatively reproduce this covalency increase and show that it dominantly involves an
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increase in electron donation from the S oriented toward the negative charge with some limited
compensation by the remote sulfurs.
S K-edge XAS studies on iron sulfur proteins both alone and bound to DNA, and with and
without solvent water show that the local environments of the [4Fe4S] clusters affect the
covalencies of their Fe-S bonds and thus tune the potentials of the clusters. In Fd, the strong Hbonds from solvent reduces the covalency and stabilizes the reduced form of the cluster, while in
HiPIP, the cluster is buried and with only weak amide H-bonds, stabilizing the oxidized form. In
EndoIII and MutY the cluster is also buried but with an additional Arg H-bond that reduces the
covalency relative to HiPIP and makes the HiPIP couple less accessible. However, binding to
DNA introduces negative charge that increases the [4Fe4S] covalency for both EndoIII and
MutY. Previous correlations between [4Fe4S] covalency and redox potential indicate that this
decreases corresponds to an approximately 200 mV negative shift in reduction potential and
would enable the [4Fe4S]2+/3+ redox couple that is observed experimentally. Overall, the results
obtained by XAS are in remarkably close agreement with electrochemical studies carried out
with EndoIII in the presence and absence of DNA, indicating that the physical mechanism of the
potential shift is a charge-induced increase in thiolate-iron bond covalency within the [4Fe4S]
cluster. It is these molecular-level changes that are responsible for the remarkable ability of
otherwise redox-inert repair proteins to communicate with each other over vast distances using
reversible DNA-mediated charge transfer, making the daunting task of searching an entire
genome for damage possible on a physiologically relevant time scale.
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Scheme 3.2 Protein environment of the [4Fe4S] cluster tunes its redox couple. Fds have strong
H-bonds to S (5 amide-thiolate H-bonds, 3 amide-sulfide bonds, and, more importantly, H-bonds
to surface-exposed thiolate from solvent water) and thus the S donate less electron density to Fe,
stabilizing the reduced state (redox potential range -300 to -700 mV). HiPIPs have only weak Hbonds to S (5 amide-thiolate H-bonds), thus these S donate more electron density to Fe,
stabilizing the oxidized state (redox potential range 100 to 400 mV). EndoIII/MutY have
moderate H-bonding (a few amide-thiolate H-bonds, and an Arg-thiolate H-bond), thus are
largely redox inert. However, binding to DNA introduces negative charge, thus stabilizing the
oxidized state and facilitating redox activity at potentials of ~80 mV vs NHE.
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Figure 3.12 Structural alignment comparison of free (blue, PDB code 2ABK) and DNA bound
(green, PDB code 1ORN) forms of EndoIII.
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Chapter 4

A Human MUTYH Variant Linking Colonic Polyposis
to Redox Degradation of the [4Fe4S]2+ Cluster

Adapted from: McDonnell, K.J.; Chemler, J.A.; Bartels, P.L.; O’Brien, E.; Marvin, M.L.;
Ortega, J.; Stern, R.H.; Raskin, L.; Li, G.; Sherman, D.H.; Barton, J.K.; Gruber, S.B. A Human
MUTYH Variant Linking Colonic Polyposis to Redox Degradation of the [4Fe4S]2+ Cluster.
2018, Submitted.
P. Bartels carried out all electrochemistry and UV-visible, circular dichroism, and EPR
spectroscopy. E. O’Brien assisted with electrochemistry. K. McDonnell and J. Chemler
identified the C306W mutation, purified proteins, and carried out characterization of the latter
(activity assays, biolayer interferometry, and iron quantification).
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Introduction
In cells sustaining oxidative damage, genomic guanine residues may be oxidized to 8oxo-7,8 dihydroguanine (8-oxoG). Unlike guanine, 8-oxoG can pair effectively with either
cytosine or adenine bases, with potentially serious mutagenic consequences (1, 2). A DNA
glycosylase conserved among species from bacteria to humans, known in humans as MUTYH,
removes adenine from these 8-oxoG:A mispairs as part of the base excision repair pathway. In
humans, germline MUTYH mutations that impair enzymatic activity lead to an increase in G:C to
T:A transversions that have been shown to result in missense mutations in the APC tumor
suppressor gene. Mutations in APC are the first recognizable genetic events that initiate
malignant transformation of normal colonic epithelia into polyps, specifically adenomas, prior to
the acquisition of other mutations that complete the neoplastic conversion sequence from normal
tissue through adenoma to carcinoma (3, 4). Bi-allelic mutations of MUTYH give rise to the
autosomal recessive cancer genetic syndrome, MUTYH-associated polyposis, MAP (5-7).
Typically, by their fifth decade, MAP patients develop 10-100 colonic polyps (8-10). MUTYH
variants are common with a prevalence of at least 1-2% among Western Europeans (11), and the
colorectal cancer risk increases nearly 2- and 100-fold for mono- and bi-allelic MUTYH
mutations, respectively (12, 13).
The MUTYH protein comprises three major regions (14): the N-terminus, which contains
the Endonuclease III 6-helix barrel catalytic domain, the interdomain connector (IDC), and the
C-terminus, corresponding to protein residues 1-306, 315-366, and 368-500, respectively. The
MUTYH N-terminus contains a [4Fe4S]2+ cluster ligated by four cysteine residues; though
metabolically expensive, the cluster is conserved in MutY homologues across all domains of life
(15). A rare exception is the yeast endonuclease III homologue Ntg1, which has no cluster, but
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one is present in a second yeast homologue (Ntg2) (16). Indeed, the only organisms lacking a
cluster in any MutY homologue are specialized anaerobes subjected to lower levels of oxidative
stress (17). Studies performed on Escherichia coli MutY and its homologue endonuclease III
(EndoIII) have demonstrated that the cluster is unnecessary for structural integrity and is largely
redox inert in solution (18, 19). However, when E. coli MutY and EndoIII were incubated on
duplex DNA-modified gold electrodes, a reversible redox signal centered near 80 mV versus
NHE was observed for both proteins and identified as the [4Fe4S]3+/2+ couple, an assignment
supported by EPR spectroscopy (20). Subsequent experiments with EndoIII on a graphite
electrode in the presence and absence of DNA revealed that binding to the negatively charged
DNA backbone shifts the redox potential of these proteins by about -200 mV, activating the
cluster toward oxidation and resulting in a significant increase in binding affinity of the oxidized
[4Fe4S]3+ form of the enzyme relative to the native [4Fe4S]2+ form (21).
These studies have led to a model in which [4Fe4S] BER proteins with similar DNAbound redox potentials use reversible redox exchanges to signal to one another across the
genome, taking advantage of the unique ability of DNA to conduct charge across the π-stacked
base pairs (bps) in a process known as DNA-mediated charge transport (DNA CT) (22, 23).
DNA CT has both a very shallow distance dependence and an exquisite sensitivity to even slight
disruptions in base pair stacking, making it an ideal lesion reporter. In our CT signaling model,
oxidative stress generates highly reactive species, such as guanine radicals, which can then
oxidize proteins including MutY (24). If another [4Fe4S] protein is bound at a distal site and the
intervening DNA is undamaged, it can send an electron through the DNA to reduce the first
protein. Upon reduction, the protein’s affinity for DNA is decreased and the protein dissociates
to another region of the genome, while the oxidized protein remains bound. In the presence of a
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lesion, DNA CT is impaired, and the oxidized protein will remain bound and diffuse toward the
site of damage. Thus, DNA CT constitutes a means for [4Fe4S] proteins to scan a vast genome
on a relevant time scale and redistribute in the vicinity of lesions. In the case of E. coli, longrange signaling by DNA CT has been estimated to reduce the damage search time from 45
minutes to 10 minutes or less (25).
In the present study, we describe a novel MUTYH variant, p.C306W, discovered in a
patient exhibiting colonic polyposis. This mutant was isolated using an E. coli overexpression
system along with WT and the well-characterized mutants Y179C and G396D, and
electrochemistry, UV-visible and EPR spectroscopy were used to compare the redox properties
of these four MUTYH variants. Enzymatic activity and DNA binding parameters were compared
using glycosylase assays and biolayer interferometry (BLI), respectively. Together, these results
provide strong evidence for a primary function of the [4Fe4S] cluster in DNA-mediated redox
signaling and establish MUTYH C306W as a pathogenic variant, enhancing our understanding
of the role of the [4Fe4S] cluster in human disease.
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Materials and Methods
Determination of Trans Chromosomal Configuration of MUTYH Gene Variants
Germline DNA was amplified using the polymerase chain reaction (PCR) to generate a
935 base pair amplicon that includes the open reading frame positions c.918C>G (p.C306W) and
c.1187G>A (p.G396D). The PCR reaction used the forward primer 5ʹ-CCA GGA GAT TTC
AAC CAA GC-3ʹ and the reverse primer 5ʹ -AAG GGT CAA GGG GTT CAA AT-3ʹ. The
c.1187G>A mutation creates a unique BglII restriction endonuclease site which allowed
generation of a 719 base pair fragment from the parent 935 base pair amplicon. The shorter 719
base pair fragment was resolved using agarose gel electrophoresis, purified, and its DNA
sequence determined (University of Michigan (U-M) Sequencing Core) to establish the identity
of the c.918 position.
Identification of APC gene G:C  T:A Transversions
Tumor DNA was extracted from a formalin-fixed, paraffin-embedded colonic adenoma
originating from the proband using the RecoverAll Total Nucleic Acid isolation kit (Ambion). A
portion of the mutation cluster region of the APC gene (26) was amplified using PCR with the
forward primer 5ʹ-TGC CAC AGA TAT TCC TTC ATC A-3ʹ and the reverse primer 5ʹ-CAT
GGT TTG TCC AGG GCT AT-3ʹ. The PCR product was subsequently sequenced (U-M
Sequencing Core).
Cloning of wild type and Mutant MUTYH Expression Plasmids
A plasmid containing the open reading frame for the beta3 isoform of MUTYH
(NM_001048174.1) was obtained from OriGene (Catalog #: RC201376-OR, Rockville, MD.)
and used as a template for the cloning of derivative constructs. Mutant MUTYH construct
synthesis was accomplished using PCR-based site-directed mutagenesis of wild type MUTYH.
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The wild type and mutants were then cloned as maltose binding protein (MBP) fusions into
pMCSG19 (27) between the KpnI and XbaI restriction sites to increase protein solubility (28).
The plasmids were further modified by removing the first fourteen codons encoding the
mitochondrial recognition sequence, which alleviated heterologous protein toxicity. Furthermore,
to decrease the capture of truncated heterologous protein, the N-terminus His6 tag located
between the MBP sequence and the TEV cleavage site was removed and a C-terminus His10 tag
was attached with a flexible (SG)7 linker to increase solvent exposure.
Preparation of Protein
Heterologous MUTYH proteins in Escherichia coli strain BL21(DE3) were initially
purified in accordance with previously published protocols using nickel affinity chromatography
with 1 mM DTT (29). To improve yields and purity, the expression plasmids were transformed
into the E. coli expression strain for toxic proteins, BL-AI (Invitrogen) also harboring the rare
codon plasmid pRARE2-CDF (30). One liter of fresh Terrific Broth modified with 4% glycerol
and 50 µg/mL of antibiotics (ampicillin and streptomycin) in a three L baffled flask was
inoculated with 25 mL of overnight cultures in the same medium. Cultures were grown at 37 ºC
in a horizontal shaker at 175 rpm until the OD600 reached approximately 2.5. The temperature
was adjusted to 15 ºC, and after 90 minutes, 0.25 mM IPTG and 0.2% arabinose were added.
After 12-16 hours, cells were harvested by centrifugation, flash frozen in liquid nitrogen, and
stored at -80 °C until processing. Cell pellets were thawed in an ice bath and re-suspended in 80
mL of ice cold 10% glycerol before the addition of 53 mg/mL of CelLytic Express (Sigma), one
tablet of Protease Inhibitor Cocktail (Sigma) and 20 mM imidazole. The samples were clarified
on a nutator for 30 minutes at 4ºC before the addition of 20 mM of β-mercaptoethanol. The crude
cell lysate was passed through a 0.45 µm filter in preparation for nickel affinity chromatography.
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His-tagged proteins were loaded onto a 5 mL HisTrap HP column (GE Healthcare) at 2 mL/min
using an AKTA Explorer FPLC instrument (GE Healthcare) at 4 ºC. The columns were first
washed with 20 column volumes of 93% Buffer A (20 mM Tris-HCl, pH 7.4, 1 M NaCl, 20 mM
β-mercaptoethanol, 10% glycerol) and 7% Buffer B (20 mM Tris-HCl, pH 7.4, 100 mM NaCl,
500 mM imidazole, 10% glycerol) and the proteins were eluted using a 7-100% Buffer B
gradient over 10 column volumes. Fractions containing MBP-MUTYH protein (as determined by
SDS-PAGE), were pooled. Typical yields of purified protein for MBP-MUTYH wild type,
Y179C and G396D were between 10-20 mg from one liter cultures and 0.5-1.5 mg of soluble
protein was obtained for MUTYH p.C306W. Monomeric protein was obtained by size exclusion
chromatography using a Superdex 200 10/300 GL column (GE Healthcare) in Buffer C (20 mM
Tris-HCl, 100 mM NaCl, 1 mM DTT, 10% glycerol). Fractions eluting near the expected
molecular weight (104 kD) were collected, partitioned into aliquots, flash frozen in liquid
nitrogen, and stored at -80 ºC until further use.
DNA Substrates for Glycosylase and Binding Assays
All oligonucleotides (Integrated DNA Technologies, Coralville, Iowa) were purchased
PAGE purified. Duplexes were obtained by heating 50 l 50 µM complementary strands at 85 ºC
then decreasing the temperature by 0.5 ºC every 30 seconds until attaining room temperature.
The FAM labelled 8-oxoG:A duplex used in the DNA glycosylase assay consisted of
5ʹ-ACA AAG AAC TTA TAG CTC CTC CTT GAG CAC ACA GAG GTG TTC GAT GTA
GTT G/A/C GCA GGA CGG GTT CAG T/6-FAM/-3ʹ and 3ʹ-TGT TTC TTG AAT ATC GAG
GAG GAA CTC GTG TGT CTC CAC AAG CAT GAT CAA C/8oxoG/G CGT CCT GCC
CAA GTC A-5ʹ. The biotin labeled 8-oxoG:A duplex used in the binding assay consisted of 5ʹ-

132
/BiotinTEG/AC AAA GAA CTT ATA GCT CCT CCT TGA GCA CAC AGA GGT GTT CAT
GTA GTT G/A/C GCA GGA CGG GTT CAG T-3ʹ and the 8-oxoG oligomer.
DNA Glycosylase Assay
The DNA glycosylase assay was adapted as previously reported (29, 31-32). The activity
was evaluated by providing 10 nM of DNA substrate containing a single 8-oxoG:A mismatch to
wild type or mutant MBP-MUTYH proteins (0-1000 nM) at 37ºC in a buffer (20 mM Tris-HCl,
pH 8.0, 100 mM NaCl, 1 mM EDTA, 1 mM DTT, and 0.1 mg/mL BSA). Reactions were
quenched after 1 hour with 80 mM NaOH followed by heating the samples to 90 ºC for 4
minutes, cooled, and then diluted with three volumes of formamide spiked with GeneScan™ 500
LIZ™ Size Standard (Invitrogen). DNA fragmentation was determined employing capillary
electrophoresis (U-M DNA Sequencing Core, ABI 3730 DNA Analyzer). Traces were analyzed
using Peak ScannerTM Software (version 1.0, Applied Biosystems). The percent of excised DNA
was calculated as the ratio of the 6-FAM peak area migrating at 44 oligonucleotides to the total
peak area (at 44 and 66 oligonucleotides).
Multiple Turnover Assay: Active Site Titration
The multiple turnover assay was adapted as previously reported (29, 31-32). Reactions
were analyzed for scission of 10 nM FAM-labeled 8-oxoG duplex DNA after the addition of
MUTYH protein. The total protein concentrations, selected to give a burst amplitude in a
detectible range, were 25, 2670, 500, and 25 nM of MUTYH wild type, Y179C, C306W, and
G396D, respectively. Samples were drawn over a 20-minute time course and processed as
described above. The cleaved product concentration, [P], was fitted with Equation 1 to determine
the amplitude of the burst (A0), kB (rate constant during the burst phase) and kL (rate constant for
the linear phase).
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Equation 1:

[P] = A0[1-exp(-kBt)]+kLt

The percent of active protein was calculated as a ratio of the A0 to total protein concentration.
Binding Kinetics (Biolayer Interferometry)
All biolayer interferometry measurements were made on an Octet RED instrument (Pall
ForteBio, Menlo Park, CA) using streptavidin (SA) biosensors (33). Assays were performed in
96-well black microplates at 25 ºC and 1000 rpm. All volumes were 200 μL. All proteins were
buffer exchanged using PD-10 columns (GE Healthcare) pre-equilibrated with PBS then serial
diluted (25, 12.5, 6.25, 3.125, 0.78125 nM) into working volumes with 1X Kinetics Buffer (Pall
FortBio;10 mM Phosphate, pH 7.4, 150 mM NaCl, 0.02% Tween-20, 1 mg/mL BSA). The
biotinylated duplex DNA was first immobilized onto the SA biosensors for 300 seconds and then
equilibrated in 1X Kinetics Buffer for 300 seconds. Protein association was performed for 150300 seconds followed by dissociation into 1X Kinetics Buffer for 900 seconds. A reference
sensor with immobilized dsDNA was subtracted from each data set. Shift data was analyzed with
ForteBio’s Analysis software (version 7.1). Kinetic parameters kon and koff and affinity (KD) were
determined from a global non-linear regression of association and dissociation binding kinetics
using a 1:1 Langmuir binding model.
Fe Elemental Analysis
The presence of elemental Fe within MUTYH protein samples was determined using a
Thermo Scientific Element2 ICP-HRMS (34). Purified proteins were dialyzed overnight to
remove glycerol and to allow equilibration with blank buffer (20 mM Tris-HCl, pH 7.5, 100 mM
NaCl and 1 mM DTT) using a 10K MWCO Slide-A-Lyzer dialysis cassettes (Thermo
Scientific).
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DNA Synthesis and Purification for Electrochemistry
Thiol, FA, and OG modified DNA strands were prepared on an automated DNA
synthesizer (Applied Biosystems) and purified by HPLC on a PLRPS column (Agilent) as
described in previously published protocols (35); unmodified strands were ordered from IDT and
purified by HPLC. For electrochemistry, 50 μL 50 μM complementary DNA strands were
degassed and annealed in storage buffer (5 mM sodium phosphate, pH 7.0, 50 mM NaCl) in
equimolar amounts by a 5-minute incubation at 95oC followed by slow cooling (1.5 hours) to RT
on a thermocycler. Well-matched (WM) duplex DNA, DNA with an FA:OG lesion, and
substrates containing an abasic site were all prepared in this way. Duplex sequences were as
follows:
WM DNA
5′ – ACT GAA CCC GTC CTG CGT CAA CTA CAT GAA CAC CTC – 3′
3′ – TGA CTT GGG CAG GAC GCA GTT GAT GTA CTT GTG GAG – 5′ – C6 Thiol
FA:OG DNA
5′ – ACT GAA CCC GTC CTG CGOG CAA CTA CAT GAA CAC CTC – 3′
3′ – TGA CTT GGG CAG GAC GCFA GTT GAT GTA CTT GTG GAG – 5′ – C6 Thiol
Abasic DNA
5′ – ACT GAA CCC GTC CTG CGT CAA CTA CAT GAA CAbC CTC – 3′
3′ – TGA CTT GGG CAG GAC GCA GTT GAT GTA CTT GTG GAG – 5′ – C6 Thiol
OG = 8-oxoguanine, FA = 2ʹ-fluoroadenine, Ab = abasic site
Electrochemistry on DNA Self-Assembled Monolayers (SAMs)
Electrochemical characterization of MUTYH was carried out on a multiplexed chip
platform consisting of 16 individually-addressable gold electrodes separable into four quadrants
(35). Self-assembled DNA monolayers were formed by adding 25 μL 25 μM duplexed DNA in
phosphate buffer (5 mM sodium phosphate, pH 7.0, 50 mM NaCl) to each quadrant of the chip
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and incubating overnight. After monolayer formation, gaps in the film were eliminated by
backfilling for 45 minutes at RT with 1 mM 6-mercapto-1-hexanol in phosphate buffer with 5%
glycerol. The surface was then extensively rinsed in phosphate buffer, followed by protein
storage buffer (described below). To compare different monolayer morphologies, DNA was
incubated in phosphate buffer as described to generate low-density DNA monolayers (surface
coverage of ~15 pmol/cm2) or in the presence of 100 mM MgCl2 to form high-density
monolayers (surface coverage of ~40 pmol/cm2) (36, 37). Bulk electrolysis experiments were
performed using gold rod electrodes in a custom-made electrochemical cell. Experiments were
carried out in air unless otherwise noted; anaerobic experiments were performed in a glove bag
(Coy) under a 95% N2/5% H2 atmosphere.
MUTYH concentration was determined by UV-vis, using an extinction coefficient of
17000 M-1cm-1 at 410 nm to determine [4Fe4S] cluster concentration and 102330 M -1cm-1 at 280
nm to determine total protein concentration; cluster loading was determined by dividing [4Fe4S]
cluster concentration by total protein concentration, and was typically around 15%. Initial
characterization was carried out in Tris storage buffer (20 mM Tris, pH 7.4, 100 mM NaCl, 1
mM DTT, 10% glycerol v/v), while later electrochemical and spectroscopic experiments used a
HEPES buffer (20 mM HEPES, pH 7.4, 100 mM KCl, 1 mM DTT, 0.5 mM EDTA, 10%
glycerol v/v). MUTYH was transferred into HEPES using Amicon 10 kDa MW cutoff spin tubes
(Millipore Biomedicals) at 4oC.
Once in an appropriate buffer, MUTYH was added to a multiplexed chip and incubated
for several hours with cyclic and square wave voltammetry (CV and SQWV, respectively) scans
taken once per hour. In typical experiments, CV scans were taken in a potential window of 0.188 to 0.412 V vs NHE at a scan rate of 100 mV/s, while SQWV scans were taken at a
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frequency of 15 Hz with 0.025 V amplitude. To plot the scan rate dependence of CV current,
scans in the same window were carried out at 20, 50, 80, 100, 200, 500, 750, and 1000 mV/s. All
experiments were performed on a CH Instruments potentiostat with a Ag/AgCl reference in 3 M
NaCl and Pt wire counter electrode. Potentials were converted to NHE by adding 212 mV to the
measured potentials, accounting for both the salt concentration (209 mV according to BASi®)
and ambient temperature (38). Bulk electrolysis was carried out at 0.412 mV versus NHE, and
yields were estimated by subtracting the total charge passed with only buffer present from that
passed when MUTYH was included. All buffer components were purchased from SigmaAldrich, the Ag/AgCl reference electrode was purchased from BASi®, and the Pt wire counter
electrode was purchased from the Kurt J. Lesker Company.
EPR Spectroscopy
Continuous wave X-band EPR was carried out at 10 K on a Bruker EMX instrument.
Samples were prepared aerobically, using 150 μL 5 – 15 μM MUTYH in parallel with a storage
buffer blank. Spectra were taken from the summation of 9 sweeps at 12.88 mW microwave
power, 2 G modulation amplitude, and a receiver gain of 5.02 x103.
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Results
Identification and Functional Deficiencies of a Novel MUTYH Variant
A novel germline MUTYH variant, c.918C>G (p.C306W), together with the previously
well-described MUTYH mutation, c.1187G>A (p.G396D), were identified in a patient with
colonic polyposis and a family history significant for early age colon cancer. The cysteine at
position 306 represents one of the four cysteine residues that mediate integration of the
conserved MUTYH [4Fe4S] cluster. In bacterial MutY cluster loss is associated with decreased
protein function (19) which suggests that in MUTYH the C306W variant may affect the integrity
of the [4Fe4S] cluster and represent a pathologic mutant (Figure 4.1 illustrates the structure of
bacterial MutY and identifies corresponding residues in MUTYH).
Supporting the potential pathogenicity of the novel c.918C>G variant, we established that
this variant was situated in a trans chromosomal configuration relative to the c.1187G>A
MUTYH mutation (Figure 4.2). Further evidence of the pathogenic nature of the c.918C>G
variant was apparent in the sequencing of the APC gene in somatic DNA originating from a
colonic adenoma from the patient. This sequencing revealed the presence of a C:G to T:A
transversion in the APC gene, which is the hallmark genetic lesion distinguishing deficient
MUTYH-mediated DNA repair (4) (Figure 4.3).
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Figure 4.1 Structure of Geobacillus stearothermophilus MutY with residues homologous to
disease-relevant variants in human MUTYH isoform β3 highlighted. Y179C and G396D have
been previously shown to be pathological mutations involved in MUTYH-associated polyposis
(MAP); C306W was identified in this study. Notably, C306 is one of four cysteine residues
involved in [4Fe4S] cluster ligation. Structure from PDB ID 1RRQ.

139

Figure 4.2 The c.918C>G MUTYH variant is situated trans relative to the c.1187G>A MUTYH
mutation. The c.1187G>A (p.G396D) MUTYH mutation creates a unique BglII restriction
enzyme site which we employed to isolate the chromosomal DNA strand containing the
c.1187G>A MUTYH mutation. A 957 bp fragment encompassing the MUTYH open reading
frame nucleotide positions 918 and 1187 was generated with PCR and then restriction enzyme
digested with BglII. The digestion products were resolved on 1.5% agarose gel and the lower
molecular weight DNA band isolated (arrow). Sequencing of the lower molecular weight band
demonstrated the wildtype cytosine nucleotide at position 918 consistent with a trans
configuration of the c.1187G>A and c.918C>G MUTYH alterations.
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Normal Colonic Tissue

Colonic Adenoma

Figure 4.3 Trans c.1187G>A (p.G396D) and c.918C>G (p.C306W) MUTYH mutations are
associated with the signature G:C to T:A transversion in the APC gene distinctive of deficient
MUTYH DNA repair. From one of the patient’s adenomatous polyps we extracted DNA to
assess for the presence of the signature G:C to T:A nucleotide transversion which results from
deficient MUTYH DNA repair. The figure depicts a portion of the germline nucleotide sequence
from the mutation cluster region of the APC gene (upper tracing); this sequence reveals the
normal wildtype APC sequence. In comparison, the lower tracing depicts the forward and
reverse nucleotide sequence from DNA extracted from one of the patient’s colonic polyps for
this same mutation cluster region of the APC gene; there is identified a G:C to T:A transversion
(arrow) resulting in a premature stop codon in the APC open reading frame and pathologic APC
protein product.
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Preparation of Monomeric MUTYH Protein
The four MUTYH proteins, WT, G396D, Y179C, and C306W were overexpressed in E.
coli and purified by nickel affinity chromatography followed by size exclusion FPLC (Figure
4.4). All of the MUTYH proteins eluted as soluble aggregates in the void fraction; evidence of
aggregation in these samples was also clear from the UV-visible spectra. Aggregated WT,
G396D and Y179C MUTYH proteins demonstrated glycosylase activity consistent with previous
reports, with attenuated activity observed in the G396D and Y179C MUTYH proteins (29-31);
aggregated C306W protein lacked glycosylase activity (Figure 4.5a).
Aggregated protein is unlikely to exhibit native activity levels; thus, 20 mM βmercaptoethanol was added prior to purification in an effort to disperse the aggregates and yield
monomeric protein. This additional measure was effective, and monomeric proteins were of
expected molecular weight (104kD) and eluted around 12 minutes during the size exclusion
FPLC step (Figure 4.4). Relative to aggregated protein, monomeric WT demonstrated enhanced
glycosylase activity. The glycosylase activities of the monomeric G396D and Y179C MUTYH
proteins were also enhanced relative to the aggregated species, however they displayed less
activity compared with WT protein. Monomeric C306W MUTYH protein remained severely
deficient in glycosylase activity (Figure 4.5b). Based on the higher catalytic function of native,
monomeric MUTYH protein was employed for all subsequent experiments.
For a more complete functional comparison of the four MUTYH variants, time course
glycosylase assays were conducted under multiple turnover conditions to quantitatively
determine the proportion of active enzyme in each sample (29, 31-32). These assays were
performed using dsDNA containing an 8-oxoG:A mispair together with varying concentrations
of MUTYH proteins. The experimental results demonstrate an initial burst of adenine excision
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activity proportional to the active fraction, Ao, of the protein sample (Figure 4.5c, Table 4.1).
The rate constants, kB and kL, were determined for the exponential and linear phases of the
reaction, respectively (Table 4.1). Both WT MUTYH and G396D proteins had comparable linear
rates for turnover and the highest fraction of active protein. In contrast, the C306W MUTYH
mutant was essentially devoid of adenine excision activity and Y179C had no detectable
turnover. The fractions of active MUTYH were then employed to correct for the total amount of
protein used in the glycosylase assay (Figure 4.5d), confirming that WT MUTYH and G396D
mutant had comparable activities, while C306W and Y179C mutants displayed poor activity.
Poor activity observed in MUTYH C306W could have two possible explanations: that either this
mutant was catalytically inactive or it was unable to bind specifically to DNA (as is the case with
low activity in the weakly-bound Y179C).
To help distinguish between these possibilities, we employed biolayer interferometry
(BLI) (33) to measure the binding parameters of the MUTYH proteins. After preliminary
experiments demonstrated that there was no significant difference in binding of WT MUTYH to
DNA that contained an 8-oxoG:A mispair relative to DNA without the mispair, we compared the
binding of WT MUTYH and the G396D, Y179C, and C306W mutants to DNA containing an 8oxoG:A mispaired duplex. The binding kinetics data are summarized in Table 4.2. Relative to
WT MUTYH, the G396D and Y179C variants demonstrated increasing values of KD primarily
due to decreased association rates. There was no detectable binding for the C306W mutant
within the protein concentration range tested, suggesting that the low activity levels observed in
this mutant were due primarily to ineffective DNA binding.
Together these data demonstrate the functional deficiency of the C306W MUTYH
mutant. The cysteine at position 306 represents one of the four cysteine residues that ligate the
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MUTYH [4Fe4s] cluster. In bacterial MutY, [4Fe4S] cluster loss is associated with decreased
protein function (19), which suggests that the C306W variant of MUTYH may affect the
integrity of the [4Fe4S] cluster accounting for this mutant’s pathogenicity.
To assess the integrity of the [4Fe4S] cluster, iron loading of the clusters of WT MUTYH
and the mutants Y179C, G396D and C306W were compared by quantifying the iron present in
each sample using ICP-HRMS for elemental analysis (34). Consistent with disruption of the Fe-S
cluster loop in the C306W variant, this protein exhibited substantially lower iron content relative
to the other MUTYH proteins tested (Table 4.3). However, UV-visible spectra taken from
disrupted aggregates of all four variants distinctly showed the broad peak centered at 410 nm that
is characteristic of a [4Fe4S] cluster, indicating that MUTYH C306W is still capable of binding
an intact cluster and further suggesting that loading by cellular machinery remains effective
(Figure 4.6). In addition, circular dichroism (CD) spectra of WT MUTYH and the C306W
mutant were indistinguishable, confirming that no global conformational changes were induced
by the mutation (Figure 4.7). Thus, the low cluster content as measured by ICP-HRMS was
instead tentatively associated with decreased protein stability in this mutant, and subsequent
electrochemical and EPR experiments were used to more reliably examine the [4Fe4S] cluster
properties in detail.
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Figure 4.4 Purification of monomeric MUTYH proteins. (Left) SDS-PAGE gel of purified
monomeric MUTYH proteins. The left lane contains the protein molecular weight ladder. The
lanes 1-4 contain 1ug of MUTYH wild type, Y179C, C306W, and G396D, respectively. (Right)
SEC-FPLC UV260 trace of WT MUTYH following treatment with 20 mM β-mercaptoethanol.
While some soluble aggregates still occur in the void volume, the majority of the purified protein
is monomeric.
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Figure 4.5 A novel human MUTYH variant, C306W, lacks glycosylase activity. Black lines,
wild type MUTYH; Green lines, G396D; Red lines, Y179C; Blue lines, C306W
All data are presented as mean + s.d., n = 3.
(a) Glycosylase assays with soluble MUTYH aggregates. Activity levels for WT MUTYH and
the variants Y179C and G396D are comparable to previously reported values. MUTYH C306W
shows only minimal activity, comparable to Y179C.
(b) Glycosylase assay using soluble, monomeric MUTYH. The pattern matches that of
aggregated protein, and confirms the observed defect in MUTYH C306W. Relative to WT and
G396D MUTYH, Y179 and C306 proteins demonstrate severely attenuated DNA scission
activity.
(c) Multiple turnover reaction conditions define the concentration of active protein within a
purified protein sample. The glycosylase assay was performed with sufficient MUTYH protein
to generate reaction burst amplitudes (Ao) within the detectable range. MUTYH active fractions,
Ao, and kB and kL rate constants of the excision reaction during the exponential and linear phase,
respectively, were determined by fitting the curves from the reactions at top to the equation [P]=
Ao [1-exp(-kB)t] + kLt.
(d) Adenine excision activity of wild type and mutant MUTYH proteins after correcting for
active fractions, Ao. The correction for active MUTYH C306W and Y179C proteins shifted their
assay concentrations below 2.5 nM.
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Table 4.1 Determination of Rate Constants from Multiple Turnover Assay
Enzyme ID

[protein] (nM)

A0

A0/[protein] kB (min-1)

kL (min-1 nM)

Wild type (WT)

25

4.8 ± 0.2

19.2%

0.8 ± 0.1

0.07 ± 0.01

Y179C

2670

1.1 ± 0.1

0.04%

1.0 ± 0.2

0

C306W

500

1.0 ± 0.1

0.2%

1.2 ± 0.2

0.01 ± 0.01

G396D

25

1.2 ± 0.2

4.9%

0.3 ± 0.1

0.05 ± 0.01

Data show mean + s.d., n = 3
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Table 4.2 Enzyme/DNA Kinetic Binding Data Obtained from Biolayer Interferometry.
Enzyme ID

kon (1/Ms) x 104

kdis (10-4 1/s)

KD (10-9 M)

WT

43 ± 0.4

2.7 ± 0.03

0.6 ± 0.01

Y179C

2.9 ± 0.4

5.0 ± 0.21

17 ± 2.57

C306W

No binding

-

-

G396D

10 ± 0.5

5.3 ± 0.12

5.2 ± 0.27

Data show mean + s.d., n = 3
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Table 4.3 Elemental iron analysis of MUTYH proteins by ICP-HRMS.
Enzyme ID

[Fe] (µM)

[MUTYH] (µM)

% Ratio 4Fe/ Enzyme

WT

6.42 ± 0.32

1.36

115%

Y179C

6.40 ± 0.32

1.65

95%

C306W

0.78 ± 0.03

1.63

9%

G396D

6.59 ± 0.33

1.62

99%

Buffer

0.17 ± 0.03

-

-

Data show mean + s.d., n = 3
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Figure 4.6 MUTYH UV-visible spectra. (a) Complete UV-visible absorption spectra of
monomeric WT MUTYH and the mutants Y179C, C306W, and G396D. Aggregated MUTYH
(light blue) can be distinguished by a U-shaped spectrum with elevated absorbance at 800 nm.
(b) Zoomed in version of spectra in (a) highlighting the broad peak centered at 410 nm, which is
characteristic of [4Fe4S]2+ clusters. The presence of this peak confirms that the C306W mutation
does not prevent cluster binding, and indeed cluster loading is comparable to that of WT and the
other variants studied. All monomeric proteins were scanned in standard storage buffer (20 mM
Tris-HCl, pH 7.4, 100 mM NaCl, 1mM DTT, 0.5 mM EDTA, 10% glycerol v/v), while the
aggregated WT spectrum is in a phosphate buffer (20 mM sodium phosphate, pH 7.4, 100 mM
NaCl, 0.5 mM EDTA, 10% glycerol v/v).
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Figure 4.7 Circular dichroism (CD) spectra of WT MUTYH and MUTYH C306W. The
similarity in spectra suggest that the C306W mutation does not result in significant global
structural perturbations. These experiments were performed in HEPES storage buffer (30 mM
HEPES, 100 mM KCl, 1 mM DTT, 0.5 mM EDTA, 10% glycerol v/v, pH 7.4).

151
DNA-Bound Electrochemistry of WT and Mutant MUTYH
Having observed that MUTYH C306W appeared to incorporate less iron despite its
capacity to bind an intact cluster, we next assessed its redox properties on DNA-modified gold
electrodes alongside WT, G396D, and Y179C MUTYH (Figure 4.8). Electrochemical analysis
was reasoned to be an insightful approach in these studies for two reasons: first, access to highly
purified WT MUTYH allowed us to determine if the human protein behaved like its bacterial
counterpart, and, second, electrochemical monitoring would provide an effective way to assess
the stability of MUTYH C306W over time. Specifically, the predicted instability of MUTYH
C306W was expected to lead to electrochemical signals that were either smaller than WT or less
stable over time.
In these experiments, MUTYH was incubated in storage buffer (20 mM Tris, pH 7.4, 100
mM NaCl, 1 mM DTT, 10% glycerol v/v) and periodically scanned by CV and SQWV.
Aggregated protein preparations were treated with 20 mM β-mercaptoethanol and exchanged
into storage buffer with fresh DTT immediately prior to electrochemical analysis. Cluster
loading as determined by UV-visible spectroscopy was low in monomeric WT MUTYH
prepared from disassembled aggregates (around 15% by the A410:A280 ratio), although all
deaggregated MUTYH variants, including C306W, showed similar loading percentages. It is
likely that apoproteins can compete to some extent with loaded holoenzyme for DNA binding on
electrode surfaces, making low loading potentially problematic for electrochemistry. However,
when making direct comparisons between different MUTYH variants, similar [4Fe4S] loading
between the proteins studied is a more important factor than absolute loading as long as
quantifiable signals can be obtained. Thus, we proceeded to electrochemical experiments despite
the low loading values.
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To test multiple conditions simultaneously, DNA monolayers were prepared on
multiplexed gold electrodes, which enabled up to four experiments to be conducted in parallel
(35). In this case, half of the available quadrants consisted of unmodified (WM) DNA and half of
substrate trap FA:OG DNA included in an effort to enhance signal amplitude by increasing the
DNA binding affinity. In addition, both high density (formed in the presence of 100 mM MgCl2)
and low density monolayers (formed without Mg2+) were compared on a single chip. DNA
surface density is an important parameter for protein experiments (35): high density films have
more DNA on the surface (30-50 pmol/cm2) that can improve DNA-mediated signaling by
sterically hindering large proteins, while low density films contain less DNA (15-20 pmol/cm2)
that can be more readily accessible to proteins (36, 37). Overall, the effect of each type of film is
likely to depend strongly on the particular protein being studied, and both have been employed in
previous studies.
In initial experiments, WT MUTYH (~2.5 μM [4Fe4S] cluster) yielded a reversible redox
signal with a midpoint potential of 106 ± 1 mV versus NHE (Figure 4.8b), which is similar to the
65-95 mV (versus NHE) range reported for other DNA-bound [4Fe4S] proteins. That the
MUTYH potential was slightly higher can most likely be attributed to disparate buffer
conditions. The signal appeared almost immediately after addition to the electrode and increased
in magnitude over the course of a 3-hour experiment. Although small, the signals were readily
quantifiable: on low density films containing WM DNA, CV peak areas were 31 ± 1 x 10-2 nC
for the reductive peak and -33 ± 2 x 10-2 nC for the oxidative peak, while the equivalent values
on high density films were 25 ± 2 x 10-2 nC and -27 ± 3 x 10-2 nC, respectively. Interestingly, no
significant differences in signal intensity were observed between WM and FA:OG DNA, with
CV reductive and oxidative peak charges of 28 ± 1 x 10-2 nC and -34 ± 4 x 10-2 nC on low
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density FA:OG DNA films and 24 ± 2 x 10-2 nC and -24 ± 1 x 10-2 nC on high density films. The
FA:OG substrate trap is known to increase the binding affinity of the very similar murine
MUTYH on a 30-mer duplex by an order of magnitude (39), and the absence of any clear change
in signal intensity suggests that our system is not sufficiently sensitive to detect this difference.
Several possible explanations exist for this insensitivity. First, it may be that the absolute amount
of accessible DNA on either surface is too low to detect a difference between WM and FA:OG
substrates. Alternatively, the significant amount of apoprotein present may have blocked some of
the accessible DNA from fully loaded protein. Finally, the fact that DNA is tethered to a surface
in these experiments rather than in solution might lower the chances of a successful binding
event.
The potential and maximum signal size of MUTYH C306W (~2.5 μM [4Fe4S] cluster)
were comparable to WT, although peak area was considerably more variable between
experiments. Contrary to expectations, the C306W mutant was not obviously CT-deficient, but
the signal did steadily decrease in size after 1-2 hours of incubation. The observed signal loss is
consistent with the cluster lability suggested by ICP-HRMS. In addition, a second, irreversible
peak centered around -50 mV versus NHE appeared and increased in size as the reversible
[4Fe4S]3+/2+ signal decayed (Figure 4.8b). This pattern of reversible signal loss and secondary
peak growth was observed in several experiments with C306W and did not occur to any
appreciable extent in WT MUTYH, confirming that it was not a contaminant. A secondary peak
at this potential was unprecedented among previously studied base excision repair proteins, but
its growth along with the parallel loss of the reversible signal suggested that it was some form of
degradation product.
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While the DNA processing enzymes studied thus far have generally shown stabilization
of the [4Fe4S]3+ form upon DNA binding to yield a reversible [4Fe4S]3+/2+ signal on an
electrode, loss of iron by the oxidized [4Fe4S]3+ species to form the [3Fe4S]+ cluster has been
reported in bacterial MutY and EndoIII when the samples were frozen for EPR under aerobic
conditions (20). As the loss of one iron atom is the first step in cluster degradation, we
considered the [3Fe4S]+ cluster to be a likely candidate for the identity of the unexpected redoxactive MUTYH C306W species. At ~ -50 mV versus NHE, the MUTYH C306W secondary peak
fell within the range of reported [3Fe4S]+ cluster potentials (40), supporting this assignment. The
irreversible nature of the signal was unusual, given that [3Fe4S] clusters can access a reversible
1+/0 redox couple, but, given the significant impact of even a single unit of cluster charge on
DNA binding affinity (21), irreversibility in our experiments can be rationalized as protein
dissociation from DNA following reduction to the neutral [3Fe4S]0 state.
Confirming that the [4Fe4S] cluster degradation observed in MUTYH C306W was
unique to this mutant, electrochemical analysis of DNA bound Y179C and G396D (both 2.5 μM
[4Fe4S] cluster) yielded reversible signals at nearly the same potential as WT with no secondary
peak present (Figure 4.8b, Table 4.4). Like WT, the signals from both of these variants increased
over time and remained stable for several hours. Notably, the Y179C signal was only about half
as large as WT, consistent with the lower DNA binding affinity of this mutant relative to both
WT and G396D (KD of 7.5 nM for Y179C versus 2.2 and 4.9 nM for WT and G396D,
respectively) (29). Overall, both mutants were more similar to WT than C306W in their redox
properties, an unsurprising outcome given that the cluster in these variants is unaltered. The
propensity for the MUTYH C306W cluster to degrade by redox activity provides a possible
explanation for the low DNA binding affinity observed with BLI binding studies, as previous
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work with E. coli MutY has demonstrated that apoprotein lacking cluster is defective in DNA
binding despite remaining structurally intact (19).

Characterization of the C306W Degradation Product
In an effort to characterize the MUTYH C306W cluster degradation product more fully,
we proceeded to assess its dependence on oxygen, which is often an important factor in [3Fe4S]+
cluster formation (20). Specifically, electrochemical and UV-visible spectroscopic analysis were
employed to compare aerobically oxidized proteins with those maintained in an anaerobic
environment. For an effective comparison, a single C306W sample was concentrated and one
half was diluted to 2.5 μM (by [4Fe4S] cluster) in degassed buffer and placed on a chip
containing low density WM DNA in an anaerobic glove bag (95% N2/5% H2 atmosphere), while
the other half was maintained in aerobic conditions and oxidized on a DNA-modified gold rod
electrode held at 0.412 V versus NHE. The anaerobic sample was scanned periodically by CV
and SQWV, and, following electrolysis, the oxidized sample was transferred to the glove bag
and added to a separate quadrant on the same chip. In addition to electrochemistry, UV-visible
spectra were recorded before and after electrolysis both to observe changes in the 410 nm peak
and to ensure that the oxidized sample did not aggregate.
Quantification of the total charge passed during electrolysis indicated near-complete
oxidation of the aerobic protein by ~60 minutes. Prior to electrolysis, the UV-visible spectrum
showed the broad peak centered at 410 nm characteristic of a [4Fe4S] cluster, but after oxidation,
the absorbance increased over a broad range from 700 – 300 nm, with a poorly-defined peak
around 410 nm and a substantial shoulder between 400 and 300 nm (Figure 4.8c). Such
absorbance features are a general characteristic of cluster oxidation, although UV-vis spectra
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alone are insufficient to precisely identify the oxidized species generated (41). Importantly, the
280 nm peak remained sharp and distinct even after oxidation, and the spectrum was not elevated
at 800 nm, demonstrating that the protein had not aggregated and confirming that all changes
were due solely to cluster oxidation. This result stands in stark contrast to the soluble MUTYH
aggregates observed in both WT and C306W in the absence of DTT, which were visibly cloudy
with a U-shaped UV-visible spectrum characteristic of aggregation, with highly elevated
absorbance at 800 nm, no distinct [4Fe4S] peak, and a very slight 280 nm peak visible only as a
shoulder.
CV and SQWV of the aerobically oxidized C306W MUTYH variant revealed an
irreversible peak comparable in size to the main reversible peaks; in contrast, the equivalent peak
in the anaerobic sample was much smaller than the main peak and had not changed from initial
levels (Figure 4.8d). Furthermore, the reversible signal of the anaerobic sample increased over
time and exceeded even the strongest signals observed for aerobically incubated WT MUTYH,
which was all the more intriguing given that the anaerobic sample had been incubating on the
electrode for several hours. Supporting greater instability of the C306W [4Fe4S] cluster, aerobic
oxidation of WT MUTYH gave low bulk electrolysis yields, and no readily apparent irreversible
peak was present by CV. In addition, the UV-vis spectra of WT before and after oxidation were
indistinguishable. Taken together, the apparent sensitivity of MUTYH C306W to oxidation and
degradation in air along with the absence of any observable degradation in aerobically oxidized
WT MUTYH all supported the assignment of the secondary peak to a [3Fe4S]+ cluster.
However, UV-visible spectroscopy and electrochemistry alone are insufficient to distinguish
between possible oxidized Fe-S species, which requires EPR spectroscopy.
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Figure 4.8 Initial electrochemical and spectroscopic characterization of MUTYH variants. (a)
Electrochemistry is carried out on DNA-modified gold electrodes, which allow controlled
reduction or oxidation of the [4Fe4S] cluster. (b) Incubation of 2-2.5 μM WT, Y179C, G396D,
or C306W MUTYH on a DNA-modified electrode in storage buffer (20 mM Tris, 100 mM
NaCl, 1 mM DTT, 0.5 mM EDTA, 10% glycerol v/v, pH 7.4) results in a reversible signal with a
midpoint potential of approximately 105 mV versus NHE. C306W uniquely exhibited an
irreversible reductive peak around -50 mV versus NHE, which was presumed to be some form of
oxidative degradation product. (c) After aerobic oxidation by bulk electrolysis, the UV-vis
spectrum of C306W showed no evidence of aggregation but did display a broad increase in
absorption from 700 to 300 nm, suggestive of cluster oxidation. (d) Consistent with cluster
degradation in the presence of oxygen, aerobic bulk electrolysis of C306W enhanced the size of
the peak relative to the reversible signal, while anaerobic incubation provided a protective effect.
All SQWV measurements were obtained at a frequency of 15 Hz and 0.025 V amplitude, and the
signals shown are an average from at least four separate electrodes on a multiplexed chip. The
SQWV background current levels in (b) were all comparable and have been adjusted for ease of
visualization. Bulk electrolysis was performed for 1 hour at 0.412 V vs NHE on a DNAmodified gold rod electrode in a glass cell.
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EPR Spectroscopy of MUTYH
Having confirmed that the secondary C306W reductive peak was an oxidation product
formed under aerobic conditions, we turned to EPR spectroscopy as a final step toward its
identification. EPR provides a means of distinguishing among different paramagnetic species and
is commonly employed to study iron-sulfur proteins (40 - 42). While EPR analysis can be very
informative, there were two general concerns with respect to MUTYH. First, EPR experiments
are generally performed with significantly higher levels of concentrated protein than those used
in our electrochemical experiments with MUTYH: signals have been reported for 10 μM E. coli
EndoIII (20) and ~9 μM DNA polymerase δ (43), but even these were still 3-4 times more
concentrated than the MUTYH samples. Second, the low temperatures necessary to resolve
signals from [4Fe4S] clusters (10-35 K) require the samples to be frozen prior to analysis, which
can impact protein stability if the buffer pH changes with temperature, as is the case for the Tris
buffers employed in our MUTYH studies (44).
Therefore, prior to attempting EPR, all MUTYH variants were concentrated and
exchanged into a HEPES buffer (20 mM HEPES, pH 7.4, 100 mM KCl, 1 mM DTT, 10%
glycerol v/v, pH 7.4); potassium was used in place of sodium as a further precaution to stabilize
the pH at low temperature (45). UV-visible spectroscopy and electrochemistry (Figure 4.9a, 10)
were used to confirm protein stability in HEPES and to verify that redox properties remained
comparable. As observed in the UV-vis spectra (Figure 4.9a), all of the MUTYH variants
maintained their monomeric form in this buffer, although they could not be concentrated beyond
15 μM without forming soluble aggregates. When such aggregates did form, they were readily
resolved by simple dilution, and the UV-visible spectra of WT MUTYH and the mutants Y179C
and G396D all retained a sharp 410 nm peak with ~15% cluster loading even after an additional
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freeze-thaw cycle one week after buffer exchange (Figure 4.9a). In contrast, the spectrum of the
MUTYH C306W protein closely resembled the aerobically oxidized sample described
previously (Figure 4.9a). Oxidation may have occurred over the extended aerobic buffer
exchange process or during the freeze-thaw cycle on the day of EPR experiments. Because the
extinction coefficient at 410 nm was unknown for the MUTYH C306W product, cluster loading
in this mutant was estimated by comparing the magnitude of absorbance with the earlier
aerobically oxidized sample, yielding a concentration comparable to the other variants.
All EPR spectra of MUTYH proteins were obtained with 15 μM WT and C306W and 5
μM G396D and Y179C (the latter mutants were not available in such large amounts). From the
broadened UV-vis absorption, we predicted that the corresponding EPR spectrum would show
evidence of either the [3Fe4S]+ cluster or a more advanced degradation product, while WT,
Y179C, and G396D were expected to be diamagnetic and thus EPR silent. Unexpectedly, all of
the samples showed a small, broad signal with a shoulder at g = 2.04 (Figure 4.9b) most likely
attributable to oxidation during the aerobic freezing process, as reported previously for E. coli
EndoIII and MutY20. Nonetheless, MUTYH C306W protein displayed a much sharper signal
with a clear peak centered at g = 2.018 (Figure 4.9b), which is characteristic of [3Fe4S]+ clusters
(40, 42). Importantly, the C306W EPR signal, but not the broad signals of WT and the other
MUTYH variants, closely resembled spectra from chemically oxidized E. coli EndoIII and MutY
that were also assigned to the [3Fe4S]+ cluster (20). While some of the C306W [4Fe4S]
degradation may have occurred during sample freezing, the significantly larger and sharper EPR
signal relative to the other variants and the UV-visible spectrum indicating previous oxidation
suggest that the cluster was largely in this state prior to freezing.
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Figure 4.9 Characterization of MUTYH in HEPES and analysis of the C306W decay product.
(top) UV-visible spectra of concentrated WT, Y179C, and G396D exchanged into HEPES buffer
(30 mM HEPES, 100 mM KCl, 1 mM DTT, 0.5 mM EDTA, 10% glycerol v/v, pH 7.4) all
displayed the characteristic [4Fe4S] cluster absorption band centered at 410 nm. In contrast, the
C306W spectrum showed broadly increased absorbance associated with oxidation. (bottom)
EPR spectra of 15 μM (WT and C306W) or 5 μM (Y179C and G396D) MUTYH variants. The
C306W EPR spectrum shows a sharp peak at g = 2.018 with a shoulder at g = 2.04 EPR,
supporting identification of the degradation product as a [3Fe4S]+ cluster. Continuous wave Xband EPR spectra were measured at 10 K with 12.85 mW microwave power, 2 G modulation
amplitude, and 5.02*103 receiver gain.
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Electrochemical Characterization of MUTYH in EPR Buffer
In parallel with EPR experiments, we performed electrochemistry with concentrated (5
μM) MUTYH in HEPES buffer to verify that the redox properties were comparable to those
observed in Tris buffer (Figure 4.10). In HEPES buffer, the midpoint potential of WT MUTYH
decreased from 105 ± 1 mV vs NHE in Tris to 93 ± 1 mV vs NHE (Table 4.4), but the overall
signal shape and properties remained unaltered. Unsurprisingly, the addition of more
concentrated protein to the electrode (~5 μM for all electrochemical experiments in HEPES)
gave substantially larger signals, with WT MUTYH yielding a reductive peak area of 7.6 ± 3 nC
and an oxidative peak area of -5.6 ± 3 nC on low density monolayers. Remarkably, although the
protein was only about twice as concentrated compared with previous experiments, the signal
was over 10 times larger, suggesting more efficient redox coupling in HEPES.
Like WT, all of the mutants showed ~10-fold larger signals when concentrated in
HEPES, and their midpoint potentials decreased by a similar margin, placing all variants in the
same potential window (Table 4.4). The signal from the MUTYH Y179C protein was still
noticeably smaller than WT (reductive and oxidative peaks at 48 ± 18% and 33 ± 17% of WT),
most likely as a result of lower DNA binding affinity, while G396D was not significantly
different from WT (reductive and oxidative peaks at 77 ± 32% and 76 ± 41% of WT). To ensure
accurate comparison with EPR spectra, electrochemistry for the less stable C306W mutant was
performed on the same day as EPR, and using the same sample stock. Consistent with the
oxidation indicated in the UV-visible spectrum and the presence of a characteristic [3Fe4S]+
cluster EPR signal, the electrochemical signal from this sample was significantly smaller than
any other mutant (reductive and oxidative peaks 35 ± 15% and 26 ± 14% of WT) and possessed
a prominent secondary reductive peak centered at -88 ± 6 mV vs NHE (Figure 4.10). The larger
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signals made this peak much more readily quantifiable compared with Tris buffer, and the total
charge of this irreversible peak was found to represent ~20% of either peak of the reversible
[4Fe4S]3+/2+ couple. The area in this case was lower than estimated for the C306W sample
aerobically oxidized in Tris buffer, where the secondary peak was roughly equal in magnitude to
the main peak, which suggested that the concentrated sample in HEPES was not 100% oxidized.
Overall, UV-visible and EPR spectra obtained from the same MUYH C306W protein strongly
supported the identification of the irreversible peak as a [3Fe4S]+/0 redox couple. When
compared to WT MUTYH, or even the Y179C and G396D mutants, the susceptibility of the
C306W [4Fe4S] cluster to degradation upon oxidation during redox signaling was apparent, and
the irreversibility of the degradation product signal indicates that the resultant [3Fe4S]+/0 species
does not bind DNA effectively.
Based on the measured midpoint potentials in Tris buffer (Table 4.4), electrochemical
signals from dilute MUTYH samples were most likely DNA-bound (35); however, the small
signal sizes made it impossible to determine if the signal was DNA-mediated. The substantially
larger signals recorded in HEPES buffer with concentrated samples allowed this issue to be
addressed, and chips containing half well-matched DNA and half DNA containing an abasic site
were prepared for this purpose. Earlier work with DNA-mediated EndoIII signals showed a
dependence on monolayer morphology (35); thus, to see if this was also the case for MUTYH,
the abasic site discrimination studies were carried out on both high and low density monolayers.
On abasic DNA, a maximum charge attenuation of 38% for the reductive peak and 46%
for the oxidative peak was obtained on low density monolayers (Figure 4.11); in contrast, no
appreciable discrimination was observed on high density monolayers. The observed abasic site
discrimination confirmed that MUTYH can take part in DNA-mediated signaling, and the
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differences in high and low density DNA monolayers emphasize the importance of surface
accessibility to large proteins. The sterically hindered high density films clearly do not provide
sufficient access to DNA in an appropriate conformation to observe such a signal, and the peaks
seen in this case are likely attributable to DNA-bound proteins signaling directly through the
monolayer surface (35).
Interestingly, the pattern of abasic site discrimination observed here is opposite to
previously published data for E. coli EndoIII (35); this difference can be rationalized by
considering two important factors. First, the DNA used in the EndoIII experiments was only 15
bp, while EndoIII has a binding footprint of 12 bp (46). Thus, the protein would have taken up
much of the available space and the cluster could readily bypass the mismatch on fully accessible
low density DNA. In contrast, the DNA substrate chosen for MUTYH was 36 bp while the
binding footprint is likely close to the 16 bp reported for mouse MUTYH (39), making bypass of
the abasic site on low density monolayers less likely. Second, a considerable size discrepancy
exists between the two proteins: unmodified MUTYH is 61 kDa, while EndoIII is only 24 kDa.
Thus, steric hindrance in high density films would be expected to have a greater impact on
MUTYH, a notion supported by the observation that the largest signals obtained on high density
monolayers containing WM DNA were ~30% smaller than the equivalent signals on low density
films.
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Table 4.4 CV Midpoint Potentials of MUTYH Variants in Tris and HEPES Buffers.
MUTYH variant

Emdpt in Tris (mV)

Emdpt in HEPES (mV)

WT

106 ± 1

93 ± 1

C306W

114 ± 3

97 ± 1

Y179C

105 ± 0.8

100 ± 2

G396D

115 ± 0.1

99 ± 4

Error is the standard deviation of the mean from at least 3 separate experiments.
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Figure 4.10 Electrochemical characterization of MUTYH variants in HEPES buffer. (a)
Arrangement of MUTYH variants on a multiplexed chip. (b) CV (top) and SQWV (bottom)
scans of 5 μM WT, Y179C, G396D, and C306W variants in HEPES storage buffer (30 mM
HEPES, 100 mM KCl, 1 mM DTT, 0.5 mM EDTA, 10% glycerol v/v, pH 7.4). Under these
conditions, substantial signals occur even by CV. The MUTYH C306W secondary peak is
readily apparent in both CV and SQWV. CV scans were taken at a scan rate of 100 mV/s, while
SQWV scans were taken at a frequency of 15 Hz with 0.025 V amplitude. All scans shown are
an average obtained from at least seven separate electrodes.

166

Figure 4.11 Abasic site discrimination by WT MUTYH. 5.0 μM WT MUTYH was incubated in
HEPES buffer (30 mM HEPES, 100 mM KCl, 1 mM DTT, 0.5 mM EDTA, 10% glycerol v/v,
pH 7.4) on a single multiplexed chip with half of the available quadrants containing DNA with
an abasic site (light blue) near the electrode and the other half containing well matched (WM)
DNA (dark blue). As is apparent from the SQWV voltammetry, the signal on WM DNA was
comparable in size to previously observed signals (Figure 4.10), but the total peak area on abasic
DNA was decreased by ~40%, indicating that the signal was DNA-mediated. The SQWV
voltammograms were obtained at 15 Hz and 0.025 mV amplitude, and signal shown is the
average of at least seven separate electrodes on a single multiplexed chip.
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Discussion
In the present study we describe a novel MUTYH variant, C306W, and its association
with the development of colonic polyposis and a family history of colon cancer. We determined
that the C306W variant lacks DNA abscission activity and has decreased ability to bind target
DNA, establishing the pathogenicity of this variant. In C306W MUTYH there occurs loss of a
cysteine residue that ligates the MUTYH Fe-S cluster. This finding raised the possibility that the
loss of the cysteine might disrupt the integrity of the Fe-S cluster and be causative of the
pathogenicity associated MUTYH C306W. The observation by ICP-HRMS that the Fe-S cluster
of C306W exhibits significantly lower iron content provided further bolsters this hypothesis and
prompted an electrochemical mechanistic investigation of the MUTYH Fe-S cluster and the
effect of cysteine loss in the C306W variant.
Toward this end, in our investigation, we present the first direct evidence of redox
signaling in eukaryotic MUTYH, which until now had only been assumed based on studies using
E. coli MutY. DNA-modified electrochemical analysis revealed the redox potentials of all
MUTYH variants studied to be in general agreement with earlier work (Table 4.4). Notably, the
potentials as measured in HEPES buffer are almost identical to those obtained for E. coli MutY
in phosphate buffer (20). The similarity of the WT MUTYH electrochemical signals to those of
the E. coli protein strongly supports the notion that the primary function of the conserved Fe-S
cluster is redox activity in all organisms. Furthermore, the DNA-mediated nature of this signal in
MUTYH suggests that a process akin to the DNA-mediated redox-based damage search
observed in bacteria may also be present and operating in humans.
Unlike WT MUTYH, the C306W mutant showed an unexpected, and irreversible,
reduction between -50 and -100 mV versus NHE in combination with loss of the reversible
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signal; EPR spectroscopy confirmed this additional signal to be the [3Fe4S]+/0 couple. The
observed degradation and poor DNA binding in MUTYH C306W are consistent with the higher
DNA binding affinity associated with increasing charge in [4Fe4S] clusters, in which Coulombic
effects cause the [4Fe4S]3+ cluster to bind the DNA polyanion significantly more tightly than the
[4Fe4S]2+ form (21). The relationship of cluster charge to binding affinity predicts that the
[3Fe4S]+ and [3Fe4S]0 degradation products, with one and zero net charges, would bind much
more weakly to DNA than the [4Fe4S]2+ form, and the irreversible reduction observed in
degraded MUTYH C306W was experimentally verified. Overall, our results suggest that, for
MUTYH C306W, ordinary redox activity on DNA would lead to oxidation to the [4Fe4S]3+
state, as is typical in these proteins, but the lower stability of the cluster would promote the loss
of an iron atom and irreversible dissociation following a second redox signaling cycle.
Ultimately, this process could result in the low iron content measured by ICP-HRMS, an effect
that might well be exacerbated if the dissociated [3Fe4S]0 form degraded further when removed
from the protective environment of DNA. Cluster degradation in MUTYH C306W is also
consistent with the low levels of glycosylase activity and poor DNA binding affinity as measured
by BLI (Table 4.2), which are attributes of bacterial MutY following cluster removal (19). This
inherent instability of the C306W Fe-S cluster and consequent loss of function, we propose to be
causative of pathogenicity this MUTYH variant.
With regard to other potential causes of pathogenicity, we recognize that MUTYH is also
regulated by post-translational modifications, including phosphorylation and ubiquitination, that
could be altered by this mutation (47, 48). However, these sites are in different regions of the
protein relative the [4Fe4S] domain, and are thus unlikely to be affected by this particular
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mutation. Thus, redox-stimulated cluster degradation is most likely the primary cause of
pathogenicity in MUTYH C306W.
The irreversible [3Fe4S] cluster signal seen in MUTYH C306W has not been previously
observed in electrochemical studies of DNA-processing [4Fe4S] proteins, but the signal was
within the same redox potential range reported for the [3Fe4S]+/0 couple of bacterial nickel-iron
hydrogenase and fumarate reductase enzymes (49-51). In E. coli MutY, [4Fe4S] cluster ligand
substitution of the corresponding cysteine residue has been shown to result in defective DNA
binding, similar to the situation with MUTYH C306W (52). It should be noted, however, that
none of the substitutions involving E. coli MutY were to a residue as bulky or destabilizing as
tryptophan (52).
Given the results obtained for MUTYH C306W, it appears probable that mutations in
other residues that alter the region around the [4Fe4S] cluster will be similarly deficient in their
ability to mediate repair of oxidatively damaged DNA in vivo (53-57). Indeed, four arginines
participate in H-bonding to the four cysteines that coordinate with the [4Fe4S] cluster (56)
(Table 4.5) and mutations to each one are associated with colorectal cancer (1). It is probable
that these mutations also result in instability, degradation and dysfunction of the Fe-S cluster
secondary to the same mechanisms detailed above. The effects of these lesions as well as the
C306W variant underscore the importance of the [4Fe-4S] co-factor in establishing competent
MUTYH-mediated DNA repair.
The current study advances our basic electrochemical understanding of the redox
chemistry, function, and integrity of the [4Fe4S] cluster. Concomitantly, we are acquiring a
better appreciation for the pathologic sequelae resulting from disruption of the Fe-S cluster.
Specifically, within the context of the present investigation we have documented and provided
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explanation for a novel mechanism of colonic polyposis and cancer predisposition caused by
electrochemical compromise of the MUTYH [4Fe4S] cluster. Future studies, we anticipate, will
provide further clarification of the central role of the cluster in MUTYH-mediated DNA repair
and its underlying electrochemistry.
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Table 4.5 The four coordinating cysteines and surrounding arginines predicted or
reported14 to be associated with MAP.
Residue

Reported Variant

C290

C290W55

C297

not reported

C300

not reported

C306

C306W (this study)

R241

R241W53,55, R241G14

R245

R245L56, R245C14, R245H14,54

R247

R247G14

R309

R309C9,57
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Chapter 5

A Redox Role for the [4Fe4S] Cluster
of Yeast DNA Polymerase δ
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Introduction
During genomic replication, eukaryotic cells divide the task of DNA synthesis between
three B-family DNA polymerases (Pols): Pol α, Pol δ, and Pol ε (1). In the most widely accepted
model, the DNA primase-Pol α complex initiates 5ʹ-3ʹ DNA synthesis by forming an RNA-DNA
hybrid primer that is then extended by Pol ε on the continuously generated leading strand and by
Pol δ on the discontinuously formed lagging strand (2). Additional roles for Pol δ during leading
strand replication have been suggested (3, 4), and Pol δ is also involved in various DNA
recombinatorial and repair processes (5). Structurally, each of the B-family polymerases forms a
multi-subunit complex composed of a catalytic subunit and a B-subunit, with additional
accessory subunits present in Pol δ and Pol ε (6). Recent work has shown that a [4Fe4S]2+ cluster
in the C-terminal domain (CTD) of the catalytic subunit is essential for the formation of multisubunit complexes at least in the case of Pol δ (6).
While the C-terminal [4Fe4S] cluster is certainly important for complex formation (6),
several lines of evidence suggest a more direct functional role. First, a 2.5 Å X-ray crystal
structure of the yeast Pol α CTD in complex with its B-subunit contained zinc in place of a
cluster, demonstrating that complex formation can be supported by simpler metals (8). Given the
metabolic expense of [4Fe4S] cluster biosynthesis and loading into target proteins, the strict
conservation of this cofactor in the B-family polymerases suggests that it serves an important
function (9). Indeed, the importance of [4Fe4S] clusters in these enzymes is emphasized by the
presence of an additional cluster in the unique Pol ε N-terminal domain (10).
The [4Fe4S] clusters perform a wide range of roles in biology including enzymatic
catalysis and electron transfer (11). In the DNA polymerases, the cluster is not required for
catalysis (3, 12). Many DNA-processing enzymes have now been shown to contain [4Fe4S]
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clusters, and, in many cases, a DNA-bound redox activity of the cluster has been demonstrated
(13-16). These diverse proteins include base excision repair glycosylases, repair helicases, and
DNA primase. As in the Pol δ holoenzyme, the clusters are largely redox-inert in the absence of
DNA (17-20). However, when bound to DNA, these protein cofactors undergo a significant
negative shift in redox potential, activating the clusters toward oxidation (21-23).
Electrochemical experiments with DNA-bound proteins show a reversible redox signal with
potentials ranging from 65-95 mV versus the normal hydrogen electrode (NHE) (13-16). EPR
studies support the assignment of the reversible signal to the [4Fe4S]3+/2+ couple favored by highpotential iron proteins (HiPIP) that are electron carriers (13, 24-25). In addition to modulating
redox potential, the π-stacked base pairs of DNA can act as a medium for long-range charge
transport between redox-active proteins (26). DNA-mediated charge transport (DNA CT) is
characterized by a shallow distance dependence and high sensitivity to base pair stacking,
making it an excellent reporter of DNA integrity (26). Importantly, although DNA CT can be
attenuated by proteins that bend the duplex or flip out bases, DNA CT can proceed unimpeded
through nucleosome-wrapped DNA (26).
The redox activity of the [4Fe4S] cluster appears to be utilized in many of these proteins
as a switch to regulate DNA binding and therefore activity. For the DNA repair enzyme,
Endonuclease III (EndoIII), the negative shift in redox potential associated with DNA binding
has been shown to lead to a 500-fold increase in DNA affinity for the oxidized [4Fe4S]3+ cluster
versus the reduced 2+ form (27). In the case of human DNA primase, the oxidation state of the
[4Fe4S] cluster also controls template binding, and redox switching through electron transfer
between clusters in primase and Pol α has been proposed to regulate RNA primer handoff (16).
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Here we focus on Pol δ, a central B-family polymerase. We utilize a combination of
electrochemical, spectroscopic, and biochemical techniques to investigate redox activity in this
enzyme and to understand the consequences of redox switching for polymerase activity. These
studies provide a new perspective on polymerase regulation under oxidative stress.
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Materials and Methods
Protein Expression and Purification
Yeast Pol δ (WT and exo- D520V), RFC, RPA, PCNA, and E. coli EndoIII were
expressed according to previously published protocols (7, 28).
DNA Preparation
The DNA substrate for electrochemistry consisted of a 49:58-mer primer-template
composed of three oligomers: a 20-mer with a 3ʹ thiol modification, a 38-mer, and a 49-mer
complement; sequences are as follows (see also Figure 5.1c):
20-mer Thiol: 5′ - GCT GTC GTA CAG CTC AAT GC - 3′ - (CH2)2O(CH2)3SH
38-mer: 5′ - TAA CAG GTT GAT GCA TCG CGC TTC GGT GCT GCG TGT CT - 3′
49-mer: 5′ - GCA TTG AGC TGT ACG ACA GCA GAC ACG CAG CAC CGA AGC GCG
ATG CAT C - 3′
The bold G of the 49-mer was changed to an A or an abasic (AP) site for CA mismatch and
abasic site discrimination experiments.
Thiol-modified DNA sequences for electrochemistry were prepared by standard
phosphoramidite chemistry on a DNA synthesizer (Applied Biosystems) using A, G, C, T
phosphoramidites and the 3′-Thiol-Modifier 6-S-S CPG as purchased from Glen research. DNA
substrates were cleaved and deprotected by 8-hour incubation in NH4OH (Sigma-Aldrich) at 65
℃. Deprotected DNA was separated from truncation products by reverse-phase HPLC (Agilent
PLRPS column, gradient of 5 – 75% ACN/95 - 25% 50 mM NH4Ac over 30 minutes at a 2
mL/min flow rate). Thiol-modified DNA was reduced by dissolving in 50 μL Tris, pH 8.0
(Qiagen elution buffer), adding excess DTT (Sigma-Aldrich), and shaking for 45 minutes. DTT
was removed by filtration through a NAP-5 column (GE Healthcare) prior to a final round of
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HPLC purification (gradient of 5 – 15% ACN/95 – 85% 50 mM NH4Ac over 35 minutes at 2
mL/min). Lastly, single-stranded DNA was desalted by standard ethanol precipitation (100 μl
water, 1 mL 100% EtOH, 130 mM NaCl) and the identity of the substrate was confirmed by
MALDI-TOF. Unmodified oligomers were ordered from IDT and purified by the DMT-free
HPLC method. Desalted DNA was dissolved in a phosphate storage buffer (5 mM sodium
phosphate, 50 mM NaCl, pH 7.0) and concentrations were determined by UV-visible
spectroscopy using ε260 values estimated by Integrated DNA Technologies (IDT). Equimolar
concentrations of single stranded DNA were then degassed and annealed (rapid heating to 95o C,
5-minute incubation, and 1.5 hour cooling to 20 o C).
DNA replication assays used single-stranded M13mp18 plasmid purchased from New
England Biolabs (NEB). Primers were purchased from IDT and purified by HPLC as described
above. Primed DNA was formed by heating a 1:1 plasmid/primer mix in activity buffer (50 mM
Tris-HCl, pH 7.8, 50 mM NaCl) to 90° C for 5′ and cooling to RT over several hours. The
M13mp18 DNA primer had the following sequence (complementary to positions 6265-6235):
5′ - GAC TCT AGA GGA TCC CCG GGT ACC GAG CTC G - 3′
Primers were radiolabeled by incubating 10 pmol of 31-mer M13mp18 primer with T4
polynucleotide kinase (PNK) and [γ-32P] ATP (Perkin Elmer) in T4 buffer (NEB) for 15 minutes
at 37° C. Reactions were stopped by addition of EDTA to 10 mM and heating at 75 o C for 10
minutes. 2 log DNA ladder (NEB) was dephosphorylated by calf intestinal alkaline phosphatase
(CIAP; 60 minutes, 37° C) prior to labeling in the same manner. As an additional size standard,
duplexed M13mp18 DNA was linearized by digestion with HincII (60 minutes, 37° C) and
dephosphorylated by CIAP prior to radiolabeling. Proteins and unincorporated ATP were
removed using spin columns (BioRad Microspin6) equilibrated in Pol δ activity buffer (50 mM
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Tris-HCl, pH 7.8, 50 mM NaCl). T4 PNK, CIAP, HincII, and dsM13mp18 DNA were purchased
from NEB.
Preparation of DNA-Modified Gold Electrodes
Multiplexed chips containing 16 Au electrodes (0.015 cm2 area) were prepared as
described previously (29). Self-assembled monolayers (SAMs) were formed by incubating 25 μL
of 25 μM duplexed DNA on the electrode overnight, after which electrodes were rinsed 3-5
times in phosphate buffer (5 mM sodium phosphate, pH 7.5, 50 mM NaCl) and backfilled for 45
minutes with 1 mM 6-mercapto-1-hexanol (Sigma-Aldrich) in the same buffer containing 5%
(v/v) glycerol. Electrodes were then extensively rinsed in phosphate buffer followed by protein
storage buffer (30 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT, 0.1 mM EDTA, 10%
glycerol, and 0.01% decaethylene glycol monododecyl ether). Lastly, the absence of
electroactive impurities was confirmed by scanning the surface with cyclic voltammetry (CV).
Bulk electrolysis experiments were undertaken by droplet electrochemistry (30-40 μL solution)
on Au rod electrodes of 0.0314 cm2 electrode area (Pine Research Instrumentation). Electrodes
were cleaned as previously described (30), and monolayers formed using the same procedure as
the multiplexed chip.
Pol δ Electrochemistry
All electrochemical experiments were performed using a potentiostat equipped with a
multiplexer, both from CH Instruments. Experiments used a standard 3-electrode cell composed
of an Au working electrode, a Ag/AgCl reference electrode in 3 M NaCl (BASInc), and a 1 mm
diameter Pt wire counter electrode (Lesker). Potentials were converted from Ag/AgCl to NHE by
adding 212 mV to the potential as measured by Ag/AgCl; this correction accounted for both
ambient temperature and the use of 3 M NaCl for reference storage (31). Experiments with Pol δ
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were all run in polymerase storage buffer (30 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT,
0.1 mM EDTA, 10% glycerol v/v, and 0.01% w/v decaethylene glycol monododecyl ether).
Because PCNA can slide directly onto DNA with open ends, the clamp loader complex
RFC was excluded from these experiments (32). WT Pol δ 3′-5′ exonuclease activity was
prevented by excluding Mg2+ from the buffer. In initial experiments, 3-5 μM WT Pol δ or
exonuclease-deficient Pol δ D520V (DV) (33) was incubated on the electrode for several hours
in the presence of 5-10 μM PCNA. To spare enzyme, later experiments used Pol δ DV at 500 nM
in combination with 5.0 μM PCNA, 80 μM dATP and 8 mM MgAc2. Cyclic voltammetry (CV;
100 mV/s scan rate) and square wave voltammetry (SQWV; 15 Hz frequency, 25 mV amplitude)
scans were taken once per hour for several hours. Between scans, electrodes were covered in
Parafilm and stored in a humid environment to minimize evaporation. CV scan rate dependence
was assessed after 3 hours using rates of 20, 50, 80, 100, 200, 500, 750, and 1000 mV/s. In
experiments with abasic and CA mismatch DNA, signal attenuation was calculated as follows:
[1 – ((peak area on abasic or CA mismatch DNA)/(peak area on unmodified DNA))]*100%

Pol δ concentrations are reported as the concentration of [4Fe4S] cluster, determined by
UV-visible absorbance at 400 nm (ε400 = 13000 M-1cm-1) (7). The [4Fe4S] cluster loading was
in the range of 70-85%, determined by dividing [4Fe4S] concentration by total protein
concentration as measured by Bradford assay, Pierce BCA assay, and UV-visible absorbance at
280 nm (ε280 = 194100 M-1cm-1; estimated using the EXPasy ProtParam tool). Bradford and
BCA assay standard curves were generated using a BSA standard, and both kits were purchased
from Thermo Scientific. UV-visible spectra were taken on a Cary Varian instrument using 100
μL quartz cuvettes purchased from STARNA Cells.
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When possible, diffusion coefficients were obtained from the scan rate dependence of the
CV current using the Randles-Sevcik equation (34):
Ip = [0.4463(F3/RT)1/2](n3/2)(A)(D1/2)(C°)ν1/2

(2)

Ip is the peak current in amperes, F is Faraday’s constant (96485 C·mol-1), R is the universal gas
constant (8.314 J·(mol·K)-1), T is temperature in K, n is the number of electrons transferred per
CV peak, A is electrode area in cm2, D is the diffusion coefficient in cm2·s-1, C° is bulk protein
concentration in mol·cm-3, and ν is the scan rate in V·s-1. Experimental values of D were
compared to those estimated by the Stokes-Einstein equation,
D = kBT/6πηR

(3)

where kB is Boltzmann’s constant (1.38 x 10-23 J·K-1), T is the incubation temperature (293 K), η
is the solution viscosity (estimated to be 1.38 x 10-3 Pa·s for an aqueous solution with 10%
glycerol), and R is the hydrodynamic radius. R was estimated to be ~26 Å from dimensions
obtained from X-ray crystal structures of DNA-bound Pol3, Pol1-Pol12, and PCNA (PDB ID
3IAY, 3FLO, and 4YHR, respectively).
Electrochemical Oxidation and Spectroscopic Analysis of Pol δ
To prevent cluster degradation in the presence of O2, bulk electrolysis was performed in
an anaerobic glove bag (COY) under a 95% N2, 5% H2 atmosphere with an O2-scavenging
catalyst present. Buffers were degassed by bubbling in argon for several hours and stored open in
the glove bag overnight prior to experiments. For spectroscopic characterization, a 150 μL
sample of 1-2 μM Pol δ was added to two identical DNA-modified electrodes. On one electrode,
a potential of 0.412 V vs NHE was applied for ~15 minutes, while no potential was applied to
the other. Oxidation yields were estimated by taking the difference between the total charge
obtained in the presence of Pol δ and that generated by electrolysis with buffer alone. Following
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electrolysis, UV-visible and electron paramagnetic resonance (EPR) spectroscopy were used to
confirm the integrity of the cluster after electrolysis. Samples were sealed in cuvettes for UVvisible spectroscopy, and subsequently returned to the glove bag and added to EPR tubes. Tubes
were sealed by Parafilm and frozen in liquid nitrogen outside the bag. Continuous wave X-band
EPR was performed at 10 K, and each experiment consisted of 9 sweeps taken at 12.88 mW
microwave power, 2 G modulation amplitude, and 5.02 x103 receiver gain.
Pol δ Activity Assays
Immediately prior to assays, Pol δ DV was oxidized on Au rod electrodes exactly as
described for spectroscopic characterization, but the sample was diluted to 190 nM in degassed
storage buffer in a total volume of 30-40 μL. Reduction of oxidized sample was carried out at a
potential of -0.188 V vs NHE for a similar length of time. In parallel with electrolysis, 140 μL
reaction mixes (0.1mg/mL BSA, 80 μM each dNTP, 500 μM ATP, 2.0 nM M13mp18 with a 32Plabeled primer, 8.0 mM MgAc2, 500 nM RPA, 5.0 nM RFC and 5.0 nM PCNA, 50 mM NaCl,
50 mM Tris-HCl, pH 7.8) were prepared inside the glove bag. The PCNA sliding clamp was
loaded onto the primer end by incubating the reaction mix with the RFC clamp loader and ATP
for 1 minute at 30 °C. After clamp loading, reactions were initiated by the addition of 2 nM
(final concentration) oxidized, untreated, or re-reduced Pol δ DV. Reactions were run at 30 °C,
and 20 μL aliquots were removed and quenched at specific time points by adding 10 μL stop mix
(10 mM EDTA and 0.1% v/v SDS final concentration). The polymerase was heat-inactivated for
10-20 minutes (55 °C), and samples were counted on a liquid scintillation counter to determine
exposure time (1 hour per 300,000 counts). Samples were dried on a speed vacuum and
dissolved in alkaline gel buffer (500 mM NaOH, 10 mM EDTA) with 1x alkaline loading dye
(6x stock: 300 mM NaOH, 6.0 mM EDTA, 18% Ficoll w/v, 0.25% xylene cyanol w/v, and
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0.15% bromocresol green w/v), and equivalent amounts of radioactivity were then loaded onto a
1% alkaline agarose gel and run at 30 V for 14-15 hours. Gels were neutralized in 7% TCA (w/v)
in water for 30 minutes at RT and dried under mild pressure for several hours, exposed on a
phosphor screen and visualized on a Typhoon phosphorimager (GE Healthcare). Products were
analyzed using ImageQuant software (GE Healthcare). The relative amounts of DNA synthesis
were determined by dividing the volume of the largest band in an oxidized sample by the
equivalent band in the appropriate untreated sample.
To limit DNA synthesis to that of a single processive cycle by the PCNA-Pol δ complex,
0.01 mg/mL heparin was included in reactions (35) that were then analyzed on 5%
polyacrylamide gels. In these instances, Pol δ was added after clamp loading and reactions were
started by adding a mix of dNTPs and heparin. Quenched reactions were then counted, dried, and
redissolved in 2.0 μL formamide loading dye. Immediately prior to gel loading, samples were
heated at 90 ℃ for 10 minutes, and gels were run at ~50 W for 5 hours in 1x TBE buffer.
Polyacrylamide gels were then exposed and imaged by phosphorimager analysis.
Tris-HCl, NaCl, MgAc2, BSA, and heparin were purchased from Sigma-Aldrich, while
dNTPs and ATP were from NEB. dNTPs, ATP, and MgAc2 were thoroughly degassed prior to
reaction, and the protein stocks were kept open during a series of vacuum/nitrogen/gas mix
purges to minimize residual oxygen.
Chemical Oxidation of Pol δ
For photooxidation, the 31-mer M13mp18 primer was covalently modified with a 5′
anthraquinone (AQ). AQ was prepared as a phosphoramidite and added to the unmodified DNA
on a DNA synthesizer according to previously reported procedures (36). The presence of AQ
was verified by MALDI-TOF, and the modified primer was annealed to M13mp18 DNA in Pol δ
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activity buffer (50 mM Tris-HCl, pH 7.8, 50 mM NaCl). Because the 5′ AQ modification
prevented 32P end-labeling, DNA was labeled by adding 2 μCi [α-32P] dATP (Perkin Elmer) to
the reaction, and incorporation of [α-32P] dATP was facilitated by lowering the concentration of
cold dATP from 80 μM to 10 μM.
Anaerobic reaction mixes lacking dNTPs were prepared in glass vials and incubated
under a solar simulator equipped with a UVB/C long pass filter or in the dark for 30 minutes. To
ensure complete oxidation, 2-fold molar excess of both PCNA and Pol δ DV were included. As
controls, reactions were also run using unmodified DNA (no AQ) and AQ reactions were
repeated with 140 nM Klenow fragment exo- (NEB). After treatment, samples were returned to
the glove bag and transferred into Eppendorf tubes containing dNTPs to start the reaction. Free
dNTPs were removed using BioRad Microspin 6 columns in SCC buffer (GE Healthcare) and
sample radioactivity was quantified on a liquid scintillation counter. Samples were then run out
on a 1% alkaline agarose gel and visualized by phosphorimaging analysis. Overall [α-32P] dATP
incorporation was used to compare overall DNA synthesis levels by dividing the total
radioactivity counts in oxidized samples by those of dark controls.
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Results
Electrochemical Characterization of Pol δ
To determine whether Pol δ holoenzyme was redox active in the presence of DNA, we
carried out electrochemistry on DNA-modified gold electrodes. In initial experiments, 3 μM WT
Pol δ in storage buffer was combined with 10 μM PCNA and incubated on the electrode for
several hours. CV scans taken hourly reveal a reversible signal with a midpoint potential of 116
± 3 mV vs NHE (Figure 5.1). This signal grew in over time to reach a maximum size of 41 ± 4
nC and -51 ± 2 nC for the reductive and oxidative peaks at a 100 mV/s scan rate after two hours
of incubation (Figure 5.1). The CV current varied linearly with the square root of the scan rate
(Figure 5.2), yielding a diffusion coefficient D on the order of 7 x 10-6 cm2·s-1 upon application
of the Randles-Sevcik equation. A linear dependence on the root of the scan rate is characteristic
of diffusive rather than adsorbed species, which instead show a linear relationship between scan
rate and current (34). Diffusive behavior has been observed previously for DNA repair proteins
under similar conditions, and would indeed be expected for a polymerase-sliding clamp complex
on a free DNA end (14). No differences were observed between aerobic and anaerobic
electrochemistry carried out in a glove bag, indicating that the cluster is relatively stable in air
and consistent with the general long-term stability of B-family DNA polymerases (37). The
redox couple observed was attributed to the [4Fe4S]3+/2+ based on the fact that Pol δ is HiPIPlike, being EPR-silent unless oxidized (7). In addition, the electrochemical signal is similar to the
DNA glycosylases EndoIII and MutY, in which the identity of the couple has been established
by EPR (13, 24).
We could obtain quantifiable signals at lower concentrations by adding dNTPs and Mg2+
to enhance protein association with the DNA. To prevent degradation of the DNA substrate by
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the 3ʹ-5ʹ exonuclease activity of WT Pol δ, we turned to the exonuclease-deficient mutant Pol δ
DV (D520V) for these experiments (33). At 113 ± 5 mV vs NHE, the midpoint potential of Pol δ
DV is indistinguishable from WT (Figure 5.1). By adding 80 μM dATP (the incoming
nucleotide), 8.0 mM MgAc2, and 5.0 μM PCNA, we were able to see signals with Pol δ
concentrations as low as 500 nM (Figure 5.1). Under these conditions, the maximum CV peak
areas were 6.9 ± 1 nC and -7.5 ± 1 nC for the reductive and oxidative peaks at a scan rate of 100
mV/s.
The Pol δ midpoint potential as measured resides within the HiPIP regime, but it is
slightly higher than the 65-95 mV vs NHE reported for DNA-bound repair proteins (13, 28). To
determine if this was an intrinsic difference between these proteins or the result of different
buffer conditions, we performed electrochemistry on the well-studied E. coli BER glycosylase
EndoIII following exchange into Pol δ storage buffer (28). In standard phosphate storage buffer
(20 mM sodium phosphate, pH 7.5, 100 mM NaCl, 1 mM EDTA, 10% glycerol v/v), the EndoIII
midpoint potential is ~80 mV versus NHE (28). When we exchanged EndoIII into Pol δ storage
buffer, CV and SQWV scans of 140 μM EndoIII resulted in a midpoint potential of 113 ± 3 mV
versus NHE, which is indistinguishable from that of Pol δ (Figure 5.3). Notably, this result held
even when EndoIII was diluted to 1.5 μM to more closely approximate the conditions used for
polymerase experiments (Figure 5.3). UV-visible spectra confirmed the stability of EndoIII in
Pol δ buffer (Figure 5.3a). That the EndoIII midpoint potential matches that of Pol δ confirms
that there is no significant difference between the [4Fe4S] cluster between these two proteins.
The potential increase in Pol δ storage buffer is thus most likely the result of higher ionic
strength (350 mM NaAc in Pol δ buffer vs 150 mM NaCl in EndoIII buffer) (38, 39). In any
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case, these results support the assertion that the [4Fe4S] cluster resides in the same narrow
potential regime in a wide range of DNA-binding proteins.
Given that Pol δ ordinarily functions in complex with PCNA, we next asked what effect
PCNA might have on the electrochemical properties of Pol δ. In the absence of PCNA, the
midpoint potential is unaltered at 115 ± 8 mV versus NHE, but the signal was markedly smaller,
reaching a maximum CV peak area of 0.4 ± 0.1 nC for the reductive peak and -0.7 ± 0.1 nC for
the oxidative peak (Figure 5.4). The signal also decayed more rapidly with PCNA absent,
suggesting lower polymerase stability. To more quantitatively compare the signals obtained in
the presence and absence of PCNA, we measured diffusion coefficients (D) under both
conditions, as well as with and without dATP, by applying the Randles-Sevcik equation to the
scan rate dependence of the current (34). To confirm that our values were within the expected
range, we also calculated D from the Stokes-Einstein equation, using a hydrodynamic radius
obtained from several crystal structures. At maximum signal size, D was found to be 6.7 ± 3 x
10-6 cm2·s-1 with both PCNA and dATP present, which is within one order of magnitude of the
Stokes-Einstein estimate (6.0 x 10-7 cm2·s-1). The difference between these values most likely
reflects the use of simplified geometries calculated from partial crystal structures. In the absence
of PCNA, D decreased by more than an order of magnitude to 1.2 ± 0.3 x 10-7 cm2·s-1, lower than
either our experimental values with PCNA present or our Stokes-Einstein estimates, indicating a
change in complex shape. As Pol δ has multiple contacts with PCNA, a change in shape is
expected, and our result is fully consistent with earlier studies that indicates an elongate form for
Pol δ alone in solution and a more compact form when bound to PCNA (7, 40). To see if dNTPs
can also contribute to the shape of PCNA-bound Pol δ, we prepared a surface with Pol δ and
PCNA but lacking dATP and Mg2+. Under these conditions, the signal is comparable to that in
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the absence of PCNA, giving a D value of 2.2 ± 0.7 x 10-7 cm2·s-1 and suggesting that, even with
PCNA present, Pol δ is less compact without dNTPs. Taken together, these results indicate that
PCNA does not affect the potential of Pol δ but is critical for effective DNA binding. The
differences in signal size and stability suggest that, at least at nanomolar concentrations, the Pol δ
[4Fe4S] cluster is most strongly coupled to the electrode when both PCNA and dNTPs are
present. The importance of PCNA and dNTPs to DNA binding further suggest that the signals
observed were from DNA-bound protein.
Given the experimental support for the observed electrochemical signals being DNAbound, we next aimed to determine if Pol δ can signal in a DNA-mediated fashion. To this end,
we prepared multiplexed chips containing DNA modified with either an abasic site or a CA
mismatch 6 nucleotides from the thiolated end (Figure 5.1). Because DNA-bound proteins are
capable of charge transport both through the DNA bases and directly through the monolayer
surface, we also varied monolayer morphology in these experiments (Figure 5.5) (28). Thiolated
DNA monolayers can be self-assembled in two basic ways: overnight incubation with 100 mM
MgCl2 forms closely packed islands of DNA (30-50 pmol·cm-2), while standard loosely packed
monolayers (15-20 pmol·cm-2) form in the absence of Mg2+ (Figure 5.) (41, 42). Loosely packed
monolayers had been used exclusively to this point to avoid steric crowding with large protein
complexes, but the more densely covered closely packed monolayers have been shown to be
more amenable to DNA-mediated signaling in experiments with EndoIII (28). To test each of
these conditions, chips were prepared with one of the two monolayer forms, with the device
divided evenly between well-matched and either abasic or CA mismatch DNA (Figure 5). All
experiments were performed with 500 nM Pol δ DV in the presence of PCNA, dATP, and
MgAc2.

193
Consistent with previous studies on EndoIII (28), Pol δ redox potentials were identical on
both film morphologies, supporting the assertion that all observed signals are from DNA-bound
proteins (Figure 5). On closely packed DNA films, signal size was highly variable, but 46 ± 33%
signal attenuation as determined by SQWV occurred on abasic DNA (Figure 5.5). No mismatch
discrimination was observed, and even the abasic site discrimination decreased over time as
more protein diffused to the surface. In general, the signals on closely packed monolayers are
consistent with significant steric hindrance causing protein-DNA complexes to lie flat on the
surface (Figure 5.5b). In contrast, signals on loosely packed monolayers were of very consistent
size and showed significant charge attenuation with both abasic and CA-mismatch DNA,
reaching maxima of 44 ± 16% on abasic DNA and 46 ± 29% on CA-mismatch DNA after 2
hours of incubation as measured by SQWV (Figure 5.5). Abasic site and mismatch
discrimination remained stable over several hours, suggesting less steric hindrance not on loosely
packed DNA. Together, these results confirm that Pol δ is capable of DNA-mediated signaling
and emphasize the importance of substrate accessibility when assessing CT by large protein
complexes.
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Figure 5.1 Cyclic voltammetry with WT and exonuclease-deficient Pol δ. (Top) The addition of
3.0 μM WT Pol δ and 10 μM PCNA to a DNA-modified gold electrode resulted in a reversible
CV signal with a midpoint potential centered at 113 ± 4.7 mV versus NHE (red trace). By using
the exonuclease deficient mutant Pol δ DV, which cannot degrade DNA in the presence of
catalytic magnesium, signals could be obtained at concentrations as low as 500 nM when
MgAc2, 5 μM PCNA and excess dATP were included (blue trace). As expected, WT Pol δ and
Pol δ DV have indistinguishable midpoint potentials at 116 ± 3 and 113 ± 3 mV versus NHE,
respectively. (Bottom) DNA substrate design for electrochemical experiments. The substrate
consists of 3 parts, a 20-mer thiol, a 38-mer and a 49-mer complement. Notably, the nick in the
phosphate backbone is not expected to interfere with CT. Electrochemistry was performed in
storage buffer (30 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT, 0.1 mM EDTA, 10%
glycerol v/v, 0.01% decaethylene glycol monododecyl ether v/v), and the abasic site/mismatch
discrimination experiments also included 5.0 μM PCNA, 80 μM dATP, and 8.0 mM MgAc 2. All
CV scans were taken at a scan rate of 100 mV/s.
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Figure 5.2 Scan rate dependence of the CV current in 500 nM Pol δ DV incubated with 5.0 μM
PCNA, 80 μM dATP, and 8.0 mM MgAc2. (a) The maximum peak current increases with
increasing scan rate, coupled with an increase in peak splitting. (b) The current exhibits a linear
dependence on the square root of the scan rate, characteristic of a diffusive rather than adsorbed
species. The scan rates included are 20, 50, 80, 100, 200, and 500 mV/s. The line was fit to data
averaged from 8 separate experiments, and the fit is I = 7.7559ν1/2 + 0.5725 with an R2 value of
0.9828.
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Figure 5.3 Pol δ and EndoIII electrochemistry compared. 1.5 μM EndoIII (stored in 20 mM
sodium phosphate, pH 7.5, 150 mM NaCl, 1 mM EDTA) was exchanged into Pol δ storage
buffer (30 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT, 0.1 mM EDTA, 10% v/v glycerol,
0.01% decaethylene glycol monododecyl ether w/v) and added to a multiplexed chip containing
unmodified Pol δ DNA (49:58-mer substrate). (a)UV-visible spectra taken before and after
buffer exchange confirm the stability of EndoIII in a HEPES-based buffer. (b) The midpoint
potential as measured by CV is 113 ± 3 mV, virtually indistinguishable from Pol δ DV at 113 ± 5
mV versus NHE.
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Figure 5.4 SQWV of 500 nM WT Pol δ and exonuclease-deficient Pol δ DV with and without
5.0 μM PCNA. WT and exo- Pol δ DV share the same potential, and both generate a substantial
signal on a DNA-modified gold electrode; the smaller size of the WT signal may be due in part
to DNA degradation by exonuclease activity. PCNA itself does not affect the potential, but its
absence results in significantly decreased signal size and lower stability over time. SQWVs were
taken at 15 Hz frequency and 25 mV amplitude, and electrochemistry was carried out in storage
buffer (20 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT, 0.1 mM EDTA, 10% glycerol v/v,
0.01% decaethylene glycol monododecyl ether v/v) with 8.0 mM MgAc2 and 80 μM dATP.
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Figure 5.5 Pol δ electrochemistry on different DNA monolayer morphologies. (a) To find an
optimal DNA monolayer morphology for Pol δ signaling, we prepared multiplexed chips
containing either closely packed (assembled with 100 mM MgCl2) or loosely packed (no MgCl2)
DNA films. Two chips were prepared for both morphologies, with one half of each chip
consisting of well-matched (WM) DNA (dark blue) and the other containing DNA with either an
abasic site (red) or a CA mismatch (orange) 6 nucleotides from the monolayer surface. (b) On
closely packed films, Pol δ SQWV signals were highly variable and showed 46 ± 33%
attenuation on abasic DNA (solid SQWV traces) but no significant mismatch discrimination
(dashed SQWV traces). (c) In contrast, SQWV signals on loosely packed films were much more
consistent between electrodes, with a 44 ± 16% signal loss on abasic DNA (solid traces) and 46
± 29% signal loss with CA mismatch DNA (dashed traces). To minimize the effects of
variability between devices, all direct comparisons were made on a single chip; scans that were
directly compared are denoted by either solid or dashed lines in the SQWV signals shown. The
SQWV traces shown are an average of 6 individual electrodes on a single device, with scans
taken at 15 Hz frequency and 25 mV amplitude.
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Activity Assays with Oxidized and Reduced Pol δ
Having seen that DNA binding can activate Pol δ for redox activity, we next asked if the
cluster oxidation state might affect polymerase activity. As purified, Pol δ exists largely in the
[4Fe4S]2+ state (7), so any assessment of activity differences would require extensive oxidation
to generate sufficient amounts of the [4Fe4S]3+ cluster for comparison. For this task, we used
bulk electrolysis on DNA-modified electrodes, applying an oxidizing potential of 0.412 V versus
NHE for 15-20 minutes under an inert atmosphere (95% N2/5% H2) to prevent cluster
degradation (Figure 5.6a).
High bulk electrolysis yields generally require an electrode with substantial surface area,
so we switched from multiplex chips to single gold rod electrodes for these experiments.
Multiplexed chips have many advantages for electrochemical characterization, but only a single
electrode can be addressed at a time and each sample in a quadrant is distributed across 4
separate electrodes. To confirm the effectiveness of this system, a sample of concentrated (150
μL of 2.74 μM) Pol δ was oxidized on a DNA-modified electrode in a custom-made glass cell for
several hours (Figure 5.6b). UV-visible spectra were taken before and after electrolysis, after
which the sample was then frozen for EPR in parallel with untreated protein (Figure 5.6c, d). The
[4Fe4S] cluster oxidation generally results in a broad increase in UV-visible absorbance from
300-450 nm with a less distinct peak at 410 nm in both the [4Fe4S]3+ and [3Fe4S]+ species (43–
45). After bulk electrolysis, increased absorbance from 300-400 nm, consistent with cluster
oxidation, was indeed observed. No significant increase in absorbance at 800 nm occurred after
oxidation, and the 280 nm peak associated with aromatic and thiolated amino acid residues
remained distinct. From our own observations, protein aggregation tends to generate a U-shaped
curve with high absorbance at 800 nm and a shallow, poorly defined peak at 280 nm, and the
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lack of these features in our spectra indicate that oxidized Pol δ did not aggregate (Figure 5.6c).
EPR signals are small as a result of the low sample concentration, but clear signals at g = 2.08
and g = 2.02 are present in the oxidized sample (Figure 5.6d). These signals are consistent with a
combination of [4Fe4S]3+ and [3Fe4S]+ cluster oxidation products (24, 44-45). A smaller signal
at g = 2.02 was also present in the native sample, consistent with earlier reports of residual
[3Fe4S]+ cluster in untreated Pol δ (7). That some [3Fe4S]+ cluster would occur upon oxidation
is not surprising, and similar results have been obtained for EndoIII and MutY (13, 24). In earlier
studies, loss of iron was attributed in part to damage incurred upon freezing, which may have
also happened here. Furthermore, oxidized Pol δ was stored away from protective DNA long
enough to take a UV-visible spectrum prior to freezing. In any case, some [4Fe4S] 3+ cluster was
still observed, and the [3Fe4S]+ cluster that did occur would have formed as a degradation
product of the [4Fe4S]3+ cluster (13).
Because activity assays require only low nanomolar polymerase concentrations, bulk
electrolysis for these experiments was carried out with 190 nm Pol δ DV to minimize sample
waste. Oxidation yields under these conditions were higher, typically around 75 – 90% as
determined from the total charge passed. After electrolysis, untreated or oxidized Pol δ DV was
added directly to pre-made reaction mixes to a final concentration of 2 nM (Figure 5.7a). When
run out on an alkaline agarose gel, it is apparent that at early time points less DNA synthesis was
carried out by oxidized Pol δ (Figure 5.7, 8). DNA synthesis can be more quantitatively
compared for the oxidized versus untreated sample by dividing the amount of frontier products
(highest molecular weight major products) in the oxidized sample by the amount present in
untreated samples. Using this analysis, oxidized Pol δ at 60-80% yield forms only 30-50% as
many large (~ 5 kb) DNA products as untreated Pol δ after 30 seconds (Figure 5.7c).
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Significantly, higher oxidation yields lead to lower activity levels. In any case, this difference
gradually decreases over the course of 10 minutes. Regardless of oxidation state, no DNA
synthesis occurs in samples lacking PCNA, confirming that all observed DNA synthesis is
processive (Figure 5.8c).
Reduction of the oxidized Pol δ stock by electrolysis at -0.188 V versus NHE effectively
restores DNA synthesis, reaching 90% of untreated levels at early time points (Figure 5.7, 8).
Critically, this result both confirms the reversibility of oxidative slowing and provides support
for the [4Fe4S]3+ cluster as the major oxidation product. As mentioned earlier, the reversible
electrochemical signals are consistent with [4Fe4S]3+/2+ cycling, but EPR spectroscopy with
oxidized Pol δ showed evidence of both [4Fe4S]3+ and [3Fe4S]+ products in the sample, leading
to some ambiguity. However, the nearly complete restoration of native activity levels upon rereduction would not be expected if most of the cluster had degraded to the [3Fe4S]+ state,
supporting the [4Fe4S]3+ cluster as the major oxidation product. These combined results thus
indicate that the [3Fe4S]+ cluster seen by EPR likely forms after the [4Fe4S]3+ major product
degrades over time in the absence of DNA; we have observed this previously with sample
freezing for E. coli EndoIII and MutY following chemical oxidation (13, 24).
To gain further insight into the effect of oxidation, reaction rates were estimated by
comparing frontier velocities. Velocities were calculated by dividing the amount of the largest
quantifiable band of DNA by time and the number of polymerase molecules present (46). This
method yields maximum rates of 118 ± 63 (SD, n = 7) nt/s per enzyme for untreated Pol δ and 21
± 27 (SD, n = 5) nt/s for oxidized Pol δ at 2 minutes. The rates obtained for untreated Pol δ are
consistent with previously published in vitro results (35), while the oxidized form is significantly
slower. This calculation represents just an upper estimate, as typical bulk electrolysis fails to
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oxidize around 20-30% of the enzyme; thus, some of the DNA synthesis observed in oxidized
samples can be attributed to the non-oxidized population. Indeed, the comparable amounts of
DNA synthesis observed after 5-10 minutes could have resulted from either slow oxidized
polymerase catching up or redistribution by of residual native Pol δ in the oxidized sample.
Overall, it is clear from these experiments that oxidation leads to a decrease in replication rate,
but resolution on alkaline agarose gels is insufficient to distinguish between complete stalling or
dramatic slowing of DNA synthesis.
To distinguish between stalling and slowing of DNA synthesis by oxidized Pol δ,
reactions were analyzed on 5% polyacrylamide gels to obtain increased resolution in the 30-1000
nucleotides range. In addition, DNA synthesis was limited to that of a single processive cycle by
the PCNA-Pol δ complex by adding heparin, which traps dissociated Pol δ (35). Without the
heparin trap, products up to 7 kb were observed, due to multiple processive cycles of synthesis
(Figure 5.7, 8). In order to visualize products at all sizes, reactions containing heparin were
divided in two, with half loaded onto a polyacrylamide gel and half onto an alkaline agarose gel.
With heparin present, alkaline agarose gels demonstrate a severe limitation to DNA synthesis,
with no products larger than ~1 kb observed on alkaline agarose gels (data not shown). When
these products are resolved on polyacrylamide gels, a greater proportion of both very small
(~primer length) and very large (~1 kb) products are formed by untreated Pol δ, while the
oxidized form generates more intermediate products between 30 and 1000 nucleotides (Figure
5.9).
These results illustrate several important points about the effects of oxidation on Pol δ
DNA synthesis. First, they verify that the oxidized form remains active and does not completely
stall. Second, the relatively greater amounts of very small products and unextended primers in
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reactions with native sample indicate greater susceptibility to dissociation from DNA and
trapping by heparin, while the native form that does associate produces longer products. In
contrast, oxidized Pol δ leaves fewer primers unextended or fully extended, instead making more
intermediate products between 150 bp and 1 kb. The greater proportion of extended primers is
consistent with tighter DNA binding after cluster oxidation, as has been observed with both
primase and DNA repair proteins (16, 27). However, the slower procession indicates that tighter
binding impedes rapid procession, acting as a brake on PCNA-mediated DNA synthesis. These
experiments suggest that the similar activity levels observed on alkaline agarose gels at time
points beyond 5 minutes could be explained by either the oxidized form gradually catching up or
by redistribution of the residual native enzyme in the sample. Regardless of the precise details,
the overall impact of polymerase stalling, with a 6-fold decrease in rate, would be significant on
the timescale of S-phase; unperturbed yeast S-phase lasts ~30 minutes, while using oxidized Pol
δ moving at 20 nt/s to replicate the lagging strand of the yeast genome would itself require 27
minutes (47-49).
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Figure 5.6. Characterization of electrochemically oxidized Pol δ. (a) Bulk electrolysis potentials
were ~200 mV beyond the major oxidative and reductive peaks at 0.412 V (oxidation) and 0.188 V (reduction) versus NHE. (b) Yields were calculated by subtracting a background
electrolysis (blue) from one containing protein (red) and taking the area under the resultant curve
(green). Electrolysis of 150 μL of 2.74 μM Pol δ at 0.412 V gave ~35% oxidation yield. (c) UVvisible spectra reveal an increased absorbance from 300-400 nm consistent with cluster oxidation
with no evidence of protein aggregation. (d) CW X-band EPR spectra at 10 K reveal the
presence of both [4Fe4S]3+ (g = 2.08) and [3Fe4S]+ (g = 2.02) species in the oxidized sample,
with a residual amount of [3Fe4S]+ cluster present in the native sample. These results are
consistent with the formation of [4Fe4S]3+ cluster after anaerobic bulk electrolysis, with some
degrading to form [3Fe4S]+ cluster in the absence of DNA. As slight sample loss did occur
following oxidation, the UV-visible spectrum of oxidized Pol δ has been normalized to native
absorbance at 280 nm to afford a more direct comparison. EPR spectra were taken at 12.85 mW
microwave power, 2 G modulation amplitude, and a receiver gain of 5.02 x103.
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Figure 5.7 Activity assays with native and electrochemically oxidized Pol δ DV. (a) 190 nM Pol
δ DV was oxidized or reduced by bulk electrolysis at potentials of 0.412 V and -0.188 V and
subsequently diluted to 2 nM final concentration into reaction mixes containing radiolabeled
M13mp18 DNA. (b, c) As seen on representative 1% alkaline agarose gels, oxidation lowers
activity levels at early time points, while reduction restores activity to native levels. The degree
of this effect can be quantified by dividing the amount of DNA synthesis in reactions with
oxidized or reduced Pol δ by that from reactions with untreated enzyme. The oxidation yield for
the gel shown in b is ~80%. Error bars are standard deviation of the mean (n ≥ 3).
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Figure 5.8 Complete alkaline agarose gels from Figure 5.7 and control lacking PCNA. The gels
include untreated and oxidized Pol δ DV with 5.0 nM PCNA (a), untreated and re-reduced Pol δ
DV (b), and untreated and oxidized Pol δ DV in the absence of PCNA (c). No DNA synthesis
occurs in the absence of PCNA, confirming that the observed activity in native and oxidized
samples is processive.
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Figure 5.9 Establishment of activity by oxidized Pol δ. To see if oxidized Pol δ remained active
or stalled completely, 0.01% heparin was included in reactions to challenge synthesis and
products were analyzed on a 5% denaturing polyacrylamide gel to resolve DNA between 30 and
1000 bp (left). Pol δ remains active after oxidation, primarily forming intermediate-sized
products (red range on gel). Native Pol δ is more sensitive to heparin, with more DNA close to
primer length (blue range), but when it does associate with DNA, most products are around the
maximum size (orange range). These results are consistent with tighter binding and slower
processive DNA synthesis by the oxidized form. Gels were quantified using ImageQuant
software; as synthesis appears as smears at this resolution, the total amount of backgroundsubtracted radioactivity in each major range shown was compared between untreated and
oxidized Pol δ. Error bars are standard deviation of the mean (n = 3).
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Chemical Oxidation of Pol δ with Anthraquinone
Electrochemical oxidation provides clear advantages in estimating yields and re-reducing
the oxidized sample, but the use of chemical oxidants is much more common. Thus, we were
interested to see if chemical oxidation could yield an equivalent result. To this end, we used an
anthraquinone (AQ)-derived photooxidant covalently tethered to the 5 ʹ end of the DNA primer
(36, 50). AQ has the advantage of oxidizing samples in a DNA-mediated fashion instead of the
less effective, direct oxidation of the protein by oxidants in solution (7, 50). Irradiation at 350 nm
of AQ generates an excited triplet state capable of oxidizing DNA bases, and AQ has been
studied extensively in the context of DNA CT (50-52). The DNA base of lowest potential,
guanine, has a redox potential of 1.29 V, which is considerably higher than that of the Pol δ
[4Fe4S] cluster at 113 mV (53). The presence of AQ on the primer, however, prevents 5ʹ 32P
end-labeling, so [α-32P] dATP added to reactions was used as an alternative label (Figure 5.10a).
Since [α-32P] dATP is not necessarily incorporated in a 1:1 ratio with DNA-primed ends, activity
levels were compared by total scintillation counts rather than by directly quantifying gel bands.
Following irradiation, samples with AQ showed lower overall DNA synthesis relative to
identical samples kept in the dark (Figure 5.10b, c). As with electrochemistry, the maximum
differentials occur at earlier time points. After 30 and 60 seconds, irradiated Pol δ showed 4060% of dark control DNA synthesis. In contrast, reaction mixes irradiated in the presence of
unmodified DNA are not significantly different from dark controls at early time points, and
remain equal or greater throughout the time course (Figure 5.10c, 11). Similarly, no significant
differences are observed between reactions with irradiated or untreated E. coli Klenow fragment
exo- on AQ-modified DNA (Figure 5.11), indicating that the attenuation observed in Pol δ DNA
synthesis can be attributed to [4Fe4S] cluster oxidation. Assuming the activity differential at
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early time points approximated the percentage of oxidized sample, as was the case
electrochemically, photooxidation yields ranged from 40-50%. Overall, the pattern of attenuated
activity after photooxidation is consistent with the results from electrochemical experiments
(Figure 5.10c), independently confirming the slowing of Pol δ upon cluster oxidation.
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Figure 5.10 Pol δ activity assays with an AQ photooxidant. (a) Pol δ DV was added to a reaction
mix lacking dNTPs and either irradiated under a solar simulator (UVA) or left in the dark, after
which dNTPs (including [α-32P] dATP) were added to start the reaction. (b, c) 1% alkaline
agarose gels show less DNA synthesis by irradiated Pol δ at early time points, matching the
pattern of electrochemical oxidation. Irradiation in the absence of AQ resulted in no significant
effects, indicating that AQ was oxidizing the cluster. This pattern is apparent in relative
radioactivity counts (or gel quantification for electrochemical oxidation), which further
emphasize the similarity between oxidation methods. Error bars are standard deviation of the
mean (n ≥ 3).
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Figure 5.11 AQ assay controls with 140 nM E. coli Klenow fragment exo-. UVA irradiation in
the presence of AQ-primed DNA had no significant effect on DNA synthesis by Klenow
fragment. The lack of difference confirms that irradiation in the presence of AQ does not
adversely affect polymerase enzymes, and further supports the assignment of attenuated activity
in Pol δ under the same conditions to [4Fe4S] cluster oxidation.
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Discussion
In this work, we have demonstrated that the [4Fe4S] cluster of DNA polymerase δ can
serve an important functional role as a redox-active cofactor that regulates enzymatic activity.
On DNA-modified gold electrodes, Pol δ shows a reversible signal with a midpoint potential of
113 ± 5 mV versus NHE. Notably, this potential is comparable to that of the previously
characterized [4Fe4S] protein EndoIII under the same buffer conditions. Charge attenuation in
the presence of either an abasic site or a CA mismatch confirms that the redox signal is DNAmediated. Activity assays carried out with electrochemically oxidized Pol δ demonstrate that
oxidation results in significant slowing of processive DNA synthesis; the same result occurs
following irradiation in the presence of an anthraquinone photooxidant. An assessment of both
large and small DNA products indicates that the oxidized form remains active, but it is less
processive. Given the retention of activity with decreased processivity, these results are
consistent with an increase in DNA binding affinity upon oxidation, which would impede rapid
sliding of PCNA-bound Pol δ. A significant increase in DNA binding is evident also with
EndoIII upon oxidation (27). Critically, reduction by bulk electrolysis largely restores activity to
native levels, confirming that cluster oxidation acts as a reversible switch. The reversibility of
oxidation also lends further support to our electrochemical and spectroscopic evidence for the
[4Fe4S]3+ cluster as the biologically relevant oxidation product rather than degraded [3Fe4S]+
cluster. Taken as a whole, these results suggest that reversible oxidation of the [4Fe4S] cluster in
Pol δ could provide a rapid and reversible way to respond to replication stress.
Replication stress is a general term for fork slowing or stalling due to factors such as
dNTP depletion, UV irradiation, and oxidative stress (54). Both replicative helicases and
polymerases are known to be stabilized at stalled forks independently of checkpoint kinase
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activity, although the mechanism of stabilization and its relationship to global checkpoint
regulation remains incompletely understood (55). Pol δ slowing through cluster oxidation would
be a straightforward way to stall replication on the lagging strand, and this form of slowing could
also complement more standard regulatory mechanisms. In general, Pol δ slowing would lead to
accumulation of single-stranded DNA and RPA on the lagging strand, activating checkpoint
kinases that could then stall the helicase by phosphorylation of key subunits (56, 57). Among
other types of stress, oxidative stress and ionizing radiation carry a heightened risk of double
strand break formation (58). Furthermore, reactive oxygen species generate lesions such as 8oxoguanine (OxoG), which is highly mutagenic due to the propensity of replicative polymerases
to generate OxoG:A mispairs (59). Oxidation of the [4Fe4S] cluster from the 2+ to 3+ form
could either occur directly, by reactive oxygen species, or, more likely, by charge transport (CT)
communication through double stranded DNA with other oxidized species. Previously, we have
seen that guanine radicals, the precursors to OxoG, can carry out DNA CT to oxidize the [4Fe4S]
cluster of DNA-bound EndoIII (24). An additional benefit of polymerase stalling by DNAmediated oxidation would be the prevention of excessive DNA synthesis under high risk
circumstances. In addition to preventing damage, redox signaling to and from Pol δ could play a
role in fork reversal and recombination events associated with replication stress (54, 60).
A general model for redox regulation of Pol δ is shown in Figure 5.12. In this model,
processive lagging strand replication proceeds until replications stress occurs and the Pol δ
[4Fe4S]2+ cluster is oxidized either directly or by an electron acceptor, possibly an oxidized
[4Fe4S] protein or a guanine radical formed during oxidative stress. We have found, in the case
of EndoIII, that cluster oxidation promotes a substantial increase in binding affinity (27). Here,
given the already tight binding to DNA of Pol δ with PCNA, a still tighter binding causes Pol δ
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to slow its progression. The slowing of lagging strand synthesis would lead to RPA accumulation
and an activation of checkpoint signaling, ultimately resulting in repair or replication fork
collapse. Once the conditions of stress resolve, lagging strand synthesis can be restored by
reduction of the Pol δ [4Fe4S]3+ cluster, likely by another [4Fe4S] protein involved in DNA
processing. Importantly, only Pol δ bound to the DNA in a complex with PCNA is readily
oxidized, leaving the bulk of unbound Pol δ in the reduced 2+ form. Furthermore, this signaling
can occur rapidly and at distance through DNA-mediated CT.
It is interesting to consider the many possible partners for DNA CT with Pol δ in the
context of this model. First, Pol δ could be directly oxidized by species formed during oxidative
stress, such as the guanine radical cation (24). After removal of reactive oxygen species, a
partner [4Fe4S] protein could then re-reduce Pol δ and restore lagging strand replication.
Alternatively, the entire redox cycle could be carried out between Pol δ and other [4Fe4S]
proteins associated with the replication fork. The nuclease-helicase Dna2 is a prime example of
such a partner, as it associates with the replication fork and is involved in both fork reversal and
double strand break repair (61, 62). In human cells, the [4Fe4S] DNA repair glycosylase
MUTYH associates with PCNA during S-phase; whether this association also occurs in the yeast
homologue, Ntg2, is not known (63). If the glycosylases do generally associate with the fork,
redox signaling could enable rapid communication between replication and repair pathways in
eukaryotes. Finally, redox signaling between Pol δ and the B-family translesion DNA synthesis
polymerase Pol ζ could help these proteins to hand off DNA containing bulky lesions. Indeed, a
role for the cluster in the Pol δ – Pol ζ switch has already been suggested (64). In this view, Pol δ
and Pol ζ switch by exchanging their shared B-subunits, although this would leave the cluster
vulnerable to degradation (65). However, a redox handoff similar to that suggested between
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primase and Pol α could allow such a transfer without requiring direct subunit exchange (16).
While redox control of Pol δ would provide clear opportunities and is intriguing to consider, the
in vivo mechanism and possible partners still require further investigation.
In summary, we have shown that Pol δ can use its [4Fe4S] cluster for reversible electron
transfer along DNA and that oxidation of the cluster leads to reversible stalling. Taken together,
our data suggest a model in which Pol δ uses redox signaling through DNA to sense oxidative
stress, stalling replication under the mutagenic conditions, and potentially coordinating activities
with repair and other replication proteins. Overall, the redox sensitivity of Pol δ reveals the
oxidation state of the [4Fe4S] cluster to be a critical redox switch, and could provide a means to
rapidly and reversibly to respond to replication stress.
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Figure 5.12 A model for redox-mediated regulation of Pol δ activity. Under ordinary
circumstances, Pol δ forms a complex with PCNA and processively extends lagging strand DNA
(top). When replication stress occurs, lagging strand synthesis could be stalled either by transfer
of an electron from the Pol δ [4Fe4S]2+ cluster to an acceptor (A) or by direct oxidation of the
DNA-bound Pol δ-PCNA complex. In the case of DNA-mediated oxidation, the electron
acceptor could be an oxidized [4Fe4S] protein or a guanine radical cation, G·+, formed during
oxidative stress. Once the cluster is oxidized to the [4Fe4S]3+ form, Pol δ binds more tightly to
DNA and synthesis slows. After damage resolution, lagging strand replication could be restored
by reduction of the [4Fe4S]3+ cluster by another [4Fe4S] proteins.
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Chapter 6

Evaluating the Charge Transport Pathway Between
DNA and the [4Fe4S] Cluster of Yeast DNA
Polymerase δ

This work was done as part of a collaboration with Joseph Stodola, Carrie Stith, and Prof. Peter
Burgers at the Washington University School of Medicine in St. Louis, Missouri.
P. Bartels identified possible mutant residues and performed all electrochemistry-based
experiments. J. Stodola and C. Stith working with P. Burgers prepared all proteins, carried out
basic characterization, and performed all in vivo experiments.
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Introduction
A [4Fe4S] cluster in the C-terminal domain of yeast DNA polymerase δ is essential for
the formation of an active multi-subunit complex and has recently been shown to be redox active
in the presence of DNA (1, 2). Notably, electron transfer in Pol δ is thought to be primarily
DNA-mediated, with electrons moving toward or away from the cluster through the π-stacked
bases of the DNA in a process known as DNA-mediated charge transport (DNA CT) (2, 3).
However, studies performed on a wide variety of other DNA-binding [4Fe4S] proteins that
participate in DNA CT suggest that it is unlikely that electron transfer takes place directly
between the cluster and the DNA (4 -10). Unfortunately, no structural data is available for this
region in Pol δ, but these other cases may provide some useful general insights. Among these
proteins, complete or partial structures are known for bacterial endonuclease III (EndoIII),
MutY, archaeal XPD, and human DNA primase, and DNA-bound structures are also available
for EndoIII, MutY, and mouse Dna2 (4-10). In all cases, the [4Fe4S] cluster is buried and thus
shielded from solvent, and, for those with DNA-bound structures, the cluster is typically
positioned at a distance of 15 Å or more from the DNA duplex (8-10). Aromatic residues have
been shown to be critical for CT in EndoIII, and detailed mutagenesis studies in DNA primase
reveal a string of tyrosine residue bridging the cluster and DNA (11, 12). Aromatic residues,
specifically tryptophan and tyrosine, are well-known to act as bridges for electron hopping
within proteins, and their use for this purpose in DNA-binding [4Fe4S] proteins is thus
unsurprising (13).
In redox-active DNA-binding proteins, indirect electron transfer mediated by aromatic
amino acid residues serves two main purposes. First, keeping the cluster away from the DNA
may minimize the risk of DNA damaging Fenton chemistry if the cluster is degraded to release
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free iron (3). Second, in order to communicate with one another in reversible long-range CT, all
of these proteins must have similar potentials (3). Solvent exposure and proximity to the
polyanionic DNA backbone are thought to be the primary factors in tuning redox potential, and
thus these factors must be roughly equivalent between these proteins (14, 15). Pol δ has a
measured redox potential that is indistinguishable from the well-characterized EndoIII in the
same buffer conditions and is similarly unresponsive to in-solution oxidants and reductants,
making it likely that the cluster environment is like that of other [4Fe4S] proteins that bind DNA
(1, 2).
Previous work has shown that the oxidation state of the Pol δ [4Fe4S] cluster is important
in regulating activity, with oxidation to the 3+ state markedly slowing DNA synthesis in a
reversible manner (2). Such a redox switch would be very useful in responding to replication
stress in vivo, especially in cases of oxidative stress. While in vitro work has been very useful in
analyzing the redox capabilities of the cluster and its effect on enzymatic activity, addressing the
actual function requires CT-deficient mutants that can be used in in vivo experiments. In these
studies, we aimed to identify, prepare, and characterize several such mutants in Pol δ using in
vitro techniques before proceeding to assess the sensitivity of yeast cells harboring these
mutations to various stressors.
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Materials and Methods
Protein Expression and Purification
Pol δ DV (D520V) and the mutants W1053A and Y1078A were prepared using a previously
published yeast overexpression system (16). PCNA was prepared by overexpression in yeast,
while RFC and RPA were overexpressed in E. coli following previous protocols (17-19).
DNA Preparation
Thiol-modified DNA was prepared on an Applied Biosystems automated DNA
synthesizer using a 3ʹ thiol modifier phosphoramidite and standard reagents from Glen Research.
Unmodified DNA was purchased from IDT. All DNA sequences were purified by HPLC as
described previously (2), and annealed in 1:1 molar ratios for electrochemistry. The sequences
used were as follows:
20-mer 3ʹ thiol: 5′ - GCT GTC GTA CAG CTC AAT GC - 3′ - (CH2)2O(CH2)3SH
38-mer: 5′ - TAA CAG GTT GAT GCA TCG CGC TTC GGT GCT GCG TGT CT - 3′
49-mer: 5′ - GCA TTG AGC TGT ACG ACA GCA GAC ACG CAG CAC CGA AGC GCG
ATG CAT C - 3′
DNA replication assays utilized the single-stranded plasmid M13mp18 DNA annealed to
a 31-mer primer in a 1:1 ratio (5′ at 90 °C followed by slow cooling to RT). The primer was
complementary to positions M13mp18 positions 6265-6234, and had the following sequence:
5′ - GAC TCT AGA GGA TCC CCG GGT ACC GAG CTC G - 3′

(1)

For activity assays, a 5ʹ 32P label was appended to the primer before annealing using T4
polynucleotide kinase (PNK) in PNK buffer with [γ-32P] ATP. Product sizes were determined
using HincII-digested M13mp18 RFII DNA and 2 log DNA ladder, radiolabeled with T4 PNK
following dephosphorylation by calf intestinal alkaline phosphatase (CIAP; 60 minutes, 37 °C).
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DNA and enzymes were purchased from New England Biolabs (NEB), and radiolabeled ATP
was from Perkin Elmer.
Electrochemical Characterization on DNA-Modified Gold Electrodes
Electrochemical characterization was performed on multiplexed chips with 0.015 cm2
electrode area (20). Loosely-packed DNA self-assembled monolayers (SAMs) were formed by
incubating 25 μL of 25 μM duplexed DNA on the electrode overnight, after which electrodes
were rinsed 3-5 times in phosphate buffer (5 mM sodium phosphate, pH 7.5, 50 mM NaCl) and
backfilled for 45 minutes with 1 mM 6-mercapto-1-hexanol in the same buffer containing 5%
(v/v) glycerol. After backfilling, electrodes were extensively rinsed in phosphate buffer followed
by protein storage buffer (30 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT, 0.5 mM EDTA,
10% glycerol, and 0.01% decaethylene glycol monododecyl ether), and the absence of
electroactive impurities was confirmed by cyclic voltammetry (CV).
Electrochemical experiments used a standard 3-electrode cell consisting of a Au working
electrode with a Ag/AgCl reference electrode in 3 M NaCl (BASInc), and a 1 mm diameter Pt
wire as the counter electrode (Lesker). Potentials were converted from Ag/AgCl to NHE by
adding 212 mV to the potential measured by Ag/AgCl (2). Because the [4Fe4S] absorbance was
too low to determine concentration, Pol δ mutant concentrations in electrochemical experiments
are reported as total protein concentration determined by Bradford assay. For unmodified Pol δ
DV, [4Fe-4S] cluster concentration was determined by UV-visible spectroscopy using an
extinction coefficient of 13000 M-1cm-1 at 400 nM, and a cluster loading of ~85% was
determined by dividing cluster concentration by total protein concentration as determine by
Bradford assay. For comparison with mutants, similar loading levels were assumed and
equivalent amounts of loaded protein were added to electrodes. BSA and reagents were included
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in kits purchased from Thermo Scientific, and UV-vis spectra were taken on a Cary Varian
instrument using 100 μL quartz cuvettes (STARNA Cells).
Electrochemistry was performed using 500 nM Pol δ DV (unmodified or mutant) in
combination with 5.0 μM PCNA, 80 μM dATP and 8 mM MgAc2 in storage buffer (30 mM
HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT, 0.1 mM EDTA, 10% glycerol v/v, and 0.01% w/v
decaethylene glycol monododecyl ether). Surfaces were scanned by CV (100 mV/s scan rate)
and square wave voltammetry (SQWV; 15 Hz frequency and 25 mV amplitude) once per hour
for several hours.
Activity Assays with Oxidized and Reduced Pol δ Mutants
Unless otherwise noted, bulk electrolysis was carried out in an anaerobic glove bag (95%
N2/5% H2) using droplet electrochemistry (30-40 μL 190 nM sample diluted into degassed
storage buffer) on Au rod electrodes of 0.0314 cm2 electrode area (Pine Research
Instrumentation). Oxidation was performed using a potential of 0.412 V vs NHE, while reduction
was done at -0.188 V. Oxidation yields were estimated by taking the difference between the total
charge obtained in the presence of Pol δ and that generated by electrolysis with buffer alone.
140 μL reaction mixes (0.1mg/mL BSA, 80 μM each dNTP, 500 μM ATP, 2.0 nM
M13mp18 with a 32P-labeled primer, 8.0 mM MgAc2, 500 nM RPA, 5.0 nM RFC and 50 nM
PCNA in 50 mM Tris-HCl with 50 mM NaCl, pH 7.8) were prepared inside the glove bag. All
buffer components were purchased from Sigma-Aldrich.
PCNA was loaded onto primed ends by incubation with RFC (1ʹ, 30 ℃), and reactions
were started by addition of Pol δ to 2 nM. Reactions were run at 30 °C, and 20 μL aliquots were
removed at the specified time points and quenched with 10 μL stop mix (10 mM EDTA and
0.1% v/v SDS, final concentrations). Samples were counted on a liquid scintillation counter and
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dried on a speed vacuum before being dissolved in alkaline gel buffer (500 mM NaOH, 10 mM
EDTA) with 6x alkaline loading dye (300 mM NaOH, 6.0 mM EDTA, 18% Ficoll w/v, 0.25%
xylene cyanol w/v, and 0.15% bromocresol green w/v) diluted to 1x in buffer. Equivalent
amounts of radioactivity were loaded onto a 1% alkaline agarose gel and run at 30 V for 14-15
hours. Gels were neutralized in 7% TCA w/v in water (30 minutes, RT), dried, and imaged on a
Typhoon phosphorimager. Gels were quantified using ImageQuant software (GE Healthcare).
Because oxidation affected the mutants differently (described below), the total amount of DNA
synthesis (identified as radioactivity above unextended primer) was compared.
In Vivo Assays
Yeast strains containing either WT or mutant Pol δ were treated with exogenous agents to
test the response to replication stress. Treatments included UV irradiation, camptothecin, and
hydroxyurea, and treated cells were spot plated for an assessment of growth. To test sensitivity to
oxidative stress, a mutant yeast strain defective in glutathione synthase (Δgsh) was prepared, and
cells were treated with either hydrogen peroxide (2 mM) or menadione (50 mM). Analysis was
the same as for more generic treatments.
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Results
Identification of Putative CT-Relevant Residues in Pol δ and Purification of Mutants
Sequence alignments of the catalytic subunits of Pol δ and Pol α (Pol3 and Pol1,
respectively) were used as first step in identifying conserved aromatic residues that might be
involved in the Pol δ CT pathway. Because no structure of Pol δ containing the C-terminal
domain that harbors the cluster exists, we relied upon a structure of the Pol α CTD/B-subunit
complex (PDB ID 3FLO) to estimate distances between the cluster and possible CT-relevant
residues. To facilitate this analysis, we limited ourselves to residues conserved between both Pol
δ and Pol α. It should be noted that Pol1 differs from Pol3 in the spacing of ligating cysteine
residues, and the structure used contains zinc in place of a [4Fe4S] cluster (21), so some
limitations to this strategy are present. If anything, these factors would lead to an overestimation
of distances; nonetheless, given a lack of alternatives and the high degree of conservation in this
region between the B-family polymerases, we considered the Pol1 structure sufficient for our
purposes. Proceeding with this strategy, we identified two conserved aromatic residues within 15
Å of the Pol1 zinc (and thus likely closer in Pol3 with an intact [4Fe4S] cluster): W1053 and
Y1078.
Notably, these residues are on opposite sides of the cluster, with W1053 facing the
external environment and Y1078 more deeply buried (Figure 6.1). Thus, if these residues are
involved in CT, they are likely to represent redundant pathways rather than a single, coherent
path between DNA and the cluster; alternatively, one or both may be entirely uninvolved in CT.
While the position of DNA relative to the cluster is unknown, the buried position of Y1078
makes this residue unlikely to be in direct contact with the DNA; however, it could still serve as
the final residue in a string originating elsewhere. To maximize our chances of finding relevant
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residues and to address this latter point, we also targeted Y1035, a residue in one of the alpha
helices midway between the CysA zinc finger and the CysB [4Fe4S] cluster site (1, 21).
Once identified, constructs were designed with W or Y → A mutations in Pol δ DV, and
all three mutants were overexpressed in yeast and purified according to standard protocols.
Yields were lower than expected, although FPLC traces confirmed that intact 3-subunit
complexes did form for both W1053A and Y1078A (Figure 6.2). Nonetheless, the proportion of
degraded complexes was considerably higher than seen in unaltered Pol δ DV, and yields of
intact complexes were too low to obtain useful quantities of Y1035A. The low yields and
tendency of these mutants to degrade even when purified under anaerobic conditions suggested
that the alanine substitution was likely perturbing structural integrity to some extent, although
complexes could clearly still form. Supporting the fully intact nature of these collected fractions,
the major peak also included absorbance at 410 nm, characteristic of [4Fe4S] clusters (Figure
6.2). Since we were still able to obtain intact complexes for W1053A and Y1078A at ~500 nM,
we decided to proceed to assess their effects on activity and electrochemical properties in
addition to their effect on cell viability under different stress conditions.

232

Figure 6.1 Identification of possible CT-relevant residues in Pol δ using sequence alignments
and a Pol α C-terminal domain X-ray crystal structure (21). (a) Sequence alignments of Pol α and
Pol δ from a variety of organisms. Cluster-ligating cysteines are highlighted in red, tyrosine in
green, tryptophan in blue, and arginine in violet. Arginine is included to illustrate the proximity
of a disease-relevant mutation in human Pol δ (ref. 27). (b) Yeast Pol α C-terminal domain
structure (PDB ID 3FLO) highlighting Y1378 and W1345, which correspond to Y1078 and
W1053 in yeast Pol δ. Notably, both residues are within electron tunneling distance (~15 Å)
from a zinc that occupies the CysB site in this structure, and these distances would be even
shorter if the native [4Fe4S] cluster were present.
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Characterization of Pol δ Mutants
Yeast strains containing Pol δ W1053A or Y1078A exhibited unperturbed growth,
indicating that these mutants were able to form complexes effectively enough to support normal
DNA replication. To see if replication stress inducers had a differential effect on these strains,
cells were subjected to UV, camptothecin, and hydroxyurea treatment and spot plated (Figure
6.3; only hydroxyurea treatment is shown). Among these treatments, the Y1078A strain showed
slight sensitivity to 75 mM hydroxyurea, although neither mutant was sensitive to lower
concentrations or to any other stressor applied.
In an effort to accurately determine cluster loading levels, both mutants were
concentrated to the extent possible (500 nM) for UV-visible spectroscopy (Figure 6.4). A clear
absorption peak at 280 nm attributable to aromatic and thiolated amino acid residues was
present, and the absence of elevated absorption at 800 nm indicated that aggregrates were not
forming. At these concentrations, the low extinction coefficient of the cluster (13000 M-1cm-1 at
400 nm) makes the presence of a peak difficult to discern. To work around this problem,
absorbance at 280 nm was normalized to 1 using an unmodified Pol δ DV spectrum; BSA, which
should have no absorbance in the 400 nm region, was included as a control. When this analysis
was carried out, both mutants show absorption elevated beyond BSA that is generally shaped
like the peak in unmodified Pol δ DV, supporting similar cluster loading. However, with absolute
absorbance so low, these results are not definitive. Although not quantitative, the best evidence
for comparable cluster loading in the mutants remains the FPLC evidence for the formation of 3subunit complexes with 410 nm absorption.
In vitro, both Pol δ DV mutants remained active in standard DNA replication assays on
primed ssM13mp18 plasmid DNA (Figure 6.5). They did, however, exhibit lower processivity

234
than unaltered Pol δ DV, although native activity could be restored by adding a 10-fold molar
excess of PCNA (Figure 6.5). Pol δ typically requires only stoichiometric amounts of PCNA to
completely extend a primed ssM13mp18 plasmid, and these results indicate that the interaction
of these mutants with PCNA is disrupted to some extent. PCNA binding involves the CysA zinc
finger at the other side of the C-terminal domain from the [4Fe4S] cluster (1), so these results
suggest that this entire region of the protein has undergone some reorganization upon these
mutations. That excess PCNA can compensate demonstrates that PCNA binding remains
possible, and suggests that, although structurally perturbed, the mutants remain in intact 3subunit complexes.
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Figure 6.2 HPLC traces from Pol δ purification on a MonoS column in a 150 – 750 mM NaAc
gradient. (a) Pol δ DV without any additional mutations elutes primarily as a three-subunit
complex that contains substantial absorbance at 410 nm associated with the presence of a
[4Fe4S] cluster. (b, c) Preps from Pol δ DV W1053A (b) and Y1078A (c), in contrast, are lower
yielding (note the scale) and contain a much higher proportion of degraded complexes eluting at
earlier time points, indicative of lower stability. Despite low stability, some absorbance at 410
nm remains visible, supporting the assumption that intact complexes bind a [4Fe4S] cluster.
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Figure 6.3 Growth of budding yeast containing WT, W1053A, or Y1078A Pol δ on YPDA
medium with and without 75 mM hydroxyurea. Y1078A showed a slightly enhanced sensitivity
to hydroxyurea, although neither mutant was sensitive to UV irradiation or camptothecin
treatment (not shown).

237

Figure 6.4 UV-visible spectra of Pol δ DV and the mutants W1053A and Y1078A. (a) Both
mutants were much more dilute than Pol δ DV, making [4Fe4S] cluster concentration difficult to
calculate. (b, c) To see if [4Fe4S] cluster absorbance at 410 nm was present, spectra were
normalized to A280 and compared with BSA, which does not bind a cluster. Although not ideal,
this analysis does suggest [4Fe4S] binding, in agreement with the fact that both form intact
complexes and show 410 nm absorbance by HPLC during purification.
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Figure 6.5 Primed ssM13mp18 plasmid DNA replication by Pol δ variants in a standard lagging
strand replication assay. Pol δ DV (left) shows complete replication of the 7.3 kb substrate by 10
minutes with stoichiometric PCNA. Both Y1078A (center) and W1053A (right) are less
processive, and require a 10-fold excess of PCNA for complete replication. Notably, the
processivity defect is more pronounced in W1053A, which also appeared less stable during
purification.
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Electrochemical Characterization of Pol δ Mutants
With basic cell growth assays and biochemical characterization completed, we next
proceeded to investigate the redox properties of these mutants using electrochemistry on DNAmodified gold electrodes. All electrochemical experiments were run on multiplexed chips in
parallel with Pol δ DV (Figure 6.6). To maximize signal size at these low concentrations, we
used 500 nM Pol δ pre-mixed with 5.0 μM PCNA, 80 μM dATP, and 8 mM MgAc2. CTproficient Pol δ DV gives substantial signals under these conditions (~5-10 nC maximum CV
peak charge), and signals remain reliably detectable at least down to a tenth of this size (2). Thus,
we reasoned that these conditions should be sufficient to observe the mutants even if they were
nearly completely CT-deficient relative to WT. However, given that both mutants showed lower
processivity in activity assays and were thus less likely to bind DNA as effectively as
unmodified Pol δ DV, one half of each chip contained DNA with a 3′ ddC substrate trap; the
remaining quadrants contained unmodified DNA.
Small but quantifiable electrochemical signals occur with both mutants; the midpoint
potentials are 121 ± 4 mV and 120 ± 3 mV versus NHE for W1053A and Y1078A, respectively.
As expected, the potentials are very similar to Pol δ DV (113 ± 5 mV). Because the relatively
large CV capacitance can impede signal quantification and make comparison difficult for small
signals, SQWV, which minimizes background current, was used for this purpose instead. By
SQWV, the W1053A and Y1078A peak areas are 21 ± 7 % and 25 ± 4 % of unmodified Pol δ
DV signals (Figure 6.6). Interestingly, no obvious differences occurred in the presence of the
ddC substrate trap, although signal sizes were somewhat less variable on this DNA. This result
can most likely be attributed to the saturation of available DNA with protein: loosely-packed
monolayers contain 0.2 – 0.3 pmol DNA per electrode (22), while 10 pmol of Pol δ was present.

240
Like Pol δ DV, the Y1078A signal grows in over time, although it never reaches the same extent
(Figure 6.7). In contrast, W1053A remains small and even decreases over time, possible
indicative of sample degradation over extended time in aerobic conditions.
Interestingly, after overnight incubation, a secondary, irreversible reductive peak centered
around -40 mV versus NHE develops in Y1078A; at the same time point, the W1053A signal is
too small to see if the same additional peak develops. In unstable human MUTYH mutants, an
irreversible peak at the same potential is attributable to oxidative degradation of the [4Fe4S]
cluster to the [3Fe4S]+ state (23). Such degradation in the less stable Pol δ mutants is a
reasonable explanation for this peak, although the low concentrations of these mutants precluded
UV-visible and EPR spectroscopic identification. In MUTYH mutants, cluster degradation is
dependent on O2, and the secondary peak can be significantly amplified by bulk electrolysis in an
aerobic environment (23). Given the impossibility of spectroscopic analysis in the case of Pol δ
DV Y1078A, we undertook aerobic bulk electrolysis as an alternative to see if the pattern
matched that of MUTYH (Figure 6.8). As a control, we repeated this experiment with
unmodified Pol δ DV (Figure 6.8). In these experiments, UV-visible spectra were taken before
and after oxidation, and one half of the sample was left untreated and incubated on a multiplexed
chip. CV and SQWV scans were taken of both samples on a multiplexed chip before and after
electrolysis. After 1 hour, aerobic oxidation had reached its maximum extent, and the oxidized
sample was transferred back to the multiplexed chip once a UV-visible spectrum had been taken.
Immediately after electrolysis, the Y1078A signal was slightly smaller than the untreated control,
although this may have been in part due to minor sample loss. Despite sample loss, the secondary
peak was proportionally larger relative to the main peak at this point (Figure 6.8). All signals
disappear entirely within 2 hours of incubation in the oxidized sample; signals in the untreated
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sample gradually decrease, but not to the same extent (Figure 6.8). UV-visible spectra taken after
electrolysis show an increase in absorbance at 800 nm, and the entire spectrum is U-shaped,
consistent with aggregation (Figure 6.8). When repeated with unmodified Pol δ DV, the UVvisible spectrum post-electrolysis shows a general increase in cluster absorbance associated with
oxidation with no evidence for aggregation (Figure 6.8). Furthermore, electrochemical signals
remain indistinguishable from untreated sample even after extended incubation, and no peak
indicative of [3Fe4S]+ cluster is observed. Overall, these results can best be explained as a
difference in stability between unmodified Pol δ DV and the Y1078A mutant. The cluster in
unmodified Pol δ DV is stable in air even when oxidized to the [4Fe4S]3+ state, likely as a result
of tight binding with the B-subunit. In contrast, Y1078A, although capable of forming intact
complexes, is structurally perturbed, making the cluster more susceptible to oxidative
degradation in air. The loss of signal and evidence for aggregation suggest that the cluster in this
mutant degrades upon oxidation, causing complexes to come apart and aggregate. Pol3 is known
to be aggregation-prone in the absence of B-subunits, providing further support for our
assessment of these results.
Notably, absent forced oxidation by bulk electrolysis, cluster degradation as observed by
electrochemistry takes several hours to develop in the Pol δ mutants, with Y1078A appearing as
the more stable of the two. This observation suggests that, while these mutants are less stable
than WT Pol δ, at least Y1078A is stable on short time scales. Overall, CT deficiency is apparent
in both mutants, although whether it is the result of involvement of the residue in the CT
pathway or simply complex degradation is ambiguous. Since Y1078A appears somewhat more
stable than W1053A, however, a case can be made that this residue is part of a CT pathway.
Even with Y1078A, however, some signal loss due to complex degradation cannot be excluded.
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Figure 6.6 Square wave voltammetry (SQWV) of Pol δ DV and the W053A and Y1078A
mutants. Polymerase variants were incubated in parallel on a multiplexed chip (top), and each
quadrant contained 25 μL of 500 nM Pol δ DV, 5.0 μM PCNA, 80 μM dATP, and 8.0 mM
MgAc2 in storage buffer (20 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT, 0.5 mM EDTA,
10% glycerol v/v, 0.01% decaethylene glycol monododecyl ether v/v). Both mutants showed
marked deficiency in redox activity relative to Pol δ DV, with signal area only 20-25% of the
unmodified protein (bottom). SQWV scans run from left to right, and were taken at 15 Hz
frequency and 25 mV amplitude.
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Figure 6.7 SQWV signal growth and stability over time for 500 nM Pol δ DV and the mutants
W1053A and Y1078A. Pol δ DV equilibrates rapidly and the signal remains stable for several
hours. Y1078A has a similar patter, although signals are much smaller and equilibration is more
prolonged. W0153A plateaus early, after which the signal steadily decreases. The loss of signal
in W1053A is most likely attributable to oxidative degradation in the aerobic environment.
Experiments were performed in storage buffer (20 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM
DTT, 0.5 mM EDTA, 10% glycerol v/v, 0.01% decaethylene glycol monododecyl ether v/v)
with 5.0 μM PCNA, 80 μM dATP, and 8.0 mM MgAc2.
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Figure 6.8 SQWV (left) and UV-visible spectroscopy (right) of untreated and aerobically
oxidized Pol δ DV (a) and Y1078A (b). (a) Oxidation by bulk electrolysis (0.412 mV vs NHE)
in air did not result in any appreciable changes in Pol δ DV electrochemistry (the smaller signal
can be attributed to a minor loss of sample), and the UV-visible spectrum was unaltered except
for a broad increase in [4Fe4S] cluster absorbance associated with oxidation (inset at right). (b)
Y108A showed a broad, irreversible peak around -50 mV associated with [3Fe4S]+ cluster
formation; this peak underwent a proportional increase in size relative to the main peak after
oxidation, and the signal decreased and fully disappeared after two hours of incubation. The UVvisible spectra of oxidized Y1078A showed evidence of aggregation (an elevated absorbance at
800 nm and a U-shaped spectrum), consistent with cluster degradation and aggregation of
disassembled complexes. Electrolysis was performed with 500 nM Pol δ in storage buffer and
5.0 μM PCNA present. SQWV was performed at 15 Hz frequency and 25 mV amplitude.
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Activity Assays with Electrochemically Oxidized Pol δ Mutants
To see if Y1078A and W1053A were capable of the reversible oxidative stalling seen in
unmodified Pol δ DV, we carried out activity assays following electrolysis under anaerobic
conditions. Anaerobic conditions were used to prevent the degradation seen in aerobically
oxidized Y1078A, and all assays were run in previously degassed buffers. In contrast to aerobic
oxidation experiments with Y1078A, bulk electrolysis at 0.412 mV vs NHE gives minimal yields
for this mutant in an anaerobic environment (Figure 6.9). Consistent with minimal or no cluster
oxidation, activity levels are indistinguishable from those of untreated anaerobic samples (Figure
6.10). Unsurprisingly, reduction of the same protein stock at -0.188 mV vs NHE had no effect,
and DNA synthesis by all three samples overlay almost perfectly even across three replicates
(Figure 6.10). Although the stability of this mutant is certainly lower than WT, the fact that
activity levels do not change between a 20-minute oxidation and an additional 20-minute
reduction indicates that complex formation was not affected under these conditions.
Unexpectedly, W1053A underwent extensive oxidation at 0.412 V vs NHE based on bulk
electrolysis yields (Figure 6.9). As with unmodified Pol δ DV, oxidized W1053A shows a
decrease in activity, although the difference is much greater (Figure 6.10). Notably, re-reduction
does not restore activity in this mutant. Taken together, the high susceptibility to oxidation and
its irreversible nature suggest complex degradation. This was somewhat unexpected under
anaerobic conditions, but follows the general trend seen in aerobic electrochemistry of this
mutant.
In summary, the inertness of Y1078A in the absence of oxygen is consistent with
disruption of the CT pathway by this mutation. Considered alongside our aerobic electrolysis
experiments, it appears that this mutant may be more sensitive to oxygen than WT Pol δ, and we
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were interested in observing the response of Y1078A yeast cells to oxidative stress conditions. In
contrast, all of our experiments point to CT deficiency in W0153A as being due to structural
instability rather than a break in the CT pathway. Nonetheless, we were still interested in the
ability of Pol δ W1053A to permit yeast survival under oxidative stress, and we thus proceeded
to in vivo experiments with both mutants.
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Figure 6.9 Anaerobic bulk electrolysis traces of 190 nM Pol δ DV W1053A (red) and Y1078A
(green) compared to buffer trace (blue). Under anaerobic conditions, Y1078A was insensitive to
oxidation, with charge yields below buffer background. W1053A unexpectedly underwent nearcomplete oxidation, as evidenced by the increased area under the curve relative to buffer alone.
Electrolysis was carried out at 0.412 V vs NHE on a gold rod electrode, with polymerase diluted
to 190 nM in degassed storage buffer (20 mM HEPES, pH 7.4, 350 mM NaAc, 1 mM DTT, 0.5
mM EDTA, 10% glycerol v/v, 0.01% decaethylene glycol monododecyl ether v/v).
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Figure 6.10 Alkaline agarose gels (left) and quantification of DNA synthesis (right) by oxidized
or re-reduced Pol δ DV Y1078A (a) and W1053A (b). (a) Y1078A was insusceptible to
oxidation (Figure 6.9), and activity of both oxidized and “re-reduced” samples were
indistinguishable. (b) W1053A, which underwent complete oxidation (Figure 6.9), showed a
pronounced loss of activity. Unlike unmodified Pol δ DV, re-reduction could not restore activity,
indicating that this mutant is susceptible to cluster degradation and complex disassembly even
under anaerobic conditions. Oxidation was performed by bulk electrolysis at 0.412 V vs NHE,
while reduction was carried out on the same electrode at -0.188 V vs NHE. Quantification is the
total DNA synthesis by oxidized or re-reduced sample divided by that of native, or untreated,
sample. Error bars are the standard deviation of the mean of 3 separate experiments.
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Evaluating the Sensitivity of Yeast Containing Pol δ Mutations to Oxidative Stress
In order to determine the effect of Y1078A and W1053A in cells under conditions of
oxidative stress, cells were treated with exogenous H2O2 and spot plated. Unfortunately, no
significant differences in cell survival were apparent even at low (2 mM) concentrations (data
not shown), so we sought an alternative method to sensitize cells to oxidative stress. In an effort
to enhance the differential in survival, the GSH2 gene was knocked out from yeast cells. GSH2
encodes glutathione synthetase; since glutathione plays a critical role in maintaining a reducing
environment, this modification was expected to make cells much more susceptible to H 2O2
treatment. Once prepared, Δgsh cells were treated with either 2 mM H2O2 or 50 mM menadione
salt to induce oxidative stress (Figure 6.11). Menadione, which is a superoxide dismutase
inhibitor, was included to provides an internally focused source of oxidative stress, which we
thought might be more effective than H2O2. Δgsh cells proved to be very sensitive to both
treatment, but cell death is so rapid in all cases that no consistent differences in survival can be
observed even at H2O2 concentrations as low as 2 mM (Figure 6.11). In summary, these results
are equivocal due to extremely rapid and non-selective cell death. Indeed, the cell-wide effects of
the oxidants used is certain to enhance background effects, making the likelihood of observing
differences in DNA replication responses much lower than ideal.
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Figure 6.11 Growth of glutathione-deficient yeast strains containing WT or CT-defective Pol δ
before (0 min) and after (20 min) treatment with either 2 mM H2O2 (left) or 50 mM menadione
(right) to induce oxidative stress conditions. No consistent growth defect was observed for either
Y1078A or W1053A cells, although both strains were more generally sensitive to oxidants than
cells with no defects in glutathione production (top row). The lack of differences is most likely
attributable to indiscriminate and delocalized cellular damage, with any actual sensitivity due to
polymerase mutations masked by these non-specific effects.
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Discussion
In these studies, we have attempted to identify and evaluate aromatic residues near the
Pol δ [4Fe4S] cluster that might play a role in the electron transfer pathway between the cluster
and DNA. From sequence alignments and comparison with a Pol α structure, we identified two
residues within 15 Å of the cluster, W1053 and Y1078. The alanine mutations of both residues
could be purified as intact 3-subunit complexes and retained processive activity in the presence
of DNA, although multiple lines of evidence point to these mutants being less stable than WT
Pol δ. Electrochemically, both were markedly CT-deficient relative to unmodified Pol δ DV, and
both showed some oxygen sensitivity. Y1078A was largely redox-inert in the absence of oxygen,
and showed no differences in activity after attempted anaerobic oxidation. In contrast, W1053A
degraded upon bulk electrolysis even under anaerobic conditions, making the role of this residue
in CT unclear. Preliminary in vivo studies designed to test the effect of these mutations on the
oxidative stress response in yeast were similarly equivocal, with both exogenous and
endogenously-induced oxidants indiscriminately killing cells too quickly for survival differences
to be assessed.
Overall, these studies illustrate the challenges associated with making mutations in
aromatic residues in the Pol3 C-terminal domain. While inconclusive, our work nonetheless
represents a start to addressing interesting questions about Pol δ, including the role of the cluster
in responding to oxidative stress and the composition of the electron transfer pathway between
DNA and the cluster. It is likely that the structural instability that hindered these studies could be
mitigated by using mutations to phenylalanine rather than alanine, as has been successfully done
for human DNA primase (12). In particular, our results with Y1078A suggest that future studies
would benefit from a more isomorphic mutation. With respect to the in vivo assays, the overall
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strategy is worth pursuing with more stable mutants. However, our current results do not provide
conclusive evidence for a role of the [4Fe4S] cluster in responding to oxidative stress. These
failures can, however, provide a guide for more successful future experiments. The major
problem with the studies as described is in the generic nature of the cellular damage. The nucleus
is not a specific target for either H2O2 or menadione-generated superoxide, and both will
indiscriminately damage biomolecules throughout the cell (24). One possible means of
enhancing the readout of Pol δ-specific effects is S-phase synchronization and release, which
would at least ensure that all affected cells were undergoing DNA replication (25). In addition,
switching the oxidant from indiscriminate oxidizing species to photosensitizers, such as the
singlet oxygen-generators Rose Bengal and methylene blue, may be of benefit in addressing the
issue of the in vivo function of the cluster (26).
The importance of building on this work is emphasized by the occurrence of diseaserelevant mutations in this region of Pol δ. Mutations in this critical region are rare, although the
yeast Pol3-13 allele, which contains a serine in place of cysteine as one [4Fe4S] cluster ligand, is
synthetic lethal with mutations in ISC machinery (1). Most relevant to the mutants investigated
here, a case of pediatric lymphoid cancer with an R1053C mutation in Pol3 has recently been
described (27). Arginine 1053 is two residues away from W1055, and thus has the potential to be
involved in DNA binding or hydrogen bonding networks near the cluster. It will thus be of
interest to repeat the experiments described herein with phenylalanine mutants, and to conduct
similar experiments on Pol3-13 and R1053C.
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Chapter 7

An Electrochemical Assay for the Detection of DNA
Polymerase Activity

This work was done as a collaboration with Joseph Stodola and Prof. Peter Burgers at the
Washington University School of Medicine in St. Louis.
P. Bartels fabricated devices and performed all experiments and associated analysis. Initial
versions of the integrated device were designed and tested by C. Pheeney, who assisted in design
for the device described herein. J. Stodola prepared DNA polymerase and PCNA proteins, and
A. Arnold purified endonuclease III.
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Introduction
Electrochemical detection of enzymatic activity is of great interest for diagnostic
purposes, and a range of assays have been developed for these purposes (1). Given their
importance in disease, DNA-processing enzymes make particularly intriguing targets, and assays
that take advantage of DNA-mediated charge transport (DNA CT) have been successfully
employed to detect protein binding and activity (2-4). DNA CT involves the long-range transfer
of electrons through the π-stacked base pairs, and is sharply attenuated in the presence of lesions
or mismatches that perturb base stacking (5). By appending covalent redox probes to one end of
DNA tethered to a gold electrode, it is thus possible to assess the activity of enzymes that repair
lesions or modify bases (i.e., methylation) using electron transfer to the probe as a readout. With
careful choice of DNA substrate and reporter, the activity of a specific enzyme can be detected
even at low concentrations and from heterogeneous samples (4). Although developed for
diagnostic purposes, similar systems can also be used to provide insight into fundamental
biochemical processes. This is well illustrated by the used of DNA-modified gold electrodes to
monitor such activities as thymine dimer repair by photolyase and DNA unwinding activity by
ATP-dependent [4Fe4S] helicases (6-8).
Although electrochemical activity assays have been less frequently performed for
[4Fe4S] proteins, the redox behavior of a range of such enzymes in DNA repair and replication
has been extensively studied on DNA-modified electrodes (9). Earlier studies with these proteins
have generally used standard in-solution activity assays with a radioactivity-based readout to
assess the role of the [4Fe4S] cluster (10), but electrochemical activity assays would provide
some appealing advantages. Beyond bypassing the need for radioactive reagents, electrochemical
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assays provide a conveniently rapid readout (minutes to hours versus days to run and expose
gels) and require no additional sample preparation steps.
Among the [4Fe4S] proteins studied recently, DNA polymerase (Pol) δ has been shown
to be redox active and to undergo reversible stalling upon oxidation of the cluster to the
[4Fe4S]3+ state (11). In these electrochemical experiments, Pol δ was incubated on a gold
electrode containing substrate DNA with a 9-base 5ʹ single-stranded overhang. Given this
substrate design, we surmised that it might be possible to use a covalent redox probe such as
methylene blue (MBʹ) tethered to the end of the overhang to report on polymerase activity. In
such a system, the readout would be a change from a rapid, surface-mediated methylene blue
electron transfer process before reaction to a slower, DNA-mediated process as the probe
intercalated into newly-synthesized duplexed DNA after reaction. In addition to activity
detection, we also hoped to use this assay as an alternative to standard gel-based assays that
compare the activity of oxidized and untreated Pol δ.
Biochemical assays are ideally done with minimal usage of precious protein sample. Up
to this point, most electrochemical experiments were performed on multiplexed devices
containing 16 independent electrodes separable into four quadrants (12). These devices provide
the ability to work with up to four distinct monolayers in parallel in addition to providing built-in
experimental replicates. While each quadrant requires only 20 μL solution, experiments
generally involved the addition of 100-200 μL bulk buffer to avoid having to move an external
reference electrode between quadrants. To simplify scanning while maintaining multiplexing
ability and keeping reaction volumes low, we designed an 8-electrode multiplexed chip with
internally integrated Pt auxiliary and pseudo-reference electrodes.
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In this work, we aimed to develop a polymerase assay with a rapid readout that could
serve as an alternative to radioactivity-based assays. Furthermore, we hoped to detect differences
in activity between oxidized and reduced Pol δ on this platform. To aid in these goals, we
designed and tested a new multiplexed device optimized for protein experiments.
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Materials and Methods
Design and Fabrication of an Integrated Multiplexed Device
Masks for gold and Pt components of a multiplexed device with internal reference and
auxiliary electrodes were designed using AutoCAD software. Multiplexed chips were patterned
and cleaved from wafers containing 9 chips each using clean room facilities in the Kavli
Nanoscience Institute at Caltech. Boron-doped silicon wafers were oxidized in large batches of
25 in a Tystar furnace for 3 hours to generate SiO surfaces. Prior to patterning, all wafers were
dehydrated by baking on a hot plate at 150 C for 10 minutes, after which the cooled wafers were
primed for photoresist annealing by a 5-minute incubation with HMDS. S1813 positive
photoresist (Shipley) was then applied uniformly across the surface using a photoresist spinner,
and wafers were immediately transferred to a hot plate and baked for 1 minute at 115 ℃ to set
the photoresist. Patterning was accomplished by exposure to UV light using the g-line of a KarlSuss mask aligner using a mask containing the pattern for the Pt or Au electrodes; exposed
photoresist was then removed with a 30 second bath in basic MF19 developer followed by a 1minute water bath, yielding the desired electrode pattern.
After the pattern was set in photoresist, the wafers were stored in the clean room until
metal deposition. Metal deposition was done with batches of 8 wafers (cleaned prior to this step
in a plasma chamber with 150 sccm O2 at 1 mtorr) in a CHA metal evaporator; specifically, 30 Å
Ti was deposited first at 0.5 Å/s, after which 1000 Å of Pt or Au was deposited at 1 Å/s.
Following metal deposition, metal on photoresist outside of the pattern was removed by a 60 C
metal lift off step carried out in PG remover. The metal lift-off step took about 1 hour for ready
removal of unwanted Pt, while Au took from 1-1.5 hours for a complete liftoff. Following this
step, wafers were rinsed with acetone to physically remove any remaining photoresist/metal, and
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then placed in subsequent baths of acetone, water, and isopropanol. This process was performed
for the Pt pattern first and was then repeated for the Au pattern.
After metal application, the wafers were coated with insulating SU-8, a negative
photoresist. Wafers were dehydrated and plasma cleaned prior to photoresist application. SU-8
2002 was applied on a photoresist spinner, and the wafers were then baked for 2 minutes at 95 C.
Exposure was undertaken as before, but using the i-line UV wavelength on the mask aligner
along with a mask set to expose only the Au and Pt surfaces to UV. Importantly, a post-exposure
bake (2 minutes, 95 ℃) was required to prevent the complete removal of SU-8 during
development. Wafers were developed in SU-8 developer for 80 seconds, then placed in an
isopropanol bath for 1 minute and dried under an inert gas (either Ar or N2). The pattern was
examined under a microscope to confirm complete development and cleanliness of the surfaces,
and the SU-8 pattern was then set in a 15 minute hard bake at 150 C. Finally, individual chips
were cleaved from the wafers using a Dynatex scriber-breaker. Chips were stored in sealed
plastic containers in a dessicator under vacuum until use.
DNA Synthesis and Purification
Initial characterization of the integrated chip platform used the following DNA
substrates:
17-mer thiol: Thiol – 5ʹ– GAC TGA GTA CGG TCG CA – 3ʹ

17-mer MBʹ: 5ʹ – TMBGC GAC CGT ACT CAG TC – 3ʹ
17-mer unmodified complement: 5ʹ – TGC GAC CGT ACT CAG CT – 3ʹ
For polymerase assays, a DNA construct consisting of the following three components served as
a primed DNA replication substrate:
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20-mer 3ʹ thiol: 5ʹ– GCT GTC GTA CAG CTC AAT GC – 3ʹ- thiol linker
38-mer MBʹ: 5ʹ– TMBAA CAG GTT GAT GCA TCG CGC TTC GGT GCT GCG TGT CT – 3ʹ
49-mer complement: 5ʹ – GCA TTG AGC TGT ACG ACA GCA GAC ACG CAG CAC CGA
AGC GCG ATG CAT C– 3ʹ
Comparisons of this substrate with fully duplexed DNA used the same components but included
a 58-mer complement with the following sequence:

58-mer complement: 5ʹ – GCA TTG AGC TGT ACG ACA GCA GAC ACG CAG CAC CGA
AGC GCG ATG CAT CAA CCT GTT A – 3ʹ

Unmodified DNA was purchased from IDT, and phosphoramidites for modified DNA were
purchased from Glen Research. The 3ʹ thiol linker used for these reactions was 3-oxahexyl-1thiol, a higher-yielding modification of the 6 carbon linker typically used for 5ʹ thiol
modifications. All DNA synthesized in lab was made using an ABI DNA synthesizer employing
standard phosphoramidite chemistry.
DNA oligomers were removed from CPG beads by 8-hour incubation in NH4OH at 60 C,
then rinsed, filtered, and dried on a speed vacuum. DNA was then dissolved in 600 μL 5 mM
sodium phosphate buffer with 50 mM NaCl (pH 7.0) and purified with HPLC using a PLRPS
column with a gradient of ACN and 50 mM NH4OAc (5-75% ACN/95-25% NH4OAc over 30
minutes). Collected DNA was then dried on a lyophilizer, and the 5ʹ DMT group was removed
by 25-minute incubation in 250 μL of an 80% aqueous acetic acid solution followed by EtOH
precipitation. DNA was again dried on a speed vacuum, and purified by another round of HPLC
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(5 – 15% ACN/95 – 85% 50 mM NH4Ac over 35 minutes). DNA strands containing a disulfide
modifier were reduced using 100 mM DTT (45 minutes, RT), skipping the acetic acid step. DTT
was removed on a NAP5 column, and the oligomers were HPLC purified.
MBʹ-modified DNA was prepared by activation of the MBʹ-acid to an NHS ester
followed by coupling to 5ʹ-amino-modified DNA synthesized. For activation, 0.022 mmol N(carboxypropyl)methylene blue (MBʹ) was added to a scintillation vial and mixed with 0.045
mmol N,N’-dicyclohexylcarbodiimide (DCC) and 0.045 mol N-hydroxysuccinimide (NHS) in
DMF. This reaction was stirred overnight at RT in the dark. The resultant NHS-ester was then
dried under vacuum and re-dissolved in a minimal amount of DMSO, after which it was added in
10-fold excess to fully purified 5ʹ-amino-modified DNA in NaHCO3 and placed on a shaker
overnight. The resultant MBʹ-modified DNA was isolated from unreacted MBʹ on a NAP5
column and HPLC purified as described above.
Protein Expression and Purification
Yeast DNA polymerase δ 01 (exo-) and PCNA and E. coli endonuclease III (EndoIII)
were expressed and purified according to previously published protocols (10, 12).
3H-Incorporation

Assay for DNA Polymerase Activity

For independent confirmation of Pol δ activity, we used a standard DNA polymerase
assay based on incorporation of 3H-labeled dTTP into calf thymus DNA; the same assay was
also used as to test activity on the MBʹ-modified DNA substrate used for electrochemistry (1315). Reactions consisted of 200 nM Pol δ in the presence or absence of 2 μM PCNA was added
to a reaction mix (50 μL final volume) consisting of 8 mM MgCl2, 1 mM DTT, 25 mg/mL BSA,
2 mg/mL calf thymus DNA, 400 μM dATP, dCTP, and dGTP, 100 μM dTTP, and 800 cpm/pmol
[5-methyl 3H]-dTTP and 10% glycerol v/v in 50 mM Tris-HCl (pH 8.0). Reactions with Klenow
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fragment exo- (New England Biolabs) were run alongside as a control. dNTPs and Klenow
fragment were purchased from New England Biolabs (NEB), calf thymus DNA was purchased
from Sigma Aldrich, and radiolabeled dTTP was from Perkin Elmer.
Reactions were run at 37 ℃ for 30 minutes, and quenched by addition of 100 μL chilled
100 mM sodium pyrophosphate and 1 mL 10% TCA in EtOH. Quenched reactions were left on
ice for 10 minutes, and DNA was isolated by filtration on Whatman GFC fiberglass filters and
rinsed twice with 2 mL 1 M HCl, once with 1 mL 50 mM sodium pyrophosphate and once with
EtOH. Acid insoluble radioactivity (DNA)was then quantified using liquid scintillation counting
in 0.4% 2,5-bis(2-(5-tert-butylbenzoxazolyl)) thiophene (BROT) in toluene.
Electrochemistry-Based DNA Polymerase Assay
All DNA SAMs were formed overnight at RT on integrated multiplex chips, and
backfilled for 45 minutes with 1 mM 6-mercato-1-hexanol in 5 mM phosphate buffer with 50
mM NaCl and 5% glycerol v/v. Surfaces were then washed ten times in the same buffer.
Initially, surfaces were scanned immediately after backfilling, but, in order to obtain more
comparable monolayer structure before and after reaction, later surfaces were incubated at 37 ℃
for 30 minutes. This incubation led to more directly comparable signals before and after reaction,
likely due to a final surface reorganization and removal of any unbound MBʹ DNA. In all cases,
initial scans were performed in the same buffer, then rinsed 5 times and scanned in TBP buffer (5
mM sodium phosphate, pH 7.0,50 mM NaCl, 4 mM spermidine, 4 mM MgCl2, 0.5 mM EDTA,
and 10% glycerol v/v). After scan rate dependence was taken in TBP buffer, the surface was
rinsed 5 times in reaction buffer (50 mM Tris-HCl, pH 8.0, 50 mM NaCl, 10% glycerol v/v),
scanned, and the process was repeated.
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Reaction mixes (20 nM Pol δ 01, 2 μM PCNA, 8.0 mM MgCl2, and 400 μM dNTPs in
reaction buffer) were prepared on ice, and 20 μL was added to each quadrant of an integrated
multiplexed device. Initially, surfaces were scanned with enzyme immediately after addition and
after reaction to observe differences, but, as nothing critical occurred at these points, these scans
were later eliminated to achieve more accurate reaction times. The surface was then placed in a
37 ℃ incubator or on a bench at RT for a set time, and the reaction mix was removed and the
surface rinsed in activity buffer. Scan rate dependence was taken again, and the surface was
finally rinsed and scanned in TBP buffer. For oxidation experiments, reactions were run at RT in
a glove bag under a 5% H2, 95% N2 atmosphere. In all cases, DNA synthesis was quantified by
subtraction of the charge under the MBʹ reductive peak at 500 mV/s before reaction from the
same peak after reaction.
Electrochemical Replication Product Analysis by HPLC
After the completion of all scans, the surface was incubated at 90 ℃ and copiously
washed with TBP buffer to remove DNA. DNA from multiple surfaces was pooled and run
through a PLRPS column using the . As controls, stock DNA representing unreplicated and fulllength products were run prior to the surface samples to confirm that these substrates elute at
distinct times.
Bulk electrolysis
To oxidize the polymerase, 100 nM Pol δ and 1000 nM PCNA were added to a gold rod
electrode, and a potential of 0.412 V vs NHE was applied until the curve leveled off. The amount
of protein oxidized was determined by integration of the curve, and subtraction of the same curve
obtained with buffer alone.
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Results and Discussion
Characterization of a Multiplexed Chip with Internal Reference/Counter Electrodes
In order to minimize solution volume while maintaining ease of scanning and
multiplexing capacity, we designed and fabricated a multiplexed chip containing internally
integrated Pt reference and auxiliary electrodes (Figure 7.1). To make room for the
reference/auxiliary, this new device had only 8 electrodes versus the 16 of the standard
multiplexed chip. To test the functionality of this new design, we performed CV experiments
with a 17-mer MBʹ-modified DNA duplex. The sequence used is identical to one previously
employed in general characterization of the standard device (16). To ensure that electrochemistry
was similar under all conditions, DNA monolayers of two types were examined: high density
(assembled with 100 mM MgCl2) and low density (no MgCl2) (17, 18). On LD monolayers,
covalent MBʹ in particular possesses more flexibility and signals primarily through the electrode
surface, while HD monolayers enforce more rigid packing and facilitate DNA-mediated
signaling (19).
Upon scanning, the same pattern seen previously is observed on integrated chip
electrodes, and electron transfer kinetics as determined from Laviron analysis were equivalent (5
- 10 per second in both cases); this result is consistent with CT rates limited by tunneling through
the alkane-thiol monolayer and agrees with previous results (19). DNA surface coverage was
calculated by Ru(NH3)6 titration, which yielded about 20 pmol/cm2 for low-density monolayers
and 30 pmol/cm2 for high density monolayer, as expected (17, 18, 20). As determined using a
MBʹ midpoint potential value of -75 mV vs NHE, potentials were shifted 100 mV negatively
relative to Ag/AgCl, although this was consistent across all electrodes and multiple devices and
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can be attributed solely to the use of a Pt pseudoreference. Critically, variability is remarkably
low both within and between separate quadrants (Figure 7.2).
To confirm that protein electrochemistry was also unperturbed on these devices, we next
repeated the CV experiments using 50 μM EndoIII in storage buffer (20 mM sodium phosphate,
pH 7.5, 150 mM NaCl, 0.5 mM EDTA, 20% glycerol v/v). For protein experiments, we used the
same 17-mer DNA duplex from initial characterization, but with an unmodified complement to
the thiol strand. As expected, EndoIII showed a reversible signal with the same electrochemical
properties on both devices (Figure 7.3), confirming their utility for protein experiments (12).
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Figure 7.1 A standard 16-electrode multiplexed chip (left) and an 8-electrode chip with internal
Pt reference and auxiliary electrodes (integrated chip; right). Both devices use a gold working
electrode, although the area of each electrode is slightly lower on the integrated device in order
to make room for the reference/auxiliary electrodes.
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Figure 7.2 Electrochemistry of a 17-mer DNA duplex on an integrated chip. (top) DNA films on
one half of the device were prepared in the presence of 100 mM MgCl2 to generate high density
(HD) surface packing, while the others were assembled with no MgCl2 for standard low-density
(LD) packing. (center) Cyclic voltammetry (CV) of MBʹ-modified DNA in quadrants one and
two (both HD). (bottom) CV of MBʹ-modified DNA in quadrants one and two (both LD). As
expected, signals are larger on HD films, and variability is minimal both within and between
quadrants of a given type of DNA film. CV scans were taken at 100 mV/s scan rate, and
experiments were performed in TBP buffer (5 mM sodium phosphate, pH 7.0, 50 mM NaCl, 4
mM spermidine, 4 mM MgCl2, 0.05 mM EDTA, and 10% glycerol v/v).
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Figure 7.3 50 μM EndoIII on a standard multiplexed chip (orange) and an integrated chip
(green) at 100 mV/s scan rate. Experiments were all performed in storage buffer (20 mM sodium
phosphate, 150 mM NaCl, 0.5 mM EDTA, 20% glycerol v/v).
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Electrochemical DNA Polymerase Assays Using a MBʹ Probe
Once the integrated chip was fully tested, we proceeded to design an assay to report on
DNA polymerase activity at the electrode surface. The general design of this assay relies on the
making the distinction between surface-mediated and DNA-mediated MBʹ signals (19). In our
design, covalent MBʹ on the end of a single stranded overhang would be expected to have high
flexibility and give a surface-mediated signal characterized by rapid electron transfer rates. Once
duplex extension occurred following incubation with Pol δ under replication conditions, this
flexibility would be lost and intercalation into the base stack would be favored, resulting in
slower, DNA-mediated signals (Scheme 7.1).
Before working with protein, it was first necessary to verify the occurrence of a
difference in the signals from DNA with an overhang and fully duplexed DNA. To address this
issue, we prepared a suitably large DNA polymerase substrate with MBʹ appended to a modified
dT by either a 6-carbon or 3-carbon linker. In addition, we tested both HD and LD monolayers to
identify the optimal conditions, and ran electrochemistry in TBP buffer and polymerase reaction
buffer (50 mM Tris-HCl, pH 8.0, 50 mM NaCl). Intriguingly, a noticeable difference was
observed, although only on HD monolayers in TBP buffer (Figure 7.4). Under these conditions,
MBʹ signals on overhang DNA overlap closely and have electron transfer rates of ~30 s-1,
consistent with the probe ending up partially buried in the monolayer. In contrast, fully duplexed
DNA shows a split reductive peak, with the lower potential peak being much larger and showing
slower kinetics (~5-10 electrons s-1), in agreement with previous studies of duplexed DNA with
covalent MBʹ (19).
Having confirmed that duplexed and overhang DNA can be distinguished, we next
confirmed polymerase activity using a 3H-dTTP incorporation assay. This assay was performed
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with activated (partially DNase digested) calf thymus DNA using 200 nM Pol δ 01 (exo-) in the
presence or absence of 2 μM PCNA. Pol δ 01 was used to prevent exonucleolytic degradation of
surface-bound DNA by the 3ʹ - 5ʹ proofreading site of the polymerase. Since PCNA stimulates
processive DNA synthesis, which is more relevant to the in vivo situation, we hoped to see much
greater 3H incorporation with PCNA present. As expected, all polymerase reactions gave counts
significantly above baseline, confirming that the enzyme was active (Figure 7.5). In addition,
PCNA did stimulate synthesis to a quantifiable extent, although the differences were not as
substantial as those seen on gels using much larger single-stranded substrates (10, 11). After
verifying enzymatic activity, we repeated this assay with our MBʹ DNA substrate (lacking a thiol
in this case) to ensure that the probe does not interfere with polymerase activity. These assays
were run in parallel with those containing calf thymus DNA for a more direct comparison.
Fortuitously, Pol δ activity was equivalent or greater on MBʹ DNA relative to calf thymus DNA
(Figure 7.5).
Having performed all of the necessary characterization, we proceeded to try an
electrochemical assay with Pol δ. Because the amount of DNA present on an electrode is much
less than in our solution assays, we lowered the polymerase concentration to 20 nM for these
assays to prevent saturation. Initial reactions were run for 30 minutes at 37 ℃, after which
sodium pyrophosphate and EDTA were added and the surface washed to remove enzyme. No
polymerase was added to half of the device, although the treatment was otherwise identical. As
MBʹ coupling is most efficient in TBP buffer, we scanned in TBP prior to reaction, washed in
polymerase reaction buffer prior to enzyme incubation, and performed a final set of washes in
TBP buffer prior to a set of post-reaction scans. Remarkably, surfaces with polymerase added
showed the same split reductive signal seen in fully duplexed DNA, while those which lacked
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polymerase did not change after the reaction (Figure 7.6). It should be noted that signals were
smaller in all cases following the reaction and extensive washing, but losses were not great. In
any case, the no-enzyme control and reaction surfaces changed by about the same extent, so the
effect of losses could be easily accounted for. To confirm that the differences were caused by
polymerase reaction rather than other factors such as surface passivation by quenched protein
mixes, we repeated reactions in the absence of dNTPs. For these experiments, polymerase was
added to each quadrant, while half of the chip lacked dNTPs. Following reaction, complete
mixes showed the same MBʹ signal change observed before, while no appreciable differences
occurred in the absence of dNTPs (Figure 7.6).
As a final control, we removed DNA from post-reaction surfaces by heating to 90 ℃ and
running the resultant DNA through an HPLC column. For comparison, we separately ran an
“unreplicated” 38-mer/49-mer duplex and a full-length 38-mer/58-mer duplex (not from
electrodes) to confirm that these strands eluted at different times. On a PLRPS column, the
unreplicated control substrate elutes around 24 minutes, while the full-length duplex elutes
around 32 minutes (Figure 7.7). DNA removed from electrodes elutes around 30 minutes, with
minor peaks at 24 and 32 minutes, consistent with a significant degree of replication (Figure 7.7).
The slightly earlier elution relative to fully duplexed DNA may be due to failure to incorporate
dNTPs at or near the MBʹ-modified dT; nonetheless, all of our controls are consistent with the
occurrence of DNA synthesis at the electrode surface.
Once we were confident that activity could be observed, we attempted to see if we could
use this assay to distinguish basal polymerase activity from the more biologically relevant
PCNA-mediated activity. In standard gel assays, PCNA is required for the effective synthesis of
substrates larger than several nucleotides. When we tested both conditions on our
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electrochemical platform, however, no differences were apparent (Figure 7.8). Although
disappointing, this was not entirely surprising. Even in solution assays, the effect of PCNA was
not as dramatic as that seen on gels, most likely as a consequence of the single-stranded DNA
region being so short relative to a typical substrate (10, 11). That no difference occurs on an
electrode may be due to the fact that HD DNA on the electrode is less accessible to PCNA-Pol δ
complexes. Furthermore, with only one DNA end available for the clamp to slide on, PCNA may
have been even less stimulatory without the ability to rapidly slide from substrate to substrate.
Overall, basal DNA synthesis appears to dominate on electrodes, which is not ideal but still does
not preclude further analysis of polymerase activity.
With these initial results in hand, we next aimed to generate a time course for reaction to
enable quantification of reduced vs oxidized Pol δ activity in future experiments. Because MBʹ
signals are most readily quantified in TBP buffer, reaction progress could not be observed in real
time. To generate a time course, we thus prepared chips with three quadrants for reaction and one
control, and incubated at 37 ℃ for 0, 5, 10, 15, 25, or 30 minutes prior to quenching.
Quantification was performed by taking the area under half of the second reductive peak and
multiplying by 2; background was then subtracted using a control quadrant with no polymerase
added. Finally, the % increase in secondary peak charge was plotted over time as an indicator of
reaction progress. After all time points had been assessed, it became clear that reactions were
largely complete by 10 minutes at 37 ℃ (Figure 7.9).
Convinced that we were seeing polymerase activity on an electrode that could be
quantified over time, we attempted to compare oxidized and reduced Pol δ activity levels.
Initially, oxidation by bulk electrolysis was attempted in one quadrant containing unmodified
DNA on the same integrated device as reactions were performed; however, electrolysis yields
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were inconsistent and often low (as low as 5% in some cases), likely due to low chances of
oxidizing an entire sample from one of two electrodes. A further problem arose when it became
clear that under anaerobic conditions, the Pt reference potential wandered, moving positive
hundreds of mV after 1-2 hours; with MBʹ present, this could be corrected, but it was nonetheless
an undesirable result. Overall, it was clear that integrated devices (or any multiplexed electrode)
are unsuitable for bulk electrolysis, so we moved forward using electrolysis on a separate, single
gold rod electrode as described in 11. Yields were much improved in this case, and DNA
synthesis by oxidized Pol δ was found to be lower than untreated samples by the electrochemical
assay, as expected. However, a time course failed to reveal a consistent pattern in activity
differences (Figure 7.10).
The discrepancy between these results and those seen by conventional gel-based assays is
almost certainly attributable to the limitations of the electrochemical system. Specifically, the
infeasibility of using longer single-stranded overhangs precludes observations of biologically
relevant, PCNA-mediated processive DNA synthesis. This is particularly problematic, as
oxidation is more limiting to processivity than the ability to synthesize DNA at all, and 9
nucleotides is likely near the limit at which a difference can be detected. Second, DNA surface
coverage can vary between chips and is not easily controlled, meaning that the amount of DNA
in each assay differs, unlike in solution reactions which use known concentrations of all
components. Third, what DNA is present is spread between two electrodes that do not entirely
cover a quadrant, making protein contact more random than would be the case in solution.
Finally, multiplexed chips cannot readily be incubated at higher temperatures in a glove bag, so
reactions are limited by slow diffusion. Overall, the fact that a difference was consistently seen is
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remarkable, but the unfavorable features of this platform far outweigh its potential benefits for
monitoring activity differences of this type.
In summary, we have designed a multiplexed device suitable for working with low
volumes and demonstrated that it is possible to observe polymerase activity on this surface.
However, the Pt pseudoreference requires close monitoring, as the potential is prone to wander
especially under anaerobic conditions. Furthermore, limits in the size and amount of DNA that
can be distributed on a surface are not optimal for the study of highly processive polymerases, as
illustrated by the ineffectiveness of PCNA in stimulating Pol δ on the electrode while having the
opposite effect on the same substrate in solution. These limitations combine to make this assay
design far less suitable for studying the effects of oxidation on [4Fe4S] DNA polymerases than
we initially hoped. However, while this assay did not meet expectations, we were able to monitor
non-processive DNA synthesis over time; only efforts to see finer details caused problems. Thus,
while processive polymerases are best studied by traditional assays, a similar electrochemical
assay might be useful for other proteins like telomerase, which do not synthesize hundreds of
nucleotides at a time. Finally, it is also possible that this or a similar assay could be adapted to
study DNA repair proteins, which require only a target site and are not limited by a need for
extensive quantities of single-stranded DNA.

277

Scheme 7.1 Electrochemical DNA polymerase activity assay. Before replication, DNA with a
MBʹ reporter tethered to the 5ʹ end of a single-stranded overhang signals primarily through the
electrode surface, which is characterized by rapid electron transfer kinetics. The addition of
polymerase and/or the sliding clamp PCNA followed by dNTPs is expected to allow extension of
the primed DNA. Once the proteins are removed, the fully duplexed DNA now favors MBʹ
intercalation into the base stack, leading to slower electron transfer kinetics than those seen
through the surface.
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Figure 7.4 CV of MBʹ-modified Pol δ substrates. DNA with a single-stranded overhang (blue)
exhibits a single reductive peak with low peak splitting and rapid electron transfer rates. In
contrast, fully duplexed DNA (red) shows a split reductive peak, with the primary peak showing
marked splitting and slower electron transfer rates. Scans were taken at a scan rate of 100 mV/s
in TBP buffer (5 mM sodium phosphate, pH 7.0, 50 mM NaCl, 4 mM spermidine, 4 mM MgCl2,
0.5 mM EDTA, 10% glycerol v/v).
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Figure 7.5 Data from a representative 3H incorporation assay. 3H-labeled dTTP was used to
record DNA synthesis, and Pol δ activity with (red) and without PCNA (orange) on a standard
calf thymus DNA substrate was compared with the same MBʹ substrate used for electrochemical
activity assays, but lacking a thiol (blue). Significant activity was observed on both, showing that
the polymerase was active and unimpeded by the presence of MBʹ under any conditions. Assays
included 200 nM Pol δ 01, 2.0 μM PCNA, 8.0 mM MgCl2, 25 mg/mL BSA, 2.0 mg/mL calf
thymus DNA or 6.0 μM MBʹ DNA, 400 μM dATP, dCTP, and dGTP, 100 μM dTTP, 800
cpm/pmol [5-methyl 3H]-dTTP and 10% glycerol v/v in 50 mM Tris-HCl (pH 8.0)
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Figure 7.6 Polymerase reaction at an electrode. (top) Before reaction, CVs all match those
observed previously for DNA with a single-stranded overhang (green), while a second reductive
peak develops after incubation with 20 nM Pol δ (red), consistent with the formation of fully
duplexed DNA. If no polymerase is added, the overall CV signal form does not change (blue).
(bottom) Excluding dNTPs from the reaction mix does not produce a secondary peak, supporting
the assertion that DNA synthesis is being observed at the electrode surface. Reactions were
performed with 20 nM Pol δ 01, 2.0 μM PCNA, 8.0 mM MgCl2, 400 μM dNTPs, and 10%
glycerol v/v in 50 mM Tris-HCl, pH 8.0. Scans shown were taken at 100 mV/s (top) or 500 mV/s
(bottom) in TBP buffer (5 mM sodium phosphate, pH 7.0, 50 mM NaCl, 4 mM spermidine, 4
mM MgCl2, 0.5 mM EDTA, 10% glycerol v/v).
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Figure 7.7 HPLC traces from DNA removed from an electrode by heating. DNA with an intact
overhang, representing unreplicated DNA (blue trace), and fully-duplexed DNA (red trace) were
run as controls. The DNA from the electrode (green trace) eluted at about the same time as the
full-length DNA, suggesting that it had been extended by the polymerase. HPLC gradient was 5
– 15% ACN/95 – 85% 50 mM NH4Ac over 35 minutes at a flow rate of 2 mL/min.
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Figure 7.8 Polymerase reactions at a DNA-modified electrode are unaffected by PCNA.
Conditions were as follows: 20 nM Pol δ 01, 0 or 2.0 μM PCNA, 8.0 mM MgCl2, 400 μM dATP,
dCTP, dGTP and dTTP, and 10% glycerol v/v in 50 mM Tris-HCl (pH 8.0)
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Figure 7.9 Time course for Pol δ replication reaction at 37 ℃ on an electrode. The percent of
MBʹ secondary reductive peak charge increase at 500 mV/s scan rate is plotted and normalized
for surface coverage. Reaction is largely complete by 10 minutes in the presence of 20 nM Pol δ
01. Reaction conditions were as follows: 20 nM Pol δ 01, 2.0 μM PCNA, 8.0 mM MgCl2, 400
μM dATP, dCTP, dGTP, and dTTP and 10% glycerol v/v in 50 mM Tris-HCl (pH 8.0).

284

Figure 7.10 Activity following Pol δ oxidation by bulk electrolysis. The percent of untreated
activity is shown in red, while blue denotes the amount of synthesis expected based on oxidation
yield. While a difference is apparent at later time points, it is not as large as that seen in gelbased assays in which processive, PCNA-mediated synthesis is dominant. Overall, the use of a
short single-stranded region and likely saturation by Pol δ make this type of assay unsuited to
quantification on an electrode. Reaction conditions were as follows: 20 nM Pol δ 01, 2.0 μM
PCNA, 8.0 mM MgCl2, 400 μM dATP, dCTP, dGTP, and dTTP and 10% glycerol v/v in 50 mM
Tris-HCl (pH 8.0).
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Chapter 8

Investigating Charge Transport Through RPA-Bound
Single-Stranded DNA Using Covalent Photooxidants

This work was part of a collaboration with A. Ehlinger and W. Chazin at Vanderbilt University.
P. Bartels performed all DNA preparation and purification, and carried out all photooxidation
experiments and associated analysis. A. Ehlinger expressed and purified RPA.
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Introduction
Eukaryotic DNA replication involves a host of proteins that must coordinate their
activity, both to accomplish their task in general and to respond to DNA damage and other
setbacks collectively referred to as replication stress (1, 2). Of interest with respect to the stress
response, several eukaryotic DNA replication and repair proteins, specifically DNA primase,
DNA polymerase (Pol) δ, and MUTYH, have been shown to contain redox-active [4Fe4S]
clusters (3-5). While redox-activity has not yet been demonstrated, [4Fe4S] clusters are also
present in Pol ε, the helicase-nuclease Dna2, the translesion synthesis polymerase Pol ζ, and the
endonuclease III homologues Ntg2/NTHL1 (yeast and human names, respectively) (6-10).
Among those proteins previously studied, all were shown to be capable of long-range DNAmediated charge transport (DNA CT) (3, 4). DNA CT, in which electrons and holes travel
rapidly over long molecular distances through the π-stacked DNA base pairs, exhibits an acute
sensitivity to even slight perturbations in base pair stacking and is thus an excellent reporter of
damage (11). Indeed, electrochemical studies have shown dramatic CT attenuation by a wide
variety of different lesions (12). DNA CT, however, is a phenomenon exclusive to duplexed
DNA, while DNA replication involves a significant amount of single-stranded DNA, limiting the
range of communication between redox-active proteins in this context.
At the replication fork, unwound single stranded DNA is coated with the single-stranded
binding protein replication protein A (RPA) (1). RPA is a heterotrimeric complex consisting of
three subunits: RPA70, RPA32, and RPA14 (13). Among these subunits are four DNA binding
domains, which act sequentially in three binding modes to enhance binding affinity. These are an
8-10 nucleotide (nt) mode, a 25 nt mode, and an intermediate 12-22 nt binding mode (13).
Crystal structures of the DNA binding domains show stacking interactions between aromatic
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residues in RPA and the bases of single-stranded DNA, raising the intriguing possibility of CT
through RPA-coated DNA during replication (14). Indeed, aromatic residues have been shown to
couple with duplexed DNA in HhaI, ensuring that such a prospect is feasible (15). Notably, a
structure of the entire complex bound to DNA shows a U-shaped bend that may be problematic
for CT (16). However, the bend is not sharp, and CT can certainly occur through wrapped DNA
as long as local base stacking remains intact (17). Furthermore, crystal structures show only a
single conformation, and the situation in solution is likely to be far more dynamic. In any case,
even if CT were not possible in this binding mode, the shorter modes remain of interest. If it can
occur, CT through RPA-bound DNA would dramatically expand the possible communication
pathways in DNA replication, and is thus worth investigating.
To test the possibility of CT through RPA-bound DNA, we have designed a system
consisting of a DNA duplex with a covalent photooxidant on one end and containing an RPAsized gap in the middle (Scheme 8.1). Taking advantage of the propensity of damage to localize
on guanine multiplets (guanine has the highest oxidation potential of the DNA bases) (18), we
aimed to evaluate damage on DNA irradiated in the presence and absence of RPA. These
experiments are ongoing and represent a first step toward addressing the possibility of CT
through single-stranded DNA at the replication fork, and future efforts should shed light on this
intriguing possibility.
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Scheme 8.1 Photooxidation scheme to test CT through RPA-coated ssDNA. In these
experiments, RPA binds a single-stranded gap in a DNA substrate containing a photooxidant
(orange) at one end. Irradiation will excite the photooxidant and provide a driving force for
guanine oxidation. If CT can occur through RPA-bound DNA, guanine radical will form on the
other end of the gap, resulting in damage products that can be cleaved by piperidine. Appending
a 5ʹ 32P label to this strand will allow cleavage products to be visualized.
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Materials and Methods
Protein Expression and Purification
Heterotrimeric yeast RPA was overexpressed and purified as previously described (19).
DNA Synthesis and Purification
Unmodified DNA oligomers were purchased from IDT and purified by HPLC. DNA for
conjugation to anthraquinone (AQ) or rhodium photooxidants was prepared on an Applied
Biosystems automated DNA synthesizer. For AQ conjugation, 3ʹ C3 amino-modified CPG beads
were purchased from Glen Research (3ʹ-PT-Amino-Modifier C3 CPG). After synthesis, DNA
was deprotected with 28-30% ammonium hydroxide (Sigma-Aldrich) (8 hrs, 65 ℃), filtered, and
purified by HPLC (Agilent PLRPS column, 5-75% ACN/95-25% 50 mM ammonium acetate
gradient over 30 minutes at a flow rate of 2 mL/min). The terminal DMT group was removed by
30ʹ RT incubation in 80% aqueous acetic acid, and the DNA was HPLC purified a second time
(PLRPS column, 5-15% ACN/95-85% 50 mM ammonium acetate over 35 minutes at a 2
mL/min flow rate). DNA was then desalted by standard EtOH precipitation.
5ʹ 32P labeling was achieved by incubating 50 pmol freshly prepared single-stranded
DNA with T4 polynucleotide kinase (PNK; New England Biolabs) and [γ-32P] ATP (Perkin
Elmer) for 30 minutes at 37 ℃. PNK was heat inactivated (10 minutes, 85 ℃) and DNA was
isolated from unreacted radiolabeled ATP by running samples through MicroBioSpin6 columns
(BioRad) according to product instructions.
Once all DNA oligomers were prepared, the appropriate strands were quantified by UVvisible spectroscopy using molar extinction coefficients from IDT and annealed in equimolar
ratios (5 minutes at 95 ℃ followed by cooling to RT over 1.5-2 hours) in storage buffer (5 mM
sodium phosphate, pH 7.0, 50 mM NaCl). DNA substrate design consisted of 1 long strand
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annealed to two complements with an RPA-appropriate gap in between. The DNA strand on one
side of the gap contained a 5ʹ 32P label and a guanine doublet to serve as a hole trap, while the
strand on the other side contained either an AQ or rhodium photooxidant covalently tethered to
the 5ʹ end. For comparison with RPA-bound DNA, a DNA sequence complementary to the gap
was included as a control. The DNA sequences for photooxidation experiments were as follows:
AQ DNA
P 29-mer: 32P - 5ʹ - TGT ACG ACA GGT GTC ATG CTA GCA TCA TA - 3ʹ

32

16-mer AQ: 5ʹ - ACA CTA TAG CTC AGA G - 3ʹ - AQ
55-mer: 5ʹ - CTC TGA GCT ATA GTG TGA CGT TCG AGA TCA CGT CAT ATG ATG CTA
GCA T - 3ʹ
15-mer: 5ʹ - GAC ACC TGT CGT ACA - 3ʹ
40-mer: 5ʹ - CTC TGA GCT ATA GTG TAC GTC GCA CAT ATG ATG CTA GCA T - 3ʹ
10-mer gap: 5ʹ - TGT GCG ACG T - 3ʹ
25-mer gap: 5ʹ - TGA CGT CAA CGT GAT CTC GAA CGT C - 3ʹ
Rh DNA
Rh 16-mer: Rh - 5ʹ - ACA CTA TAG CTC AGA C - 3ʹ
P 15-mer: 32P - 5ʹ - TGT AGG ATG CAG TCG - 3ʹ

32

56-mer: 5ʹ - CGA CTG CAT CCT ACA ACT GCA GTT GCA CTA GAG CTT GCA GCT CTG
AGC TAT AGT GT - 3ʹ
25-mer gap: 5ʹ - CTG CAA GCT CTA GTG CAA CTG CAG T - 3ʹ
Coupling Anthraquinone 2-Carboxylic Acid (AQ) to DNA
To couple AQ to DNA, anthraquinone 2-carboxylic acid (Sigma-Aldrich, 0.022 mmol)
was activated to the NHS ester by dissolving in DMF (~500 μL) and stirring overnight in the
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presence of N,Nʹ-Dicyclohexylcarbodiimide (DCC; Sigma-Aldrich, 0.045 mmol) and Nhydroxysuccinimide (NHS; Sigma-Aldrich, 0.045 mmol). The reaction was then dried and the
components redissolved in a minimal amount of DMSO (~600 μL). Dried amino-modified DNA
was dissolved in 200 μL 100 mM sodium bicarbonate and 50 μL of activated AQ NHS ester was
added to each tube and gently shaken in the dark overnight. DNA was isolated by NAP-5 column
(GE Healthcare) and HPLC purified a final time using the same method as the second
purification. MALDI-TOF mass spectrometry was used to confirm the mass of the oligomer.
Coupling [Rh(phi)2bpyʹ]3+ to DNA
For rhodium conjugation, DNA was prepared on the synthesizer using CPG beads with
2000 Å pore size (20). The terminal DMT group was cleaved on the column as the final step of
the synthesis to expose the 3ʹ hydroxyl group for further reactions. Once synthesized, the CPG
beads were added directly to a 2.5 cm x 10 cm glass cylinder with a glass frit and stopcock. The
cylinder was sealed from above and connected to an aspirator, and the beads were washed 3x
with 3 mL dry 1,4 dioxane (Sigma-Aldrich). 0.308 mmol (50 mg) carbonyldiimidazole (CDI;
Sigma-Aldrich) was dissolved in dry dioxane and added directly to the beads; this mixture was
gently shaken for 30 minutes. The beads were then dried and washed 5x with 3 mL dry dioxane,
and a 1 mL solution of 1,9 diaminononane (0.202 mmol; 32 mg) in 9:1 dioxane:water was added
and the reaction gently stirred at RT for 25 minutes (Scheme 8.2). Following reaction, the beads
were rinsed 3x each in dry dioxane followed by MeOH.
[Rh(phi)2bpyʹ]Cl3 was prepared as previously described (21), and the structure confirmed
with 1H NMR in deuterated water (Figure 8.2). To prepare for 5ʹ coupling, [Rh(phi)2bpyʹ]Cl3
(0.013 mmol; 11.4 mg) was placed in a scintillation vial and dissolved in a minimal volume of
1:1:1 dry CH3OH/CH2Cl2/CH3CN along with 0.027 mmol (8.1 mg) N,N,Nʹ,Nʹ-Tetramethyl-O-
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(N-succinimidyl)uronium tetrafluoroborate (TSTU). The reaction was started by adding 0.034
mmol (5.92 μL) N,N-Diisopropylethylamine (DIEA) and stirred at RT for one hour (Scheme
8.3). Immediately after addition of DIEA, the solution went from orange to dark red. After one
hour, a small sample was analyzed by ESI mass spectrometry, which yielded two major peaks at
866 Da and 994 Da (Figure 8.3). The peak at 866 Da consistent with NHS ester formation
accompanied by loss of two protons from the phi ligand imine nitrogen atoms in DIEA, while
that at 994 Da is attributable to TSTU coupled directly to the bpyʹ carboxylic acid through the
imine group.
After TSTU activation, the DNA beads were added directly to the rhodium reaction mix
and stirred overnight (Scheme 8.4). Alternatively, the rhodium solution was added to the beads
on the glass cylinder and shaken overnight; both methods produced equivalent yields. In both
cases, the beads were placed on the glass cylinder, dried, and washed successively (3x each) with
dry MeOH, CH2Cl2, and ACN. Even after drying, the beads remained orange, confirming
successful coupling (Figure 8.4). Notably, the beads are strongly solvatochromic, appearing
palest in MeOH and darkest in CH2Cl2, with intermediate intensity in ACN (Figure 8.4). Once
rinsed, DNA was removed from the beads by incubation with 800 μL 28-30% ammonium
hydroxide (Sigma-Aldrich) for 6 hours at 60 ℃.
Isolated DNA was dried on a speed vacuum, dissolved in 600 μL buffer (5 mM sodium
phosphate, pH 7.0, 50 mM NaCl), filtered, and purified by HPLC (PLRPS column, 5-15%
ACN/95-85% 50 mM ammonium acetate gradient over 35 minutes, 2 mL/min flow rate). To
ensure collection of coupled DNA, absorbance was monitored at 260, 280, and 360 nm; two
major peaks (consistent with previous reports and corresponding to separate enantiomers) eluted
around 22 and 28 minutes (Figure 8.5). MALDI-TOF mass spectrometry was used to confirm the
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identity of the DNA; a mass of 5819 Da was obtained, very close to the expected mass of 5814
Da. DNA was quantified by UV-visible spectroscopy using a molar extinction coefficient at 390
nm of 19000 M-1cm-1 for Rh-tethered DNA (Figure 8.6) (20).
Photooxidation Reactions with RPA
Reaction mixes (30 – 50 μL) consisted of 133 nM DNA (2 pmol) with a 0, 1, 5, or 10fold molar excess of RPA, 0.2 mg/mL BSA, 150 mM NaCl, 50 mM Tris-HCl, pH 7.8, and 10%
glycerol v/v. Samples were prepared in Eppendorf tubes, incubated at 37 ℃ for one minute to
facilitate RPA binding, and transferred to glass vials for photooxidation. Photooxidation was
accomplished by irradiation (30 minutes or 1 hour) under a solar simulator with a UVB/C filter
applied, after which reactions were transferred back into Eppendorf tubes and dried on a speed
vacuum. To cleave the DNA at sites of damage, dried DNA was dissolved in 100 μL buffer (50
mM Tris-HCl, pH 7.8, 150 mM NaCl) containing 10% piperidine by volume. This solution was
then incubated 30 minutes at 90 ℃, then precipitated in 1 mL chilled EtOH, left on dry ice 30
minutes, and spun down at 14000x g. The supernatant was removed, taking care to ensure that
the bulk of the radioactivity remained in the tube, and samples were dried on the speed vacuum.
Samples were then washed 3x in water and counted on a liquid scintillation counter prior to
drying a final time. Dried samples were dissolved in 2 μL formamide loading dye, heated to 90
℃ for 5 minutes, and equivalent amounts of radioactivity were loaded directly onto a 20%
denaturing polyacrylamide gel. Electrophoresis was carried out at 90 W power for ~2 hours, or
until the dye had migrated ~3/4 the length of the gel. Gels were then exposed (1 hour for every
300000 cpm) and imaged on a Typhoon phosphorimager; bands were quantified using
ImageQuant software.
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Figure 8.1 Design of AQ- and Rh-modified DNA substrate for RPA (top and bottom,
respectively). The 25 or 10 nucleotide gap in the center fits two distinct binding modes of RPA,
and the main differences between the substrates are the location and identity of the photooxidant.
The decrease in size of the radiolabeled oligomer in the Rh-DNA substrate represented an effort
to obtain higher yields in automated synthesis.
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Figure 8.2 1H NMR spectrum of [Rh(phi)2bpyʹ]3+. All peaks integrate to the expected
proportions, and are in agreement with previous studies (20).
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Scheme 8.2 Amino modification of DNA on CPG beads with the DMT group removed.
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Scheme 8.3 TSTU activation of [Rh(phi)2bpyʹ]3+ for coupling to amino-modified DNA. NHS
ester formation is shown, but ESI-MS (Figure 8.3) confirms that this is one of two products
along with a direct conjugation of TSTU at the imine group.
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Scheme 8.4 Coupling of amino-modified DNA to activated [Rh(phi)2bpyʹ]3+.
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Figure 8.3 ESI-MS spectrum of [Rh(phi)2bpyʹ]+ after 1 hour of TSTU activation in 1:1:1
CH3OH/CH2Cl2/CH3CN with DIEA present. The major peaks at 866 Da and 994 Da are
consistent with NHS ester formation and direct [Rh(phi)2bpyʹ] TSTU coupling, respectively.
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Figure 8.4 DNA on CPG beads post-Rh coupling and in a series of solvent washes.
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Figure 8.5 HPLC traces for Rh-conjugated DNA with UV-visible absorbance monitored at 260
and 280 nm to track DNA and 360 nm to track Rh. Peaks eluted around 12 minutes (unmodified
DNA), 18-22 minutes (amino-modified DNA), and 21 and 28 minutes (Rh-coupled DNA).
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Figure 8.6 UV-visible spectra of 16-mer Rh-modified DNA. The UV-visible spectrum contains
the broad peak centered at 390 nm expected for DNA-bound [Rh(phi)2bpyʹ]3+ conjugated to
DNA. The two peaks shown are from different collections from HPLC representing different
enantiomers.
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Results and Discussion
RPA Reactions with Photooxidation by AQ
In AQ reactions, DNA was incubated with increasing concentrations of RPA, and control
reactions lacking RPA and containing a fully duplexed substrate were subjected to the same
treatment as RPA reactions. DNA containing both a 10-mer and a 25-mer gap was used to assess
CT in RPA bound in its shortest and longest binding modes, respectively. From the
polyacrylamide gels (Figure 8.7), it is apparent that the majority of DNA substrate (78% or more
by band volume) did not cleave in any reaction. However, the reactions with 25 nM RPA on a
10-mer gapped substrate and 10 nM RPA on a 25-mer gapped substrate do show some low
molecular weight bands representing 2-5% of the total radioactivity present. Using MaxamGilbert sequencing lanes as a guide, DNA cleavage, when present, occurred primarily at the
expected GG site, but products are also present at the neighboring G and A positions. Overall,
these results provide an intriguing start, but low photooxidation yields make it impossible to say
if RPA had any effect, as even what little DNA damage is present does not occur with any
particular pattern on either the 10- or 25-mer gapped substrates.
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Figure 8.7 RPA reactions visualized on a 20% denaturing polyacrylamide gel. Based on
Maxam-Gilbert sequencing lanes, several RPA reactions (25 nM RPA on 10-mer gap DNA and
10 nM RPA on 25-mer gap DNA) show damage at A/G sites representing 2-5% of the sample,
but low yields prevent further analysis.
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RPA Reactions with a Rh-Based Photooxidant
To improve oxidation yields, the photooxidant in our system was switched to
[Rh(phi)2bpyʹ]3+. [Rh(phi)2bpyʹ]3+ yields are reported to be higher when covalently tethered to
the 5ʹ end of single stranded DNA, so the polarity of the modifier was reversed. To simplify
substrate preparation, however, the 15-mer sequence used in AQ DNA was eliminated and the
sequences were adjusted to leave only three components for RPA reactions (four for fully
duplexed controls). Finally, to facilitate troubleshooting, only the 25-mer gapped substrate was
investigated in these experiments, and irradiation time was increased to one hour in an effort to
further enhance yields.
At this point, data from gels are inconclusive for several reasons (Figure 8.8). In all
experiments, indiscriminate DNA cleavage was observed. In early experiments, this was likely
due to excessive cutting by piperidine in water rather than buffer. Extra care was taken in later
efforts to treat with piperidine in buffer and to remove it through extensive washing and drying
steps. Unfortunately, the result of this prolonged treatment (1 week in total) was likely 32Pinduced damage; supporting this, Maxam-Gilbert sequencing lanes prepared at the same time
and treated in the same way also show indiscriminate cleavage. In summary, the problems
encountered in these early efforts are expected to be simple to overcome, and future experiments
will likely yield more fruitful results.
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Figure 8.8 20% denaturing polyacrylamide gel containing RPA reactions alongside controls. No
apparent differences are present between any reactions. Furthermore, both dark controls (D.C.)
and Maxam-Gilbert sequencing lanes also show indiscriminate cleavage products. The damage
seen in this gel is likely the result of overly long (several days) storage post-reaction, allow time
for 32P-induced damage even after piperidine removal. The DNA substrate contained a 25 nt gap,
and reactions were run in the presence of 0.2 mg/mL BSA, 150 mM NaCl, and 10% glycerol v/v
in 50 mM Tris-HCl, pH 7.8.
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Chapter 9
Summary and Perspective

312
The importance of [4Fe4S] clusters in DNA-processing enzymes is difficult to understate.
[4Fe4S] clusters have now been reported in base excision repair (BER), nucleotide excision
repair (NER), and DNA replication pathways in organisms from bacteria to man (1 - 9). This is
underscored by the strict conservation of such a metabolically expensive complex when, in many
cases, structural integrity and basic enzymatic activity can be achieved with zinc or even bulky
amino acids (10-12). In addition, many of these proteins have disease-relevance, in particular
human NTHL1 and MUTYH BER glycosylases (13, 14). Thus, understanding the function of the
[4Fe4S] cluster in these proteins is a matter of great importance.
Although their response to oxidants and reductants in solution varies (1 - 9), previous
work in the Barton lab has demonstrated that DNA binding activates the cluster for oxidation,
making the [4Fe4S]3+/2+ couple accessible at biological potentials (15). Furthermore, once
oxidized, the DNA-binding affinity is increased by ~500-fold at least in Escherichia coli
endonuclease III (EndoIII) (15, 16). In addition to activating these proteins for redox activity,
DNA has been shown to serve as a means of long-range communication through the process of
DNA-mediated charge transport (DNA CT) (17). Bacterial BER proteins use DNA CT as a
means of localizing to their target lesions (17). In this model, proteins are initially oxidized to the
[4Fe4S]3+ state by species like the guanine radical cation that are generated under conditions of
oxidative stress (18). Once oxidized, these individual proteins can then be reduced by a distally
protein in the reduced state; at this point, the reduced protein diffuses away from the DNA, while
the oxidized protein remains tightly bound. This effectively confirms that the DNA stretch
between the two proteins is undamaged. If an intervening lesion is present between two proteins,
DNA CT is attenuated and this search process cannot occur. In this case, the oxidized proteins
remain bound in the vicinity of the lesion and are poised to resolve the damage. Overall, this
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model serves to explain how BER proteins find scarce targets on a biologically relevant time
scale.
While the work leading up to this DNA repair model has provided great insight into the
function of [4Fe4S] clusters in DNA, several details remained to be elucidated. In particular, the
precise cause of the potential shift seen upon DNA binding was not clear, and the relevance of
redox activity and DNA CT to human disease had not been addressed. Indeed, eukaryotic repair
proteins had not been directly investigated using the electrochemical and spectroscopic
techniques typically used in the Barton lab. Moving beyond repair, the recently reported
occurrence of [4Fe4S] clusters in eukaryotic DNA replication brought to light a set of proteins
whose activity could not be easily understood using the model developed for BER.
In this thesis work, we have addressed each of these questions using a combination of
electrochemical, spectroscopic, and biochemical techniques. First, the molecular cause of the
potential shift was investigated using a combination of electrochemistry on a pyrolytic graphite
edge (PGE) electrode and S K-edge X-ray absorbance spectroscopy (XAS) (Chapter 2, 3).
Second, we carried out the first complete characterization of a disease-relevant mutant of a
human [4Fe4S] protein, the BER glycosylase MUTYH (Chapter 4). Third, the role of the
[4Fe4S] cluster in yeast DNA polymerase (Pol) δ, the eukaryotic lagging strand DNA
polymerase, was assessed using a variety of complementary in vitro methods (Chapter 5-7).
Experiments with EndoIII and MutY on PGE electrodes in the presence and absence of
DNA revealed a potential shift similar to that seen on highly-oriented pyrolytic graphite (HOPG)
in earlier studies (15, Chapter 2). Simply considering electrode surfaces, this work represented
an advance by making the electrochemistry of DNA-free proteins simpler and more
reproducible. HOPG, which was used for this type of work in the past, is a very flat, hydrophobic
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surface ill-suited to protein adsorption, and is furthermore quite challenging to prepare in a
reproducible manner (15). PGE, in contrast, is a rough surface with plenty of adsorption sites for
proteins; these effects can be enhanced by drying the protein on in a thin film and applying
highly conductive carbon nanotubes (Chapter 2). With respect to the role of nearby amino acid
residues in tuning [4Fe4S] cluster potential, we used PGE electrochemistry to study a series of
EndoIII point mutants in which single charges near the cluster were altered. No significant
potential shift was observed in the absence of DNA, supporting the notion that the negatively
charged DNA backbone is the dominant effect in tuning the [4Fe4S] redox potential.
In parallel with PGE electrochemistry, S K-edge XAS was used to study the effects of
DNA binding and solvation on the potential of EndoIII and MutY (Chapter 3). S atom
absorption in XAS reports on Fe-S bond covalency, which directly reflects redox potential.
Notably, a decrease in absorbance corresponding to a -150 mV shift in potential was observed
for EndoIII upon DNA binding; similar results occurred for MutY, although spectra were too
small and noisy for accurate quantification. In addition, removal of solvent by lyophilization
decreased absorbance, although not to the same extent seen with DNA binding; furthermore, the
same effect of DNA-binding was seen in lyophilized samples. These results indicate that solvent
hydrogen-bonding has a relatively minor role in defining the [4Fe4S] potential, and, together
with PGE electrochemistry, emphasize the importance of DNA in this process.
Base excision repair in humans involves homologues of many of the E. coli proteins,
including NTHL1 and MUTYH, which are, respectively, the EndoIII and MutY homologues (13,
14). Notably, recent years have seen an increasing number of catalogued mutations in the Fe-S
region of these proteins in cancer databases, although none had been characterized in vitro up to
this point. The discovery of a novel MUTYH mutation in one of the cysteine residues that ligate
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the [4Fe4S] cluster (C306W) brought an opportunity to advance both the understanding of the
cluster in human disease and the role of CT in human cells (Chapter 4). MUTYH C306W was
determined to be pathological, and biochemical assays showed low activity levels and poor DNA
binding relative to wild type MUTYH and the mutants Y179C and G396D, which are cancerrelevant but have no defects in the Fe-S domain. UV-visible spectroscopy confirmed that
MUTYH C306W could still bind cluster as effectively as wild type, but electrochemistry showed
that this mutant is susceptible to cluster degradation in the presence of oxygen. Using EPR
spectroscopy, we identified the degradation product as the [3Fe4S] + cluster. Taken as a whole,
these results indicate that MUTYH C306W tends to lose an iron upon aerobic oxidation,
resulting in a [3Fe4S]+ cluster. This species would already be expected to have less electrostatic
attraction to the DNA than the [4Fe4S]3+, or even the [4Fe4s]2+ states, and reduction to the
[3Fe4S]0 state exacerbates this problem even further. Ultimately, the cluster degrades in the
course of the redox search, impairing DNA binding and, as a consequence, enzymatic activity. In
the context of work in the Barton lab, this study was the first confirmation that the human
homologues of bacterial [4Fe4S] BER proteins have comparable redox activity when DNAbound, and represents a first step toward assessing the pathology of numerous cancer-relevant
MUTYH and NTHL1 mutations.
While CT in eukaryotic DNA repair was reasonably assumed to work similarly to the
bacterial version, no explanation existed for the role of [4Fe4S] clusters in DNA replication
proteins until recently. A characterization of the cluster in yeast Pol δ over the course of this
thesis work shed some light on this situation, and led to a more general expansion of the CT
signaling model to incorporate diverse protein activities (Chapter 5). Electrochemistry on DNAmodified gold electrodes demonstrated that Pol δ is redox active with a midpoint potential in the
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same range as previously studied proteins. Incorporation of an abasic site or CA mismatch into
the DNA led to signal attenuation, confirming that Pol δ is capable of DNA-mediated signaling.
EPR spectroscopy confirmed the identity of the relevant redox couple as [4Fe4S] 3+/2+, as
expected. Anaerobic oxidation by either electrochemical methods or photooxidation with
anthraquinone (AQ) resulted in a stalling of DNA synthesis as seen on alkaline agarose gels.
Critically, re-reduction using bulk electrolysis restored activity to near-untreated levels. As a
whole, these results show that the oxidation state of the [4Fe4S] cluster acts as a reversible
switch for enzymatic activity, stalling Pol δ upon oxidation and reactivating processive DNA
synthesis upon reduction. Oxidative stalling could represent a means to respond to replication
stress, especially oxidative stress, on a time scale even more rapid than protein-protein signaling
cascades in the standard stress response. This work thus led to a generalization upon the CT
model, with cluster oxidation state serving as a switch to turn activity on or off in different
metabolic contexts.
Efforts to elucidate the role of the cluster in Pol δ in vivo by using CT-deficient mutants
were also begun in this work (Chapter 6). We designed and characterized two mutants, W1053A
and Y1078A, that were conserved and located sufficiently close to the [4Fe4S] cluster to be
involved in the CT pathway. Unfortunately, the complete set of in vitro studies revealed
structural instability in both mutants, necessitating a switch to less destabilizing mutations such
as W, Y → F. While nothing conclusive came out of these efforts, the failures can be used to
guide the next round of experiments, and overall this line of investigation remains worth
pursuing.
Long-range CT in the context of replication could certainly occur within newlysynthesized DNA stretches, but much of the DNA present at the fork is single-stranded and
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coated with the single-stranded binding protein RPA (Chapter 8). Single-stranded DNA cannot
support CT, so long-distance signaling during replication appears limited. However, given that
aromatic amino acid residues can electronically couple into the base stack and facilitate CT, we
reasoned that RPA, with its numerous aromatic stacking interactions with DNA, might be able to
open up more pathways to this type of communication. To investigate this possibility, we have
begun setting up photooxidation experiments to see if RPA can bridge a Rh photooxidant and a
GG site on the other side of a single-stranded gap. No significant results have yet been achieved
in this work, but the possibility is intriguing and will be continued.
In summary, the work detailed in this thesis has expanded upon previous work in DNA
repair and initiated significant advances in understanding the role of [4Fe4S] proteins in DNA
replication. Furthermore, several new methods were brought to the Barton lab in the course of
these studies, and the work on DNA replication in particular sparked new approaches to the
study of [4Fe4S] proteins in the context of DNA CT. As is readily apparent from the leaps in
understanding made in the last decade, this work itself is not the final say on these issues as more
proteins involved in DNA processing that contain [4Fe4S] clusters are identified, and it is almost
a certainty that more critical roles for long range DNA CT will emerge.
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